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Duplication of a cell’s genome is a central requirement for the propagation of life.  This 

duplication, a highly regulated process known as DNA replication, occurs in S-phase and is 

initiated at genomic sites termed origins of replication (origins).  In eukaryotes, origins are 

activated (initiate DNA synthesis) on average at different times in S-phase; some are activated in 

early S-phase while others are activated in late S-phase.  This variation in origin activation time 

allows the genome to be replicated in a temporally staggered fashion.  The biological 

significance and mechanisms behind temporal DNA replication have remained largely elusive.  

In the budding yeast Saccharomyces cerevisiae, the activation times of individual origins are not 

intrinsic to those origins but instead are governed by surrounding sequences and their local 

chromatin environment.  My research, presented in this dissertation, identifies and characterizes 

DNA sequences in yeast that function to advance origin activation time.  Through this work, I 

show that centromeres ensure their own early replication by inducing early activation of 

pericentric origins.  I propose and investigate the hypothesis that there is selective pressure to 



 

replicate centromeres in early S-phase.  Furthermore, I have also helped to provide evidence for 

the existence of centromere independent mechanisms that promote early origin activation. 

 



 i	  

 
TABLE OF CONTENTS 

Section........................................................................................................................................Page 

List of Figures:............................................................................................................................... iii 
List of Tables: ................................................................................................................................ iv 

Acknowledgements:........................................................................................................................ v 
Detication:..................................................................................................................................... vii 

Chapter 1:  Introduction to Eukaryotic Origin of Replication and Temporal Replication ............. 1 
1.1: Origin Licensing and Initiation............................................................................................ 1 
1.2: Origin Structure in Budding Yeast ...................................................................................... 4 
1.3: Origin Structure in Fission Yeast......................................................................................... 6 
1.4: Origin Structure in Metazoans............................................................................................. 7 
1.5: Temporal Replication .......................................................................................................... 8 
1.6: Research Goals .................................................................................................................. 11 
1.7: Chapter Layout .................................................................................................................. 11 

Chapter 2:  Functional Centromeres Determine the Activation Time of Pericentric Origins of 
DNA Replication in Saccharomyces cerevisiae ........................................................................... 13 

2.1: Introduction........................................................................................................................ 13 
2.2: Results................................................................................................................................ 16 

Proximity to centromeres influences time of origin activation............................................. 16 
Centromere function is required for early activation of nearby origins................................ 19 
Centromeres determine the replication time of their local genomic environment................ 20 

2.3: Discussion.......................................................................................................................... 23 
2.4: Materials and Methods....................................................................................................... 28 
2.5: Notes .................................................................................................................................. 33 

Chapter 3:  Investigating the Significance of Early Centromere Replication in Saccharomyces 
cerevisiae ...................................................................................................................................... 48 

3.1: Introduction........................................................................................................................ 48 
3.2: Results................................................................................................................................ 49 

Cells harboring a late replicating centromere are viable ...................................................... 49 
Late centromere replication increases chromosome loss in the absence of the spindle 
checkpoint ............................................................................................................................. 50 
Importance of early centromere replication on long-term growth........................................ 53 

3.3: Discussion/Future Direction .............................................................................................. 54 
3.5: Notes .................................................................................................................................. 63 

Chapter 4:  A DNA Sequence Element that Advances Replication Origin Activation Time in 
Saccharomyces cerevisiae1 ........................................................................................................... 74 

4.1: Introduction........................................................................................................................ 74 
4.2: Results and Discussion ...................................................................................................... 76 

Identifying the target of the bias determinant ....................................................................... 76 
Location and structure of the bias determinant..................................................................... 78 
The bias determinant advances ARS1S origin firing time relative to ARS1N......................... 81 



 ii	  

The bias determinant can regulate origin activation time over a distance of at least 1 kb ... 84 
DNA binding motif search of the bias determinant .............................................................. 86 

4.3: Materials and Methods....................................................................................................... 90 
4.4: Notes .................................................................................................................................. 93 

Chapter 5:  Limiting Factors and the Control of Replication Timing......................................... 106 
List of References ....................................................................................................................... 111 

Appendix A: Supplement for Chapter 2 ..................................................................................... 125  
Appendix B: Supplement for Chapter 3...................................................................................... 139 

Appendix C: Supplement for Chapter 4...................................................................................... 148 
VITA:.......................................................................................................................................... 152 
	  
 
 



 iii	  

 
LIST OF FIGURES 

 

Figure Number:..........................................................................................................................Page 
Figure 2.1: A schematic diagram of chromosome XIV in wild type (WT) and rearranged strains
....................................................................................................................................................... 34 
Figure 2.2: Replication time of native and relocated centromeres on chromosome XIV............. 36 
Figure 2.3: 2D gel analysis of ARS1410, ARS1426, and MET2 and met2 .................................... 38 
Figure 2.4: Replication time of point mutated centromere on chromosome XIV ........................ 40 
Figure 2.5: Replication dynamics for chromosome XIV in WT and rearranged strains .............. 42 
Figure 2.6: Z-score and 2D gel analysis of ARS1531 ................................................................... 44 
Figure 2.7: Model for centromere-mediated early origin activation............................................. 46 
Figure 3.1: Constructing a strain to replace centromere V late in S-phase................................... 64 
Figure 3.2: Replication dynamics for chromosome V in WT and ars510 ars511 knockout strains
....................................................................................................................................................... 66 
Figure 3.3: Fluctuation analysis of chromosomes with early or late replicating centromeres ..... 68 
Figure 3.4: Competitive growth analysis of haploids that contain early or late replicating 
centromere V or centromere XI .................................................................................................... 70 
Figure 4.1: Fork direction analysis of the two-ARS1 plasmid by 2-D gel electrophoresis........... 94 
Figure 4.2: Deletion analysis of 3’ URA3 sequences important for the initiation bias................. 96 
Figure 4.3: Scanning mutagenisis analysis for sequences involved in intiation bias ................... 98 
Figure 4.4: Replication kinetics of ARS1 in the presence and absence of URA3 sequences that 
cause biased origin activation ..................................................................................................... 100 
Figure 4.5: Determining distances over which the bias determinant can function..................... 102 
Figure 4.6: Motif search of sequences important for the bias determinant ................................ 104 
 
 



 iv	  

LIST OF TABLES 
Table Number: ...........................................................................................................................Page 
Table S2.1: .................................................................................................................................. 137 
Table S2.2: .................................................................................................................................. 138 
Table 3.1: ...................................................................................................................................... 72 
Table S3.1: .................................................................................................................................. 145 
Table S3.2: .................................................................................................................................. 147 



 v	  

ACKNOWLEDGEMENTS 
 
 

 There are many people whom I would like to acknowledge that have both mentored and 

supported me throughout my pursuit and attainment of this degree. 

While attending the University of New Mexico (UNM) I had the pleasure of interacting 

and working with many important mentors and friends.  I would like to thank Dr. Leah Larkin, 

who not only gave me my first job as an undergraduate researcher but also helped to solidify my 

interest in becoming a scientist.  Leah introduced me to a very important mentor in my life, Dr. 

Maggie Werner-Washburne.  Maggie, along with Lupe Atencio and Dr. Steve Phillips, ran the 

Initiatives for Maximizing Student Development (IMSD) program at UNM.  I would like to 

thank the members of this program and specifically the aforementioned people for their 

guidance, friendship, and the support that they have given me over the years.  Through the IMSD 

program, I met another very important mentor, Dr. Jac Nickoloff.  Jac not only allowed me to 

conduct research in his lab but took me under his wing and helped me build foundational 

knowledge in how to think and write like a scientist.  Thank you Jac for being a good mentor, 

role model, and friend.   

Looking back on my time as a graduate student in the Brewer/Raghuraman lab at the 

University of Washington, I truly believe that I could not have asked for a better place to conduct 

my graduate studies.  Over the years, both Bonny and Raghu have not been merely mentors but 

have become dear friends.  As a member of this lab, I have gained valuable experience learning 

from Bonny’s sharp wit and precision in conducting experiments as well as from Raghu’s ability 

to think clearly and to both approach a problem and understand people’s thought processes from 

multiple perspectives.  I would like to thank Bonny and Raghu for their mentorship and 



 vi	  

friendship, both of which have been instrumental in my development into the scientist that I am 

today. 

Along with Bonny and Raghu, I am thankful for all the members of the 

Brewer/Raghuraman lab that I have had the pleasure to work with during my graduate studies: 

Gina Alvino, Sara Di Rienzi, Wenyi Feng, Liz Kwan, Helen Lai, Steven Lee, Kim Lindstrom, 

Kelsey Lynch, Anne Paul, and Joe Sanchez.  I especially want to thank Gina Alvino and Wenyi 

Feng for showing me the ropes early on in my studies.  I am grateful to have met such amazing 

people and am glad they have become part of my scientific family. 

In addition to the members of Bonny and Raghu’s lab I would like to thank MaryEllin 

Robinson for her involvement in both recruiting me to the University of Washington and her 

strong support though out my graduate career.  I would also like to thank my committee 

members (Dr. Sue Biggins, Dr. Maitreya Dunham, Dr. Trisha Davis, Dr. Toshi Tsukiyama, and 

Dr. Celeste Burg) for their support, guidance, helpful suggestions on my research project, and for 

always being available to answer my questions or to simply chat.  

On the non-academic front, I would like to thank my beautiful wife, Yanti Pohl, who has 

been by my side since our undergraduate years at the University of New Mexico.  I could not 

have asked for a more intelligent and caring companion.  I would also like to thank my family: 

Max Pohl (Dad), Debra Pohl (Mom), Lourie Pohl (Step-mom), Don Sieglitz (Step-Dad), Anita 

Pohl (Sister) along with her family, and Eddie Pohl (Brother) along with his family.  You have 

all helped mold me into the person I am today.  Your support has made life away from home a 

lot easier.  Last but not least, I would like to thank all of my friends both back home in New 

Mexico and in Seattle, Washington for the good times and support.   



 vii	  

DEDICATION 
 

This dissertation is dedicated to 
 

Caroline Esther Piro (nee Bernotte), (July 22, 1930) 
 

Harold Edward Piro, (December 31, 1923 -- December 26, 1972)  
 

Maria Arsenia Pohl (nee Mora), (May 15, 1917 -- December 17, 2006) 
 

Macario Pohl, (March 14, 1914 -- March 12, 1998) 
 

 



 

 1	  

Chapter 1  
 

Introduction to Eukaryotic Origin of Replication and Temporal 
Replication 

 
 

 
 DNA replication is both a highly complex and highly regulated process by which a cell’s 

genomic content is precisely duplicated prior to the onset of cell division.  In metazoans, 

misregulation of DNA replication has been shown to increase susceptibility to age related 

disorders and to be implicated in neurodegeneration, autoimmune diseases, and cancer1-7.  

Additionally, inefficient DNA replication can contribute to abnormal human development as 

exemplified by Bloom Syndrome1,5,8 and recently, Meier-Gorlin and Wolf-Hirschhorn 

syndromes9-11.  To gain an understanding of how efficient DNA replication is maintained and 

what the cellular consequences of defective DNA replication are, it is imperative to discern not 

only molecular processes that lead up to the initiation of DNA replication but also mechanisms 

that regulate those processes.  

 
 
1.1: Origin Licensing and Initiation  
  

In eukaryotes, DNA replication is initiated during S-phase at multiple genomic sites 

known as origins of replication (origins).  Prior to S-phase, origins are primed or licensed to 

activate by loading of the pre-replicative complex (pre-RC)12-14.  The ordered assembly of the 

pre-RC is conserved among eukaryotes and begins with the recruitment of an essential group of 

six related proteins collectively known as the origin recognition complex (ORC) to origin 

sequences12,13,15-17.  ORC-origin association is followed by recruitment of the core replicative 

helicase component, Mcm2-7, to double stranded DNA via Cdc6 and Cdt112-14,18-21.  
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Although the biochemical processes leading to pre-RC assembly after ORC binding are 

conserved, there is wide variation among species in how ORC is recruited and bound to DNA.  

Most ORC subunits are of the AAA+ ATPase family.  In S. cerevisiae15 and Drosophila22,23 

ORC-DNA binding is ATP dependent.  However ATP merely enhances DNA binding of human 

ORC17 and is not required in Schizosaccharomyces pombe24,25.  Additionally, all six ORC 

subunits necessitate ORC-origin interaction in Drosophila23 whereas this interaction depends on 

Orc1-5 in S. cerevisiae26.  In S. pombe, ORC-origin interaction relies primarily on the Orc4 

subunit which contains an additional N-terminal domain composed of nine AT-hook DNA 

binding motifs that are not present in budding yeast or metazoans27-29.  In contrast to S. 

cerevisiae, Drosophila, and S. pombe, where ORC is bound to DNA throughout the cell cycle, all 

six human ORC subunits bind DNA only during G1- and S-phase12.  The variation in eukaryotic 

ORC-DNA contact is consistent with the observations that there is little consensus among origin 

sequences (described in more detail in chapters 1.2 and 1.3). 

The formation of the pre-RC alone does not ensure that an origin will activate during the 

subsequent S-phase.  In fact, only a subset of licensed origin activate in any given S-phase30.  

Furthermore, some origins are dormant and rarely fire despite forming a seemingly normal pre-

RC31.  Rather, initiation of DNA synthesis requires a complex interaction of multiple regulatory 

and replication fork proteins to associate with pre-RC components (reviewed in12,13).  In all 

eukaryotes the assembly and activity of many of these regulatory/replication fork proteins are 

mediated by cyclin-dependent kinases (CDK) along with the DBF4-dependent kinase (DDK) 

composed of Cdc7 and its regulatory partner, Dbf4.  DDK and CDK are required for both 

activation of the replicative helicase (GINS-Mcm2-7-Cdc45 complex)32 and loading of the 

replication machinery (replisome) that is responsible for DNA synthesis12,13,33,34.  Activation of 
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the helicase promotes unwinding of the origin DNA duplex resulting in the formation of a 

replication bubble.  Concurrently, the pre-RC is disassembled; Cdc6 and Cdt1 dissociate while 

Mcm2-7 remains with replisomes that are formed at each replication fork.  DNA synthesis is 

then free to proceed bidirectionally away from the origin.  Eventually replicons, DNA replicated 

by the two forks from a single origin of replication, fuse resulting in duplication of the entire 

genome.   

It is crucial that origins do not activate more than once during a single S-phase as it has 

been shown that re-initiation of origins can lead to an accumulation of DNA lesions that 

ultimately result in loss of both cell viability and genomic integrity35,36.  Furthermore, re-

replication has been shown to induce gene amplification37, suggesting that breakdown of origin- 

firing control can have important implications for evolution and in the formation of cancers.  To 

combat the potentially hazardous genomic insults caused by re-replication, eukaryotic cells have 

developed multiple overlapping regulatory mechanisms to insure that licensing (primarily 

Mcm2-7 loading) is restricted to late M phase and early G1.   

In yeast, this delay of pre-RC formation is mediated by CDK activity.  As cells enter S-

phase CDK levels increase promoting origin initiation and also preventing re-establishment of 

the pre-RC through degradation of Cdc6 and Cdt138-42, nuclear export of Mcm2-7 and 

Cdt118,20,42,43, and inactivation of ORC42.  In higher eukaryotes, reformation of the pre-RC is 

regulated by CDK activity and by the protein Geminin.  CDK regulates the pre-RC components 

by targeting Cdt1 and ORC for degradation44,45, inducing the dissociation of ORC and Mcm2-7 

from DNA46,47, and through exportation of Cdc6 form the nucleus48,49.  In addition to CDK 

mediated degradation of Cdt1, Geminin prevents re-replication by interacting with Cdt1 to 

prevent loading of Mcm2-750-52.    
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1.2: Origin Structure in Budding Yeast 
 

Eukaryotic origins were first identified in the budding yeast S. cerevisiae due to their 

ability to function as autonomously replicating sequences (ARS) promoting extra-chromosomal 

maintenance of plasmid DNA53.  Following this initial discovery an extensive effort has been 

made to identify DNA sequences that are important for origin initiation.  Studies conducted in 

various budding yeast species (S. cerevisiae, Lachancea waltii, Lachancea kluyveri, and 

Kluyveromyces lactis) have lead to the generalization that budding yeast origins (termed “point” 

origins) are small (<50 base pairs (bps)), primarily intergenic, found in nucleosome free regions, 

and characterized by the presence of an AT-rich ARS consensus sequence (ACS)54-62.  Although 

the budding yeast ACS is generally AT-rich, one exception to this rule has been observed in a 

more distantly related species.  Curiously, the origin recognition machinery in the budding yeast 

Pichia pastoris appears to recognize two classes of ARSs one that is AT-rich and another that 

has a distinctive GC-rich ACS (Ivan Liachko and Maitreya Dunham, personal communication).  

The molecular and evolutionary implications of this GC-rich ACS are yet to be determined.   

The most detailed information on origin structure is derived from studies conducted in S. 

cerevisiae in which there are over 300 origins that are preferentially positioned in regions of 

convergent transcription63-66.  All of these origins contain an 11-17 bp ACS that is required but 

not sufficient for origin activation54,59-61.  In addition to the ACS, mutational analysis conducted 

on a subset of origins in S. cerevisiae has revealed that origins also contain anywhere from one to 

three B-elements (B1, B2, and B3) that are located up to 100 bps 3’ of the T-rich ACS 

strand56,59,67-69.  The B-elements act in cis to enhance origin efficiency (the percentage of cells 

activating that origin).  Interestingly, B1 and B2 are functionally conserved despite having poor 
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sequence consensus68,69.  The B1-element supplements the ACS in forming the ORC binding 

site70-72 and, like all the B-elements, is dispensable if at least one other B-element is present. 

 Early studies examining the B2-element suggest that it functions as a DNA unwinding 

element (DUE), defined as sequence with low helical stability68,73-77.  However, later studies 

indicate that the mechanism of B2-element function might be more complex than acting as a 

DUE alone.  Rao and colleagues have shown that a three base pair mutation of the B2-element in 

ARS307 dampens origin function while maintaining helical stability68.  Furthermore, genetic 

screens performed on ARS1 indicate that the B2-element contains a near perfect match to the 

ACS in inverted orientation78,79 and functions as a weak binding site for an undetermined pre-RC 

component79.  These data suggest that B2 may help to load the MCM complex.  

Contrary to the B1 and B2 elements, the B3-element is clearly defined as the binding site 

for the essential transcription factor Abf180,81.  Interestingly, the B3-element can be replaced with 

other transcription factor binding sites without affecting ARS activity67.  It has been proposed 

that the B3-element might function not through direct interaction with ORC but by modifying 

chromatin in a manner that is favorable to origin activity71.  

In addition to B-elements, some origins have been shown to have stimulatory sequences, 

termed C-elements that extend up to 200 bp upstream of the ACS.  Though C-elements have not 

been extensively studied, examination of a limited number of origins has revealed that these 

elements are not essential for origin activation and that they contain binding sites for the 

transcription factors Abf1, Rap1, Mcm1, or Sum182-85.  Currently, the mechanism by which C-

elements influence origin initiation is unknown.  It is possible that the C-elements function in a 

similar manner as the B3-elements.  This notion is supported by the findings that Abf1 and 
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Mcm1 can bind both B and C regions80-82,85-87 and that B3-elements can be exchanged for other 

transcription factor binding sites while having no ill effect on origin activation67.       

L. waltii and L. kluyveri ARSs contain ACSs that are highly similar to that of S. 

cerevisiae in both size (13 and 9 bps, respectively) and at the sequence level55,62.  Furthermore, 

the ACSs of these yeasts are essential but not sufficient for origin activation.  An exhaustive 

search for B or C elements has not been conducted in either of these species; however, 

computational analysis of the ACS and flanking sequences have revealed the presence of 

auxiliary sequences that are comparable to the B1-element of S. cerevisiae.  The importance of 

these auxiliary sequences on origin function has not been tested.     

In contrast, K. lactis ARSs are not only located in transcriptionally convergent and 

divergent regions at equal frequency but the ACS also differs structurally in that it consists of a 

39 to 50 bp sequence that is both necessary and sufficient for origin activity57,58.  Interestingly, 

the ACS contains sequences that are similar to the ACS and B1 element in S. cerevisiae.  

Nonetheless, linker scanning mutation analysis indicates that K. lactis ARS function does not 

exclusively rely on these two elements58.  Additionally, it was shown that only 5% of K. lactis 

ARSs function in S. cerevisiae whereas about 95% of L. kluveri ARSs will62.  These findings 

suggest that the origin recognition machinery in K. lactis has evolved to recognize more specific 

origins that have incorporated the B-elements into a more complex ACS.  

 
 
1.3: Origin Structure in Fission Yeast  

 
The genome of the fission yeast Schizosaccharomyces pombe is duplicated using between 

300 to 400 origins spaced roughly every 38 kb and positioned in intergenic regions with a 

preference for divergent transcription63,88.  Although origins in S. pombe are AT-rich, they differ 
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from the origins in budding yeast in a variety of ways.  S. pombe origins (termed “regional” 

origins) are at least 500 bp in length, do not contain a complex consensus motif, and are believed 

to be chosen in a stochastic manner16,88-93.  Though these origins lack a complex consensus motif 

as observed in budding yeast, origins in S. pombe contain one or more 30 to 55 bp sequence 

modules that are essential but not sufficient for origin activation89,94.  These modules have an AT 

content that is over 77%, contain essential stretches of consecutive adenine/thymine residues, 

and require at least 450 bp of AT-rich flanking sequence to stimulate origin activity.  The high 

AT content, requirement of consecutive adenine/thymine residues, and lack of complex 

consensus sequence can be attributed to the finding that the S. pombe Orc4 subunit contacts 

DNA through an N-terminal AT hook motif27-29.   

 

1.4: Origin Structure in Metazoans 
	  

Little is known about the sequences that are required for or enhance origin activation in 

metazoans.  Currently, it is unclear if the metazoan origin recognition machinery binds a 

particular DNA sequence or functions in a sequence independent manner.  Investigation of 

replication at the human β-globin domain95,96, the human lamin B2 gene97, and the Drosophila 

chorion locus98 indicate that like yeast, metazoan origin activation depends at least in part on 

sequence.  An origin responsible for the replication of the human β-globin domain contains 

sequences that are essential but not sufficient for origin activation95,96.  Similar to S. pombe, these 

essential sequences are arranged in one or more independent modules ranging from 314 to 921 

bps in length96.  The human lamin B2 origin contains a 290 bp sequence that is both necessary 

and sufficient for origin activity97. 
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In contrast, some mammalian origins are thought to activate over a broad region such as 

observed for the DHFR locus in Chinese hamster ovary cells99-101.  Burhans et al., have shown 

that at this locus 85% of origin initiations occur within a 450 bp stretch of sequence102.  

Therefore, there appears to be preferred locations of origin initiation even at these more broad 

regions of replication initiation.  

 

1.5: Temporal Replication  
 

 In 1960 it was shown that different regions of Chinese hamster chromosomes replicate at 

different times in S-phase103 suggesting that initiation of DNA replication occurs in a staggered 

manner.  It is now known that eukaryotes replicate their genome using hundreds to thousands of 

origins that, on average, activate at distinct times during S-phase; some are activated in early S-

phase while others activate later.  Although origins are dispersed throughout the genome, they 

are often clustered near other origins of similar activation times, thus establishing a temporal 

replication “program” characterized by large chromosomal domains that replicate at specific 

times during S-phase63,104-107.  Curiously, only a subset of origins activate in any given S-phase, 

yet the temporal order is maintained from one cell cycle to the next.  Questions such as what 

determines the subset of origins that activate in each cell cycle and how is the temporal program 

conserved between cell cycles remain unanswered, as the molecular mechanisms governing the 

temporal replication are highly complex involving differences in chromatin state and cis- or 

trans-acting elements including DNA-protein, and protein-protein interactions. 

Temporal replication has been observed in every eukaryote in which replication has been 

studied and has been shown to have many conserved features.  In both budding yeast and 

mammals, timing is imparted on origins in early G1 phase108-110.  Although timing is established 
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at the same juncture that origins are licensed, origins themselves appears not to contain intrinsic 

timing information111,112.  Rather, an origin’s genomic location determines when that origin 

becomes active.   

Like many other cellular processes, chromatin structure influences DNA replication, yet 

our current understanding of how replication is regulated by chromatin is scarce.  In general, 

early replication occurs in euchromatic regions while heterochromatic regions replicate late.  

Replication timing and transcription are correlated in higher eukaryotes113-118 but not in 

yeast93,106.  Nevertheless, the mechanisms that mediate transcription and those that control 

changes in replication timing do not directly regulate each other64,105,116,119, suggesting that in 

higher eukaryotes the two processes are linked through chromatin structure.  In S. cerevisiae, 

deletion of the histone deacetylase Rpd3 advances the activation time of origins by increasing the 

acetylation of their flanking nucleosomes120-122.  Inhibition of histone deacetylation yields similar 

results in mammalian cells123.  It has been suggested that increased acetylation of nucleosomes 

near origins increases the accessibility of those origins to replication initiation and timing 

factors119,124.  This suggestion is appealing because nucleosomes have been shown to hinder 

origin activity when formed over sequences that are important for origin initiation125,126.  

Consistent with this idea, the Human and Drosophila histone acetylase, Hbo1/Hat1 promotes 

pre-RC assembly127,128. 

Along with changes in chromatin state, certain DNA sequences and their associated 

protein complexes can also influence when an origin is active.  A consistent theme of the 

replication landscape is that early replicating centromeres and late replicating telomeres are 

separated by intermittent early and late replicating domains55,63,106,129,130.  The role that telomeres 

play in delaying origin activation time has garnered much attention from the scientific 
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community.  Thus multiple studies have made substantial contributions to the understanding of 

how this process mechanistically occurs.  S. cerevisiae telomeres were found to impart delayed 

timing on origins that are located up to 30 kb away111,131.  This delay is controlled by the Ku 

complex132 (a heterodimer consisting of Ku70 and Ku80 subunits), the silencing chromatin 

protein Sir3133, and the TG1-3 repeat binding protein, Rif1134.  A more recent study indicates that 

in S. cerevisiae, Rif1 also regulates the initiation of a subset of non-telomere associated origins 

by modulating DDK activity (Hiraga et al., submitted) however it is unclear if Rif1 influences 

origin activation time.  In S. pombe the telomere binding proteins Rif1 and Taz1 not only 

contribute to delayed telomere replication but are also global regulators of origin activation 

time135.  Though mammalian Rif1 lacks telomere maintenance activity, it too globally regulates 

DNA replication136,137.   

Less is known about the mechanisms that contribute to delayed activation of non-

telomeric late origins.  Timing studies performed on a limited number of origins in S. cerevisiae 

indicate that delayed activation time of at least a subset of non-telomeric origins is independent 

of the telomere112.  Instead, the activation time of these origins relies on cryptic flanking DNA 

sequences that are located up to 6 kb away and function in an additive manner.  Preliminary data 

suggest that initiation of these origins is not regulated through Rif1 (Hiraga et al., submitted).  

Likewise, delayed timing of a late activating origin in S. pombe was show to be additively 

imposed by three flanking DNA sequence elements138.  However, these sequences are 10 bps in 

length and share a G-rich consensus motif.  Similar G-rich sequences are associated with 

telomeres suggesting a possible overlap in mechanism.  

Because DNA sequences that delay origin activation time have been identified, early 

activation has historically been considered to be an origin’s default state.  Therefore, little 
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research has been focused on identifying DNA sequence elements that confer early replication.  

The conservation of early centromere replication116,129,130,139-141 suggests that centromeres might 

regulate replication dynamics in a way converse to that of telomeres.  Centromeres might 

promote early origin activation instead of delaying activation time.  Consistent with this idea 

Koren et al. have recently shown that spontaneous neocentromere formation in Candida albicans 

is correlated with early replication129.  These data provide further evidence of the link between 

centromeres and early replication, yet it remains unknown if centromeres directly regulate early 

origin activation. 

 

1.6: Research Goals 
 

This dissertation strives to unravel the complexity that constitutes the replication 

landscape through the identification and characterization of factors that contribute to early 

replication.  Specifically, this body of research addresses the following questions: (1) Do 

centromeres advance origin activation time?  (2) What is the biological significance of early 

centromere replication?  (3) Can DNA sequences stimulate early origin activation?  The answers 

to these questions will reveal some of the mechanisms that regulate replication dynamics and 

thus provide insight into a fundamental process of life. 

 

1.7: Chapter Layout 
	  
 In this dissertation I utilize the budding yeast Saccharomyces cerevisiae to examine 

mechanisms that regulate early origin activation.  In chapter 2, I answer the long-standing 

question of why centromeres reside in early replicating regions.  I answer this question by 

showing that centromere function promotes early activation of nearby origins.  I follow up on 
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this observation in chapter 3 by investigating the importance of early centromere replication.  

Here I show that early replication of centromeres helps prevent chromosome loss when the 

spindle checkpoint is compromised.  In chapter 4, I characterize a DNA sequence element that 

can advance origin activation time independently of the centromere.  In chapter 5, I present 

interesting results from some recent studies and discuss their implications in regard to replication 

timing and the studies that are presented in this dissertation.  Chapters 2-4 have an introduction 

followed by results, discussion, and materials and methods sections.  Chapters 2 and 4 have been 

published in primary literature and appear in this dissertation similar to their published form. 

Figures and tables that are relevant for each chapter follow the text.  Supplemental materials are 

located in the appendices. 
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Chapter 2 
 

Functional Centromeres Determine the Activation Time of Pericentric  
Origins of DNA Replication in Saccharomyces cerevisiae 

 
 
2.1: Introduction 

 
Centromere function, the ability to assemble a kinetochore and mediate chromosome 

segregation during meiosis and mitosis, is critical for the survival and propagation of eukaryotic 

organisms.  Defects in centromere/kinetochore complexes lead to genome instability and 

susceptibility to cancer and cell death142-144.  Therefore, it is important that properly functioning 

centromeres be established on both sister chromatids following replication of centromeric DNA 

and prior to the initiation of chromosome segregation.  Centromeres in the budding yeast 

Saccharomyces cerevisiae replicate early in S-phase106,107,130,145,146 and increasing evidence 

suggests that early centromere replication is conserved among fungi and is prevalent for at least a 

subset of centromeres in higher eukaryotes116,129,139-141.  Yet surprisingly little is known about the 

mechanism that accomplishes this early replication.  It has been hypothesized that early 

replication of centromere DNA provides sufficient time for the centromere-specific histone, 

CenH3, to be incorporated on both sister chromatids and to ensure subsequent microtubule 

attachment147-149.  Consistent with this idea, Feng and colleagues showed that a delay in 

centromere DNA replication in the absence of the replication checkpoint leads to increased 

aneuploidy147.  It is thought that this observed increase in aneuploidy is due to the lack of 

properly bi-oriented sister chromatids.   

Currently, it is unclear if centromeres play an active role in their own early replication by 

influencing activation of nearby origins of replication (origins).  An alternative possibility is that 
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centromeres have migrated to reside in early replicating regions of the genome over evolutionary 

time. 

Indirect evidence supporting the idea that centromeres play an active role in their own 

early replication comes from a study examining epigenetic inheritance of centromeres in the 

pathogenic yeast Candida albicans129.  The centromeres of C. albicans are considered regional 

centromeres akin to those of higher eukaryotes because they are not defined by any distinct DNA 

sequence.  Instead, regional centromeres are defined by broad stretches of repetitive DNA 

sequences ranging from about 3 kilobases (kb) in C. albicans to megabases in humans.  Regional 

centromeres that have been analyzed for replication time have been shown to contain origins 

within them129,139,140,150.   Koren et al. showed that the de novo formation of an early activated 

origin within the neocentromeric region is responsible for the early replication of spontaneously 

formed neocentromeres in C. albicans129.  The authors further showed that the origin recognition 

complex (ORC), which is essential for origin activation, is recruited to the neocentromere.  Thus, 

centromeres of C. albicans appear to recruit at least a subset of the required replication initiation 

machinery.  However, it is unclear from these studies whether centromere function directly 

influences origin activation time or if these regions merely provide a favorable environment for 

ORC recruitment, with early origin activation time being determined independently of 

centromere function.   

Distinguishing between these possibilities is difficult because no distinct sequences for 

either centromeres or origins have been identified in C. albicans.  Therefore, the function of the 

centromere responsible for replication initiation cannot effectively be separated from the 

kinetochore-binding portion of the centromere.  For example, removal of centromere DNA in C. 

albicans results in removal of the origins contained within that sequence.  Therefore, 
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determining if centromeres regulate origin activation time requires a situation in which the 

activity of the origin responsible for centromere replication can be separated from the 

centromere.  The small sizes and well-defined sequences of centromeres and origins in S. 

cerevisiae provide us the opportunity to answer this question.   

The origins of S. cerevisiae have been extensively studied and are defined by an 11 base 

pair (bp) consensus sequence that is necessary but not sufficient to initiate DNA synthesis13.  

Unlike C. albicans, the centromeres in S. cerevisiae are small, spanning only 125 bps and do not, 

with one possible exception (CEN3), contain potential origins106,151-153.  However, all of the 

centromeres of S. cerevisiae reside in early replicating portions of the genome, suggesting that 

centromeres play a role in regulating origin activation time.   

Early replication is not restricted to portions of the genome immediately flanking 

centromeres.  In fact, early and late replicating blocks of DNA are dispersed throughout the 

entire genome145,146.  The patterns in which temporal blocks are arranged indicate that origins 

can be crudely grouped into four classes with respect to their replication time and chromosomal 

position: centromere-proximal early, noncentromere-proximal early, telomere-proximal late, and 

nontelomere-proximal late106,145,146.  Telomeres delay the activation times of nearby origins while 

late activation of non-telomeric origins is determined by an unknown mechanism involving 

unspecified DNA sequences located up to 14 kb away from the origin111,112.  Plasmids containing 

the minimum required sequence for origin activation tend to replicate early, suggesting that early 

activation is the default state for origins154.  However, in a plasmid construct, a DNA element 

immediately downstream of the URA3 gene can advance origin activation time of an adjacent 

copy of ARS1 through unknown means155,156.  In light of these data, we hypothesize that there is 
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no common “default” activation time and that centromeres act as one of the early determinants 

for origin activation. 

By measuring replication time locally as well as genome-wide in a strain with an ectopic 

centromere, we show that centromeres in S. cerevisiae act in cis to promote early activation on 

origins positioned as far as 19 kb away.  Our results suggest that centromere-dependent early 

origin activation has a gradient effect such that the closer the origin is to the centromere the more 

profound is the timing effect on that origin.  In addition, we show for the first time that early 

activation of centromere proximal origins is dependent on centromere function, suggesting that 

the ability of centromeres to establish proper kinetochore-to-microtubule attachments is 

important for regulating origin initiation. 

 

2.2: Results 
	  
Proximity to centromeres influences time of origin activation 

S. cerevisiae centromeres lie close to origins that undergo replication in early S-phase.  

To test the hypothesis that centromeres contribute to the early activation of adjacent origins, we 

obtained a strain in which the centromere on chromosome XIV (Figure 2.1A) had been relocated 

to a distal location on the left chromosomal arm157 (Figure 2.1B).  At this new location the 

centromere is positioned in a late replicating region near the potential origin ARS1410.  We 

reasoned that if centromeres can influence origin activation time, then the origins that are closest 

to the moved centromeres would have the greatest chance of being affected.   

The replication kinetics of three loci on chromosome XIV (met2 or MET2, ARS1410, and 

ARS1426) in the rearranged and wild type (WT) strains were examined using a modified version 

of the Meselson-Stahl density transfer experiment130.  Haploid cells grown in the presence of 
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dense 13C and 15N isotopes were arrested prior to S-phase.  The cells were synchronously 

released into medium containing isotopically light carbon and nitrogen, and samples were 

collected at various times during the ensuing S-phase.  Newly synthesized DNA was composed 

of light isotopes resulting in replicated DNA being hybrid or heavy-light (HL) in density whereas 

unreplicated DNA remained heavy-heavy (HH) in density.  DNA was extracted from each cell 

sample, digested with restriction enzyme EcoRI, and subjected to ultracentrifugation in cesium 

chloride gradients.  The gradients were then drip fractionated, and the kinetics with which the 

EcoRI restriction fragments containing each of the three loci of interest shifted from heavy to 

hybrid density were compared via slot blot analysis (Figure 2.2A; also see Materials and 

Methods). 

WT cells entered S-phase by 40 minutes after release from alpha factor arrest, and most 

of the cells reached 2C DNA content between 120 and 140 minutes (Figure 2.2B).  The percent 

replication of MET2, ARS1410, and ARS1426 genomic fragments was calculated for each sample 

and plotted with respect to time (Figure 2.2C).  The time of replication (Trep) for each locus was 

calculated as the time it reached half maximal replication (see Materials and Methods).  ARS306, 

one of the earliest known origins, and R11, a late replicating fragment on chromosome V, were 

used as timing standards for comparison.  To facilitate comparison between cultures, these Trep 

values were converted to replication indices112 by assigning ARS306 a replication index (RI) of 0 

and R11 a RI of 1.0.  Most other genomic loci have a RI between 0 and 1.0.  The Trep values for 

MET2, ARS1410, and ARS1426 were then converted to RIs corresponding to the fraction of the 

ARS306-R11 interval elapsed when the Trep for each locus was obtained.  As previously 

observed, MET2 replicated late in the WT strain (RI = 0.87), as did its nearest ARS, ARS1410 

(RI = 0.77), while ARS1426 replicated early (RI =0.16) (Figures 2.2C and 2.2D).  
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Similar to WT cells, the cells with the relocated centromere entered S-phase by 40 

minutes following release from alpha factor arrest and reached 2C DNA content between 120 

and 140 minutes (Figure 2.2B).  In contrast to the WT strain, both met2 and ARS1410 replicated 

early with respective RIs of 0.24 and 0.23 (Figure 2.2C and 2.2D).  Consistent with ARS1410 

being the origin from which met2 replicates, ARS1410 maintained a slight timing advantage over 

met2.  Meanwhile, ARS1426 became later replicating (RI = 0.79) in the absence of its nearby 

centromere (Figure 2.2C and 2.2D).  Similar results were obtained using an independent 

segregant (see Figure S1).   

There are three explanations for the change in replication time of the met2 locus: (1) the 

centromere advances the time of activation of ARS1410; (2) the centromere increases the 

efficiency (percentage of cells in which an origin is active) of ARS1410; and/or (3) insertion of 

the centromere created a new origin at the site.  To distinguish among these possibilities we 

examined the replication of ARS1410, ARS1426, and met2 or MET2 by two-dimensional (2D) gel 

electrophoresis158.  The presence of bubble-arcs indicated that ARS1410 is indeed a functional 

origin in both the WT and rearranged strains (Figure 2.3A).  Highly efficient origins display a 

more intense bubble-arc signal relative to the Y-arc159.  Based on the similarity of bubble- to Y-

arc ratios we conclude that the centromere has no obvious effect on the efficiency of ARS1410 

(Figure 2.3A).  A similar result was obtained for ARS1426 (Figure 2.3A) supporting the idea 

that the observed timing changes are not due to changes in efficiency of existing origins.  No 

bubble-arc was observed for the MET2 locus in the WT strain or the met2 locus in the rearranged 

strain (Figure 2.3B), indicating that an origin was not created by insertion of the centromere into 

the MET2 locus.  Together these data suggest that the presence of a nearby centromere or some 

feature of its pericentric DNA induces early activation of origins. 
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Centromere function is required for early activation of nearby origins 

DNA sequences that determine origin activation time have remained largely elusive.  

However, previous work has shown that sequences flanking a subset of origins on chromosome 

XIV delay the activation of those origins112.  These sequences, coined “delay elements”, can 

reside up to 14 kb from their affected origins.  Therefore, it is possible that by integrating the 

centromere into the MET2 locus in the rearranged strain, a delay element responsible for making 

ARS1410 late activating was disrupted or pushed out of its effective range, thereby causing the 

origin to fire early.  Although this scenario would explain the change in the replication times of 

met2 and ARS1410, the observation that ARS1426 became later replicating when the centromere 

was removed from its endogenous position argues in favor of the timing changes being a 

consequence of centromere proximity.  Alternatively, it is conceivable that there is an 

uncharacterized sequence element, distinct from centromeric sequence, residing in pericentric 

DNA that is promoting early activation of nearby origins.  The existence of such an element is 

formally possible as a cryptic sequence residing at the 3’ end of the URA3 gene was shown to 

advance the activation time of nearby origins on a plasmid and in an artificial chromosomal 

setting155,156.  We tested these possibilities as described below. 

 At the sequence level, S. cerevisiae centromeres are composed of three essential 

elements: CDEI, CDEII, and CDEIII.  CDEI and CDEIII are defined by essential consensus 

sequences whereas CDEII is a 78-86 bp AT-rich sequence that separates CDEI and 

CDEIII142,152,153.  CDEIII has been found to be the element most important for centromere 

function as it is the binding site for essential inner kinetochore proteins, notably members of the 

CBF3 complex142,153,160.  To ask if a functional centromere is required for early activation of 
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nearby origins we engineered a strain to have a non-functional centromere with a mutated 

CDEIII motif integrated at the MET2 locus while the functional centromere remained in its 

endogenous position (Figure 2.4A).  This strain was also subjected to flow cytometry (Figure 

2.4B) and replication timing analysis as described above (Figure 2.4C).  Unlike the dramatic 

replication timing change observed when we introduced a functional centromere, introducing the 

mutated centromere caused no replication timing change at met2 and ARS1410 (RI of 0.81 and 

0.74, respectively; Figure 2.4D).  Therefore, we conclude that centromere function is needed to 

effect a timing change on nearby origins.  Furthermore, the late replication of this region was not 

due to inactivation of ARS1410 through insertion of the mutated centromere as indicated by 2D 

gel analysis (Figure 2.4E).  Together, these data demonstrate that functional centromeres 

actively advance the activation times of origins over a distance of 11.5 kb. 

 

Centromeres determine the replication time of their local genomic environment 

 Upon finding that centromeres advance the activation time of origins to a distance of at 

least 11.5 kb, we sought to determine how far the centromere’s effect extends along the 

chromosome.  Raghuraman et al. presented statistical evidence that the regions of chromosomes 

within 25 kb of centromeres replicated earlier than the genome average, raising the possibility 

that centromeres could influence origin activation time over this larger distance106.  Interestingly, 

at least one early replicating origin can be found within 12.8 kb of every centromere147, 

suggesting that centromeres may be able to influence the activation time of origins over at least 

this distance.  A recent study using an S-phase cyclin mutant146 showed that early replicating 

domains that include a centromere can be well over 100 kb, implying that the range over which 

centromeres can regulate origin activation time might be quite broad.  
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To determine the range over which a centromere can influence replication time we 

performed a genome wide analysis of replication in the WT and rearranged strains.  Cells were 

grown in dense medium (see Materials and Methods) and timed samples were collected 

following release into S-phase in light medium.  To obtain a genome-wide view, the HH and HL 

DNAs from each timed sample were labeled with different fluorophores, cohybridized to 

microarray slides, and replication profiles were generated (Figures 2.5A, S2.2, and S2.3).  Peak 

locations in the profile correspond to the locations of origins while the timed sample in which the 

peaks first appear gives an indication of the time at which the corresponding origins become 

active during S-phase106.   

Replication profiles generated for the WT strain (Figure S2.2) were consistent with 

previous studies145.  Chromosome XIV displayed a strong peak at ARS1426 at the earliest time 

(40 minutes) in the time course and a less well-defined peak at ARS1410 (Figure 2.5A).  

Conversely, replication profiles in the rearranged strain displayed a shallow and late appearing 

peak at ARS1426 while the peak at ARS1410 appeared strong and early (Figures 2.5A and S2.3) 

confirming the observations made by slot blot analysis of individual restriction fragments.  To 

directly compare replication profiles from the two strains, the percent replication values from the 

40, 45, and 65 minute samples were normalized by conversion to Z-scores (see Materials and 

Methods) and superimposed on the same axes (Figures 2.5B, S2.4, S2.5, and S2.6).  

Comparison of the Z-scores on chromosome XIV (Figure 2.5B) indicates that 

centromeres have a drastic influence over the activation times of their closest origins, suggesting 

that centromeres, mechanistically, operate locally. Z-score profiles for WT and rearranged 

chromosomes display a prominent early appearing peak centered about 19 kb to the left of the 

endogenous centromere.  ARS1425 is a potential origin located between ARS1424 and the 
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endogenous centromere65.  However, 2D gel analysis demonstrated that ARS1424 is the origin 

likely responsible for this peak as ARS1425 is not active in either strain (data not shown).  

Replication timing analysis of ARS1424 by slot blot hybridization indicates that this origin is 

influenced by the centromere to a far lesser extent than ARS1426 (WT RI = 0.11, Rearranged RI 

= 0.27).  That this mild effect on ARS1424 is not reflected in the Z-score overlays is likely due to 

the increased resolution of slot blot analysis compared to microarray analysis.  

We then asked if the moved centromere influenced the activation times of origins located 

on other chromosomes.  The replication kinetics of ARS1, a well-characterized origin on 

chromosome IV, were examined by slot blot hybridization and found to be similar between the 

two strains (WT RI = 0.68, Rearranged RI = 0.66) indicating that the activation time of ARS1 is 

not influenced by centromere position on chromosome XIV.  The remaining profiles were 

examined by Z-score comparisons looking for possible trans effects of centromere position.  The 

profiles were strikingly similar (Figures S2.4, S2.5, and S2.6).  Only one other location, 

corresponding to ARS1531 on chromosome XV, showed a timing difference as drastic as that 

seen for ARS1410 and ARS1426 (Figures 2.6A, S2.4, S2.5, S2.6).  A prominent peak of high 

percent replication corresponding to ARS1531 was present in the WT strain while no peak was 

observed in the rearranged strain.  However, further examination using 2D gel electrophoresis 

revealed that although ARS1531 is not an active origin in the isolate of the rearranged strain used 

for microarray analysis it is active in the WT strain as well as in the rearranged independent 

segregant used in the slot blot analysis of timing (Figure 2.6B; for biological replicates kinetic 

data see Figure S2.1).  These data suggest that the apparent timing change at this chromosome 

location is likely to be a consequence of a polymorphism affecting the ability of ARS1531 to 

function as an origin rather than from any long-range effect of centromere function.  Sequencing 
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of ARS1531 revealed that this origin in YTP16 contains a mutation in the essential ARS 

consensus sequence (ACS)65 converting it from ATATTTATATTTAGA to 

ATACTTATATTTAGA (Figure 2.6B).  A change of the T to a C at this position has been 

shown to entirely abolish origin activity in ARS30761.  ARS1531 does not contain this 

substitution in either YTP12 or YTP15.  To confirm that this basepair change is responsible for 

the observed difference in origin activity, ARS1531 was cloned from YTP12 and YTP16 and 

tested for its ability to produce transformants in YTP12, YTP16, and YTP19.  The “T” version of 

ARS1531 resulted in the formation of many robust colonies in the three strains tested whereas the 

“C” version of ARS1531 did not (data not shown). 

  

2.3: Discussion 
	  	  

In this study we investigated the long-standing question of why centromeres replicate 

early in S-phase.  We considered two possibilities: (1) that some component required for 

centromere function is also involved in early origin activation, or (2) that evolution has favored 

the migration of centromeres to early replicating regions.  It has been hypothesized that early 

origin initiation in S. cerevisiae is the default state for origin timing154, suggesting a more passive 

mechanism for early centromere replication.  However, the observation that early centromere 

replication is conserved129,139,140 in conjunction with the identification of a DNA element that is 

not associated with centromeres but capable of advancing origin activation time155,156 indicates 

that establishment of early origin activation time is more complex than previously thought.  

Consistent with this idea, a recent study shows that the centromeres of C. albicans can alter the 

replication times of the loci in which they reside by allowing the formation of a de novo early 

firing origin129.  Because the neocentromere in C. albicans creates a new origin, it is unclear 
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whether C. albicans centromeres also directly influence origin activation time.  These results 

raised the question of whether the relocation of a centromere would have a similar effect in 

organisms with point centromeres.  In this study, we took advantage of the well-characterized 

centromeres and origins in S. cerevisiae to effectively separate the centromere from origin 

function and address these questions. 

 We show that centromeres in S. cerevisiae are capable of advancing the replication time 

of genomic regions in which they reside by inducing early activation of their adjacent origins at 

distances of 11.5 and 6.8 kb (compare ARS1410 and ARS1426 in WT and rearranged strains, 

Figures 2.2C and 2.2D).  We also show that early activation of ARS1410 and ARS1426 depends 

on centromere function.  We find that centromere-mediated early origin activation requires an 

intact CDEIII region, suggesting that early origin activation is dependent on at least some portion 

of the DNA-protein complex normally formed at the centromere.  Thus, centromeres and at least 

a subset of the kinetochore proteins they assemble participate as cis-acting regulatory elements 

of origin firing time.  Furthermore, our 2D gel results indicate that centromeres do not affect 

origin efficiency, suggesting that the mechanisms responsible for centromere-mediated early 

origin activation are distinct from those that determine efficiency. 

S. cerevisiae centromeres are known to reside in large early replicating portions of the 

genome spanning as much as 100 kb and containing multiple origins106,107,145,146.  In light of the 

finding that centromeres regulate the activation times of their closest origins, we were interested 

in determining over what distance centromeres exert their effect.  Our genome-wide replication 

timing analysis indicates that the centromere’s influence on origin activation time is severely 

diminished at a distance of ~19 kb (Figure 2.5B) indicating that not all early replicating origins 

are under the centromere’s influence.  This result implies that there are at least two distinct 
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mechanisms by which origins can fire early.  In contrast to what has been observed in C. 

albicans, we see no evidence that the centromeres of S. cerevisiae create new origins.   

The genome is not randomly organized within the nucleus but particular genomic regions 

co-localize or cluster into functional foci during processes such as DNA replication161,162.  In 

particular, centromeres in S. cerevisiae cluster throughout the cell cycle163.  Therefore, it is 

plausible that centromeres, their neighboring origins, as well as other portions of the genome that 

interact with them, are clustered in G1 phase when timing decisions are made.  This clustering 

could provide a way for centromeres to mediate replication time through a trans-acting 

mechanism.  To determine if the mechanism responsible for centromere mediated early origin 

activation is capable of acting in trans, we examined the genome wide replication timing data for 

other timing changes occurring in the genome as a result of the repositioned centromere on 

chromosome XIV.  We looked for differences in the Z-score profiles between matched S-phase 

samples, demanding that they persist over the course of S-phase (See Figures S2.4, S2.5, S2.6) 

to be considered significant. 

Upon inspection, only one other location centered on ARS1531 displayed a timing 

difference of at least the same magnitude as observed for ARS1410 or ARS1426 (compare 

Figures 2.6A, S2.4, S2.5, S2.6).  2D gel analysis indicates that this timing difference is not a 

result of relocating the centromere position on chromosome XIV and that it is likely due to a 

polymorphism affecting the ability of ARS1531 to function in this particular isolate.  Other than 

these three locations, the replication profiles are remarkably similar, suggesting that the 

mechanisms by which centromeres influence origin activation time are restricted to relatively 

limited adjacent regions.  However, it is possible that centromeres contribute to smaller timing 

differences observed on other chromosomes such as that observed on chromosome XV at ~850 
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kb (Figure 2.6A, S2.4, S2.5, S2.6).  Because the timing change at this location was only present 

in two of the three Z-scored samples, we did not consider it to be a significant timing difference.     

Here we show direct evidence of a molecular link between the establishment of the 

kinetochore and replication initiation machinery.  Although the mechanism of centromere-

mediated early origin activation is unknown, we show that such a mechanism is dependent on at 

least some of the protein components associated with the kinetochore that require an intact 

CDEIII region.  We also show that the mechanism is capable of affecting initiation time of 

origins that reside up to ~19 kb away from the centromere.  We propose four possible models, 

which are not mutually exclusive (Figure 2.7):  (1) The nuclear environment near the 

microtubule organizing center (MTOC) is particularly enriched in replication initiation factors; 

(2) The tension exerted by the microtubule is translated along the nearby DNA, altering its 

chromatin structure, thereby influencing the accessibility of the imbedded origins to initiation 

factors; (3) Proteins within the kinetochore directly (or indirectly) interact with initiation factors, 

recruiting them to nearby origins; and (4) The C-loop architecture of the pericentric chromatin, 

ensures the origins within the C-loop will be at the periphery of the chromatin mass and are 

therefore more exposed to initiation factors.  Studies examining the concentration of replication 

initiation proteins near MTOCs have not been conducted; however, nuclear pore complexes are 

enriched near MTOCs in S. cerevisiae164,165, the significance of which is unknown.  While it is 

tempting to invoke localization to the nuclear periphery in the vicinity of MTOCs as a potential 

link between replication timing and centromeres, there is as yet no clear causal connection 

between nuclear localization and replication timing.  Late origins tend to dwell at the nuclear 

periphery while early origins tend to be internal to the nucleus166.  However, tethering an early 

origin to the nuclear periphery is not sufficient to alter its replication time167 and conversely, 
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delocalizing telomeres from the nuclear periphery does not advance their replication time168.  

Although experiments that test for protein-protein, protein-DNA, and DNA-DNA interactions of 

kinetochore/centromeric components have been reported, we are not aware of any experiments 

that bear directly on the second model (tension-mediated promotion of early origin activation).   

Kinetochores are multiprotein complexes composed of over 60 proteins153,169.  Some of 

these proteins have been shown to interact both genetically and physically with proteins involved 

in regulating DNA replication170-172.  However, as we are interested in molecular components 

that specify origin initiation time and these components have yet to be identified, it is not 

straightforward to determine which interacting protein candidates should be singled out for 

further study.  A systematic way to parse through the various kinetochore components would be 

to determine if members of the inner-, mid-, or outer-kinetochore complexes are required for 

early origin initiation through the use of temperature sensitive alleles.  Though this method poses 

it own set of challenges, it may prove to be fruitful in uncovering some of the mechanisms by 

which centromeres regulate origin activation time. 

In vitro studies of protein-DNA interactions have shown that the CBF3 complex 

(composed of inner kinetochore DNA binding proteins) induces a 55o bend in centromeric 

DNA173.  In concordance with this finding, more recent work from the Bloom lab has shown that 

pericentric DNA adopts a particular tertiary structure coined the C-loop174.  The C-loop is 

characterized by an intramolecular loop centered on the centromere resembling a hairpin of 

duplex DNA.  C-loop formation is dependent on a subset of inner kinetochore proteins that 

physically bind centromere DNA, namely those that bind the CDEIII region174,175.  Cohesin, 

which is enriched in pericentromeric regions176-178, is thought to stabilize the C-loop following 

centromere replication174.  Additionally, this study reports that the C-loop is present in G1-phase 
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during alpha factor arrest, suggesting that neither the presence of a sister chromatid nor 

pericentric cohesin is essential for the maintenance of the structure.  Interestingly, the 

intramolecular interaction of the C-loop is reported to extend more than ~11.5 kb and less than 

25 kb from the centromere, a distance similar to the findings reported in this study over which 

centromeres can regulate origin activation time.  Anderson et al. hypothesized that proteins 

involved in the C-loop formation provide an essential geometry required for centromere position 

and accessibility for microtubule binding175.  In light of these data, it is tempting to hypothesize 

that this geometry provides a favorable environment for early origin initiation by increasing the 

accessibility of nearby origins to replication initiation machinery.   

Although the DNA binding components of the inner kinetochore are not well conserved, 

in human cells a DNA binding component of the inner kinetochore, CENP-B, has been shown to 

induce a ~59° bend in its target sequence179, suggesting that regional centromeres also adopt a 

particular configuration.  Therefore, this model can also explain how centromeres can vary 

greatly at the sequence level yet still affect timing of their associated origins.  

 

2.4: Materials and Methods 
	  

Yeast strains: Strain and vector genotypes can be found in Table S2.1.  Primer sequences 

can be found in Table S2.2.  All S. cerevisiae strains used in this study were derived from a cross 

of CH1870 obtained from157 and S288C.  CH1870 is a mating type alpha strain derived from the 

S288C background.  The MET2 locus of this strain (located on chromosome XIV) was disrupted 

by an insertion of centromere VII sequence and LEU2.  The endogenous centromere on 

chromosome XIV of CH1870 was also replaced with a URA3 selectable marker157.  
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The ura3-52 allele in YTP13 (derived from a CH1870 to S288C cross) was restored to 

URA3 by gene replacement, resulting in YTP15 (WT strain in this study, Table S2.1).  

Restoration was confirmed by Southern blot analysis.  Independent segregants of the rearranged 

strains (YTP12 and YTP16) were obtained from separate tetrads from a CH1870 to S288C cross 

as met-, leu+, and ura+ progeny.  Three different PCR reactions using primer pairs 71:72, 72:88, 

and 71:126 were used to confirm that these strains contained the desired inserted sequence at the 

MET2 locus (data not shown).  The desired insertion was further confirmed by Southern blot 

analysis on genomic DNA that was digested with XbaI (data not shown). 

Mutant centromere at the met2 locus: YTP19 was constructed to have the same 

met2::CEN7.LEU2 cassette as YTP12 and YTP16 save for a 3 bp mutation in CDEIII.  The 

mutation of CDEIII in the centromere sequence integrated at MET2 was made non-functional 

through site directed mutagenesis180.  This strain was constructed as follows:  Two halves of 

met2::CEN7.LEU2 were PCR amplified from YTP12 using primer pairs 71:133, and 72:134.  

Primer pair 71:133 was used to amplify the 5’ end of met2 with primer 71 hybridizing upstream 

of the BsmI restriction site located in met2 and primer 133 hybridizing downstream of the 

EcoRV restriction site located in the LEU2 gene.  Primer pair 72:134 was used to amplify the 3’ 

end of met2 with primer 72 hybridizing downstream of met2 and primer 134 hybridizing 

upstream of the EcoRV restriction site located in the LEU2 gene.  The PCR products were 

sequentially digested with either BsmI or AatII followed by an EcoRV digest.  The two 

fragments were then inserted into a pUC18 vector that contained KanMX and ARS228 through a 

tri-molecular ligation reaction, creating plasmid pTP18.  

 The centromere on plasmid pTP18 was made non-functional, creating pTP19, through 

site directed mutagenesis using primers 147 and 148180.  These primers were used to mutate the 
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Centromere DNA Element III (CDEIII) from TCCGAA to TCTAGA, introducing an XbaI site 

into the sequence.  The most important bases for centromere function are the middle CG in 

TCCGAA142,173.  The mutated centromere sequence on pTP19 was Sanger sequenced to ensure 

that only CGA had been changed.  The lack of centromere activity in pTP19 was confirmed by a 

plasmid stability assay in which serially diluted cells were spotted to selective medium over 24 

generations (data not shown).   

The 4025 bp AatII/BsmI fragment of plasmid pTP19 containing met2::cen7.LEU2 was 

transformed into YTP15181,182.  Transformants were selected on synthetic dropout (SD) medium 

plates lacking leucine.  Cells were then replica-plated to SD medium lacking methionine.  

Colonies that were prototrophic for leucine and auxotrophic for methionine were further 

screened similar to the rearranged strains mentioned earlier using PCR primer pairs 71:72 and 

72:88 and through Southern blot analysis on XbaI digested genomic DNA. 

 Two-dimensional agarose gel electrophoresis:  Origin activity was analyzed by standard 

2D agarose gel electrophoresis techniques performed on total genomic DNA obtained from 

either asynchronous or synchronous S-phase cells183-185.  Asynchronous samples were used for 

2D gels conducted on ARS1426, ARS1531, and met2::CEN7.  Synchronized samples were used 

for 2D gels conducted on ARS1410 and MET2.  For asynchronous samples, cells were collected 

in early log phase.  For synchronized samples, cells were arrested in G1-phase with alpha factor 

(final concentration 3 µM) and released synchronously into S-phase by the addition of pronase 

(0.15 mg/mL).  Cells were then collected every 2 minutes and pooled.  Genomic DNA was 

harvested similar to asynchronous samples.  In the first dimension, DNA was separated in 0.4% 

agarose for 18-20 hours at 1V/cm.  The second dimension was run for 3-3.5 hours in 1.1% 

agarose containing Ethidium Bromide (0.3 µg/mL) at ~5-6 V/cm at 4°C. 
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 Flow cytometry: Cells were harvested by mixing with 0.1% sodium azide in 0.2 M 

EDTA and then fixed with 70% ethanol.  Flow cytometry was performed as previously 

described186 upon staining cells with Sytox Green (Molecular Probes, Eugene, OR). The data 

were analyzed with CellQuest software (Becton-Dickinson, Franklin Lakes, NJ).   

 Density transfer experiments:  Density transfer experiments were performed as described 

in130 with slight modifications in cell synchronization and sample preparation for microarray 

analysis106.  Cells were grown overnight at 23°C in a 5 mL culture of dense medium containing 

13C-glucose at 0.1% (w/v) and 15N-ammonium sulfate at 0.01% (w/v).  Cells were then diluted 

into a larger vessel in dense medium and allowed to reach an optical density of 0.16 (~2x106 

cells/mL).  Cells were arrested in G1 by incubating with 3 µM alpha factor until at least 95% of 

cells were unbudded based on microscopic analysis.  Cells were then filtered and transferred to 

medium containing 12C-glucose (2%), 14N-ammonium sulfate (0.5%), and alpha factor.  Cells 

were then synchronously released from the G1 arrest through the addition of pronase at a 

concentration of 0.15 mg/mL.  Samples were collected every 10 minutes.  Cell samples were 

treated with a mixture of 0.1%  odium azide and 0.2 M EDTA then pelleted and frozen at -20°C.  

Genomic DNA was extracted from pelleted cells, digested with EcoRI, and the DNA fragments 

were separated based on density by ultracentrifugation in cesium chloride gradients.  Gradients 

were drip fractionated and slot blotted to nylon membrane where they were hybridized with 

probes of interest.  Unreplicated DNA is HH in density while replicated DNA is HL in density. 

 Replication kinetics and analysis:  To construct replication kinetic curves, slot blots were 

hybridized to sequences of interest, and the percent replication in each timed sample was 

calculated as described in106,130,146.  A detailed protocol can be found at http://fangman-

brewer.genetics.washington.edu/density_transfer.html.  The time at which the kinetic curves 
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reach half maximal defines the time of replication (Trep) for each individual locus within the 

population of cycling cells.  However, because not all G1 cells will enter or complete S-phase, 

Trep for the probed regions in this study were calculated based on the plateau of the replication 

kinetic curve for a genomic probe consisting of EcoRI digested total genomic DNA from a strain 

lacking mitochondrial DNA.  

 To compare timing differences between strains, Trep values were converted to replication 

indices in the following manner.  First the Trep values of two timing standards, ARS306 (a known 

early replicating region) and R11 (a known late replicating region near ARS501), were obtained 

and assigned the values of 0 and 1, respectively.  Next the Trep values of regions of interest were 

assigned a replication index corresponding to the fraction of the ARS306-R11 interval elapsed at 

the time at which the Trep for each locus was obtained.  Replication index is calculated as 

(Trep(X) - Trep(ARS306))/( Trep(ARS306) - Trep(R11)) where X is the fragment of interest. 

 For microarray analysis, slot blots were hybridized with a genomic DNA probe to 

indentify fractions containing either HH or HL DNA.  Once identified, the HH and HL fractions 

were separately pooled and differentially labeled with cyanine (Cy3 or Cy5) conjugated dUTP 

(Perkin Elmer)145.  Timed samples were hybridized to high density Agilent yeast ChIP-to-chip 

4x44K arrays according to the manufacturer’s recommendations.  The algorithms for analyzing 

microarray data are described in147.  An 18 kb window was used for overall smoothing. 

 To facilitate direct comparison of replication profiles, percent replication values obtained 

from microarray analysis were converted to Z-score values.  Z-score values were calculated 

using the following formula:  Z = (X-µ)/σ where X = the percent replication value for a given 

probe, µ = the genomic average percent replication for a given sample, and σ = the standard 
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deviation of the distribution of X.  The 55 minute samples were not used because the genomic 

percent replication values were not well matched between the two strains. 

 

2.5: Notes 
	  
This chapter has been published: Pohl, T.J., Brewer, B.J., and Raghuraman, M.K. (2012). PLoS 

Genetics. 8(6): e1002677. doi:10.1371/journal.pgen.1002677. PMID: 22589733 

 

Supplemental information is located in Appendix A. 
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Figure 2.1:  A schematic diagram of chromosome XIV in wild type (WT) and rearranged 
strains.  (A) In the WT strain, the BglII restriction site in MET2 is located 8.5 kb to the left of 
ARS1410.  Centromere XIV resides in its endogenous position located 6.8 kb to the left of 
ARS1426.  (B) In the rearranged strain the endogenous centromere was replaced with a URA3 
selectable marker while a functional centromere was integrated along with LEU2 (open box) into 
the MET2 locus such that the centromere was positioned ~11.5 kb from ARS1410.  The white 
and black arrowhead above each centromere indicates the direction of the centromere DNA 
elements CDEI, CDEII, CDEIII. 
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Figure 2.2:  Replication time of native and relocated centromeres on chromosome XIV.  (A) 
Cartoon depiction of experimental setup.  Cells were grown in medium containing heavy carbon 
(13C) and nitrogen (15N) isotopes.  Upon genome saturation with the heavy isotopes, cells were 
arrested by the addition of alpha factor and released synchronously in medium containing light 
carbon (12C) and nitrogen (14N) isotopes.  The cells were then collected over the next 140 
minutes and their DNA was extracted, digested with EcoRI, and separated via ultra 
centrifugation in cesium chloride gradients such that unreplicated DNA resides lower in the 
gradient than newly replicated DNA.  DNA samples were then collected and analyzed through 
drip fractionation.  (B) S-phase progression of WT (left) and rearranged (right) cells as measured 
by flow cytometry.  Cells from both strains entered S-phase by 40 minutes and achieved 2C 
DNA content by 140 minutes as indicated by the peak shift from 1C to 2C DNA content.  (C) 
Replication kinetic curves for met2 or MET2, ARS1410, and ARS1426 in WT (top panel) and 
rearranged (bottom panel) cells.  The kinetic curves for ARS306 and R11 are shown as dashed 
and dotted lines, respectively.  Trep is the time of half-maximal replication for each locus (see 
Materials and Methods).  (D) Replication indices for met2 or MET2 (green), ARS1410 (blue), 
and ARS1426 (magenta) in WT (solid diamonds) and rearranged (empty diamonds) strains.  
ARS306 (black dashed arrow) and R11 (black dotted arrow) were used as early and late timing 
standards, respectively.  In the WT strain, MET2, ARS1410, and ARS1426 had replication indices 
of 0.87, 0.77, and 0.16 respectively.  In the rearranged strain, met2, ARS1410, and ARS1426 had 
replication indices of 0.24, 0.23, and 0.79, respectively.  Direction of the black arrows indicates 
the direction of the shift in replication index for each locus between WT and rearranged strains. 
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Figure 2.3:  2D gel analysis of ARS1410, ARS1426, and MET2 and met2.  DNA fragments 
containing a functional origin are detected as a bubble arc (depicted by the bubble fragment) 
while fragments that are passively replicated are detected as a Y-arc (depicted as a Y shaped 
fragment).  (A) ARS1410 and ARS1426 are functional origins in the WT and rearranged strains.  
(B) 2D gel analysis of the MET2 or met2 locus in the WT and the rearranged strains.  WT DNA 
was digested with the restriction enzyme StuI giving a fragment of 3.96 kb centered on MET2 
(grey arrow).  Rearranged DNA was double digested with XbaI and BsrBI resulting in a 4.36 kb 
fragment harboring most of met2, the integrated centromere (black circle), and the LEU2 marker 
(white rectangle).  The absence of a bubble arc when probed for the 3’ end of MET2 and met2 
(hashed rectangle) indicates that an origin is not present on either DNA fragment. The 
centromere in the rearranged construct was detected as a pause site (black arrowhead) visualized 
as a dot of relatively increased intensity on the descending Y-arc. 
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Figure 2.4:  Replication time of point mutated centromere on chromosome XIV.  (A) 
Cartoon depiction of chromosome XIV with a non-functional centromere (white circle) 
integrated at MET2.  Chromosome XIV of WT cells was modified such that MET2 was disrupted 
with the same sequence used to disrupt MET2 in the rearranged strain (see Figure 2.1) except 
that the centromere was made inactive by mutating the essential CDEIII domain.  This 
chromosome is maintained through its wild type centromere at the endogenous location (black 
circle).  (B) Flow cytometry of cells with a non-functional centromere in the MET2 locus.  
Similar to the WT strain (see Figure 2.2B), cells from this cell line enter S-phase by 40 minutes 
and achieved 2C DNA content by 140 minutes.  (C) Replication kinetic curves for met2::cen7 
and ARS1410.  As observed in the WT strain, the replication curves for met2::cen7 (green) and 
ARS1410 (blue) are positioned more closely to that of R11 (dotted line) than ARS306 (dashed 
line) (compare to Figure 2.2C).  (D) Replication indices for met2:cen7 (green diamond) and 
ARS1410 (blue diamond).  RIs of ARS306 and R11 are indicated by black dashed and dotted 
arrows, respectively.  met2::cen7 and ARS1410 had RIs of 0.81 and 0.74, respectively.  (E) 2D 
gel analysis of ARS1410.  Presence of a bubble arc (black arrow) for ARS1410 in the strain in 
which the non-functional centromere was integrated at MET2 (compare with Figure 2.1B) 
indicates that ARS1410 is a functional origin in this strain. 
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Figure 2.5:  Replication dynamics for chromosome XIV in WT and rearranged strains.  (A) 
Replication kinetic profiles of chromosome XIV in WT (top) and rearranged (bottom) strains.  
Percent replication was monitored across chromosome XIV at 40 (magenta), 45 (orange), 55 
(green), and 65 (blue) minutes following release from alpha factor arrest.  When the native 
centromere (yellow circle) is present near ARS1426, a prominent peak is seen in the 40 and 45 
minute samples.  In this strain, the peak at ARS1410 is shallow in the 40 and 45 minute samples.  
When the centromere is repositioned (orange circle) near ARS1410 in the rearranged strain, both 
the time of appearance and the prominence of the peaks at ARS1410 and ARS1426 are inverted 
with respect to the WT strain.  See Figures S2.2 and S2.3 for all chromosomes.  (B) Z-score plots 
of chromosome XIV in WT (black) and rearranged (blue) strains.  Replication kinetic profiles 
from the 40 minute sample were normalized by converting percent replication values to Z-score 
values (see Materials and Methods).  Genomic loci corresponding to ARS1410 and ARS1426 
show significant differences in Z-scores.  ARS1424 is the next closest active origin to the 
endogenous centromere residing ~19 kb to the left.  See Figures S2.4, S2.5, S2.6 and data sets 
S2.3 and S2.4 for all chromosomes and the 45- and 65- minute samples. 
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Figure 2.6:  Z-score and 2D gel analysis of ARS1531.  (A) Z-score plot of chromosome XV in 
WT (black) and rearranged (blue) strains.  ARS1531 displayed a difference of Z-score values at 
least as large as that seen for ARS1410 and ARS1426 (see Figure 2.5B).  See Figure S2.4 for all 
chromosomes.  (B) 2D gel analysis of ARS1531 in the WT (left), the rearranged strain used in 
microarray analysis (middle), and the rearranged strain used for prior slot blot analysis (right).  
DNA from all three strains was digested with NcoI and BglII to give a 3.18 kb fragment 
harboring ARS1531 and then subjected to 2D gel analysis.  The presence of a bubble arc in the 
WT (black arrow) indicates that ARS1531 is a functional origin in this strain.  The presence of a 
bubble arc in one of the two rearranged strains confirms that the absence of origin activity in 
rearranged A (used in microarray analysis) is not due to relocation of the centromere on 
chromosome XIV.  Below each 2D gel image is the sequence for the WT or mutant (red) ACS. 
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Figure 2.7: Models for centromere-mediated early origin activation.   
(A) Kinetochore/microtubule interaction orients the centromere and pericentric DNA near the 
microtubule organizing center (MTOC) where there is an enrichment of replication initiation 
factors.  (B) Tension exerted by the kinetochore/microtubule interaction induces an altered 
chromatin structure of pericentric DNA that provides accessibility of embedded origins to 
initiation factors.  (C) Kinetochore proteins interact directly (or indirectly) with origin initiation 
factors recruiting them to nearby origins.  (D) The organization of pericentric DNA into the C-
loop orients origins within the C-loop to the periphery of the chromatin mass increasing their 
accessibility to initiation factors. 
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Chapter	  3	  

 
Investigating the Significance of Early Centromere Replication  

in Saccharomyces cerevisiae 
 
 
3.1: Introduction 
 

Early centromere replication is a common feature of the replication 

landscape55,106,129,130,139,140,187, suggesting that centromeres regulate the activation time of at least 

a subset of origins.  In the previous chapter we confirmed this hypothesis by reporting that S. 

cerevisiae centromeres confer early activation on nearby origins188.  Two recent findings in yeast 

add interesting perspectives on the centromere effect on origin activation.  First, the lack of 

forkhead proteins, Fkh1 and Fkh2, results in delayed activation of a large number of normally 

early-firing origins, but centromere-proximal origins remain early-firing189.  Second, while many 

origins show delayed activation in meiotic S-phase compared to mitotic S-phase, centromere-

proximal origins do not show such a delay190.  Both findings are consistent with the idea that 

some aspect of centromere function directly influences the activation of centromere-proximal 

origins through a mechanism that is independent of other, more global controls.  

The discovery that budding yeast centromeres promote their own early replication in 

conjunction with the conservation of early centromere replication suggests that early replication 

of centromeres may be important for cell viability.  Centromeres are the target site for the 

establishment of a large multi-protein complex known as the kinetochore (reviewed in153).  

Kinetochores not only act as the medium by which microtubules attach to the chromosome but 

also regulate chromosome segregation.  In S. cerevisiae, kinetochores transiently disassemble 

upon centromere replication191.  Presumably, a delay in centromere replication would provide 
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less time for subsequent kinetochore formation to occur prior to the onset of cell division.  In 

light of the aforementioned data, we hypothesize that early centromere replication promotes the 

fidelity of chromosome segregation and decreases the potential for chromosome loss, 

aneuploidy, and other genomic rearrangements.  We further speculate that there is selective 

pressure for cells to replicate their centromeres early.  Here we examine these hypotheses 

through fluctuation analysis, competitive and long-term growth assays.  

 
 

3.2: Results 
 

Cells harboring a late replicating centromere are viable 

   
The importance of early centromere replication is debatable, largely because the effects 

of having a late replicating centromere have not been specifically tested.  The finding that 

centromeres mechanistically ensure their own early replication188 implies that late replication of 

centromeres would be detrimental.  To test whether S. cerevisiae can tolerate having a late 

replicating centromere, we replaced the origins that flank centromere V (ARS510 and ARS511) 

with selectable markers providing resistance to G418 (KanMX) and Nourseothricin (clonNATR), 

respectively.  Two-dimensional (2D) gel electrophoresis158 was used to confirm loss of origin 

activity upon replacement of ARS510 and ARS511 (Figure 3.1A).  Cells lacking these origins 

appeared healthy and displayed no noticeable defects in colony morphology or their ability to 

transition through S-phase (Figure 3.1B) indicating that early replication of this centromere is 

not essential.   

Alternatively, it is possible that in an attempt to maintain early replication of centromere 

V, either dormant or novel origins became active in the pericentric regions.  To determine if new 

origins had become active, we examined the replication kinetics of centromere V using density 
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shift experiments coupled with microarray analysis (Figure 3.2, S3.1, S3.2; also see Materials 

and Methods).  As expected, the pericentric region of chromosome V displayed strong early 

appearing peaks for ARS510 and ARS511 (Figure 3.2A).  In cells lacking ARS510 and ARS511, 

the genomic locations corresponding to these origins were replicated later than in WT cells 

despite the presence of nearby weak, residual replication peaks.  To facilitate direct comparison 

of replication profiles, the percent replication values from the 15-minute samples were 

normalized by conversion to Z-scores (see Materials and Methods) and superimposed on the 

same axis (Figure 3.2B).  From this comparison it is clear that centromere V was replicated 

drastically later in cells lacking ARS510 and ARS511 than in control cells.  Thus we conclude 

that S. cerevisiae can tolerate a late replicating centromere.  Furthermore, these data suggest that 

a majority of cells lacking ARS510 and ARS511 duplicate centromere V using replication forks 

that initiate from origins located over 40kb away.  

As indicated above, low-level replication peaks were detected near the endogenous 

locations of ARS510 and ARS511, the one near ARS510 being the more prominent.  We suspect 

that these are false peaks due to nonspecific hybridization during microarray analysis.  However, 

it is possible that this signal is due to weak origin activity in these locations, as they have not 

been further analyzed. 

 

Late centromere replication increases chromosome loss in the absence of the spindle 

checkpoint 

 The kinetochore is dissociated upon, and reestablished soon after, replication of the 

centromere191.  Based on this mechanism it is logical that kinetochores will have less time to be 

properly reestablished on centromeres that are replicated late in S-phase.  To test the hypothesis 
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that late centromere replication leads to an increased chromosome loss rate, we performed 

fluctuation analysis on a diploid that is heterozygous for centromere V replication time (Figure 

3.3).  In this diploid one copy of chromosome V is derived from the late centromere strain 

described in the previous section.  The other copy is WT for ARS510 and ARS511, and therefore 

replicates centromere V early in S phase (Figure 3.3A).  On this chromosome, CAN1 and URA3 

were replaced with the can1-100 and ura3-52 alleles.  To create a control diploid with early 

replication of both copies of centromere V, we modified the CAN1, URA3 chromosome by 

integrating the KanMX and clonNATR markers upstream of ARS510 and downstream of ARS511, 

respectively.  The control diploid has the same marker arrangement as the heterozygous diploid, 

but is homozygous for WT centromere V replication time (Figure 3.3B). 

Cells were grown overnight at 23°C in medium that maintained selection (complete 

medium lacking uracil) for the chromosome harboring late centromere V.  Fluctuation analysis 

was performed on cultures that were diluted into 96 well plates and grown to saturation under 

relaxed selection (complete medium; see Materials and Methods).  The cultures in each well 

were then spotted to plates containing 5FOA and Canavanine.  Each spot was then scored for the 

presence of colonies that were ≥0.5 mm in diameter (Table 3.1) from which a mutation (loss of 

URA3 and CAN1) rate was calculated.  Control cells (homozygous early replicating centromere 

V) had a mutation rate of 2.43x10-6 per cell per division (Figure 3.3C, maroon bar).  

Independent isolates (A and B) that were heterozygous for centromere V replication time 

displayed mutation rates similar to the control, 2.83x10-6 and 1.99x10-6 (Figure 3.3C, red bars).  

Because URA3 and CAN1 are substantially separated (82.7 kb), chromosome loss was thought to 

be the major event contributing to 5FOA + Canavanine resistance.  To distinguish chromosome 

loss from other events such as break-induced replication (BIR), homologous recombination and 
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segregation, and point mutations, a single colony from each spotted culture was randomly 

selected and patched to 5FOA + Canavanine, then replica-plated to medium containing G418 or 

clonNAT (Table 3.1).  Of the 126 control (homozygous early replicating centromere V) colonies 

patched to 5FOA + Canavanine, 114 were sensitive to G418 while 110 were sensitive to 

clonNAT indicating that a majority of 5FOA + Canavanine resistant colonies arose through loss 

of the entire chromosome.  Similar results were obtained with cells that are heterozygous for 

centromere V replication time (Table 3.1); isolate A had 115 colonies that were sensitive to 

G418 and 111 that were sensitive to clonNAT whereas isolate B had 105 and 103 colonies that 

were respectively sensitive to G418 and clonNAT.  All G418 resistant colonies were also 

resistant to clonNAT suggesting that these events arose through BIR that occurred to the left of 

KanMX.  However, the rare possibility that both URA3 and CAN1 have suffered point mutations 

in these cells cannot be ruled out, as our assay cannot distinguish these events.  Very few 5FOA 

+ Canavanine resistant colonies were both sensitive to G418 and resistant to clonNAT (Table 

3.1).  These colonies could result from BIR, occurring to the left of clonNATR, and through point 

mutation of KanMX.  These data indicate that having a late centromere does not increase 

chromosome instability.   

Because the spindle checkpoint monitors deficient kinetochore-microtubule attachment, 

we reasoned that any ill effects that a late replicating centromere would impose on chromosome 

segregation might be masked by the presence of the checkpoint.  Therefore, we performed 

fluctuation analysis on diploids that are identical to those used above except that they are 

deficient for MAD2, a vital component of the spindle checkpoint (Figure 3.3C).  mad2Δ control 

cells had a slightly elevated mutation/loss rate (4.43x10-6) compared to MAD2 controls (2.43x10-

6).  Interestingly, mad2Δ cells that had a late replicating centromere displayed significantly 
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higher mutation rates (1.3x10-4).  Together these data show that early replicating centromeres 

help improve chromosome stability in the absence of the spindle checkpoint.    

 

Importance of early centromere replication on long-term growth 

Because early centromere replication is conserved, we were curious to discern if having a 

late replicating centromere would impart a long-term growth disadvantage to the cell.  To test 

this idea, we competed haploids that contained a late replicating centromere against a haploid 

WT strain that was marked with GFP in cultures that were inoculated with roughly a 50-50 

mixture of each strain (Figures 3.4).  The mixed cultures were kept in continuous log phase 

growth for up to 90 hours while the percentage of GFP cells within the population was 

determined via flow cytometry at intervals throughout the time course.  If both GFP+ and GFP- 

cells grow at the same rate, then the population will remain at or near its initial ratio (roughly 

50% GFP+ and 50% GFP-).  However, the cell type that grows the fastest will eventually sweep 

the population.   

Although the GFP+ cells displayed a growth advantage over the GFP- WT cells (Figure 

3.4A, maroon graph), surprisingly no growth advantage was observed over cells that had a late 

replicating centromere V (Figure 3.4A, red graphs).  This trend was reproducible with 

independent biological isolates of both the GFP+ and GFP- WT cells (Figure S3.3A).  These 

data suggest that having a late replicating centromere confers a growth advantage to the cell.  

However, when we competed cells that had an early or late replicating centromere IX (obtained 

from Tomoyuki Tanaka and Conrad Nieduszynski192) against the same GFP+ control we 

detected no difference in growth rate (Figure 3.4B, dark and light purple graphs, 
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respectively).  Together these data suggest that the replication time of centromere V is important 

for regulating cell growth, whereas the replication time of centromere IX is not. 

 Because a late replicating centromere coupled with a defective spindle checkpoint results 

in a higher mutation rate, we predicted that cells with these characteristics would be at a growth 

disadvantage relative to their early centromere counterparts.  Similar to what we observed 

before, the mad2Δ GFP+ strain outgrew the GFP- version (Figure 3.4C, dark blue graph).  

However, the reciprocal occurred when mad2Δ was coupled with late replicating centromere V 

(Figure 3.4C, light blue graphs).  The effect of late replicating centromere IX in combination 

with mad2Δ has not been tested in our hands.  As expected, MAD2 cells out competed mad2Δ 

cells (Figure S3.3B).  From these data we conclude that the presence of a late replicating 

centromere V at least partially rescues the growth defect observed in the absence of the spindle 

checkpoint. 

 
 
3.3: Discussion/Future Direction 
 

This study is an ongoing attempt to determine the consequences of having a late 

replicating centromere.  Here we have shown that although early replication of centromeres is 

not crucial for cell survival, this phenomenon helps to mediate proper chromosome segregation 

primarily in the absence of the spindle checkpoint.  Consistent with our data, a study published 

earlier this year showed that cells with a late replicating centromere IX had an increased 

frequency of chromosome loss when present in a mad2Δ background192.  However, the authors 

also reported a slight increase in chromosome IX loss in a MAD2 background.  This increase was 

absent in our analysis of chromosome V.  The discrepancy between the two data sets could be 

technical or biological.  Because Natsume et al. measured loss frequency as opposed to loss rate, 
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it is possible that their data are skewed by events that occurred either colonially during culture 

growth or after plating.  Although these caveats exist, it is feasible that the differences between 

these two studies are specific to the chromosome being analyzed.  Furthermore, the degree of 

replication delays of each centromere could also influence the results.  It is plausible that 

centromere IX replicated later in S-phase than did our centromere V.  This possibility is 

consistent with the idea that the later a centromere is duplicated the less time there is to establish 

a proper kinetochore. 

Natsume et al. speculate that loss of one chromosome IX is followed by endo-

reduplication of the other chromosome IX192.  We are currently in the process of testing this 

hypothesis in our strains by determining the percentage of fluctuation analysis products (5FOA + 

Canavanine resistant, KanMX/Clonat sensitive) that have lost chromosome V.  Chromosome 

copy number will be detected using pulse field gel electrophoresis followed by Southern blot 

analysis.  

In addition to measuring chromosome loss, we were interested in determining if cells that 

have a late replicating centromere would be at a growth disadvantage relative to WT cells.  We 

tested this possibility by competing WT cells against cells that contained either a late replicating 

centromere V or IX in continuously growing cultures for up to 90 hours (~30 generations).  

Additional competitions focusing on the significance of early replicating centromere V were 

conducted in the absence of the spindle checkpoint.  Based on preliminary data we made the 

following two conclusions: (1) the replication time of centromere V is important for regulating 

cell growth whereas the replication time of centromere IX is not and (2) the presence of a late 

replicating centromere V at least partially rescues the growth defect observed in the absence of 

the spindle checkpoint.   
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It is possible that the replication times of different centromeres have variable effects on 

cell growth.  This notion is exciting because it may have implications on how chromosomes are 

arranged within the nucleus.  Alternatively, it is possible that changes in pericentric replication 

time have some bearing on the expression of genes within those regions.  In this scenario, the 

time at which the centromere replicates does not affect growth rate but instead growth rate is 

influenced by the time at which the flanking DNA is replicated.  However, it should be noted 

that no correlation between transcription and replication time has been found in S. cerevisiae106.  

Although the conclusions made from the growth competitions are enticing, there are 

caveats that need to be remedied and controls that should be performed before the conclusions 

can be made with high confidence.  For example, it is possible that one or more of the strains 

have additional mutations that are affecting their growth rate.  The strains in which centromere V 

was examined are isogenic with each other and of the A364A background.  The strains used to 

analyze centromere IX are also isogenic with each other but of the W303 background.  The GFP 

strain that was used as a reference was common to all competitions and of the A364A 

background.  In this strain, GFP was obtained from S288C through an initial mating to A364A.  

Six subsequent backcrosses to A364A were performed.  Either more backcrosses should be 

conducted or the GFP should be integrated to A364A and perhaps W303 through transformation 

to ensure isogenicity.   

One key control that would add weight to this study would be to reintroduce an origin 

near late centromere V and test for rescue of the growth defects observed in figures 3.4A and 

3.4C.  If the growth differences presented in these figures are due to having a late replicating 

centromere then restoring that late centromere to its early status should revert these growth rates 

back to WT levels.  
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In addition to the experiments presented in this chapter, we are interested in determining 

if a late replicating centromere, in the presence and absence of the spindle checkpoint, will 

evolve to become early replicating over time.  Currently, the details of the assay have not been 

completely established, as it will be challenging to determine when a timing change has 

occurred.  Nevertheless, there are a number of ways in which the cell could accomplish such a 

task.  First, the late centromere could be reverted to early replication status by activating dormant 

origins or through the creation of novel origins in the pericentric regions.  Second, the rate at 

which replication forks travel could increase thus ensuring that the centromere is replicated in a 

timely manner.  Third, the genome can be rearranged such that early activating origins are in 

close proximity to the centromere. 

 
 
3.4: Materials and Methods 

Yeast strains:  Strains and their genotypes can be found in Table S3.1.  Primers are listed 

in Table S3.2.  All S. cerevisiae strains used in this study were derived from either A364A or 

W303.  Strains in which chromosome V was studied are of the A364A background.  To create a 

strain that replicates centromere V in late S-phase (YHLTP3 and YHLTP4), ARS510 and 

ARS511 were replaced with KanMX and cloNATR, respectively.  Replacement of ARS510 with 

KanMX was confirmed by three different PCR reactions using primer pairs 217:219, 217:221, 

and 219:220 (data not shown).  Replacement of ARS511 with clonNATR was confirmed using 

two PCR reactions amplifying the 5’ and 3’ insertion junctions, primer pairs 229:238, 230:237 

(data not shown).  Integration of clonNATR was also shown by Southern blot (data not shown).  

Loss of ARS510 and ARS511 activity was confirmed through 2D-gel analysis (Figure 3.1A).   



 

 58	  

The MAD2 diploids (YTP40, YTP41, and YTP42) that were used in our fluctuation 

analysis were created by mating strains YHLTP3, YHLTP4, and YSL1_c with SL14-3α.  

KanMX and clonNATR were integrated upstream and downstream of ARS510 and ARS511, 

respectively, and confirmed via Southern blot (data not shown).  The mad2Δ diploids used in 

fluctuation analysis (YSL2, YSL3, and YSL4) were constructed by replacing MAD2 with the 

hygromycin B resistance gene in YSL1_c (YSL1_c_mad2Δ), YHLTP3 (YHLTP3_mad2Δ), 

YHLTP4 (YHLTP4_mad2Δ), and SL14-3α (SL14-3α_mad2Δ).  YSL1_c_mad2Δ, 

YHLTP3_mad2Δ, and YHLTP4_mad2Δ were then mated to SL14-3α_mad2Δ. 

For the competition experiments, GFP was placed into YSL1_c and YSL1_c_mad2Δ by 

backcrossing our A364A strain to an S288C strain (obtained from Dunham lab) that has GFP 

integrated at the HO locus.  GFP is constitutively expressed in this strain.  The backcross was 

performed seven times.  These strains were common to all competitions (YSL1_c_GFP for the 

MAD2 competitions and YSL1_c_mad2Δ_GFP for the mad2Δ competitions) and used to track 

percent GFP. 

The competition experiments focusing on the growth of early and late replicating 

chromosome V in a MAD2 background (Figure 3.4A) were performed by growing each haploid 

strain (YSL1_c, YHLTP3, YHLTP4, YSL1_c_GFP) to log phase.  Once in log phase, each GFP- 

strain was mixed at a 50-50 ratio with YSL1_c_GFP.  The mixed cultures were kept in log phase 

for 90 hours.  Periodically samples were taken and measured for percent GFP using a flow 

cytometer.  

The competition experiments performed on the mad2Δ strains (Figure 3.4C) were 

conducted in the same manner at the MAD2 competition except that strains YSL1_c_mad2Δ, 

YHLTP3_mad2Δ, YHLTP4_mad2Δ, YSL1_c_mad2Δ_GFP, were used.  
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The competition experiments focusing on chromosome IX (Figure 3.4B) were conducted 

as per the chromosome V competitions.  However, the GFP- strains (T7107, 10650_a1, 

10650_a2) are W303 background and were obtained from the Tanaka and Nieduszynski labs192.  

Strains 10650_a1 and 10650_a2 are MATa haploids derived from strain 10650192. 

Two-dimensional agarose gel electrophoresis:  Origin activity was analyzed by standard 

2D agarose gel electrophoresis techniques performed on total genomic DNA obtained from 

either asynchronous or synchronous S-phase cells183-185.  Asynchronous samples were used for 

2D gels conducted on ARS1426, ARS1531, and met2::CEN7.  Synchronized samples were used 

for 2D gels conducted on ARS1410 and MET2.  For asynchronous samples, cells were collected 

in early log phase.  For synchronized samples, cells were arrested in G1-phase with alpha factor 

(final concentration 3 µM) and released synchronously into S-phase by the addition of pronase 

(0.15 mg/mL).  Cells were then collected every 2 minutes and pooled.  Genomic DNA was 

harvested similar to asynchronous samples.  In the first dimension, DNA was separated in 0.4% 

agarose for 18-20 hours at 1V/cm.  The second dimension was run for 3-3.5 hours in 1.1% 

agarose containing Ethidium Bromide (0.3 µg/mL) at ~5-6 V/cm at 4°C. 

Flow cytometry:  Cells were harvested by mixing with 0.1% sodium azide in 0.2 M 

EDTA and then fixed with 70% ethanol.  Flow cytometry was performed as previously 

described186 upon staining cells with Sytox Green (Molecular Probes, Eugene, OR).  The data 

were analyzed with CellQuest software (Becton-Dickinson, Franklin Lakes, NJ). 

Density transfer experiments:  Density transfer experiments were performed as 

described130 with slight modifications in cell synchronization and sample preparation for 

microarray analysis106.  Cells were grown overnight at 23°C in a 5 mL culture of dense medium 

containing 13C-glucose at 0.1% (w/v) and 15N-ammonium sulfate at 0.01% (w/v).  Cells were 
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then diluted into a larger vessel in dense medium and allowed to reach an optical density of 0.3 

(~3.85x106 cells/mL).  Cells were arrested in G1 by incubating with 200 µM alpha factor until at 

least 95% of cells were unbudded based on microscopic analysis.  Cells were then filtered and 

transferred to medium containing 12C-glucose (2%), 14N-ammonium sulfate (0.5%), and alpha 

factor.  The cultures were then brought to 37°C (restrictive temperature for cdc7-1) and 

synchronously released from the α-factor arrest through the addition of pronase at a 

concentration of 0.05 mg/mL.  At 37°C cdc7-1 cells arrest at START.  Following α-factor 

release the cells were monitored until ~95% of the population was unbudded.  The temperature 

was then lowered to 23°C to release cells from the cdc7-1 block.  Samples were collected at 0, 5, 

10, 15, 20, 25, 30, 35, 40, 45, 50, 60, 75, and 90 minutes.  Cell samples were treated with a 

mixture of 0.1% sodium azide and 0.2 M EDTA then pelleted and frozen at -20°C.  Genomic 

DNA was extracted from pelleted cells, digested with EcoRI, and the DNA fragments were 

separated based on density by ultracentrifugation in cesium chloride gradients.  Gradients were 

drip fractionated and slot blotted to nylon membrane where they were hybridized with probes of 

interest.  Unreplicated DNA is HH in density while replicated DNA is HL in density. 

 Microarray analysis: For microarray analysis, slot blots were hybridized with a genomic 

DNA probe to identify fractions containing either HH or HL DNA.  Once identified, the HH and 

HL fractions were separately pooled and differentially labeled with cyanine (Cy3 or Cy5) 

conjugated dUTP (Perkin Elmer)145.  Timed samples were hybridized to high-density Agilent 

yeast ChIP-to-chip 4x44K arrays according to the manufacturer’s recommendations.  The 

algorithms for analyzing microarray data are described in147.  An 18 kb window was used for 

overall smoothing. 
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 To facilitate direct comparison of replication profiles, percent replication values obtained 

from microarray analysis were converted to Z-score values.  Z-score values were calculated 

using the following formula:  Z = (X-µ)/σ where X = the percent replication value for a given 

probe, µ = the genomic average percent replication for a given sample, and σ = the standard 

deviation of the distribution of X.  The 10 and 20 minute samples were not used because the 

genomic percent replication values were not well matched between the two strains. 

Fluctuation analysis:  All fluctuation analyses were conducted at 23°C.  Overnight 

cultures of each strain were grown in C-Ura 2% glucose to maintain selection for the 

chromosome of interest.  The cells were then diluted into complete medium at 0.005% glucose 

(relaxed selection for chromosome of interest) to a concentration of 0.03333 cells/mL.  Cells 

from this dilution were used to inoculate 96 well plates at a density of 1000 cells/well.  Each well 

held 30 ul cultures.  In addition to inoculating the 96 well plates, the diluted cells were spotted to 

5FOA + Canavanine plates (192 spots that contain the same number of cells that are present in 

each well).  These plates were scored for colony formation after 96 hours.  This plating allowed 

us to determine the number of false positive wells (those that have 5FOA + Canavanine resistant 

cells prior to non-selective growth).  Furthermore, a subset of the diluted cells was also plated to 

YEPD plates for single colonies and incubated for 96 hours then scored for CFUs.  This number 

was used to determine the actual number of cells in each well and on each spot prior to grow-out 

in non-selective medium.  Cells were sonicated to disperse any cell clumps prior to inoculation 

of the 96 well plates and plating.  The 96 well plates were sealed and cultures were growth to 

saturation (~72 hours).  The seal was replaced roughly every 24 hours to allow gas exchange. 

 Following incubation of the 96 wells plates, 192 wells were spotted to 5FOA + 

Canavanine and 10 additional wells were counted using a flow cytometer, diluted, then plated to 
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YEPD plates for single colonies.  These plates were incubated for 96 hours then scored.  The 

YEPD plates were used to calculate the final number of cells in each well.  After the number of 

false positive spots were removed from final 5FOA + Canavanine counts and the number of 

generations that occurred during non-selective growth were determined, a mutation rate (loss of 

URA3 and CAN1) was calculated using the po method193 first described by Luria and 

Delbruck194.  This protocol, described in detail at http://fangman-

brewer.genetics.washington.edu/fluctuation.htm, was adapted from one used by Dr. Greg Lang 

(http://glanglab.com/FluctuationAssay.pdf).  

 Due to the higher mutation rates, the fluctuation analysis that was performed on the 

mad2Δ strains differed slightly from what was just described.  First, each well in the 96 well 

plates contained 8ul cultures with 300 cells.  Second, the 96 well plates containing the mad2Δ 

late centromere V strains were incubated for 24 hours instead of 72 hours. 

Characterization of 5FOA + Canavanine resistant colonies:  To determine how many of 

the 5FOA + Canavanine resistant spots from fluctuation analysis were due to chromosome loss, 

one random colony was taken from each spot and patched to a 5FOA + Canavanine plate.  This 

plate was then replica plated to plates containing either G418 or nourseothricin.  Patches that 

were resistant to 5FOA + Canavanine and sensitive to G418 and nourseothricin were considered 

to have resulted from chromosome loss.  

Competitive growth assay: Cells were grown to log phase growth in complete medium 

(2% glucose).  Each culture was then diluted to an OD ~0.1 and mixed with the GFP labeled 

reference strain (YSL1_c_GFP or YSL1_c_mad2Δ_GFP).  The mixture was incubated at 23°C 

for 90 hours.  Throughout this time cells were allowed to reach an OD ≤ 2 where they were then 
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diluted to an OD ~0.1.  The percentage of GFP-positive cells within the culture was calculated at 

the time of dilution using a flow cytometer.  

 

3.5: Notes 
	  
The data presented in this chapter were obtained through the collaborative efforts of Thomas J. 

Pohl and two undergraduates under his mentorship, SeungBeen (Steven) Lee and Hung-Hsueh 

(Helen) Lai. 

 

Supplemental information is located in Appendix B. 
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Figure 3.1:  Constructing a strain to replicate centromere V late in S-phase. (A) In WT 
cells, centromere V is flanked by two functional origins, ARS510 and ARS511, as indicated by 
the presence of a bubble arc (depicted by the bubble fragment).  A strain in which centromere V 
replicates late in S-phase was created by replacing ARS510 and ARS511 with KanMX (light grey 
box) and clonNATR (dark grey box), respectively.  The lack of a bubble arc for either ARS 
confirms the replacement.  (B) Flow cytometry of cells harboring either early (WT) and late 
replicating centromere V.  Both strains progress through a synchronized S-phase with similar 
kinetics and achieve 2C DNA content by 50 minutes. 
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Figure 3.2:  Replication dynamics for chromosome V in WT and ars510 ars511 knockout 
strains.  (A) Replication kinetic profiles of chromosome V in WT (top) and ars510 ars511 
knockout (bottom) strains.  Percent replication was monitored across chromosome V at 10 
(magenta), 15 (orange), and 20 (green) minutes following release into S-phase.  In WT cells, all 
time points display prominent, early appearing peaks over the locations of ARS510 and ARS511.  
When ARS510 and ARS511 are removed in the ARS knockout strain, replication of the 
centromere V region is drastically delayed relative to the rest of the chromosome.  See Figures 
S3.1 and S3.2 for all chromosomes.  (B) Z-score plots of chromosome V in WT (black) and 
ars510 ars511 knockout (blue) strains.  Replication kinetic profiles from the 15 minute sample 
were normalized by converting percent replication values to Z-score values (see Materials and 
Methods).  Genomic loci corresponding to ARS510, ARS511, and the intermediate centromere V 
regions show significant differences in Z-scores.  See Figure S3.3 for all chromosomes. 
 



 

 68	  

 

 
 

!"#$%&'()(

!)!

&*+,-'!"#$'%&'(

.*/0'!"#$)%&'('1

.*/0'!"#$)%&'('2

.*/0'!"#$)*+,(

&*+,-'!"#$)*+,(

!"#"$%&'(%)*+,%$+!"#$%+$"-./01#/%2+#/3"'")!

&'()**!&'()*+!

,-./0)1!2.3*0*++!
.-4)**!.-4)*+!

5'&/!&#*! 6.378! !9:3.;'

&'()**!&'()*+!

5'&/!!&#* 6.378! !9:3.;'

&'()**!&'()*+!

,-./0)12.3*0*++!

!%3%&'(%)*+,%$+!"#$%+$"-./01#/%2+#/3"'#)!

.3
44
'%
*/
0'
56
0+
'7
0,
,'6
0+
'8
9:
94
93
;<

!,=7/=*/93;'1;*,-494

>?@A

>?@B

>?@C

>?@(

>?@A

>?@B

>?@C

>?@(



 

 69	  

	  
Figure 3.3:  Fluctuation analysis of chromosomes with early or late replicating 
centromeres. (A) Schematics depicting both copies of chromosome V that are present in the 
diploid that is heterozygous for centromere V replication time.  One copy of chromosome V 
(top) is WT for CAN1 (grey box) and URA3 (white box) at their endogenous locations.  The 
centromere (open circle) of this chromosome has been made to replicate in late S-phase through 
replacement ars510 and ars511 with KanMX (hashed box left of centromere) and clonNATR 
(hashed box right of centromere).  The other copy of chromosome V (bottom) is WT for ARS510 
and ARS511 (black boxes); however CAN1 and URA3 have been replaced with can1-100 (grey 
box) and ura3-52 (white box).  (B) Schematic depicting both copies of chromosome V in the 
diploid that is homozygous for early centromere V replication time.  Both chromosomes are WT 
for ARS510 and ARS511 (black boxes).  One chromosome (top) is WT for CAN1 (grey box) and 
URA3 (white box) at their endogenous locations.  On this chromosome, KanMX is integrated 
down stream of ARS510 and clonNATR is integrated upstream of ARS511.  The second copy of 
chromosome V (bottom) has can1-100 and ura3-52 in place of CAN1 and URA3.  (C) Mutation 
rates (loss of CAN1 and URA3) for MAD2 or mad2Δ cells that have either an early or late 
replicating centromere.  When centromere V is replicated at its normal time in S-phase MAD2 
cells display a mutation rate of 2.43x10-6 (maroon bar) while mad2Δ cells have a mutation rate of 
4.43x10-6 (dark blue bar).  When centromere V is replicated late in S-phase MAD2 cells have a 
mutation rate of 2.83x10-6 and 1.99x10-6 (red bars).  A muation rate of 1.3x10-4 (light blue bar) 
was observed for this same chromosome when in a mad2Δ background.	  
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Figure 3.4:  Competitive growth analysis of haploids that contain early or late replicating 
centromere V or centromere XI.  All strains of interest were competed against a WT strain 
from A364A background that was labeled with GFP (GFP+), unless otherwise noted.  Both 
GFP+ and GFP- cells were inoculated into a single culture that was maintained in log phase for 
90 hours.  Samples of the population were collected throughout a time course and measured for 
percent GFP.  (A) GFP+ cells were competed against GFP- cells that replicate centromere V at 
normal times (maroon) or in late S-phase (red).  All strains used to generate this graph are 
A364A background.  (B) GFP+ cells were competed against GFP- W303 background cells that 
replicate centromere IX at normal times (dark purple) or in late S-phase (light purple).  The 
maroon and red graphs are technical replicates of the competitions that generated the maroon and 
red graphs in part A of this figure.  (C) GFP+ mad2Δ cells were competed against GFP- mad2Δ 
cells that replicate centromere V at normal times (dark blue) or in late S-phase (light blue).  All 
strains used to generate this graph are A364A background. 
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Table 3.1: Fluctuation Analysis Colony Counts 
 

Strain Wells spotted to 5FOA 
+ Canavanine 

Spots with 
colonies ≥0.5mm G418R clonNATR 

Control (Early CENV)  192 126 11 15 
Late CENV A 191 141 25 29 
Late CENV B 191 110 5 7 
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Table 3.1: Fluctuation Analysis Colony Counts  
The strains that were used in fluctuation analysis are listed in column 1.  Late CEN A and B are 
independent isolates.  Column 2 lists the number of wells for each strain that were spotted to 
5FOA + Canavanine plates.  Column 3 lists number of spots from column 2 that gave rise to 
colonies over 0.5mm in diameter.  One colony from each of these spots was analyzed for the 
presence of KanMX (G418 resistance, column 4) and clonNATR (clonNAT resistance, column 
5). 
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Chapter 4 
 

A DNA Sequence Element that Advances Replication Origin 
Activation Time in Saccharomyces cerevisiae1 

 
 
 
4.1: Introduction 

 
1The replication of eukaryotic chromosomes is temporally regulated, with different 

sections along a chromosome replicating, on average, at different times during S-phase.  In the 

baker’s yeast, Saccharomyces cerevisiae, the times at which origins undergo activation, or fire, 

have been shown to contribute to this temporal regulation106,107,146.  Two classes of origins have 

been described whose activation is delayed until late in S-phase; in both cases the origins fire late 

because of their location in the genome.  One class of late origins includes those located near 

telomeres, with ARS501 near the right end of chromosome V being the prototype of this 

class154,195.  Late firing is not an intrinsic property of the origin: transfer to a circular plasmid 

results in activation in early S-phase.  Moreover, when normally early-activated origins are 

inserted near a telomere they become late activated111,196,197.  The replication timing of telomere 

proximal origins has been shown to be governed by the Ku complex (a heterodimer consisting of 

Yku70 and Yku80 subunits), the silencing chromatin protein Sir3133, and the TG1-3 repeat 

binding protein, Rif1132,134.  A second class of late origins is exemplified by the chromosome 

XIV origin, ARS1412112.  Here, delayed activation of the origin is caused by unspecified non-

telomere sequence elements in flanking DNA.  These delay elements can influence the activation 

times of origins that are located up to 6 kilobases (kb) away. 

	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  
1The data presented in this chapter were obtained in collaboration with Katherine Kolor, a 
previous graduate student in the Fangman/Brewer lab.  The contribution of Thomas J. Pohl 
entails generating data presented in figures 5 and 6 in conjunction with writing of the manuscript. 
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  These observations suggested that in the absence of external influences, origins are 

inherently early activated, and that later firing origins are delayed in their activation because of 

their particular surrounding sequences.  However, it has recently been shown that centromeres 

function in cis to confer early activation on origins residing up to 20 kb away188,192.  

Additionally, some origins that are not close to centromeres owe their early activation time, at 

least in part, to the binding of transcription factors Fkh1 and Fkh2 up to 500 bp from the 

origins189.  These data indicate that early origin activation is not merely a default state but that 

DNA elements such as centromeres and forkhead protein binding sites found in flanking 

sequences can promote early origin activation through the binding of kinetochores and forkhead 

proteins, respectively.  In this manuscript, we provide evidence for a third DNA sequence 

element capable of advancing the time of activation of nearby origins. 

 The DNA sequence capable of imparting early origin activation was found through 

analysis of a plasmid, pN&S, that contains two copies of ARS1 located 180° from each other and 

designated ARS1N and ARS1S (ARS1 north and ARS1 south, respectively155 (Figure 4.1A).  In 

most cell cycles, only one of the two ARSs on the molecule is activated, and although the two 

copies of ARS1 on pN&S are identical in sequence, they are activated differentially such that 

initiation at ARS1S is favored approximately 4:1 over initiation at ARS1N.  The element causing 

this origin bias on plasmid pN&S has been localized by deletion analysis to the 3’ end of the 

URA3 gene, which is near ARS1S (Figure 4.1A;155).  We have concentrated on two hypotheses to 

explain the bias in origin use, origin competence and origin timing. 

 The origin competence hypothesis is that the inherent biochemical ability of one of the 

ARS1 copies to fire is affected because either its licensing or some subsequent initiation step is 

influenced by the 3’ URA3 sequence.  Consequently, either the ability of ARS1N to fire is reduced 
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or that of ARS1S is increased.  If this hypothesis were true, then the proposed difference in 

competence might be manifested as a difference in the ability of cells to maintain plasmids 

containing only the ARS1N region or the ARS1S region in the same context relative to the 3’ 

URA3 sequences as plasmid pN&S.  However, the observed relative rates of plasmid loss for 

such constructs do not reflect the initiation bias.  A plasmid bearing ARS1S, which is 

predominantly utilized on pN&S, exhibits a slightly higher rate of loss than does a plasmid with 

ARS1N 155. 

 An alternative hypothesis is that the 3’ URA3 sequence causes ARS1S to fire earlier on 

average than ARS1N, resulting in passive replication of ARS1N before it has the opportunity to 

fire.  A difference in the average time of activation of as little as one minute would be adequate 

to account for the passive replication of ARS1N in a majority of cells given that the distance 

between the two origins on plasmid pN&S is only ~3.75 kb and the average replication fork rate 

at 23°C is about 3.5 kb/min198.  This hypothesis more readily explains the absence of molecules 

in which both origins are active and is also consistent with the similar maintenance observed for 

plasmids containing either just the ARS1N region or just the ARS1S region. 

 In this study, we have dissected the bias element by deletion analysis and by scanning 

mutagenesis, and show that this element does indeed cause earlier activation in S-phase of the 

nearby copy of ARS1 relative to the second, more distant copy of ARS1.  Our results provide the 

identification of a potential third mechanism by which DNA sequences can advance origin 

activation time. 

 
4.2: Results and Discussion 
	  
Identifying the target of the bias determinant 
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We have previously shown that in the plasmid pN&S (Figure 4.1A), ARS1S is utilized 

four times more frequently than is ARS1N and that the preferred utilization of ARS1S is dependent 

on sequences residing in the 3’ end of the URA3 gene155.  Furthermore, this biased utilization of 

ARS1S is not dependent on URA3 transcription. 

Initiation bias in this two-ARS1 plasmid was determined by examining the direction in 

which replication forks move through a restriction fragment that lies between the two copies of 

ARS1 (Figure 4.1A).  If ARS1S is active, forks move northward; if ARS1N is active, forks move 

southward.  Replication intermediates of the BglII fragment from the west half of the plasmid 

generate an arc of Y molecules on standard 2D gels with replication forks from ARS1N producing 

the same arc of Ys as forks from ARS1S 155.  To distinguish the two sets of replication 

intermediates we included an in-gel restriction digestion with PstI prior to the second dimension 

of electrophoresis and probed for the larger PstI-BglII fragment.  Ys created by forks emanating 

from ARS1S create an arc that rises from the 1N spot, while Ys from ARS1N create an arc that 

rises from a position displaced from the 1N spot (Figure 4.1B;199).  The amount of signal in each 

arc of Ys is quantified (Figure 4.1B) to yield the percentage of molecules replicated by forks 

from ARS1S—values above 50% indicating biased initiation from ARS1S.  The original two-ARS 

plasmid, pN&S, (Figure 4.1C) shows ARS1S initiation 75.2% of the time based on the values 

obtained from five different cultures (ARS1S initiation values of 71, 74, 74, 77, and 80%).  These 

values provide a baseline for comparison with other constructs.  Because the labor involved in 

each gel experiment limits the sample sizes that can reasonably be obtained, in testing other 

constructs (see below), we have chosen to be conservative in deciding whether biased initiation 

is significantly different from that of pN&S.  Thus, we conservatively conclude that ARS1S 
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initiation percentages falling outside the range of 68.1% to 82.3% (75.2+/-7.1%; Students t-test 

99% confidence interval) are significantly different from pN&S at the 1% level. 

We first determined the target of the bias determinant residing at the 3’ end of the URA3 

gene.  This initiation bias could be due to an effect on the activation of ARS1N or on ARS1S.  To 

determine which copy of ARS1 is being affected by the 3’ URA3 sequences we made two 

derivatives of pN&S, each having one of the two copies of ARS1 inverted compared to its 

original orientation.  ARS sequences are inherently asymmetrical as they are composed of 

discrete A and B elements:  the three B elements in ARS1 lie on the 3’-side of the T-rich strand 

of the 17 bp AT-rich ARS consensus sequence (A element) (Figure 4.1A; 200).  Because of this 

asymmetry, we reasoned that the orientation of one of the copies of ARS1 with respect to the bias 

determinant might be important for the initiation bias. 

 We found that inversion of ARS1N in pN&S fails to reduce the bias (74% vs. 83%; 

compare Figures 4.1C and 4.1D), whereas inversion of ARS1S reduces it substantially (74% vs. 

56%; compare Figures 4.1C and 4.1E).  Since the endpoints of the ARS1S inversion do not 

include the sequences required for the initiation bias (described below), the reduction of the 

initiation bias can be attributed to the failure of the bias determinant to act on the ARS when the 

ARS is in inverted orientation and not to the disruption of the sequence causing the bias.  These 

data indicate that the primary target of the bias determinant is ARS1S rather than ARS1N. 

 

Location and structure of the bias determinant  

Determination of the initiation bias in the two-ARS plasmid provides a relatively simple 

assay for a mutational analysis of this element.  Previous observations showed that deletion of 

the NcoI-NruI fragment, which included the 5’ half of URA3 (plasmid p∆34), does not eliminate 
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the preferential use of ARS1S, but that deletion of the NsiI-NcoI fragment from the 3’ end of 

URA3 (plasmid p∆43) results in equivalent use of both copies of ARS1 (Figure 4.2; 155).  To 

further localize the early determinant, four deletions (plasmids p∆5, p∆6, p∆7, and p∆8) that 

remove sections of the NsiI-NcoI sequence were constructed using convenient restriction sites, 

and tested for origin bias.  Deletion of the 169 bp ApaI-NcoI fragment (p∆5), the 302 bp AlwNI-

ApaI fragment (p∆6), or the 113 bp HaeIII-AlwNI fragment (p∆7) had no significant reduction of 

the bias.  However, the 34 bp NsiI-HaeIII fragment contributes substantially to the bias since its 

deletion (p∆8) significantly reduced the bias (Figure 4.2). 

 To examine a possible role of sequences immediately to the left of the NsiI-HaeIII 

fragment, a 56 bp SmaI-NsiI deletion was made (plasmid p∆9).  This deletion greatly reduced the 

bias (Figure 4.2) showing that these deleted sequences also play a major role.  Further deletion 

to the left, removing the 228 bp HindIII-SmaI fragment including a portion of the TRP1 

sequences (plasmid p∆10), had little effect on the initiation bias (Figure 4.2).  Based on these 

results, plasmid sequences that contribute substantially to initiation bias appear to lie largely 

within the 90 bp SmaI to HaeIII sequence in the URA3 gene (Figure 4.2, bracket 1).  However, 

despite finding little effect of deletions ∆5, ∆6, and ∆7, which together span the 584 bp HaeIII-

NcoI fragment to the right of the SmaI-HaeIII section, deletion of the entire HaeIII-NcoI 

fragment (plasmid p∆11) eliminated the origin bias (Figure 4.2).  Because no single internal 

deletion in this region (p∆5, p∆6, and p∆7) dramatically reduced the initiation bias, there appear 

to be functionally redundant contributions to origin bias by the HaeIII-NcoI region.  In summary, 

sequences within the HaeIII-NcoI fragment (Figure 4.2, bracket 2), along with those in the 

SmaI-HaeIII fragment, contribute to biased origin use.  Due to the apparent complexity of 
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sequences within the HaeIII-NcoI region, we focused our further studies on the unique 90 bp 

fragment (Figure 4.2, bracket 1). 

 To further determine which sequences within the 90 bp SmaI-HaeIII fragment (Figure 

4.2, bracket 1) contribute to bias determinant activity, this fragment was examined by scanning 

site-directed mutagenesis.  Typically, 10 bp changes were made (one mutation, m7, was a 9 bp 

change) (Figure 4.3A).  Because an XhoI restriction site was also included for screening 

purposes two base pairs out of the 90 bp examined were not changed by the mutagenesis (Figure 

4.3A, overlines).  Analysis of ARS1S initiation percentage for the ten mutants (Figure 4.3B) 

revealed that two of them, m6 and m7 (Figure 4.3C), exhibited dramatic reductions in the 

initiation bias while a third mutant, m5, showed a slightly reduced initiation bias.  The other 

seven mutations gave initiation biases that were not significantly different from that of the 

original two-ARS plasmid (Figure 4.3B, vertical bracket).  Therefore, through scanning 

mutagenesis we identified a 29 bp sequence (Figure 4.3A, red) within the SmaI-HaeIII fragment 

that contains bases important for origin bias. 

 To further characterize bases that are essential for the origin bias, three plasmids were 

constructed to have a 6 bp mutation on either the 5’ or the 3’ ends of the 29 bp sequence or 

containing a central 4 bp deletion.  These plasmids were also analyzed via fork direction 2D gel 

analysis (Figure 4.3D and 4.3E).  While the 6 bases on the 3’ end of the fragment are essential 

for origin bias, the 6 bases on the 5’ end and the 4 bases that were centrally deleted are not.  

These data result in the identification of a 19 bp bipartite sequence that is essential for origin bias 

(Figure 4.3D, red).  The essential 19 bases are consistent with the results obtained for plasmids 

p∆8 and p∆9 in our deletion analysis (see Figure 4.2).  Interestingly, our data suggest that 
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although the identified 19 bases are essential for the bias they are not sufficient to cause the bias, 

requiring the presence of sequences within the broader 584 bp HaeIII-NcoI fragment. 

 

The bias determinant advances ARS1S origin firing time relative to ARS1N  

The observation that the bias determinant at the 3’ end of URA3 is influencing ARS1S 

(Figure 4.1) without preferentially affecting its efficiency relative to that of ARS1N 155 led us to 

the hypothesis that the determinant causes the bias by advancing ARS1S activation time.  Since 

ARS1N is used about 20% of the time it suggests that, even if the ARS1S is usually activated 

earlier than is ARS1N, there is some overlap in the distribution of their activation times.  It seems 

likely, therefore, that the difference between their mean times of activation could differ by a 

small increment, perhaps by as little as one minute.  We tested this origin timing hypothesis 

using three different experimental approaches. 

Comparison of 3’URA3 sequence and a centromere.  If the bias determinant were to 

impart early activation to ARS1S we would expect that other DNA elements, such as centromeres, 

that are known to advance origin timing would produce a similar bias when placed in the context 

of the two-ARS plasmid.  We would also predict that a centromere placed near the opposite copy 

of ARS1 would diminish or neutralize any bias that would be imposed by the 3’ URA3 bias 

element. 

We first asked if a centromeric sequence could produce a similar bias as the 3’ URA3 

sequence in the context of pN&S.  To do so, we utilized a derivative of pN&S that lacks the 

sequence necessary for 3’ URA3 dependent bias and therefore shows no ARS bias (p∆9, see 

Figure 4.2).  Integration of a centromere close to ARS1N in this plasmid (p∆9C) resulted in a 

marked bias toward ARS1N utilization, indicating that sequences that are known to advance 
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origin activation time in chromosomal DNA can in fact impose an origin utilization bias in 

pN&S (Figure 4.4A, left panel).  Although a centromere’s ability to advance origin activation 

time is bi-directional, the centromere also has a greater timing effect on closer origins than more 

distant ones188.  Therefore, it is conceivable that in the context of the two-ARS plasmid the 

centromere is advancing the activation time of both ARS1 copies, with ARS1N being advanced to 

a greater extent. Insertion of the centromere near ARS1N can also neutralize the bias imparted by 

the 3’ URA3 sequence: ARS1S and ARS1N were equally used on a plasmid harboring both a 

centromere nearest to ARS1N and the intact 3’URA3 sequences (Figure 4.4A, right panel).  The 

equal usage of the two ARS1 copies can be interpreted as ARS1S undergoing activation at a time 

similar to ARS1N, which is replicated early in this situation due to the nearby centromere.  These 

data suggest that the 3’ URA3 sequences are capable of advancing origin activation time. 

The bias determinant promotes early ARS1S activation.  To further test whether the bias 

determinant promotes the earlier activation of ARS1S, replication times were determined for 

plasmids that contain only ARS1S, either with or without a functional bias determinant.  If the 

bias determinant were causing a delay in the activation of ARS1N, then deletion of the bias 

determinant should have no effect on the time of activation of ARS1S and the two plasmids 

should replicate at the same time.  If, instead, the bias determinant were advancing the activation 

time of ARS1S then the plasmid with the bias determinant should replicate earlier than the one 

without it.  Plasmid p5-6C is identical to the two-ARS1 plasmid, pN&S, with two exceptions: (1) 

the 1.45 kb EcoRI fragment containing ARS1N has been removed, and (2) a 1.1 kb CEN5 

fragment has been cloned into the BamHI site.  A second plasmid, p5-6m7C, is identical to p5-

6C except that it contains a 9 bp substitution mutation, m7, which eliminates the initiation bias in 

the two-ARS plasmid (Figure 4.3C).  Because CEN5 is present at the same location in both p5-
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6C and p5-6m7C, any timing effect that CEN5 would impart on ARS1 would be equal in both 

plasmids.  Integration of CEN5 does not interfere with detecting the influence of the 3’ URA3 

sequence on ARS1S (Figure 4.4A) and was necessary to achieve the efficient plasmid 

maintenance required for density transfer experiments. 

Plasmids p5-6C and p5-6m7C were transformed separately into S. cerevisiae and their 

times of replication were determined in parallel cultures using a modified version of the 

Meselson-Stahl density shift experiment with synchronized cultures130.  Cultures of cells with 

these two different plasmids have the same population doubling times.  The percent replication 

of p5-6C and p5-6m7C was calculated for each sample and plotted with respect to time (Figure 

4.4B).  The time of replication (Trep) for each locus was calculated as the time at which that locus 

reached half maximal replication.  ARS305, one of the earliest known origins, and R11, a late 

replicating fragment on chromosome V, were used as timing standards.  To facilitate comparison 

between cultures, these Trep values were converted to replication indices112 by assigning ARS305 

a replication index (RI) of 0 and R11 a RI of 1.0 (Figure 4.4B, lower panel).  Most other 

genomic loci have a RI between 0 and 1.0.  The Trep values for the two plasmids and a sequence 

immediately flanking chromosomal ARS1 were then converted to RIs corresponding to the 

fraction of the ARS305-R11 interval elapsed when the Trep for each locus was obtained.  p5-6C 

(RI = -0.14) replicated 3-4 minutes earlier than did a chromosomal fragment containing the early 

replicating origin, ARS305, whereas p5-6m7C (RI = 0.1) replicated at the same time as ARS305 

(Figure 4.4B).  As expected, the replication indices for chromosomal ARS1 fragments were 

similar between the two strains (RI = 0.35 and 0.36).  These results indicate that the bias 

determinant acts positively on the ARS1S origin to advance its time of activation. 
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Consistent with these results, the 3-minute timing advantage that the bias determinant 

imparts on ARS1S was recapitulated using a site-directed recombinase to split plasmid pN&S into 

a south half and a north half in vivo, allowing the firing time of ARS1N and ARS1S to be directly 

compared within the same cell (Supplemental Figure 1).  Together, the results of these three 

assays indicate that URA3 sequences are influencing replication initiation time on the two-ARS 

plasmid by advancing ARS1S activation time, and that this difference in initiation time can 

explain the initiation bias. The 3-4 minute advancement in activation time caused by the 3’URA3 

sequence explains how two equally efficient ARSs can exhibit large differences in levels of 

activation when placed in competition on a single plasmid molecule. 

 

The bias determinant can regulate origin activation time over a distance of at least 1 kb 

 Other cis-acting timing determinants that have been identified can affect replication 

timing over great distances.  Centromeres advance origin activation time over a distance of 20 

kb188,192 while telomeres delay the activation time of origins over about 30 kb154.  The activation 

times of two origins on chromosome XIV, ARS1412 and ARS1413, are delayed by cryptic 

sequences that reside up to 6 kb away112.  The forkhead transcription factors, Fkh1 and Fkh2, are 

capable of advancing origin activation time over a distance of at least 500 bp189.  We therefore 

sought to determine the distance over which the URA3 timing determinant can act.  An 8 bp XhoI 

linker was inserted at the SmaI/EcoRV junction between ARS1S and the bias determinant to 

provide a cloning site for several subsequent insertions.  This small insertion had no effect on the 

bias (Figure 4.5A).  Insertion of either one or two copies of a 75 bp XhoI PCR lambda fragment 

at the XhoI site (Figure 4.5B, C) or of a 604 bp lambda StuI fragment at the SmaI/EcoRV 

junction (Figure 4.5D) also had no effect on the bias.  Since the distance from the SmaI/EcoRV 
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junction to the ACS of ARS1S is 465 bp, these data indicate that the bias determinant can function 

over a distance of at least 1069 bp. 

An alternative, though unlikely, interpretation of this experiment is that the bias 

determinant is not able to function over this distance and that instead, the lambda sequences are 

promoting an initiation bias of their own.  To eliminate this possibility, the bias determinant was 

compromised in the pN&S+604 bp construct by an NcoI-NsiI deletion (see p∆43 in Figure 4.2).  

This construct exhibits no bias (data not shown), indicating that the lambda sequences are not 

capable of conferring a bias on their own. 

At its native location URA3 resides at a distance from its neighboring origins that is ideal 

to test the outer limits over which the bias element can function.  In the genome, URA3 is flanked 

by two efficient early activating origins, ARS508 and ARS510, that are located at respective 

distances of 21.9 and 28.8 kb from URA365.  However, only ARS510 is in the correct orientation 

to have its activation time regulated by the bias determinant.  Therefore, we expect that if the 

bias determinant regulates origin activation at its native location its effect would be on ARS510.  

To determine if the bias determinant influences replication at its native genomic location we 

performed a density shift experiment on cells in which the chromosomal copy of the 3’ URA3 

bias element had been removed (Figure 4.5E).  Cells lacking the bias determinant replicated 

both the URA3 gene and ARS510 similar to control cells, suggesting that the bias determinant 

does not detectably regulate the activation time of flanking origins at its native location.  These 

results could also be obtained if the bias determinant was effective only on plasmids and 

incapable of advancing origin activation time in the context of a linear chromosome.  However, 

we can rule out this possibility because the bias effect persists when pN&S is integrated into the 

chromosomal ARS1 locus155. 
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Taken together, these experiments indicate that the URA3 timing determinant can act 

over a distance of at least 1 kb but not over a distance of tens of kb.  As more sequences that are 

capable of regulating origin activation time are identified it will be interesting to determine more 

precise limits or boundaries for each given regulator. 

 

DNA binding motif search of the bias determinant 

The effects of deletions in the 3' URA3 region and of the inversion of ARS1 on bias 

activity indicate that the ARS1 element and the bias determinant are separate entities.  Does the 

bias determinant communicate with the ARS through the binding of specific proteins to the bias 

determinant?  Based on our observation that the 3’ end of URA3 consists of a complex, 

multipartite timing determinant, we were aware that identifying any trans-acting factor(s) 

mediating the effect of this determinant might be challenging: for example, that redundancy 

introduced by multiple trans-acting factors interacting with the determinant might complicate the 

analysis.  Nevertheless, finding that at least one component of the determinant could be narrowed 

to a small (19-23 bp) element encouraged us to embark on a search for proteins such as 

transcription factors that might mediate the timing effect by binding to that sequence.  To this 

end, we first considered proteins known to influence origin activity.  ARS1 contains a binding 

site for the transcription factor Abf1 in element B3 that contributes to ARS activity67, and it has 

been demonstrated for ARS121 that a second Abf1 binding site, outside of the B region, 

contributes to maintenance of an ARS121 plasmid under some culture conditions201.  In addition, 

a binding site for a different transcription factor (Rap1) was shown to substitute for the Abf1 site 

at ARS167.  Although the mechanism by which transcription factors enhance ARS function is not 

known, these observations suggest that transcription factor binding might contribute to the bias 
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observed in pN&S.  There is a potential binding site for Abf1 and one for Rap1 in the 90 bp 

SmaI-HaeIII fragment of the bias element region.  However, neither of these potential sites 

overlaps the 23 bp essential core element identified by scanning mutagenesis (Figure 4.3), 

indicating that these transcription factors are not primarily responsible for the origin initiation 

bias.  Given the complexity of the bias determinant, however, a possible redundant role for Abf1 

and Rap1 cannot be excluded.   

The forkhead transcription factors, Fkh1 and Fkh2, recently have been shown to 

influence the initiation time of some origins189, raising the possibility that these transcription 

factors might have some role in the observed bias determinant.   Furthermore, there are potential 

binding sites for Fkh1 and Fkh2 close to or partially overlapping the core bias element (Figure 

4.3A).  However, these binding sites do not overlap with all sequences that were shown to be 

crucial for the bias (see m11, Figure 4.3D) suggesting that Fkh1 and Fkh2 are likely also not 

involved in the observed origin initiation bias.  Consistent with this logic, preliminary chromatin 

immunoprecipitation studies performed by the Fox lab indicate that Fkh1 does not bind this 

sequence at its native chromosomal location (Tim Hoggard and Catherine Fox, personal 

communication). 

Since the obvious candidates are likely not responsible for the bias, we embarked on a 

more systematic search for trans-acting factors that might bind to the bias determinant.  Both the 

essential 23 bp sequence and the 19 bp sequence (with the four central bases deleted) were run 

through the motif comparison tool TOMTOM202.  In both instances, binding motifs for multiple 

proteins were identified, many of which are specific to transcription factors (Figure 4.6A).   

The top hit in both searches was the binding motif for the transcription factor Cst6 

(Figure 4.6).  Of particular interest was the finding that while the Cts6 binding motif overlaps 
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the NsiI site, the motif would be restored in the four-base (TGCA) deletion (Figure 4.6B).  The 

next candidate on the list was the transcription factor, Yap3.  Like all other proteins on the list, 

the Yap3 consensus binding motif only overlapped with part of the sequence that was found to 

be essential for the bias and like many of the other proteins Yap3 has an imperfect target-site 

match (Figure 4.6B).  To determine if either of the top two hits (Cst6 or Yap3) was responsible 

for the bias, plasmid pN&S was transformed into cells lacking either CST6 or YAP3 and 

analyzed for the presence or absence of the bias (Figure 4.6B).  As in WT cells, an initiation bias 

for ARS1S was observed for pN&S indicating that neither Cst6 nor Yap3 binding is responsible 

for the bias. 

As we have excluded the “top” two candidates from our motif search, a systematic 

approach will need to be taken to analyze the remaining proteins that are potentially involved.  

However, from these studies, we have concluded that given the large number of potential binding 

candidates, the degeneracy of transcription factor binding sites, the possibility of redundancy at 

the bipartite site, and the labor involved in testing each candidate, an approach other than gene 

knockouts will be required to identify the putative trans-acting factors that regulate this initiation 

timing determinant.  Furthermore, it is possible that none of the candidate proteins identified in 

our motif search are uniquely involved in creation of the bias.  This possibility is supported by 

the observation that none of the motifs for the remaining candidates span the entire 23 bp motif 

that is essential to the bias.  It is worth noting that the percentages of ARS1S usage in both CST6 

and YAP3 knockout strains are either very close to or slightly below the bottom of the confidence 

interval.  Though these data were not deemed significantly different from pN&S, it would be 

interesting to determine how a double knockout of CST6 and YAP3 would affect ARS1S bias.  
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The observation that double knockouts of transcription factors can present adverse phenotypes 

such as pseudohyphal growth189 adds to the complexity of such studies. 

Finally, we considered the possibility that bias determinant acts directly via some 

intrinsic property of its own, not necessarily mediated by the binding of trans-acting factors.  

The B2 element of ARS1 is part of a DNA unwinding element (DUE), which is believed to 

enhance ARS function through its inherent helical instability77,203.  Computer analysis of the 

SmaI-HaeIII fragment of pN&S shows that it is part of a DUE77,203.  Does this DUE contribute, 

autonomously or in conjunction with the binding of a protein, to earlier activation of ARS1
S
?  We 

made several site-directed mutations of the 19 bp core sequence, scrambling the sequence 

without altering the predicted helical stability (Materials and Methods).  These mutations did 

substantially reduce the origin bias (Supplemental Figure 2).  Therefore, the 19 bp sequence 

appears to contribute to origin bias in a way that depends on its specific sequence and not simply 

on its propensity to unwind.  While a role for this particular DUE at the 3’ end of the URA3 gene 

in origin bias cannot be excluded, a DUE alone is not sufficient to advance the time of origin 

firing. 

Other than our studies examining the bias determinant at its native location, the ability of 

this early timing determinant to influence other ARS elements has not yet been tested.  The 

possible response of other ARS elements can be approached first, and most simply, by using the 

origin bias assay.  However, it may be that response to the early determinant requires specific 

sequences within ARS1.  If so, the sequence elements in ARS1 that respond to the determinant 

could be identified using mutagenesis of ARS1S in the context of the two-ARS plasmid assay.  

For any mutation that reduces the origin bias, it would be important to alter both ARSs in the 

plasmid identically to distinguish between mutations that reduce origin function from those that 
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are specific to the origin's ability to respond to the bias determinant.  In addition, the bias assay 

with the two-ARS plasmid has the potential for providing a sensitive tool for characterizing other 

cis-acting factors involved in replication initiation timing control.  For example, sequences on 

chromosome XIV have been shown to delay the time of activation of origins that they flank, and 

they have been shown to act on ARS1 transplanted from chromosome IV112.  These late 

determinants can delay origin initiation by 10 minutes or more, and might cause an even greater 

bias in the two-ARS plasmid than that conferred by the 3' URA3 early determinant. 

 

4.3: Materials and Methods 
	  

Strains and plasmids:  Strain 3xRZeoDIR, which is RM14-3a (background A364a, 

MATa, cdc7-1, bar1, his6, leu2-3,112, trp1-289, ura3-52; 130 with three copies of the 6891 bp 

ClaI fragment of pRINT204 tandemly integrated at the LEU2 locus and a zeocin ARS-less 

cassette on the right arm of chromosome V, was used for the comparative hybridization 

experiments204.  The ARS-less cassette was created by integrating the 3083 bp PvuII fragment of 

pZeodir (described below) by homologous recombination.  pN&S deletion derivatives were 

analyzed in RM14-3a or MR14-3a.  Since the trp1-1 allele of RM14-3a is somewhat revertible, 

MR14-3a, which is RM14-3a with a TRP1 knockout allele, was used for all deletion constructs 

except p∆43 and p∆5.  MR14-3a was used for all of the oligonucleotide mutagenesis constructs. 

 Plasmids were constructed in E. coli strain DH5α.  All bias determinant plasmid 

constructs are based on plasmid pN&S155.  Due to the duplication of the TRP1ARS1 sequences in 

the two-ARS1 plasmid, it was often difficult to find appropriate unique restriction sites for 

plasmid modifications.  To circumvent this problem, several plasmids were constructed by a 

multi-step process beginning with plasmids that contain only the south half of the plasmid.  
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These plasmids are pBB3, pBB6, pBB6mut and pBB6TA.  pBB3 has the 967 bp NdeI-SmaI 

URA3 fragment from YIp5 cloned into the 245 bp NdeI-SmaI fragment of pUC18.  pBB6 has the 

1068 bp EcoRI-EcoRV fragment of TRP1ARS1 fragment cloned into the 3386 bp EcoRI-SmaI 

fragment of pBB3.  pBB6TA has a 1453 bp EcoRI TRP1ARS1 fragment cloned into the EcoRI 

site of pBB3 in the same orientation as pBB6.  pBB6mut is pBB6TA with a 293 bp NdeI-NcoI 

deletion.  After the desired alteration had been made, the two-ARS plasmid was re-constructed.  

pZeodir was constructed by ligating the 1181 bp blunt KpnI-HindIII fragment of pUT322 

(CAYLA) into the 4258 bp blunt HindIII fragment of pKAN-DIR204. 

 Mutagenesis and consensus sequence alignments:  The revertible selectable marker 

method was used for mutagenesis205.  Oligonucleotides were purchased from Gibco BRL.  The 

sequences of the mutations m1-10 are given in Figure 4.3A.  The sequences of the mutations 

m11, m12 and ∆NsiI are given in Figure 4.3D. The sequences of the DUE mutations 

corresponding to the m5-m7 positions were m5DUE (ATCAAGTACT; data not shown), 

m6DUE (ATAGACGTCA; Supplemental Figure 2), and m7DUE (ATTAATAGT; 

Supplemental Figure 2).  Correct transformants were identified by restriction digestion 

screening for incorporation of a restriction site (XhoI for m1-10; ScaI for m5DUE; AatII for 

M6DUE; AseI for m7DUE), and the mutations were confirmed by sequencing.  The success rate 

of the mutagenesis was generally around 60%. 

 Consensus matches for the binding sites of Abf1p and Rap1p were identified using the 

Intelligenetics program Seq.  The parameters used were as follows:  GapPenalty=1, 

GapSizePenalty=0.3333, MinAlign=4, MisMatchPenalty=0, OverLap=33.3%, SegmentSize=30, 

Expect=10, LoopOut=3, MinMatch=5.  Sequences were entered using the Intelligenetics 

program GENED.  Computer analysis of DNA unwinding elements (DUE) was performed using 
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VooDUE (M. K. Raghuraman, unpublished), a Macintosh version of the Thermodyne 

program77,203.  It calculates the energy of unwinding of the DNA duplex in the same manner as 

the Thermodyne program. 

Two-dimensional gel electrophoresis:  Samples for two-dimensional (2-D) gels were 

collected at 1.5-minute intervals for 33 minutes following release of the cells into S phase, then 

pooled.  Cell synchrony and release were performed as described184.  DNA was prepared as 

described184,185.  Determining the direction of replication fork movement by 2-D gels involved an 

in-gel digestion as described199.  For every construct, the west half of the plasmid was analyzed.  

The blots were hybridized to a radioactively labeled 1185 bp BglI-NdeI fragment of pBR322 and 

analyzed on an InstantImager (Packard) for quantitation. 

 Determination of replication time:  Density shift experiments on the strains analyzed in 

Figures 4.4B and 4.5E were respectively performed in strains RM14-3a and KK14-3a (a URA+ 

version of RM14-3a) as previously described130.  The data were analyzed using an InstantImager 

or phosphorimager (Packard or BioRad, respectively).  The comparative hybridization 

experiments were performed essentially as described204.  Strain 3xRZeoDIR containing pN&Sdir 

or pN&SDdir (described in Results) was incubated for 1.25 generations in α-factor.  Upon arrest 

in the G1 phase, an uninduced sample was taken and galactose was added to 2%.  Excision of the 

ARS-less cassette was allowed to proceed for four hours.  Glucose was then added to 2% and the 

cells were released from α-factor arrest at 37˚C, the restrictive temperature for cdc7ts.  Upon 

cdc7 arrest, a sample was taken, and the cells were returned to 23˚C to allow entry into S phase.  

Samples were taken at 4-min intervals throughout S (60 min).  The DNA was prepared by the 

“Smash and Grab” procedure206 and digested with BamHI and EagI.  The samples were run on a 

0.7% agarose gel, blotted onto Hybond (Amersham) nylon membrane and hybridized to a 
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BamHI-EagI fragment of pBR322 labeled with 32P.  Quantification of the blots was performed 

on a PhosphorImager (Molecular Dynamics) using ImageQuant software. 

 

4.4: Notes 
	  
This chapter has been published: Pohl, T.J.1, Kolor, K.1, Fangman, W.L.,  Brewer, B.J., and 

Raghuraman, M.K. (2013). G3:Genes, Genomes, and Genetics. doi:10.1534/g3.113.008250. 

PMID:24022751 

1Co-first authors 
 

Supplemental information is located in Appendix C. 
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Figure 4.1:  Fork direction analysis of the two-ARS1 plasmid by 2-D gel electrophoresis.  
(A) Map of pN&S, a ~7.5 kb plasmid described previously155.  Thick lines indicate sequences 
derived from yeast while thin lines indicate prokaryotic vector sequences.  The "compass" 
bearings (see text) are indicated by N, S, E and W.  A BglII site occurs immediately 3’ to the 
T-rich strand of the 11 bp ARS consensus sequence of each ARS1.  The orientation of each copy 
of ARS1 is indicated by the boxes containing letters representing the A and B regions (B1-3) 
defined for ARS167 .  The URA3 gene is drawn as a gray arrow.  The black arrows represent 
TRP1 sequences.  The TRP1 gene fragment nearest to ARS1s lacks its promoter and 5’ 
sequences.  The small arrows (labeled “r”) located in the plasmid’s interior represent the 
positions of the recombinase sites (cloned at the SalI and PvuII sites indicated) to make pN&Sdir 
(see Supplemental Fig. 1).  Not all sites for each enzyme are shown.  The dotted line represents 
the region and the probe used to analyze fork direction 2-D gels.  (B) Cartoon depicting 2-D gel 
separation of forks moving in opposite directions through the southwestern BglII-PstI fragment 
of pN&S.  BglII digestion was carried out before electrophoresis in the first dimension and an 
in-gel digestion with PstI before the second dimension.  Forks emanating from ARS1N (left arc) 
are distinguished from the forks emanating from ARS1S (right arc).  The efficiency of each ARS 
is expressed as a percentage of the total hybridization signal from an arc (two lower rectangles) 
after subtracting background hybridization (two upper rectangles).  (C-E) Fork direction gels for 
(C) pN&S, (D) pARS1Ninv (pN&S with the 1.45 kb EcoRI fragment containing ARS1N 
reversed), and (E) pARS1Sinv (pN&S with the 1.05 kb EcoRI-EcoRV fragment containing 
ARS1S reversed).  The numbers in the lower left of each panel refer to the percent initiation at 
ARS1S (see text for details). 
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Figure 4.2:  Deletion analysis of 3' URA3 sequences important for the initiation bias.  A map 
of the southern region of pN&S including ARS1S and the URA3 gene is shown at top.  A bubble 
indicates the position of ARS1S.  Values for percent initiation at ARS1S are given for pN&S and 
nine deletion derivatives.  Values that are significantly reduced as compared to the value 
obtained for pN&S on five separate experiments are indicated by (*).  Deletion constructs are as 
follows:  (p∆34) ∆NcoI-NruI (Brewer and Fangman 1994); (p∆43) ∆NsiI-NcoI (Brewer and 
Fangman 1994); (p∆5) ∆ApaI-NcoI; (p∆6) ∆AlwNI-ApaI; (p∆7) ∆HaeIII-AlwNI; (p∆8) 
∆NsiI-HaeIII; (p∆9) ∆SmaI-NsiI; (p∆10) ∆HindIII-EcoRV; (p∆11) ∆HaeIII-NcoI.  Restriction 
sites are as follows:  (Al) AlwNI; (Ap) ApaI; (RI) EcoRI; (RV) EcoRV; (Ha) HaeIII; (Hi) 
HindIII; (Nc) NcoI; (Nr) NruI; (Ns) NsiI; (S) SmaI. 
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Figure 4.3:  Scanning mutagenesis analysis for sequences involved in initiation bias.  (A) 
The wild-type sequence of the SmaI-HaeIII fragment of URA3 is shown in capital letters.  
Sequences of the mutations are given in lowercase letters beneath the wild-type sequences they 
replace.  The two overlined nucleotides were not changed by the mutagenesis.  The boxes 
identify 11/13 bp matches to Rap1 or Abf1 consensus binding sites as well as matches to Fkh1 
and Fkh2.  The 3' end of the URA3 coding sequence is indicated by the single letter amino acid 
code.  The locations of the SmaI, NsiI, and HaeIII restriction enzyme sites are indicated.  
Sequences that when mutated significantly reduce the ARS1S bias are indicated in red.  (B) 
Values for percent initiation at ARS1S are plotted for the 10 mutations that span the SmaI-HaeIII 
fragment.  The bar on the right of the graph indicates a 99% confidence interval extending on 
both sides of the mean percent initiation at ARS1S for pN&S based on five separate experiments.  
Values that fall outside of this range are considered significantly different from pN&S at the 1% 
level.  The approximate locations of the mutations relative to the 3’ half of the URA3 gene 
(arrow) are shown.  (C) Fork-direction gel analysis of mutants m6 and m7 as examples of the 
mutations that eliminate the origin bias.  (D) The wild-type sequence corresponding to the 
sequences of the URA3 fragment that were mutated in m5, m6, and m7 are shown in capital 
letters.  Sequences of three different mutations (m12, ∆NsiI, m11) are given in lowercase letters 
beneath the wild-type sequences they replace.  Deleted bases are depicted by a dash.  The 
overlined nucleotides were not changed by the mutagenesis while the underlined nucleotides 
mark the NsiI site.  Sequences important for the bias are indicated in red letters.  Percent 
initiation at ARS1S is indicated as bar graphs for the three mutations, m11, m12, and ∆NsiI.  (E) 
Fork direction 2-D gels of mutants m11 and m12 (see Figure 4.3D for sequences).  Percent 
initiation at ARS1S is indicated in the upper right corners. 
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Figure 4.4:  Replication kinetics of ARS1 in the presence and absence of URA3 sequences 
that cause biased origin activation.  (A) Fork direction 2-D gel analysis was performed on 
plasmids in which the bias determinant is present (pN&SC, cartoon: *) or absent (p∆9C, cartoon: 
∆).  Both plasmids contained a centromere near ARS1N (cartoon: star).  Percent initiation at 
ARS1S is indicated in the bottom left corners.  (B) Replication kinetics of stable plasmids 
containing only ARS1S from dense isotope transfer experiments.  The Trep value for each 
plasmid is shown as a dotted line intersecting the X-axis.  Upper left panel:  replication kinetics 
for a plasmid (p5-6C) containing the wild-type 3' URA3 sequence that results in preferential use 
of ARS1S in the original pN&S plasmid (solid blue squares).  Upper right panel:  replication 
kinetics for a plasmid (p5-6m7C) with a 9 bp substitution mutation in the 3' URA3 sequence that 
results in equivalent origin use in the original pN&S plasmid (hollow blue squares).  The kinetics 
of plasmid replication are compared with a sequence that replicates early in S phase, ARS305 
(dashed); in mid-S phase, chromosomal ARS1 (solid or empty green diamonds); and late in S 
phase, R11 (dotted).  The presence (*) or absence (∆) of the wild type 3' URA3 sequence is 
shown on the cartoons of the plasmids.  Replication indices for the plasmids and ARS1 in each 
strain are shown in the lower panel. 
 



 

 102	  

 

!"

!"#$%&'(%)*+,*-".

/01102103104105101

67+89:;<

!"#$%

=7>?2+8@:;<

!"#$%

#$%&'!()"*

+,(-. +,/(-. +0*1(-. +23)(-.

,/ ,) ,0 1*

4" 5" 6" 7"

#"&'()% #"&'()%



 

 103	  

Figure 4.5:  Determining distances over which the bias determinant can function.  (A-D) 
Fork direction 2-D gel analysis on pN&S plasmids that have various lengths of sequence inserted 
within the NcoI-SmaI fragment, between the bias determinant and ARS1S.  The amount of 
sequence that was inserted for each construct is indicated above each image.  Percent initiation at 
ARS1S is indicated in the lower left corners.  (E) Replication indices for chromosomal URA3 
(pink) and ARS510 (blue) in WT cells harboring the bias determinant at its native location (solid 
diamonds) and in cells lacking the bias determinant (empty diamonds) are plotted.  ARS607 
(black dashed arrow) and R11 (black dotted arrow) were used as early and late timing standards, 
respectively.  In the WT strain, URA3 and ARS510 had replication indices of 0.73 and 0.4, 
respectively.  In the strain lacking the bias determinant (YTP38), URA3 had a replication index 
of 0.66 while the replication index for ARS510 was 0.34. 
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Figure 4.6: Motif search of sequences important for the bias determinant.  (A) Both the 23 
bp (+TGCA) and the bipartite 19 bp (-TGCA) sequences were run through the motif 
identification tool TOMTOM202.  Candidate proteins that were identified for each sequence are 
listed in order of significance (top to bottom) with proteins common to both searches in the last 
column.  Transcription factors are indicated by red text.  (B) The WT sequence corresponding to 
the 23 bps (+TGCA) that are required for the bias is indicated by small black capital letters.  The 
NsiI site is underlined.  The logos for Cst6 and Yap3 binding motifs are indicated above or below 
the corresponding sequence.  Percent initiation at ARS1S on pN&S in cells lacking either CST6 or 
YAP3 are indicated as bar graphs. 
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Chapter 5 
	  

Limiting Factors and the Control of Replication Timing 
 
 
 Over the past two years many important advances, including the work presented in this 

dissertation, have been made toward deciphering the mechanisms that regulate origin activation 

time.  In 2011, Mantiero et al., discovered that Sld2, Sld3, Dpb11, and Dbf4 (SSDD) are limiting 

for initiation of DNA replication in S. cerevisiae207.  Sld2 and Sld3 are essential CDK substrates 

that interact with Dpb11 to recruit the GINS complex and DNA polymerase ε to the pre-RC208-

213.  Dbf4 is the regulatory subunit of DDK, required for the phosphorylation of the MCM 

helicase and other proteins of the replisome.  The authors of this study showed that simultaneous 

over-expression of all four limiting factors causes late origins to activate earlier in S-phase.  The 

authors suggest that these factors might be limiting in both abundance and in the rate at which 

they are recycled following origin initiation.  Interestingly, just this year, Collart et al., 

discovered that the replication factors RecQ4, Treslin, Cut5, and Drf1 (the equivalent proteins to 

SSDD in yeast) become limiting for the initiation of DNA replication at the mid-blastula 

transition in Xenopus embryos214 suggesting that the role these proteins play in regulating origin 

initiation time are conserved in higher eukaryotes. 

The association of Sld3 with the pre-RC depends on the presence of Cdc4518,210.  Because 

Cdc45 and the Sld3 interacting protein, Sld7, preferentially target early activating origins, 

Mantiero and colleagues investigated whether these proteins could also be limiting for 

replication initiation207.  No detectable differences in origin activation time were observed 

between over expression of SSDD and over expression of SSDD plus Cdc45 and Sld7 

(SSDDCS).  Presumably this lack of differences between the two strains was due to the still 
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limiting amounts of Sld3, though this presumption has not been tested.  However, the authors did 

observe an increase in origin efficiency.  Data supporting the observation that over expression of 

SSDDCS leads to increased origin efficiency was obtained by an independent group in a more 

recent study215.   

The discovery that these limiting factors can regulate origin activation time potentially 

provides a common mechanistic theme for replication timing control.  These data suggest that 

early replication is determined by mechanisms that can recruit or make a subset of origins 

available to at least a subset of these liming factors.  Conversely, it is logical that mechanisms 

promoting the exclusion of these limiting factors from origins could impart late activation time 

on those origins. 

Data consistent with this hypothesis was presented earlier this year.  Natsume et al., 

expanded upon the work that is presented in chapter 2 of this dissertation by providing 

mechanistic evidence into how centromeres are able to regulate origin activation time192.  The 

authors of this study show that the kinetochore component and cohesin loading factor, Ctf19, 

promotes early activation of pericentric origins through the recruitment of DDK and 

subsequently Sld3/Sld7.  Furthermore, the recruitment of these replication factors occurs 

between telophase and G1192.  The timing of recruitment is consistent with when origin 

activation time is thought to be established108,110.  Currently, it is unclear how recruitment of 

DDK and Sld3/Sld7 to kinetochores regulates the activation time of origins that can be located 

up to 20 kb away.  It is possible that regulation of origin activation over this distance is achieved 

through one or more of the mechanisms that are proposed in chapter 2 of this dissertation188. 

Because Dbf4, Dpb11, Sld3 and Sld7 are limiting factors, it is enticing to postulate that DDK 

recruitment to kinetochores increases the local abundance of these factors near centromeric 
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regions.  Therefore, pericentric origins are more readily available to be acted upon by these 

limiting initiation factors.  It is not known whether other kinetochore proteins are involved in this 

process; however, it seems plausible that other proteins are involved as Ctf19 is a member of a 

multi-protein complex that links inner and outer kinetochore components. 

Although it has not been tested in great detail, a recent study by Knott et al., indicates that 

the recruitment of limiting factors may also be important for establishing early activation of non-

pericentric origins as well189.  The authors of this study show that initiation of many of the 

earliest activating non-pericentric origins is governed by the forkhead transcription factors Fkh1 

and Fkh2.  Fkh1- and Fkh2-mediated early origin activation is regulated at least in part through 

the recruitment of Cdc45.  Future work is needed to determine how this recruitment occurs.  The 

authors propose that the Fkh1/2 proteins promote the clustering of early origins to regions of the 

nucleus that are enriched for these replication factors.  The mechanisms by which clustering 

occurs and the extent to which clustering affects origin activation remain a mystery.  

All in all, it is likely that the replication limiting factors will be found to play a central 

role in regulating origin activation time.  It is clear that these factors are essential for establishing 

early timing at pericentric origins in S. cerevisiae thus ensuring that centromeres are replicated in 

early S-phase.  Future work will need to be conducted to determine if other kinetochore proteins 

regulate origin activation time and how recruitment of limiting factors to centromeres regulates 

distantly positioned pericentric origins.  Furthermore, it will be of interest to determine if 

recruitment of these factors to kinetochores occurs in species that have regional centromeres.  As 

described in chapter 3, future work is needed to determine the importance of early replicating 

centromeres.   
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As suggested by the Fkh1/2 study, the recruitment or exclusion of limiting factors may 

also be important for establishing timing at non-pericentric origins.  The observation that the 

timing of not all origins are influenced by Fkh1/2 in conjunction with the data presented in 

chapter 4 suggests that additional factors that regulate origin activation time exist.  Although the 

bias determinant that we characterize in chapter 4 has not been directly tested for dependency on 

Fkh1/2, this sequence may be important for identifying other regulators of origins timing.  Future 

work will need to be conducted to determine what protein(s) bind this sequence and whether or 

not those proteins can recruit any of the limiting factors.  The sequence we identify in chapter 4 

contains many imperfect matches to transcription factor binding sites suggesting that there are 

other transcription factors that regulate origin activation time.  As alluded to in the introduction, 

the B3 element, which stimulates origin activity, can be substituted for many transcription factor 

binding sites.  In light of the forkhead data and our findings detailed in chapter 4, it is possible 

that transcription factors that function as B3 elements also regulate origin timing.  Presumably 

these transcription factors would interact with at least a subset of the limiting factors. 

In summary, the work presented in this thesis lays the groundwork for important 

advances in the replication field.  The data presented in chapters 2 and 4 are the first to 

conclusively show that there are at least two independent mechanisms that can actively advance 

origin activation time.  Furthermore, the data presented in chapter 3 suggest that the 

establishment of temporal DNA replication is biologically relevant for cellular health.  In the 

future, it will be interesting to see what other DNA sequences and their associated factors that 

contribute to the regulation of origin activation time will be discovered.  My finding that early 

centromere replication helps protect against chromosome loss will likely spur research interest in 

determining why other regions of the genome replicate at specific times.  For example, what is 
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the importance of late telomere and rDNA replication?  What is the significance of early and late 

replicating regions that are internal to the chromosome?   
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Figure S2.1: Replication kinetic data for an independent segregant of the rearranged 
strain. (A) Flow cytometry of independent segregant of the rearranged strain.  The shift from 1C 
to 2C DNA content shows that cells entered S-phase at around 40 min and DNA synthesis was 
complete by 140 minutes (compare to Figure 2.2B).  (B) Replication indices for met2 (green 
diamond), ARS1410 (blue diamond), and ARS1426 (magenta diamond) in the independent 
segregant of the rearranged strain were 0.26, 0.20, and 0.86, respectively.  Timing standards, 
ARS306 and R11 are plotted as a black dashed arrow and a black dotted arrow, respectively 
(compare to Figure 2.2D). 
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Figure S2.2: Replication kinetic profiles for the WT strain. Microarray analysis was 
conducted on the 40 (magenta), 45 (orange), 55 (green), and 65 (blue) minute samples. 
Smoothed data are plotted for each of the 16 S. cerevisiae chromosomes. 
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Figure S2.3: Replication kinetic profiles for rearranged strain.  Microarray analysis was 
conducted on the 40 (magenta), 45 (orange), 55 (green), and 65 (blue) minute samples. 
Smoothed data are plotted for each of the 16 S. cerevisiae chromosomes. 
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Figure S2.4: Comparison of WT and rearranged strain Z-score data for 40-minute samples. 
Replication kinetic data for the 40-minute samples in WT and rearranged cells were converted to 
Z scores and overlaid over the 16 S. cerevisiae chromosomes.  WT data are plotted in black and 
rearranged data are plotted in blue.  Endogenous and ectopic centromeres are depicted as yellow 
and orange circles, respectively. 
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Figure S2.5: Comparison of WT and rearranged stain Z-score data for 45-minute samples. 
Replication kinetic data for the 45-minute samples in WT and rearranged cells were converted to 
Z-scores and overlaid over the 16 S. cerevisiae chromosomes.  WT data are plotted in black and 
rearranged data are plotted in blue.  Endogenous and ectopic centromeres are depicted as yellow 
and orange circles, respectively. 
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Figure S2.6: Comparison of WT and rearranged strain Z-score data for 65-minute samples. 
Replication kinetic data for the 65-minute samples in WT and rearranged cells were converted to 
Z-scores and overlaid over the 16 S. cerevisiae chromosomes.  WT data are plotted in black and 
rearranged data are plotted in blue.  Endogenous and ectopic centromeres are depicted as yellow 
and orange circles, respectively. 
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Supplemental Table S2.1. Yeast strains and plasmids used in this study 
Name  Genotype Source 
CH1870 MATa, ura3-52, lys2-801am, leu2-3,112 met2::CEN7.LEU2, 

cen14::URA3 in an S288C background 
(45) 

S288C MATa, ura3-52, trp1∆, leu2-3,112, ade2-1, met- (not met2) (Byers lab) 
YTP12 MATa, ura3-52, trp1Δ, leu2-3,112, lys2-801am, 

met2::CEN7.LEU2 cen14::URA3 
This Study 

YTP13 MATa, ura3-52, trpΔ leu2-3,112, lys2-801am This Study 
YTP15 MATa, trp∆, leu2-3,112, lys2-801am This Study 
YTP16 MATa, ura3-52, trp1Δ, leu2-3,112, lys2-801am, 

met2::CEN7.LEU2 cen14::URA3 
This Study 

YTP19 MATa, trpΔ leu2-3,112, lys2-801am, 
met2::cen7(cdeIII:XbaI).LEU2 
 

This Study 

	   	   	  
Plasmids Genotype Source 
pUC18-
KanMX-
ARS228 

Amp, KanMX, ScARS228 Brewer lab 

pTP18 Amp, ScARS228, met2::CEN7.LEU2 This Study 
pTP19 Amp, ScARS228, met2::cen7(cdeIII:XbaI).LEU2 This Study 
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Supplemental Table S2.2. Primers used in this study  
Primer 
Number 

Sequence Use 

71 CCAATAGATGAGCTTCCGCTT Hybridizes upstream of MET2. Used to 
confirm integration of CEN7 and LEU2 
at the MET2 locus. Also, to clone the 5’ 
half of met2::CEN7.LEU2 to pUC18-
KanMX-ARS228 vector. 

72 GTGCGGTCAAAATGTGGAAA Hybridizes downstream of MET2.  
Used to confirm integration of CEN7 
and LEU2 at the MET2 locus. Also to 
clone the 3’ half of met2::CEN7.LEU2 
to pUC18-KanMX-ARS228 vector. 

88 TGGCAAAACGACGATCTTCT 
 

Hybridizes in the 3’ end to LEU2. Used 
to confirm integration of CEN7 and 
LEU2 at the MET2 locus.  

126 ATCGCCACTATCTTGTCTGCT 
 

Hybridizes in the 5’ end to LEU2. Used 
to confirm integration of CEN7 and 
LEU2 at the MET2 locus. 

133 TTGGCCTCTTCAAGATTATGG 
 

Hybridizes downstream of the EcoRV 
site in LEU2. Used to clone the 5’ half 
of met2::CEN7.LEU2 to pUC18-
KanMX-ARS228 vector. 

134 TGGCGATAGGGTCAACCTTAT 
 

Hybridizes upstream of the EcoRV site 
in LEU2. Used to clone the 3’ half of 
met2::CEN7.LEU2 to pUC18-KanMX-
ARS228 vector. 

147 ATTTTTGTTTTTGCCTTCTAGAAAGA
AAATAGTTTTTTGTATTACGG 
 

Hybridizes to CEN7. Used to mutate 
CDEIII in pTP18 via site directed 
mutagenesis. 

148 CCGTAATACAAAAAACTATTTTCTTT
CTAGAAGGCAAAAACAAAAAT 
 

Hybridizes to CEN7. Used to mutate 
CDEIII in pTP18 via site directed 
mutagenesis. 
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Figure S3.1: Replication kinetic profiles for the late centromere V strain.  Microarray 
analysis was conducted on the 10 (magenta), 15 (orange), and 20 (green) minute samples. 
Smoothed data are plotted for each of the 16 S. cerevisiae chromosomes. 
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Figure S3.2: Replication kinetic profiles for the WT strain.  Microarray analysis was 
conducted on the 10 (magenta), 15 (orange), and 20 (green) minute samples.  Smoothed data are 
plotted for each of the 16 S. cerevisiae chromosomes. 
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Figure S3.3: Competitive growth analysis of haploids that contain early or late replicating 
centromere V.  (A) The strains used to generate this figure are as follows: The GFP+ and GFP- 
WT strains that were used in figure 3.4A (GFP+_A and GFP-_A, respectively), along with 
independent isolates of these two strains (GFP+_B and GFP-_B, respectively), and the two late 
centromere V strains that were used in figure 3.4A (GFP-_lateCEN). 
 
Plot key: 
Maroon = GFP+_A vs. GFP-_B.   
Red = GFP+_B vs. GFP-_A.   
Orange = GFP+_B vs. GFP-_B. 
Light blue = GFP+_B vs. GFP-_lateCEN 
 
(B) The strains used for this figure are all WT for centromere replication time.  GFP+ MAD2 
cells were competed against GFP- mad2Δ cells (green).  GFP+ mad2Δ cells were competed 
against GFP- MAD2 cells (purple).  
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Supplemental Table S3.1. Yeast strains and plasmids used in this study.  All strains are A364A 
background unless otherwise noted. 
Name Genotype Source 
YHLTP3 MATa cdc7-1 bar1 trp1-289 leu2-3,112 his6 ars510::KanMX 

ars511:NAT  
This Study 

YHLTP4 MATa cdc7-1 bar1 trp1-289 leu2-3,112 his6 ars510::KanMX 
ars511:NAT  

This Study 

YTP40 MATa/MATα cdc7-1/cdc7-1 bar1/bar1 trp1-289/trp1-289 leu2-
3,112/leu2-3,112 his6/his6 ars510::KanMX/ARS510 
ars511:NAT/ARS512 URA3/ura3-52 CAN1/can1-100 

This	  Study	  

YTP41 MATa/MATα cdc7-1/cdc7-1 bar1/bar1 trp1-289/trp1-289 leu2-
3,112/leu2-3,112 his6/his6 KanMX/ARS510 NAT/ARS511 
URA3/ura3-52 CAN1/can1-100 

This Study 

YTP42 MATa/MATα cdc7-1/cdc7-1 bar1/bar1 trp1-289/trp1-289 leu2-
3,112/leu2-3,112 his6/his6 ars510::KanMX/ARS510 
ars511:NAT/ARS512 URA3/ura3-52 CAN1/can1-100 

This Study 

YSL1_c MATa cdc7-1 bar1 trp1-289 leu2-3,112 his6 KanMX CloNAT This Study 
SL14-3α MATα cdc7-1 bar1 trp1-289 leu2-3,112 ura3-52 his6 can1-100 This Study 
YSL2	   MATa/MATα cdc7-1/cdc7-1 bar1/bar1 trp1-289/trp1-289 leu2-

3,112/leu2-3,112 his6/his6 KanMX ARS510/ARS510 NAT 
ARS511/ARS511 URA3/ura3-52 CAN1/can1-100 
mad2Δ:HYG/mad2Δ:HYG 

This	  Study	  

YSL3 MATa/MATα cdc7-1/cdc7-1 bar1/bar1 trp1-289/trp1-289 leu2-
3,112/leu2-3,112 his6/his6 ars510::KanMX/ARS510 
ars511:NAT/ARS511 URA3/ura3-52 CAN1/can1-100 
mad2Δ:HYG/mad2Δ:HYG 

This Study 

YSL4 MATa/MATα cdc7-1/cdc7-1 bar1/bar1 trp1-289/trp1-289 leu2-
3,112/leu2-3,112 his6/his6 ars510::KanMX/ARS510 
ars511:NAT/ARS511 URA3/ura3-52 CAN1/can1-100 
mad2Δ:HYG / mad2Δ:HYG 

This Study 

SL14-
3α_mad2Δ 

MATα cdc7-1 bar1 trp1-289 leu2-3,112 ura3-52 his6 can1-100 
mad2Δ:HYG 

This Study 

YSL1_c_ 
mad2Δ 

MATa cdc7-1 bar1 trp1-289 leu2-3,112 his6 KanMX CloNAT 
mad2Δ:HYG 

This Study 

YHLTP3_ 
mad2Δ 

MATa cdc7-1 bar1 trp1-289 leu2-3,112 his6 ars510::KanMX 
ars511:NAT mad2Δ:HYG 

This Study 

YHLTP4_ 
mad2Δ 

MATa cdc7-1 bar1 trp1-289 leu2-3,112 his6 ars510::KanMX 
ars511:NAT mad2Δ:HYG 

This Study 

YSL1_c_GFP MATa cdc7-1 bar1 trp1-289 leu2-3,112 his6 KanMX CloNAT 
ho::GFP_KanMX 

This Study 

YSL1_c_ 
mad2Δ_GFP 

MATa cdc7-1 bar1 trp1-289 leu2-3,112 his6 KanMX CloNAT 
mad2Δ:HYG ho::GFP_KanMX 

This Study 

T7107 MATa, RAD5, BUD4, leu2, ura3, trp1, ade2, his, in W303 
background 

(191) 
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10650_a1 Mata mutars919 mutars920 RAD5 BUD4 leu2 ura3 trp1 ade2 

his3, in W303 background 
Derived 

from (191) 
10650_a2 Mata mutars919 mutars920 RAD5 BUD4 leu2 ura3 trp1 ade2 

his3, in W303 background 
Derived 

from (191) 
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Supplemental Table S3.2. Primers used to confirm ARS knockouts  
Primer 
Number 

Sequence Use 

217 CCGTGACTTATCCTCACGAAA	   Confirmed replacement of ARS510 
with KanMX  

219 GAGCGATTGCTTCCTTAAAAT	   Confirmed replacement of ARS510 
with KanMX  

220 CTGTCCCATTCGATTTCAAA	   Confirmed replacement of ARS510 
with KanMX   

221 ATTTGCACATAAAGGGTGCC	   Confirmed replacement of ARS510 
with KanMX   

229 AGTACGAGACGACCACGAAGC	   Confirmed replacement of ARS511 
with ClonNATR  

230 TGACCGTCGAGGACATCGAG	   Confirmed replacement of ARS511 
with ClonNATR  

237 TTAACGACAGCCTTTGGAGC	   Confirmed replacement of ARS511 
with ClonNATR  

238 TAAACGCGCGAAGAAAGATG	   Confirmed replacement of ARS511 
with ClonNATR  
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Appendix C: Supplement for Chapter 4 
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Figure S4.1: ARS1S activation time analyzed by plasmid pop-out assay. The two plasmid 
copies of ARS1 were separated from each other in vivo. Upper panel: separation from plasmid 
pN&Sdir. Lower panel: separation from plasmid pN&S∆9dir derived from pN&Sdir by deleting 
the NsiI-NcoI fragment. Replication kinetics determined by the comparative hybridization 
method (see Materials and Methods) are plotted for each separated, single-ARS plasmid: plasmid 
pS' or pS'∆ (squares) and plasmid pN' (circles).  Recombinase target sites are indicated by arrows 
on the cartoons and (∆) indicates the NsiI-SmaI deletion of the bias element (*). The Trep value 
for each plasmid is shown as a dotted line intersecting the X-axis. 
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Figure S4.2: Examining the importance of a DUE at the bias determinant.  Helical stability plots 
depicting the energy of unwinding (∆G) of duplex DNA for the region containing the bias 
determinant (black arrow head).  The percent of ARS1S usage is depicted in the upper right 
corner.  The cartoon depicts the sequence that was analyzed: the 3’ end of URA3 (blue arrow), 
the 3’ end of TRP1 (red arrow) and ARS1S (green box).  (A) Helical stability for the WT bias 
determinant and its surrounding region.  The bracket indicates the ARS1 DUE.  (B) Helical 
stability for bias determinant mutants m6 and m7.  (C) Helical stability for bias determinant 
mutants (see Materials and Methods) that maintain the presence of DUE but lack ARS1S bias. 
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