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University of Washington
Abstract

Spatially and Temporally Resolved Delivery of Stimuli to Single Cells
Using Nanocapsules and Laser Manipulation

by Bingyun Sun
Chairperson of the Supervisory Committee:
Associate Professor Daniel T. Chiu
Department of Chemistry

Cell signaling is at the core of most biological processes. The spatially and temporally
resolved stimulation will help elucidate cell signaling, and lead us to a better understanding
of signal transduction. We have designed and developed a technique to photolyze
individual optically trapped nanocontainers for delivering spatially and temporally resolved
stimuli to single cells. A submicrometer-sized nanocontainer, which encapsulates the
stimuli of interest, is precisely positioned with respect to a select cell by optical trapping.
Application of a single focused UV laser pulse photolyzes the trapped capsule and releases
the stimuli onto a localized region of the cell. The spatial resolution of this technique is on
the order of several hundreds of nanometers, while the temporal resolution lies in the sub-
microsecond range. To achieve and optimize the above strategy, we have explored the
synthesis/formation of a series of capsules including liposomes, inorganic and polymeric
capsules with tunable size and tailored surface properties. We have created an efficient
method to load the polymeric capsules with molecules of interest and developed a

polyelectrolyte and silica combined coating approach to eliminate non-controllable leakage



after loading. We also initiated a novel technique to quantify the encapsulation efficiency
of lipid vesicles on a single-vesicle level, which gives us a unique way to evaluate the
encapsulation efficiency more meaningful than the traditional bulk anaylsis. Besides lipid
vesicles, we believe this method can be broadly applied to the study of loading efficiency
of other micro/nano-scale containers. We have also characterized the photo-releasing
efficiency of liposomes and micro/nano capsules quantitively. Using our delivery
technique, we have successfully studied carbachol-evoked calcium signaling in Chinese
hamster ovary cells transfected with type-1 muscarinic acetylcholine receptors and

explored the mapping of these receptors on the cell membrane.
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Chapter 1 Introduction



1.1 Cell signaling
Cell signaling is at the core of most biological processes such as cell division,
differentiation, or regulation of specialized cellular functions. Many of these pathways
have been implicated in a wide variety of diseases and key physiological functions;
Figure 1-1 illustrates the calcium signaling pathways inside a cell. Cell signaling often
starts from or ends at the plasma membrane.

As a heterogeneous entity, a cell responds to its environment through highly
organized protein networks. Even a single type of extracellular signal acting through a
single type of G-protein-linked or enzyme-linked receptor usually activates multiple
parallel signaling pathways and can thereby influence multiple aspects of cell behavior-
such as the shape, movement, metabolism, and gene expression of the cell. Since cell
signaling is highly programmed, a spatially and temporally resolved stimulation will help
to study cell signaling, and lead to a better understanding of the mechanism behind signal

transduction.



.

Figure 1-1 Elements of the Ca* s1gnallmg Cells have an extensive s1gnallmg toolkit that can
be mixed and matched to create Ca®" signals of widely different properties. Ca’"-mobilizing
signals (blue) are generated by stimuli acting through a variety of cell-surface receptors (R),
including G-protein (G)-linked receptors and receptor tyrosine kinases (RTK). The signals
generated include: inositol-1,4,5-trisphosphate (Ins(1,4,5)Ps), generated by the hydrolysis of
phosphatidylinositol-4,5-bisphosphate (PtdIns(4,5)P,) by a family of phospholipase C enzymes
(PLCB, PLCy); cyclic ADP ribose (cCADPR) and nicotinic acid dinucleotide phosphate
(NAADP), both generated from nicotinamide-adenine dinucleotide (NAD) and its
phosphorylated derivative NADP by ADP ribosyl cyclase; and sphingosine 1-phosphate (S1P),
generated from sphmgosme by a sphingosine kinase. ON mechanisms (green) include plasma
membrane Ca®* channels, which respond to transmitters or to membrane depolarization V), and
intracellular Ca®* channels — the Ins(l 4,5)P; receptor (InsP;R), ryanodine receptor (RYR),
NAADP receptor and sphingolipid Ca”* release-mediating protein of the ER (SCaMPER) The
Ca”" released into the cytoplasm by these ON mechanisms activates different Ca>* sensors
(purple), which augment a wide range of Ca’ -sensmve processes (purple), dependmg on cell
type and context. OFF mechanisms (red) pump Ca® out of the cytoplasm the Na*/Ca®*
exchanger and the plasma membrane Ca’* ATPase (PMCA) pumps Ca”" out of the cell and the
sarco-endoplasmic reticulum Ca>* ATPase (SERCA) pumps it back into the ER/SR. (TnC,
troponin C; CAM, calmodulin; ML.CK, myosin light chain kinase; CAMK, Ca ?*/calmodulin-
dependent protein kinase; cyclic AMP PDE, cyclic AMP phosphodiesterase; NOS, nitric oxide
synthase; PKC, protein kinase C; PYK?2, proline-rich kinase 2; PTP, permeability transition
pore.). Ref 5.



1.2 Techniques available for cell-signaling studies

Many techniques are developed to study cell signaling. Most methods, however,
focus on studying cellular response over a relative long time (i.e. minutes, hours, and
even days) and require groups of cells. Although there are biophysical techniques (such
as patch clamp, fluorescence resonance energy transfer (FRET), cellular imaging by
confocal microscopy, evanescent wave imaging, efc) to monitor signaling events with
good spatial and temporal resolution, the initiation of signaling is always generated by
perfusion or microinjection of signaling molecules onto cell membrane or into cellular
plasma, which have poor spatial and temporal resolution.

The time resolution of perfusion and injection is on the order of seconds, and the
spatial resolution is on the order of micrometers, which is insufficient to study many
signaling processes, such as synaptic transmission that happens in milliseconds or lipid

rafts that may be submicrometers in dimensions (Figure 1-2).



Figure 1-2. Biological descriptions of lipid rafts. (Left) Model for the organization of rafts
and caveolae in the plasma membrane. Raft domains are shown in red and are rich in
saturated lipids, cholesterol, and GPI hnked proteins. Figure taken from." (Right Top)
Representation of “lipid shell” model.> Small lipid shells are building blocks of rafts and
help target proteins to raft domains. Figure taken from® (Right bottom) Freeze fracture
micrograph of caveolae on inner plasma membrane. Image from *.

1.3 Caged molecules and two-photon excitation
Two-photon photolysis of caged molecules is a modern technique to study the
dynamics of cellular responses with high spatial and temporal resolutions. Caged
compounds are molecules or ions of physiological interest, and are rendered inactive by
chemical modification. The modification introduces a photochemically labile bond,

which on exposure to certain intensive light (such as laser) cleaves rapidly, releasing the



active compound. Two-photon excitation is a nonlinear optical process, in which the
simultaneous absorption of two photons excites a molecule to a higher-energy state. This
process, first studied by Goppert-Mayer in 1931,° now is widely used in microscopy. &’
The dependence of two-photon excitation is proportional to the intensity squared, which

gives this technique an intrinsic 3D resolution (Figure 1-3).

Figure 1-3. Spatial localization of multiphoton excitation using tightly focused
laser light. The high-intensity dependence of multiphoton excitation can confine
fluorescence and photochemical reactions to spatial coordinates in proximity to the
2focal point (region depicted as a black oval) when focusing light with high-NA optics.

The special resolution of this technique is determined by the focal volume of the
laser and the wavelength used. For instance, the wavelength of 1064 nm used to study

biological events gives spatial resolution on the order of hundreds of nanometers. The



temporal resolution of the technique is determined by the time and efficiency of cleaving
the chemical bond, and its time scale ranges from tens of microseconds to milliseconds.
Caged compounds, although widely used, suffer from several important
disadvantages: (1) The design and synthesis of a suitable caged molecule is complex and
time consuming, (2) The caging of large bioactive molecules, such as peptides (e.g.
cytokines) and proteins, is difficult if at all possible, and (3) The uncaging of multiple

stimuli simultaneously is often cumbersome.®’

1.4 Our approach — nanocontainer and laser photolysis assisted delivery

To address the limitations of using caged molecules, we have developed a new
strategy by which defined packages of stimuli can be delivered to single cells with both
high spatial (hundreds of nanometers) and temporal resolutions (hundreds of
nanoseconds)’. This method uses nanocontainers to encapsulate the bioactive molecules
of interest, optical trapping to manipulate individual nanocontainers with respect to a
single cell, and a single 3-ns focused UV laser pulse to release the encapsulated
molecules to the cell.

The use of nanocontainers, which in our case could be silica nanocapsules, hollow
beads, and lipid vesicles with tailored compositions and sizes, overcomes the synthetic
challenges associated with the use of caged compounds and provides a versatile platform

for “caging” a broad range of molecules of interest. This approach offers new



possibilities and versatilities for studying the heterogeneous organization of cells and for

unraveling the dynamics of signaling mechanisms and cellular responses.



Chapter 2 Overview of the strategy
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2.1 Overview of the strategy
This dissertation focuses on the development a new strategy for delivering
defined packages of stimuli to single cells with both high spatial and temporal
resolutions.

The details of our strategy are illustrated in the following. Figure 2-1

A B C

N, laser
(W)

nanocontainer YAG laser
nanocontainer, - YAG laser
]

Figure 2-1. Illustration of the experimental design.

schematically depicts our approach. Laser optical manipulation is used to trap individual
nanocontainers, encapsulating the bioactive molecules of interest with respect to a single
cell. A single 3-ns pulse from a UV laser, which is aligned collinearly with the trapping
laser, is used to photolyze the optically trapped nanocontainer and to release the
encapsulated stimuli. The cell membrane receptors interact with the released bioactive
stimuli and start the intracellular signaling responses. The spatial resolution of our
technique is defined by the size of the nanocontainers; and the temporal resolution is
defined by the pulsed laser duration, and the decomposing efficiency of the

nanocontainer.
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2.2 Setup of the optics

To fulfill the above strategy, we developed a series of optics to achieve the goal.

A

M

Figure 2-2. Schematic illustration of the relative positions of the lasers: YAG laser (red;
1064 nm; ~ 0.3 W prior to entering the N.A. 1.3 oil immersion objective), the trapped
vesicle (blue), the target cell (green), and the N, laser (purple; 337 nm; ~ 3 uJ prior to
entering the objective). Abbreviation: NF, neutrodensity filter; TS, telescope; M, mirror;
SD, spin disc; DC, dichroic; SP, spatial filter; L, lens; CS, cover slip; PH, pin hole; BF,
bandpass filter. Insert A, is a SPCM result of fluorescence signals emitted from 20 pM
aqueous 5-carboxyrhodamine 6G solution, PBS buffer pH 7.4. The integration time of each
signal line is 1 ms. Inset B, is the CCD camera image of fluorescent beads immobilized on
the coverslip.

Figure 2-2 illustrates the layout of our homebuilt optics setup. Three different lasers are
used: (1) an argon laser (wavelength at 488 nm) for illumination and confocal detection,
(2) aNd-YAG laser (wavelength at 1064 nm) for optical trapping and manipulation of the

nanocontainers, and (3) a UV laser (wavelength at 337 nm) for photolyzing the vesicle.
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All the laser beams are collimated prior to going into a microscope with 100x oil-
immersion objective (1.3 numerical aperture). We use two types of detection systems to
record the results, CCD camera coupled videomicroscopy is used for millisecond-
timescale wide-field imaging (Figure 2-2B), and a single photon counting module
(SPCM) coupled confocal microscopy is used for nanosecond-timescale point detection
(Figure 2-2A).

The optical trap, also called “optical tweezers”, has been around for 30 years in
the physical and biological sciences for the manipulation and study of micron and
submicron particles and even individual atoms.'® In our optical setup, the Nd-YAG laser
beam goes though a 1.3-numerical-aperture objective to trap and manipulate particles
with sizes varying from 20 nm to 20 um.

Confocal microscopy is another feature in our optical setup, by which we can
achieve single-molecule detection sensitivity. Confocal microscopy emerged in the
1950s,"" and quickly became an extremely useful technique in biological imaging and
single-molecule studies.'” > We have successfully acquired single-molecule fluorescent
signals with our homebuilt confocal setup. Figure 2-2 inset A shows an example of a
single-molecule trace obtained from a 20-pM carboxyrhodamine 6G in saline solution.
The pulsed UV laser with 3-ns pulse duration is equipped with an external trigger that
can be synchronized with the confocal SPCM detector, by which we can achieve

temporal detection resolutions of 100 ns.
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2.3 Consideration of the critical issues associated with this technique

To successfully implement our strategy, we must address several additional
potential issues:

Nanocontainers. We must design appropriate nano-containers that are both robust
and can be loaded easily withthe molecules of interest.

Encapsulation efficiency. We need to develop a technique to precisely quantify
the amount of the molecules we loaded into individual containers, since we are going to
use single containers to trigger cellular signaling.

Photolysis efficiency. Because the temporal resolution of our technique is
determined by photolysis efficiency, we need to understand the temporal resolution of
our laser-triggered release.

To address these issues, we carried out step-by-step studies and characterization,
which we will discuss in detail in the following chapters (Chapter 3-7). As proof of
concept, we successfully applied our technique to initiated calcium signaling in Chinese
hamster ovary cells and demonstrated the potential of this method to map the receptors

on the cell membrane, which is summarized in Chapter 8 & 9.



Chapter 3 Lipid vesicles as containers

14
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3.1 Introduction of lipid

Lipids, the major component of cell membrane, are amphiphilic molecules with a
hydrophilic head and hydrophobic tail groups. In aqueous solution, lipids self-assemble
into double-layered structure behaving as a two-dimensional fluid. Based on different
head and tail groups, lipids can be divided into different categories, and different
compositions of lipids determine the properties of the bilayer membrane, such as fluidity,
rigidity, and permeability.

The most abundant membrane lipids are the phospholipids, which contain a
charged or polar head (including a phosphate group) attached to a glycerol backbone
through an ester bond; and one or two non-polar fatty acid tail(s) dangling from the other
carbons of glycerol as illustrated in Figure 3-1. Some lipid heads, such as
phosphatidylcholine (PC) and phosphatidylethanolamine (PE), are neutral, while the
other heads as phosphatidylglycerol (PG) and phosphatidylserine (PS) are negatively
charged. The fatty acid chain could be either saturated or unsaturated, and the length
could also vary from 12 carbons up to 22 carbons.

The polarity of the head group affects the surface property of lipid bilayers, for
example, the repelling force between charged head groups will help to keep the lamelli of
vesicles apart, so that unilamellar lipid vesicles are easier to form. The length and
saturation of the tail group determines the packing of the membrane,. Lipid molecules
are ordered and the movement of the lipid molecules is slow (diffusion constant is around

10° cm¥s) ' in the gel or solid phase. When the temperature is elevated above the
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phase transition temperature of the lipid, the lipids start to behave as two-dimensional
liquid, and the movements speed up (diffusion constant is around 10 cm?/s). '* Lipid

with short length or with unsaturatedfatty acid tail has lower phase transition temperature.

*llms CH,0H ©oo

H |
H“,,%w,, W ,CH
i CH
H%é ]
H-" \(", 0
@’ serine

\ q
Ky s g o
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Figure 3-1. Tllustration of lipids.

Cholesterol, ubiquitous in lipid membrane, behaves as a spacer, which can help

keep the lipid molecules in order when it is in liquid phase. Cholesterol can also smooth
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the sharp transition from solid to liquid at phase transition temperature; the permeability

of the lipid membrane increases sharply around the phase transition temperature .

3.2 Introduction of Lipid vesicles

Lipid vesicles, also called liposomes, have been long recognized as drug carriers
owing to the biocompatibility of lipid vesicles and their ability to encapsulate a wide
range of molecules. As carriers for drugs, for example, lipid vesicles can be used for
both sustained drug release as well as targeted drug delivery by exploiting
antibody/antigen interactions. Studies have shown that drug safety and efficacy can be
greatly improved and new therapies are possible when a pharmaceutical agent is
encapsulated within or attached to the surface of lipid vesicles.”*?° In addition to drug

delivery, lipid vesicles have been used in diverse applications, such as model of cell

21-23 24-30 31,32

membrane, as reaction vessels, as dye dispersants, and even as materials for
removal of contaminated waste.”®

Lipid vesicles have different morphology, such as size, lamellarity, and can be
categorized into small vesicles (diameter between 20 ~ 100 nm), large vesicles (diameter
between 100 nm ~ 1 pm), and giant vesicles (diameter between 1 ~ 100 um) based on
size; and unilamellar vesicles and multilamellar vesicles based on lamellarity.

Morphology of lipid vesicle is a key factor to determine the application of lipid vesicles.

In fundamental studies of membrane biophysics, for example, giant unilamellar vesicles



18

21-
are often used,”!

whereas in drug delivery, small multilamellar vesicles are preferred.**

36

3.3 Formation of lipid vesicles
The formation of lipid vesicles has been studied for more than four decades. In
1965, Bangham et al. originate the hand-shaken approach 37 to form lipid vesicles and
was employed to measure permeability parameters of various ions and molecules across
lipid bilayers. ** Methods based on sonication and gel filtration steps were introduced in
1969 by Huang et al., 39 which provide more uniform preparations of unilamellar
vesicles. We used rotary evaporation, or thin-film hydration to form giant vesicles (>1

microna), and extrusion or sonication to form small vesicles (0.5 micron).

Materials. 1,2-Dipalmitoyl-SN-Glycero-3-phosphacholine 16:0 (DPPC) were
purchased from Avanti (Alabaster, AL). 5-carboxyrhodamine 6G, cholesteryl 1-
pyrenebutyrate, 3,3'-dioctadecyloxacarbocyanine perchlorate (DiO-C;s) and fluo-3/AM
were obtained from Molecular Probes (Eugene, OR). All the other chemicals without
specification were from Sigma. All lipid vesicles in our experiments were composed of
DPPC doped with a UV dye, cholesteryl 1-pyrenebutyrate (50 mol%), and/or a

fluorescent dye, DiO-C;g (1 mol%).

Preparation of giant vesicles. The methods we use to prepare vesicles vary

depending on the size of the vesicles needed. We used rotary evaporation to form lipid
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vesicles having diameters greater than one micrometer, a procedure that has been
described previously.””** Depending on the preparation condition and the composition
of the solution and lipid, this method can give rise to vesicles with highly variable
morphology. In a typical procedure, we first prepared a chloroform solution of lipids
containing 9:1 mass ratio of DPPC (1,2-Dipalmitoyl-sn-Glycero-3-Phosphocholine) :
DPPG (1,2-Dipalmitoyl-sn-Glycero-3-[Phospho-rac-(1-glycerol)] sodium salt) at
concentration of 10 mg/mL and 2.5 mol % of B-py-Cio-HPC (1-hexadecanoyl-2-(1-
pyrenedecanoyl)-sn-glycero-3-phosphocholine). In a 50-mL round-bottom flask, we
added 50 uL of this lipid solution, and then 3 mL of aqueous loading solution (250 pM
carboxyfluorescein, 0.2 M sucrose, and 50 mM borate buffer at pH 8.0) along the wall of
the flask. In a rotary evaporator (Buchi, Brinkmann, NY), we evaporated away the
choloform solution under reduced pressure at 50°C. We usually observed two bubbling
events, one at ~ 1.5 mins after the start of evaporation due to evaporation of chloroform,
and the second at ~ 2.5 mins caused by evaporation of the aqueous solution. We stopped
the evaporation at the second bubbling (~ 40 mm Hg), after which an opalescent fluid
was obtained with a volume of approximately 2.5 ml. We let the vesicle solution settle
for ~ 30 mins, after which we passed the solution through a pre-packed 10DG size
exclusion column to remove carboxyfluorescein from the extravesicular solution. We

diluted this solution three fold in borate buffer (50 mM at pH 8.0) for our experiments.
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Preparation of large vesicles. We used extrusion to prepare vesicles that are one
hundred to several hundreds of nanometers in diameter. Briefly, giant vesicles prepared
above were passed through an extruder (Avanti, Alabaster, AL) that contained a
polycarbonate membrane with well-defined pore size. In most experiments, we carried
out 21 passes through the membrane and used pore sizes that were either 100nm or
600nm in diameter. After vesicle formation, the molecules that were not encapsulated in
the vesicles were removed by passing the vesicle solution through a size-exclusion

column (Bio-Rad, Hercules, CA).

Preparation of small vesicles. Small vesicles (< 100nm in diameter) were
obtained by sonicating (Ultrasonic Cleaner, Avanti, Alabaster, AL) the solution that
contained giant vesicles six times for a duration of 5 min each time and at an interval of 2

min between each sonication.

3.4 Morphologies of giant lipid vesicles
We formed our vesicles using rotary evaporation, 27.40 3 method that is very
sensitive to the solution (especially ionic strength of the aqueous phase), lipid
composition (e.g. different lipid head groups), and the conditions (e.g. pressure and
temperature) under which the vesicles are formed. Depending on the interplay of these
parameters, the resulting vesicles often are very heterogeneous, both in terms of size and

lamellarity.
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Figure 3-2 shows both differential interference contrast (DIC) images and the
corresponding fluorescence images of the vesicles we obtained using this method. To
enhance the yield of giant unilamellar vesicles, we used negatively charged DPPG lipid at
10 % concentration of the DPPC lipid, because the presence of DPPG increases the
electrostatic repulsion between the lamellae of the vesicles.*""* We also loaded the
vesicles with 200 mM sucrose, which increased the rigidity of the vesicle owing to
osmotic pressure and facilitated the optical manipulation and bright-field imaging of the
vesicles.*"** At this concentration, the presence of sucrose inside the vesicle does not
affect diffusion of the molecules after vesicle photolysis.*

It is evident from the images in Figure 3-2 that the morphologies of lipid vesicles
are highly heterogeneous. Based on the appearance of the vesicles, we categorized them
into three groups: (1) Multilamellar vesicles (MVs) that appear onion like with layered
membrane throughout the vesicle and with no visible void volume (see Figure 3-2E), (2)
Thick-walled vesicles (TWVs) that contain both a thick multilamellar membrane wall
and a clear void volume (see Figure 3-2F), and (3) Unilamellar or Oligolamellar vesicles
(OVs) that have a very thin membrane wall and which require DIC for clear visualization
(see Figure 3-2G). Arrows in Figure 3-2A and 3-2B point to examples of these three

groups of vesicles.



22

Figure 3-2. Images of lipid vesicles. The membrane was composed of a 9:1 mass ratio
of DPPC:DPPG and 2.5 mol % of B-py-HPC. (A) and (B) are differential interference
contrast (DIC) and fluorescence images of vesicles loaded with 250 pM of
carboxyfluorescein, respectively. (C) and (D) are DIC and fluorescence images of the
vesicles doped with 0.1 mol % of the membrane dye DiO-Cs (but the vesicles were not
loaded with carboxyfluorescein). (E-G) are DIC and the corresponding fluorescence
images of vesicles of different lamellarity that were loaded with 250 pM of
carboxyfluorescein. (E) multilamellar vesicles (MVs), (F) thick-walled vesicles
(TWVs), and (G) oligo-lamellar vesicles (OVs).

To further visualize the lipid membranes of these different vesicles, we doped the
membrane with the fluorescent membrane dye, DiO-C;3, and imaged these vesicles both

under DIC and fluorescence (Figure 3-2C and 3-2D). With a thin membrane layer and a

large void volume, OVs exhibit a well defined fluorescent membrane layer and non-
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fluorescent interior. In contrast, the presence of multiple layers of DiO-C;3 stained
membranes made the MVs and TWVs both highly fluorescent and obscured any void
volumes that might be present in these vesicles (Figure 3-2D). The size of vesicles
ranged from submicrometers to tens of micrometers. Below ~ 1-2 um in diameter,
however, it became difficult for us to distinguish clearly among these three groups of

vesicles.



Chapter 4 Encapsulation of Lipid Vesicles
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4.1 Importance

Regardless of the application of lipid vesicles as containers as we mentioned in
previous chapters, an important parameter in using vesicles is the efficiency with which
they can encapsulate the molecules of interest. This encapsulation efficiency (EE) is
sensitive to a number of factors associated with vesicles, such as the physical properties
of the membrane surface, including charge, hydrophobicity, and rigidity,** the
characteristics of the chemicals to be encapsulated,* and the method used to prepare the
vesicles.*® A method capable of quantifying the encapsulation efficiency of vesicles, with
single-vesicle resolution as a function of vesicle morphology, will benefit a range of
research areas that use vesicles.

Differences in the encapsulation efficiencies among vesicles as a function of
morphology have been reported,35 »36.45.47 but these experiments were based on bulk
analysis and represented the average EE of a given preparation. In addition, such bulk
analysis suffers from the inability to distinguish: (1) molecules that are encapsulated
within vesicles from extravesicular molecules that arise either from leakage or from the
original preparation,46 and (2) molecules present in the vesicles that can be released from
those that are absorbed onto the surface of the vesicle membrane.*®

Because vesicle morphologies can be highly heterogeneous within a given
preparation, a method capable of measuring the EE of single vesicles is required to study
such heterogeneities.””*’ Given the recent interests in using individual vesicles as micro

24-30

and nano scale reactors,”*>" methods for studying the EE at the single-vesicle level are
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becoming more pertinent. There is no method currently, however, for accurately
measuring the efficiency of encapsulation and release from individual vesicles or other
micro and nano scale containers.

To overcome the drawbacks of bulk analysis and to address the need to measure
the EE of individual vesicles, this paper describes a method for monitoring the release
from a single vesicle and to determine the EE of the vesicle. This method is based on the
optical trapping and laser photolysis of a select vesicle and the subsequent detection of
the small amounts of releasates from the photolyzed vesicle using single-molecule
confocal fluorescence detection. By monitoring the transit times and the number of
released molecules, we can accurately deduce the concentration of the molecules present
in the vesicle. Because confocal detection records the background fluorescence prior to
photolysis, our measurements distinguish easily the molecules that are actually released
from the vesicle from those that are present in the extravesicular solution prior to release.
This method also distinguishes released molecules from those that are absorbed onto the

vesicle membrane and are thus unavailable for release into solution.

4.2 Optical setup
Our optical setup has been described previously.*® % Briefly, we used three lasers
to conduct our experiments (see Figure 4-1): an Ar’ laser (Stabilite 2017, Spectra-
Physics, CA; wavelength at 488 nm) for epi-illumination and confocal fluorescence

detection, an Nd-YAG laser (J20-BL10-1064Q, Spectra-Physics, CA; wavelength at 1064
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Nz (YAG) laser

Argon laser

CcCD

Nd-YAG laser
HP

Figure 4-1. Schematics of the instrumentation: AT, attenuator (HP, half-wave plate;
PBS, polarizing beam splitter); M, mirror; DC, dichroic beam splitter; SP, spinning plate;
BS, beam splitter; OJ, objective; CG, cover glass; PH, pin hole; BF, bandpass filter; L,
lens; SPCM, single photon counting module. The inset shows the relative placement of
the vesicle with respect to the confocal detection volume and the focus of the N, laser; the
YAG laser was aligned co-linearly with the N, laser.

nm) for optical trapping, and a pulsed N; laser (VSL-337ND-S, Laser Science Inc., MA;
wavelength at 337 nm with pulse duration of ~ 3 ns) for photolyzing individual vesicles.
We varied the power of the N, laser with neutral density filters (Thorlabs, Inc., Newton,
NJ) and the power of the Ar' and YAG laser with half-wave plates and polarizing beam
splitters. The outputs of the three lasers were aligned co-linearly and directed into a100 x
oil immersion objective (N.A. = 1.3) via a series of dichroics and mirrors.

The fluorescence photons emitted from the sample were collected by the same

objective and directed either onto a CCD camera (Cohu Inc., Poway, CA) for wide-field
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imaging, or onto a single-photon counting module (SPCM) (Perkin-Elmer, Wellesley,
MA) for point detection. Signal from the SPCM was collected by a multichannel scalar
card (MCS-PCI from Ortec, Perkin Elmer, CA), which was also used to trigger the firing
of the N laser pulse to synchronize data collection with laser photolysis. Images were
either recorded by a high definition VCR (VHS HR-VP78U, JVC Americas Corp.,
Cypress, CA) and then digitized with a DT3120 frame grabber card (Data Translation
Inc., Marlboro, MA) and Global-lab image/2 software, or digitized directly by an Osprey-
210 video capture card (ViewCast Corp., Dallas, TX) with VirtualDub software. The
powers of the Ar" laser, YAG laser, and N; laser prior to the objective were ~ 0.5 mW, ~

0.2 W and ~ 1 pJ, respectively.

4.3 Photolysis and release from single lipid vesicles

To trigger the release from a single vesicle, we either trapped the vesicle in
solution with the YAG laser and photolyzed the vesicle in solution with a single 3-ns
pulse from the N; laser or we placed the vesicle first on the surface of the coverslip
followed by single-pulse photolysis. In either case, the YAG and N laser were aligned
co-linearly so their respective foci overlapped (Figure 4-1). To measure the release from
the photolyzed probe volume was ~ 0.5 um in diameter (at the beam waist) and ~ 1 pm in
height.*

For efficient photolysis of vesicles with low pulse energy (~ 1 pJ), we doped the

membrane with 1-hexadecanoyl-2-(1-pyrenedecanoyl)-sn-glycero-3-phosphocholine ([3-
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Figure 4-2. Single-pulse photolysis of a vesicle (9:1 mass ratio of DPPC:DPPG
and 2.5 mol% B-py-HPC) containing 250 pM of carboxyfluorescein. (A) A single
3-ns laser pulse at 337 nm caused the release of carboxyfluorecein from the vesicle,
which was monitored by confocal detection. (B) Application of a second laser pulse
caused no detectable release, indicating the content of the vesicle was released
completely after the first laser pulse. The arrows mark the firing of the N»-laser
pulse. The energy of the pulse prior to the objective was ~ 1 pJ.
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py-C10-HPC) (at 2.5 mol%), which has strong absorption at the N, laser wavelength of

337 nm.” > With this UV sensitizer, we could reproducibly photolyze individual
vesicles using a single UV laser pulse, which caused the release of all the molecules

encapsulated in the vesicle. Figure 4-2 shows this complete release after single-pulse

photolysis. After the first pulse, confocal detection recorded the arrival and passage of
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the released dye molecules (Figure 4-2A), but no additional release could be detected

with application of more UV laser pulses (Figure 4-2B).

4.4 Confocal detection

The small volume of individual vesicles (femtoliters) translates into small
amounts of encapsulated and released molecules. To detect these molecules requires a
detection method that is highly sensitive and offers high spatial resolution. We employed
confocal detection to monitor the arrival and passage of the fluorescent molecules that
were released from the vesicle, owing to the high sensitivity of confocal detection and its
ability to detect even a single molecule with high signal-to-noise ratio. To correlate the
number of photons that we detected with the number of molecules that were present in
solution, we monitored the increase in the number of photon counts we observed as we
increased the concentration of carboxyfluorescein in solution. For most of the
experiments described here, the concentration of carboxyfluorescein in solution was in
the nanomolar range, in which case the correlation between the number of observed
photons and the concentration of molecules was perfectly linear. At lower concentrations
in the picomolar range, there was still good linear correlation, although not nearly as
good as in the nanomolar range.

Figure 4-3(A-D) shows typical photon traces at 10, 50, 100, and 500 pM,
respectively. Each photon spike corresponds to the entrance and exit of a fluorescent

molecule into and out of the confocal detection volume. As the concentration of the
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Figure 4-3. Correlation of the concentration of carbexyfluorescein (in the picomolar
range) with the number of photons collected by confocal detection. (A-D) are
representative signals obtained by confocal detection from carboxyfluorescein at different
concentrations in 50 mM borate buffer. (E) Plot of total collected photon counts as a
function of the concentration of carboxyfluorescein.

molecules increased, the frequency of detecting a single molecule increased, which led to
a higher frequency of detected photon spikes. Figure 4-3E plots as a function of
concentration the number of total detected photons in the photon trace, which was

obtained by summing the number of photons in each photon spike after subtracting away
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the background noise. This plot indicates that even at very low concentrations of
picomolars, confocal detection can still be used reliably to determine the concentration of

£

fluorescent molecules in solution.

4.5 Determination of encapsulation efficiency of single vesicles

To determine the encapsulation efficiency of single vesicles, we first measured
the amount of molecules released from the vesicle after single-pulse photolysis using
confocal detection. By placing the confocal probe volume a few micrometers outside the
vesicle and by recording the transit times and the number of the released molecules that
crossed the detection volume upon laser photolysis, we could calculate the total number
of molecules released from the vesicle. Figure 4-4A shows a representative
measurement; the inset shows the relative position of the confocal laser probe volume
and the YAG (and N, that overlapped with the YAG focus) trapping laser where the
center of the vesicle was located. The arrow in the time trace marks the firing of the N,
laser pulse.

To calculate the number of molecules released from the vesicle, we used the
following equation that describes three-dimensional diffusion from a point source:

N ~r2 /4Dt

C(l",t) =We

(D

where C(r, t) is the concentration of molecules we measured at position 7 (the distance

between the center of the vesicle and the confocal detection volume) and at time ¢, N is
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Figure 4-4. Determination of encapsulation efficiency of single vesicles. (A)
Experimental data (open circles) and curve fit (red line) of the time trace that arose from
the arrival and passage of the released carboxyfluorecein molecules across the confocal
probe volume. The inset is a CCD image of the back reflection at the coverslip of the Ar’
and YAG laser foci, which illustrates the relative placements of the three lasers; the N,
laser focus overlapped with the YAG focus. Arrow marks the firing of the N, laser. The
powers of the Ar” laser, YAG laser, and N, laser prior to the objective were ~ 0.5 mW, ~
0.2 W and ~ 1 uJ, respectively. (B) Simulated time traces showing release from vesicles
of different diameters (100nm, 1 pm, 2 um, 4 pm, 6 um, 8 um) as monitored by confocal
detection. The confocal probe volume was placed 10 pm away from the center of the
vesicles in all cases. Each vesicle contained 7.8 x 107 carboxyfluorescein molecules,
which corresponded to 250 pM of carboxyfluorescein contained in a 10 um vesicle. The
simulation was carried out in FEMLAB.
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the number of molecules released from the vesicle, and D is the diffusion coefficient of
the molecule. We can fit our measured time trace to this equation (Figure 5A) to find out
N. Knowing N and the size of the vesicle, which we can measure from our microscope
image, we can calculate the concentration of molecules present in the vesicle prior to
release. The encapsulation efficiency is easily obtained by dividing this concentration
inside the vesicle with the concentration of the molecules in the original loading solution.

(A) FEMLAB simulation: One potential issue is whether Equation 1 describes
our experiment accurately, because our vesicle is not a point source. Intuitively, equation
1 should still be valid provided the confocal detection volume is “sufficiently far” from
the vesicle. To address this issue and to determine whether our detection volume was
“sufficiently far” from the vesicle, we carried out a detailed simulation study using
FEMLAB (Mathworks Inc., Natick, MA).

In this simulaﬁon, we placed a fixed number of molecules into the vesicle, which
corresponded to a concentration of 250 pM within a 10 um diameter vesicle. We varied
the size of the vesicle from 100 nm to 8 um, while maintaining the same separation
distance of 10 um from the center of the vesicle to the confocal detection volume.
Similar to our experiment, we could record in our simulation the arrival and passage of
the released molecules through the confocal detection volume. In the following, we will
first describe the parameters of our simulation, then a discussion of our results.

After photolysis of the vesicle, the time-dependent diffusion process in three-

dimensional spherical cooridinates is described by:>°
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ia—c=D—1——a—(r2 ?_c_) 2)

where c is the transient concentration of the molecules at time ¢ and at position » from the
center of the vesicle, and D is the diffusion coefficient (4.25 x 10° cm®s™).”! Equation 2
was solved subject to the following initial condition (IC) and boundary condition (BC)
for a vesicle of radius r,. Prior to photolysis, the concentration within the vesicle is Cj,
and is zero everywhere else:

C(r<r,t=0

IC: )
C(rer,t=0)=0

After photolysis, the system was subjected to the following no-flux boundary condition:
BC: L(r=w,r>0)=0
or

To obtain a numerical solution, we set 74 to be 7= 1 mm, which is ~ 1000 % the
radius of the vesicle (7).

Figure 4-4B shows the result of the simulation, which are simulated time traces
for vesicles with diameter of 100 nm, 1 pum, 2 um, 4 um, 6 um, and 8 um, respectively;
the separation distance of 10 pm between the center of the vesicle and the confocal
detection volume remained constant. At this separation distance of 10 pm, the vesicle
with diameter of 100 nm approximates a point source while the one with diameter of 8
um is far from a point source. Yet, the simulated traces showed remarkably little

difference between these two cases and for vesicles with diameters that ranged between
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these two values. Intuitively, this result indicates the concentration profiles that arise
from diffusion from a point source (vesicle of 100 nm) and from an 8-um vesicle appear
approximately the same at 10-pm away where confoal detection occurs, because
diffusion is very efficient in smoothing out the differences. From this study, we conclude
we can reliably calculate from our measured time trace based on Equation 1, the number
of molecules contained within a vesicle.

(B) Data fitting: To fit our measured time trace and to obtain &V, the number of

molecules released from the vesicle, we further modified Equation 1:

ves

Coo XV _v1api
(4nDi)'? ¢

Np(r,t) =k x 3)

where Np is the number of photons detected in the confocal probe volume, V.. is the
volume of the vesicle, C;, is the initial concentration of the molecules in the vesicle, and
k (9.65 x 10% m*/mol for carboxyfluorescein) is the ratio between the number of photons
detected and the concentration of the molecules in solution. We obtained k by calibrating
our confocal detection with different known concentrations of molecules present in
solution. Data fitting was carried out using the Origin software (OriginLab Corporation,
Northampton, MA).

Figure 4-4A shows a typical data fit, where the open circles are measured data
and the red trace is the fit. Once we have obtained C;,, we can calculate the

encapsulation efficiency (EE) (in percentage) for each vesicle:

EE (%) = Cin / Corig x 100 %
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where C,g is the concentration of the molecules in the original loading solution in which
the vesicles were formed.
4.6 Characterization of encapsulation efficiency of individual vesicles
We used the method described above to determine the encapsulation efficiency of
the giant vesicles we prepared (Figure 3-2). Giant lipid vesicles are widely used as

2- . . . .
21,23,52-55 and as biomimetic reaction

models in the study of membrane properties
containers.”**® In addition, giant lipid vesicles are often the starting material for the
preparation of small vesicles (e.g. by extrusion), which are commonly used in drug
delivery,15'20 food processes,’® and many other applications.>"** It is, therefore,
important to understand how encapsulation efficiency may vary among individual giant
lipid vesicles.

Figure 4-5 summarizes the encapsulation efficiency (EE) we determined for
individual vesicles; we used 250 uM of carboxyfluorescein in our loading solution. Here
we studied oligolamellar vesicles (OVs) (empty circles) and multilamellar vesicles (MVs)
(solid circles). There is a wide range of EEs among OVs, ranging from as low as 0.76 %
to as high as 68 %; the average EE was 36.3 £ 18.9 % (N = 17). The MVs showed a
narrower distribution, ranging from 6 % to 31 % with an average of 17.5 £ 8.9 % (N =
16). Overall, OVs showed a higher EE than MVs, because there is more void volume in
OVs to accommodate the encapsulated molecules. The wide range of EE for OVs may
be caused by leakage during the vesicle purification procedure, owing to the thin

membrane layer.
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Figure 4-5. Plot showing the encapsulation efficiency of single vesicles as a
function of size and lamellarity; (¢) denotes multilamellar vesicles (MVs), and (0)
denotes the oligo-lamellar vesicles (OVs). All vesicles were composed of 9:1 mass ratio
of DPPC:DPPG and 2.5 mol% of B-py-HPC, and contained 250 uM carboxyfluorescein.

Our result indicates that on average OVs have a higher EE than MVs, which is
consistent with reports of previous bulk analysis, although some of these bulk studies
have reported much larger differences in EE (e.g. OVs has > 6x the EE than MVs 35,3643
than we have observed. These differences can be caused by differences in vesicle
preparation, but they also arise from the difficulty in arriving at a consistent definition to
characterize encapsulation in bulk assays. Two common definitions are: (1) Bulk

Encapsulation Yield (BEY)* (also referred to as encapsulation efficiency,®”’

36:58.59) 'wwhich is calculated by dividing the total amount of solutes

encapsulation capacity
in vesicles by the total amount of solute in the original loading solution at a particular
lipid concentration (i.e. 2. solute in vesicle / 2. solute in original solution).”®*® BEY is

thus highly dependent on the number of vesicles present in solution, because even if each

vesicle encapsulates a small amount of solutes, the BEY can be high if there are many
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vesicles. The single-vesicle analysis described here overcomes this issue. (2) Bulk
Encapsulation Efficiency (BEE)*>*#:47.60 (4150 referred to as molar fraction®®), which
is calculated by dividing the total amount of solutes in vesicles by the total amount of
lipid present in solution (i.e. 2. solute in vesicle / 2 lipid in solution). This definition
aims to take into account the number of vesicles in solution, but in so doing it does not
take into account the concentration of solutes in the original loading solution and does not
describe how efficiently vesicles encapsulate solutes during the loading process. As
numerous groups have pointed out,*>”> ¢! BEY will increase by increasing the amount of
lipids added to form vesicles while BEE will actually decrease.

These difficulties with defining a meaningful EE originate from the inability of
bulk assays to measure EE with single-vesicle resolution. We believe our definition of
EE, which is made possible by our ability to measure directly the contents of and release
from individual vesicles, circumvents the problems associated with bulk assays and offers
a more precise method to study the encapsulation efficiency of lipid vesicles or other

micro and nano scale containers.

4.7 Conclusion

We have been able to develop different approach to form lipid vesicles with
variety of morphologies as drug carrier and containers to fulfill other applications, and we
have innovated a new technique to characterize individual encapsulation efficiency of

individual lipid vesicles more precise and accurate than any other current approaches
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available, which will rise the possibility to study the property of lipid vesicles more

extensively, and can open new avenue for the application of lipid vesicles.

The main drawback of our method is its inherent low throughput, because vesicles
have to be analyzed one at a time. The cause of this drawback is also the source of the
advantages of this approach. We can define an encapsulation efficiency more meaningful
than traditional definitions based on bulk studies, because we can achieve single-vesicle
resolution in our analysis. We measure only the molecules that are released from the
vesicles, and can distinguish molecules that are present in solution prior to release or
molecules that cannot be released because they are absorbed onto the surface of the
vesicle. In addition to lipid vesicles, this method can be applied equally well to other
micro or nano scale containers. To increase the throughput of this technique, schemes for
the parallelized photolysis of vesicles and the subsequent detection of releasates would
have to be developed. Recent advances in the formation of large arrays (hundreds) of
optical traps and the diffractive generation of large arrays of laser foci 62 may find use in

the parallelization of these single-vesicle measurements.



Chapter 5 Nanoparticles as drug carriers
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5.1 Introduction of nanoparticles

Capsules of both inorganic (metal, metal oxide, and ceramic) and organic
(polymeric) materials have been extensively studied and reviewed in the literature.®®°
We focused on the synthesis and loading of silica and polystyrene-acrylic based
nanocapsules with small molecules. The nanocapsules are used for delivering defined
packages of stimuli to single cells with both high spatial and temporal resolutions as
illustrated in Figure 2-1. To introduce molecules into the capsules, we characterized two
approaches. The first approach is based on a base-swell process in which the shell of the
capsule is swelled so small molecules can diffuse into the interior of the capsule and be
trapped inside once the capsules are de-swelled. The second approach is based on a dry-
swell-dry process in which the solution containing the molecules of interest and the
nanocapsules is physically dried to promote more molecules to enter into the interior of
the capsule.

We characterized both methods by monitoring the content of and the release from
individual capsules with confocal microscopy and wide-field imaging. At the meantime,

we also tested the leakage encapsulated into the hollow latex beads, and developed a

polyelectrolyte/silica coating to prevent the potential leakage.

5.2 Synthesis of inorganic capsules

66-68

Synthesis of silver nanoparticles. A polyol process was used to synthesize

silver nanoparticles with different sizes. Silver nitrate, the precursor, was reduced by
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ethylene glycol (EG), which also served as the solvent. Poly(vinylpyrrolidone) (PVP,
Mw =~ 10 000) was used as the protecting agent to prevent the aggregation of silver
particles. In a typical experiment, 2g of PVP was added slowly into 15 ml of an EG
solution of 80 mg AgNOj; under continuous magnetic stirring. This reaction mixture was
heated to 120 °C at a rate of ~ 1°C per min, after which the reaction was allowed to
proceed for 1 hr at 120 °C. The reaction mixture was allowed to cool down to room
temperature and acetone (> 200 ml) was then added to dilute this reaction mixture. The
silver colloidal particles formed were separated from this solution by centrifugation, and
were then re-dispersed in ethanol.

We characterized the silver nanoparticles with transmission electron micrographs
(TEM) were acquired on a JEM-1200EX II electron microscope (JEOL) with an
accelerating voltage of 80 kV. The sample was dispersed by alcohol on a carbon-coated
copper grid. Figure 5-1 is transmission electron microscopy (TEM) images of the
resultant silver colloids, in which the average sizes were tuned from 25 nm to 200 nm.

We used the polyol process®®%®

to synthesize silver nanoparticles of different
sizes, in which the precursor, silver nitrate, was reduced by ethylene glycol (EG) in the
presence of poly(vinylpyrrolidone) (PVP) to form dispersed colloidal silver. PVP was
added to the reaction mixture to prevent the aggregation of silver particles. Based on
previous reports, PVP can also reduce AgNO3.%% 7% The sizes of the resultant silver
particles can be tuned by varying the ratios of AgNO;, EG, and PVP as well as the

temperature in which the reaction is carried out.5%%7
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Figure 5-1. TEM images of the nanocapsules. (A-C) TEM images of silver colloids
formed under the following experimental conditions: (A) Sample 1: 0.08 g AgNO;,2 g
PVP, and 15 ml EG, at 120 °C; (B) Sample 2: 1.0 g AgNOs, 2 g PVP, and 15 ml EG, at
120 °C; and (C) Sample 3: 0.21 g AgNO;, 0.21 g PVP, and 11 ml EG, at 160 °C. (D-F)
TEM images of silica coated silver colloids ; the insets show the resultant silica
nanacansnles

Table 5-1 lists the different conditions under which silver nanoparticles shown in
Figure 5-1(A-C) were prepared. Increased temperature and ratio of AgNO; to PVP led to
the formation of larger silver particles;*® ’° however, the control over the homogeneity,
shape, and crystallinity of the particles was diminished, since less PVP was used. EG and

PVP assisted reduction of AgNO; is one of the best methods to form colloidal silver with



45

a narrow size distribution,*® although the formation of large particles (>50 nm) achieved

by decreasing the PVP to AgNOs ratio will broaden this size range. A number of

methods exist for the formation of other metal colloidal particles with good homogeneity

in size, such as gold nanoparticles that have a less than 10% variation in diameter,”" but it

is in general difficult with these methods to form large particles (> 100 nm) while

maintaining this narrow distribution in sizes.

Table 5-1. The average size of silver particles formed as a function of the concentration
of AgNO3, PVP, EG, and the reaction temperature. S. D.: standard deviation.

Sample Average size of S.D. AgNO;3 PVP EG Reaction
number silver particles (N=25) (g) (g) (ml) temperature
(nm) W9)
1 22 32 0.08 2 15 120
(14.5%)
2 65 15 1.0 2 15 120
(23.1%)
3 1.8x10? 50 0.21 0.21 11 160
(27.8%)

Formation of silica nanocapsules: To form silica nanocapsules, the Stober

method *7* was used to coat the silver colloids with amorphous silica. Approximately

2.4 mg of the silver colloids were dispersed into a mixture of 20 ml of 2-propanol and 4

ml of de-ionized (DI) water, after which 1 ml of 30% ammonia solution and 0.01 ml of

tetraethylorthosilicate (TEOS) were added consecutively to this solution. After the

reaction had proceeded for 30 mins, the final mixture was centrifuged at 8000 rpm to

isolate the silica-coated silver nanoparticles, which were then re-dispersed in DI water.
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Silica nanocapsules were formed from the silica-coated silver nanoparticles by dissolving
the silver core overnight in a solution of ammonia at pH ~10.

Figure 5-1(D-F) shows the results of this process, which are TEM images
showing silica coated silver nanoparticles of different sizes. The thickness of the silica
shell can be tuned by adjusting the amount of NH4OH and the concentration of TEOS
present in the reaction mixture, as well as by controlling the reaction time.”>”® More
NH,OH or TEOS or longer reaction time leads to a thicker silica coating on the silver
particles (heterogeneous nucleation process) as well as the formation of pure silica
particles (homogeneous process) (Figure 5-1(D-F)). By increasing the concentration of
silver colloids or by decreasing the concentration of TEOS, the homogeneous process can
be essentially eliminated (Figure 5-1E).

To form nanocapsules, the silver core was etched away in an ammonia solution,
thereby leaving behind a silica shell. The insets in Figure 5-1(D-F) show examples of
such nanocapsules. Because the silica shell was formed in a basic environment in which
silica can also experience slow hydrolysis, a thin silica coating cannot withstand the
ammonia solution and will also be etched away. To overcome this problem, we
performed the etching in the silica coating solution so that silica condensation onto the

silver nanoparticle can compensate for the dissolution of silica.
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5.3 Latex hollow capsules

In addition to silica nanocapsules, we have also explored the use of polymeric
capsules. The polystyrene-acrylic based hollow beads in particular have the advantage
that they can be purchased from Polysciences Inc. (Warrington, PA), although their sizes
(which are from hundreds of nanometers to one micrometer) are larger than the silica
nanocapsules. For applications in which small sizes and good size tunability are
important, silica nanocapsules may prove to be more versatile.

Loading of molecules into nanocapsules. We used two methods to introduce
molecules into the interior of nanocapsules. The first method is based on a base-swell
process (wet method),” in which a concentrated stock solution (5.3 % solids in water) of
capsules was added directly into a 1-ml solution containing 1.5 mg/ml of fluorescein in 2-
propanol/chloroform (95 % / 5 % vol/vol), and 0.02 ml of 30 % ammonia solution. The
mixture was sonicated for 15 mins, and the loading process was allowed to proceed at 45
°C for 2 hr. We used this procedure to encapsulate both fluorescein and carbachol into
the nanocapsules, in which we first dissolved carbachol in a small amount (< 200 pl) of
DI water, then into the 2-propanol/chloroform solution at a final concentration of 12
mg/ml; we dissolved fluorescein directly to the 2-propanol/chloroform solution at a final
concentration of 1.5 mg/ml. To separate the nanocapsules from the un-encapsulated
fluorescein and carbachol, the suspension was centrifuged at 8,000 rpm for 3 mins and re-
suspended in DI water. To ensure complete removal of fluorescein, this procedure was

repeated twice with the solution then passed through a size-exclusion column.
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Figure 5-2. TEM, microscopy images and confocal detection of loaded hollow
beads. (A) TEM image of polystyrene-based capsules. (B & C) Nomarski (B) and
fluorescence (C) images of capsules loaded with fluorescein using the wet method.
The scale bar represents 1 um. (D & E) Confocal scans in the xy (D) and xz (E)
dimensions of the fluorescein-loaded capsules.

The second method is based on a dry-swell-dry process (dry method). The stock

solution (5.3 % solids in water) of hollow containers was first dried in air then placed in a
60 °C oven for 1 - 2 hours to remove residual water. To introduce fluorescein into the
nanocontainers, the dried nanocapsules were placed in a 1-ml solution that contained 1.5

mg/ml of fluorescein in a mixture of 2-propanol and chloroform (95 % /5 % vol/vol).
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The solution was sonicated for 10 to 15 mins to assist the dispersion of the beads into
solution. The uptake of fluorescein into the interior of the hollow beads was allowed to
proceed overnight, after which the solution was rotary-evaporated until dry, then re-
suspended in borate buffer (50 mM, pH 8.5). The suspension of nanocapsules was
extensively washed and purified by centrifugation three to four times with borate buffer,
then with a size-exclusion column and stored in DI water.

We characterized the latex hollow beads through both TEM and differential
interference contrast (DIC) microscope. The DIC images of the capsules were taken with
a Nikon TE300 inverted microscope using 100x oil immersion objective (N.A. 1.3).
Fluorescent images of the capsules containing fluorescein were obtained with the same
microscope, but using the 488-nm line of an Ar" laser to excite fluorescence.

Figure 5-2 shows the results of loading of small molecules into the capsules.
Figure 5-2A is a TEM image of the capsule, while Fig 5-2B and 5-2C shows the
Nomarski and fluorescence images after the capsules had been loaded with fluorescein
using the wet method. To ensure fluorescein was loaded inside the capsule and not just
attached to the surface of the capsule, we spatially profiled the fluorescence emission
from the capsule with confocal microscopy. Figure 5-2D and 5-2E are the xy and xz
confocal scans, which clearly show fluorescein is localized inside the capsule. The xy
and xz scans appear different because the resolution in the xy, which is defined by the
diffraction-limited focus (~ 0.3 um) of the laser probe volume, is greater than the

resolution in the xz, which is determined by the size of the confocal pinhole and the
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spherical aberration present in the objective (~ 1 um). We observed similar spatial
fluorescence intensity profiles from capsules loaded with fluorescein using the dry
method. The amount of molecules loaded into the capsules can be controlled either by
varying the initial concentration of the loading molecules or by varying the size of the

capsules.

5.4 characterization of the encapuslation efficiency

We used two methods to visualize the release of fluorescein from individual
nanocapsules. In the first method, we released the encapsulated fluorescein using a
single focused 3-ns pulse from a N, laser (337 nm) to photolyze individual capsules. The
subsequent release of fluorescein was monitored under fluorescence imaging with 488-
nm wide-field excitation. In the second method, we relied on point detection using
single-molecule fluorescence confocal microscopy to monitor the arrival and passage of
the released fluorescein. The sequence of steps in this second method is the following: (i)
An Nd-YAG laser was used to first optically trap and manipulate a single capsule in
solution, (ii) A single pulse from the N laser, which had been aligned co-linear with the
focus of the YAG laser, was used to photolyze the capsule and to release the encapsulated
fluorescein, and (iii) The diffraction-limited focus of the Ar" laser for confocal detection,
which was displaced a calibrated distance (e.g. 4 pm) away from the foci of the N, and

YAG laser, was used to follow the release of fluorescein. The firing of the N, laser and



the start of confocal detection were synchronized by the rising edge of a TTL pulse

output from an Ortec MCS-PCI data acquisition card (Perkin-Elmer, CA).
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Figure 5-3. Characterization of the encapsulation efficiency of the loaded beads. (A)
TEM image of polystyrene-based capsules after loading with fluorescein using the dry
method. The scale bar represents 1 pm. (B) A sequence of CCD images showing the
release of fluorescein upon UV photolysis of the dry-loaded capsules; the solution outside
the capsule contained 1 mM NaOH. The scale bar represents 2 um. (C) Schematic
illustration of the experimental procedure we used to obtain the resuit in (D). Here the
optically trapped capsule and the confocal probe volume were displaced laterally from each
other by 4 um (left illustration). The capsule was then photolyzed with a single 3-ns pulse
at 0.25 pJ from the N, laser (middle). The diffusion of fluorescein molecules (expanding
green sphere) was monitored with confocal detection (right), which was carried out using
the 488-nm line of an Ar’ laser at 2 mW; data integration time was set at 1 ms. (D) Photon
trace showing the arrival and passage of fluorescein through the confocal probe volume
upon photolysis of capsule and release of fluorescein. Arrow points to the firing of the N,
laser pulse. The solid line is the simulated result based on the three-dimensional diffusion
equation and our experimental conditions.

51
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Figure 5-3A shows a TEM image of the capsule after being loaded with
fluorescein using the dry method. Dimples on the surface of the capsule are clearly
visible. The exact mechanism of the dimple formation is not clear, but was likely caused
by the drying process that resulted in the partial collapse of the shell of the capsule. The
presence of the dimple does not, however, seem to negatively affect molecules from
being encapsulated into or released from the capsules. In fact, the amount of
encapsulated fluorescein was found to be greater using the dry method than with the wet
method where no such dimple or deformation was observed.

We monitored the release upon laser photolysis from individual optically trapped
nanocapsules using both wide-field fluorescence imaging and confocal point detection.
Figure 5-3B is a sequence of fluorescence images showing the release of fluorescein from
the capsule. Here a single capsule loaded with fluorescein was first optically trapped,
followed by photolysis of the capsule with a single 3-ns pulse from a N; laser, the output
of which was aligned co-linearly with the trapping laser beam. The observed
fluorescence intensity increased as fluorescein diffused away from the volume defined by
the capsule because the high concentration of fluorescein present inside the capsule

caused it to self quench,’®”’

and also because the medium contained sodium hydroxide
that increased the quantum yield of fluorescein, once it was released from the capsule.
Wide-field fluorescence imaging is a simple and convenient method to visualize

the release of fluorescein, but to ensure the observed fluorescence intensity was not

caused by excitation from the UV laser pulse, we also used confocal point detection to
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monitor the release and diffusion of fluorescein after photodestruction of the capsule.
Figure 4-3C schematically illustrates our experiment, in which the diffraction-limited
probe volume of the confocal microscope was displaced a calibrated distance (4 pm)
away from the co-linearly aligned trapping (YAG) and photolysis (N>) laser foci in which
the capsule is located. Upon photolysis of the capsule, fluorescein began to diffuse away
(expanding green sphere in the inset) from the volume defined by the capsule towards the
confocal probe volume. Figure 4-3D is the detected photon trace that shows this arrival
and passage of fluorescein through the confocal detection volume. The simulated curve
(solid line) using a three-dimensional diffusion equation fits well with our experimental
observation (Fig 5-3).

To monitor release from nanocapsules, the advantage of using wide-field
fluorescence imaging is its ease of use, while confocal detection provides a more
sensitive and quantitative measurement. We observed similar signals after photolysis of
capsules loaded with the wet method, albeit the amount of fluorescein present was less
than it from capsules loaded with the dry method. The drying process increases the
loading efficiency, but it also promotes attachment of the molecules to the surface of the
capsule, which need be removed with multiple steps of washing and purification. The
dry method is useful for applications in which high concentrations of stimuli is required,
but for most applications, the wet method may be more appropriate because of the

relatively mild conditions under which loading occurs.
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5.5 Conclusions

In comparison to caged compounds, nanocapsule-based chemical delivery is
versatile and easy to implement from a design and synthetic perspective. Capsules that
are hundreds of nanometers to micrometers in diameter are most suitable for in vitro
studies in which individual capsules can be optically manipulated and photolyzed to
release the chemicals for studying specific biological responses. For in vivo experiments
or brain slices, capsules that are tens of nanometers in diameter are likely more useful.
To attain high spatial resolution in such applications, it would be necessary to also
develop chemistry for sensitizing the shell of the nanocapsule with the desired molecules,
such as dyes having good two-photon absorption cross sections so the nanocapsules can
be photolyzed selectively using multi-photon excitation. In comparison with lipid
vesicles, the main advantage to the use of silica and polystyrene-based capsules is their
inherent robustness that lends themselves to long-term storability, which is pertinent in
making this technique easy to use and widely adopted. The drawback with our current
methods of loading is the inability to encapsulate large compounds, such as protein and
DNA molecules. This drawback may be overcome by loading such large molecules
during the synthesis of hollow particles, provided the conditions are sufficiently mild to
retain biological functionality. Besides the study of cell signaling, polymeric capsules of
micro- and nano- meter dimensions are broadly useful in applications such as drug

delivery, gene therapy, and catalysis.



Chapter 6 Layered Polyelectrolyte-Silica Coating for
Nanocapsules
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6.1 Intorduction
The application of nanocapsules in biology, chemistry, and material science has
greatly accelerated in recent years, owing to their ability to encapsulate a wide range of

63,78 and the flexibility by which their composition, structure, and surface

guest molecules,
property can be tuned. We have recently employed nanocapules to deliver defined
packages of stimuli to single cells with both high spatial (sub-micrometers) and temporal
(sub-microseconds) resolutions.” In using nanocapsules, one potential issue is
uncontrolled leakage and long-term storability. Surface modification and coating has
long been recognized as a key parameter in determining the functional performance of
nanocapsules, especially in pharmaceutical applications. Most efforts, however, have

19,79, 80

focused on improving the ability to regulate the fate of the capsules in vivo, on the

ease by which they can be dispersed in aqueous solution,®" ®2

and the ability to trigger
release with a defined physical or biological signal.'® > % Here we describe our
development of a general strategy to coat nanocapsules with layered polyelectrolytes and
silica to minimize uncontrolled leakage from nanocapsules and to improve their long
term storability.

Polyelectrolyte (polyE) and silica are two of the most popular materials used to
modify surfaces. PolyEs have been employed in a variety of applied fields, such as in
paper making,® water treatment,®* in the paint and food industry,®® for separation in the

mining industry,* and in medical science.®”® PolyEs have also been used to flocculate

bacteria®® and for removing trace amounts of ions from aqueous solutions. The strong
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interaction between polyEs and the target surface, which can be electrostatic, van der
Waals, polymer bridging, or steric stabilization,”®* has rendered polyEs a robust coating
for a variety of surfaces, including metal, ceramic, and polymer. Several drawbacks,
however, are associated with the use of polyE as coating material: (1) A single layer of

polyE is thin, on the order of a few nanometers,”> °*

and deposition of multiple layers is
required to form a thicker coating, (2) The permeability of polyE coating can be high;*>
191 for example, it only takes about 10 mins for dyes to leak through a 18-layer-polyE
coating,”” and (3) It is often tedious to coat nanocapsules with many layers of polyE.'"
Similar to PolyE, silica coating has been widely used to disperse colloidal
particles, and has been employed in solar cells,'® electrochromic devices,'
electroluminescent films,'® nonlinear optical switches,'° and in high-density information

108

storage systems.'®” Silica coatings are robust, *° water soluble, and can prevent or

minimize the aggregation of the coated particles. Silica is also optically transparent,'®
biocompatible, and the thickness of silica coating can be well controlled."'® Silica,
however, cannot be coated on all surfaces. Several reports, for example, showed silica

109-11 whereas it is difficult to

prefers positively charged surfaces and metal surfaces,
coat negatively charged polymer surfaces, such as polystyrene.''® To enhance coating for
polymer surfaces, silane- or thiol- coupling agents are often required, which involves
complicated chemical reactions. 2

To overcome the limitations of PolyE and silica coating and to retain their

respective advantages, we explored a layered PolyE-silica architecture. Here we take
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advantage of the tenacious attachment of PolyE to most surfaces, the controlled growth of
silica on PolyE, and the good mechanical strength and low permeability of the silica layer
to prevent leakage from nanocapsules. We demonstrate this strategy using polystyrene
beads and hollow capsules with surfaces that cannot be coated directly by silica. Using
this layered coating, we show nanocapsules can be stored for at least one month (our
period of observation) without measurable leakage of their contents. This layered
architecture also permits the formation of thick (> 100nm) layers of silica that are
otherwise difficult to generate. Although this paper focuses on the growth of silica on
PolyE, we believe this strategy can also be applied to the growth of other types of

molecular layers on PolyE.

Figure 6-1. Schematic illustrating our strategy for coating two layers of
polyelectrolyte and silica on polystyrene beads (A} and latex nanocapsules (B).
Each layer of polyelectrolyte was formed by first depositing PDADMAC
(positively charged), followed by PSS (negatively charged), and finally with
PDADMAC. PDADMAC: Poly(diallyldimethylammonium chloride}; PSS:
poly(styrenesulfonate).
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6.2 Coating and characterization of polystyrene beads and latex capsules with
polyE-silica

Coating of polystyrene beads ---- surface modification with polyelectrolyte. We
used polyelectrolyte multilayers as an initial coating layer or “adhesion modifier” to
enhance the growth of silica on polystyrene beads. Positively charged
poly(diallyldimethylammonium chloride) (PDADMAC, M.W. 100,000-200,000) and
negatively charged poly(styrenesulfonate, sodium salt) (PSS) were used to form
PDADMA C/PSS/PDADMAC-three-layer coating on polystyrene beads (1 pm in
diameter). In a typical procedure, stock solution of 0.01-mL polystyrene beads (2.6 %
solid in water) was suspended sequentially in each of the 1-mL polyelectrolyte solution
(1 mg/mL in 0.5 M NacCl) for 20 mins. After each suspension in the polyelectrolyte
solution, the beads were pelleted down at 7,000 rpm for 3 mins and then re-suspended in
a new polyelectrolyte solution by vortexing or sonication. Prior to silica coating, the
polyE-coated beads were washed three times with de-ionized (D.I.) water; the beads were
isolated after each wash by centrifugation at 7,000 rpm for 3 mins.

Coating of polystyrene beads ---- growth of silica on polyelectrolyte layers. The
polyE-coated beads were dispersed in a solution containing 10-mL iso-propanol, 1.75-mL
D.I. water, and 0.25-mL ammonium hydroxide (at a 1:10 dilution with D.I. water).

While this solution was being stirred, we introduced drop-wise 80-pL of
tetracthylorthosilicate (TEOS). The growth of the silica layer was allowed to proceed for

three hours under continuous stirring. To terminate further growth of silica, the beads
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were first isolated from solution by centrifugation at 5,000 rpm for 3 mins, then washed
three times with DI water as described above. To form another coating of PolyE and
silica, we repeated the above procedure under identical conditions.

Formation of silica capsules. To measure the thickness of the PolyE-silica
coating, we removed the polystyrene core either by calcinations at 450 °C (Furnace 1300,
Thermolyne, Sigma-Aldrich, Milwaukee, WI, USA) for 1 Hr; or by soaking the particles
(pre-dried in a 60 °C oven) in tetrahydrofuran (THF) for 4 Hrs.

Loading of latex nanocapsules. To load nanocapsules, which are composed of a
polystyrene-acrylic copolymer with a tunable diameter from 0.4 pm to 1 pm, we mixed
25 pL of the stock solution that contained the capsules with 3 mL of loading solution,
which contained 1.9-mg/mL fluorescein in 2-propanol/chloroform (95%/5% (v/v)). To
disperse the capsules in solution, the mixture was sonicated and vortexed till the beads
were fully dispersed; the loading was then allowed to proceed at 50 °C for 2 Hrs under
continuous stirring. To terminate loading, we centrifuged the mixture at 8000 rpm for 3
mins, then discarded the supernatant. The pellet of beads was washed repeatedly (3-4
times) with a solution containing borate buffer (50 mM at pH 8.5) and 2-propanol at a
ratio of 4:1 (v/v), then again with D.I. water (3 times). After each wash, the beads were
isolated from solution by centrifugation at 10,000 rpm for 3 mins.

Polyelectrolyte and silica coating of loaded nanocapsules. The loaded
nanocapsules were coated using the same procedure we described for the coating of

beads. Silica coating was carried out in a solution containing 0.45-mL iso-propanol, 20-
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uL DI water, 25-uL ammonium hydroxide (1:10 dilution with D.I. water), and 10-pL
TEOS for 1.5 Hrs under continuous stirring. The coated capsules were isolated by
centrifugation and washed three times with D.I. water.

Characterization of loading into and leakage from nanocapsules. We loaded
fluorescein into the nanocapsules and quantified the amount of loaded fluorescein using
fluorescence imaging, then followed the release of fluorescein from both coated and
uncoated nanocapsules over 30 days. To visualize the amount of loaded fluorescein
inside the capsules, we added ammonium hydroxide into the solution that contained the
capsules, which increased the pH both outside and inside the capsules and rendered the
fluorescein within the capsules fluorescent. We imaged the fluorescence from individual
capsules using epi-illumination (excitation at 488nm with an Ar" laser) and a high
sensitivity cooled CCD camera (Cascade 512B from Roper Scientific, Duluth, GA). To
monitor release from nanocapsules, we stored the capsules in airtight quartz cuvettes to
prevent evaporation of solution. Release was monitored by measuring the fluorescence
(Luminescene Spectrometer, LS50B, Perkin Elmer Inc., Wellesley, MA) of the solution
in 50-mM borate buffer (pH 8.5).

Laser-induced release from individual nanocapsules. We focused a single pulse
(3ns at 337nm) from a N, laser onto a loaded and coated nanocapsule (1 pm in diameter)
to trigger the release from the capsule. The release of molecules (fluorescein) from the
capsule was monitored using single-molecule confocal detection. Details of this

procedure and setup have been described elsewhere. * Briefly, the output of a N laser
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(VSL-337ND-S, Laser Science Inc., MA; wavelength at 337 nm with pulse duration of ~
3 ns) was used to photolyze single capsules and to trigger release. To follow the release
of fluorescent molecules from the photolyzed capsule, the output of an Ar" laser (Stabilite
2017, Spectra-Physics, CA; wavelength at 488 nm) was tightly focused and positioned in
close proximity to the capsule prior to photolysis so as to excited fluorescence from the
released molecules as they transited this laser focal volume; detection of the emitted
photons was carried out with an avalanche photodiode (SPCM, Perkin-Elmer Inc.,
Wellesley, MA) using the confocal configuration.

Chemicals and materials. Poly(diallyldimethylammonium chloride)
(PDADMAC) with a molecular weight (MW) of 100,000-200,000, poly(styrenesulfonate,
sodium salt) (PSS), and tetracthylorthosilicate (TEOS) was purchased from Sigma-
Aldrich (Milwaukee, WI). Fluorescein was obtained from Molecular Probes (Eugene,
OR), and polystyrene beads and hollow latex capsules were from Poly Sciences Inc.

(Warrington, PA). All the other chemicals were from Fisher Scientific (Fair Lawn, NJ).

6.3 Results and discussion
Polyelectrolyte/silica coating on polystyrene beads. The surface of polystyrene
beads is negatively charged, owing to the presence of sulfate ester groups. To coat this
negatively charged surface with silica, we used polyelectrolytes (polyEs) as an adhesive
layer and employed the Stober method'" to grow silica directly onto these polyE layers

(Figure 6-1).
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Figure 6-2. SEM and TEM images of polystyrene beads. (A) SEM image of
polystyrene beads prior to any coating. (B) SEM image of polystyrene beads after
direct silica coating without the deposition of polyelectrolyte layers. (C) TEM
image of the silica coating (with no polyelectrolyte layers) after removal of the
polystyrene core with calcinations at 450 °C for 1 Hr. Rather than forming a
smooth layer of silica, the absence of polyelectrolyte layers in (B) and(C) resulted in
the formation of free silica particles that were attached to the surface of the beads.
(D) SEM image of polystyrene beads after deposition of two layers of
polyelectrolyte-silica coating. (E & F) SEM (E) and TEM (F) images of the
polyelectrolyte-silica capsules after removal of the polystyrene core by etching in
tetrahydrofuran for 4 Hrs. The insets in (A) — (E) show enlarged portion of the
images in the respective panels; the inset in (E) shows SEM image of a cracked
polyelectrolyte-silica capsule. The scale bars represent 250 nm in the SEM images
and 400 nm in the TEM images; the scale bars in the insets of panels (A) — (D)
represent 100 nm and the scale bar in the inset of panel E represents 500 nm.

Figure 6-2 shows scanning electron microscope (SEM) and transmission electron

microscope (TEM) images that summarize the effects of coating polystyrene beads with

silica without PolyE layers (Figure 6-2A~6-2C) and with PolyE layers (Figure 6-2D~6-

2F). Figures 2A and 2B are SEM images showing the appearance of polystyrene beads
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before and after coating with silica. Prior to silica coating (Figure 6-2A), the beads had a
smooth surface. After silica coating (Figure 6-2B), the beads were decorated with silica
particles. Without PolyE layers, silica could not attach to the surface of polystyrene and
thus underwent a homogeneous nucleation process' * to form silica particles. To further
examine the effect of direct silica coating, we removed the polystyrene core by
calcinations and obtained TEM images of this sample (Figure 6-2C), in which the silica
particles at the surface of the beads can be clearly discerned. The circular cavities in
Figure 6-2C indicates the empty space left behind from removal of the polystyrene beads.
In contrast to the inability of silica to grow directly on polystyrene surfaces, the
presence of polyE adhesive layers greatly enhances the growth of the silica layer on the
polystyrene beads (Figure 6-2D~6-2F). To introduce positive charges onto the
polystyrene surface, we modified the surface first with a layer of PDADMAC (positively
charged), followed by a layer of PSS (negatively charged), and finally with another layer
of PDADMAC. Figures 6-2D and 6-2F present results of the subsequent growth of silica
onto this polyE layer (i.e. PDADMAC/PSS/PDADMAC) via a heterogeneous process.”’
Figure 6-2D shows an SEM image of a bead coated with two cycles (i.e. two
layers of PDADMAC/PSS/PDADMAC-silica) of polyE and silica, whereas Figures 6-2E
and 6-2F are SEM and TEM images of the two-layer polyE-silica coating after the
polystyrene beads had been etched away by THF. The presence of polyE-silica coating is
marked by surface texture (see Figure 6-2D inset) and by the increase in size of the beads

(Figure 6-2D), which can be verified by the direct observation of the polyE-silica shell
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after removal of the polystyrene core (Figure 6-2E inset and Figure 6-2F). The
homogeneity of the two-layer polyE-silica coating is evident in Figure 6-2F. The
presence of silica greatly increased the mechanical strength and robustness of the coating,
and deformations (folds and creases) that occur for capsules composed solely of multiple
layers of polyE'"%1° were effectively eliminated.

Thickness of the polyE-silica coating. Thickness is an important factor that
determines the property and function of the coating, such as its robustness and
permeability. To study the thickness of our coating, we mechanically disrupted the
integrity of the polyE-silica coating by grinding, then imaged the cross sectional
appearance of the coating with SEM (Figure 6-3).

Previous studies show that the thickness of silica layer is usually limited to less
than 100 nm. Within this range, the thickness can be tuned by controlling the duration or
condition (e.g. pH) of silica growth or by adjusting the concentration of silicate.” %
Silica layers that are much thicker than 100 nm are difficult to achieve, because further
extending the time of coating will lead to a smoother layer of silica but will not increase
its thickness. Increase in the amount of silicate will accelerate the undesired
homogeneous nucleation process and generate free silica particles rather than increase the
thickness of the coating.” !4
A layered-polyE-silica architecture provides a convenient route to create thick

layers of silica. After two cycles of polyE deposition and silica growth, we obtained a

coating thickness of 128 nm + 7 nm (N = 15) based on SEM measurements. Even thicker
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layers of coating can be reached by repeating this cycle of polyE deposition and silica

growth.

Figure 6-3. SEM images of cracked polyelectrolyte-silica capsules, which were
formed by two cycles of polyelectrolyte deposition and silica growth; the capsules
were cracked by grinding. The white arrow points to the thickness of the two-
layer polyelectrolyte-silica coating, which we measured to be 128 nm + 7 nm (N =
15); the black arrow points to the layered onion-like character of this two-layer
coating, in which a small portion of the outer layer (i.e. second layer of
polyelectrolyte-silica) was peeled from the inner layer (i.e. first layer of
polyelectrolyte-silica) during the grinding and cracking of the capsules. Silica
growth was allowed to proceed for 3 Hrs, which resulted in a smooth coating of
silica. (B) is an enlarged image of (A), where the scale bar in (A) represents 500
nm and the scale bar in (B) represents 200 nm.

The polyE-silica coating has a layered architecture and exhibits an onion-like
behavior. When the two-layer polyE-silica coating was fractured with force, we
occasionally observed under SEM the peeling of one layer from the second layer (see
black arrows in Figure 6-3). The thickness of one such layer is about half that of the two-
layer coating. This observation also indicates the coating was well performed and

homogeneously applied to the surface of polystyrene beads when polyEs were used.
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In Figure 3B, the inner and outer surfaces of the capsule show distinct differences
in texture. The inner surface, from which the coating started to grow, shows a bumpy
and rough texture; this roughness was likely caused by the limited aging time of the inner
silica layer. #.%51n contrast, the outer silica layer appears smooth, because the outer layer
was allowed to age for ~ 3Hrs. We see a patchy and rough outer silica layer when the
aging or coating time was reduced to 1.5 Hrs (see discussions accompanying Fig 4).

We have successfully applied PolyE-silica layers for coating polymer surfaces
that were otherwise difficult to coat with silica alone. By etching away the polymer core,
this type of polyE-silica coating can also form hollow capsules with thick and
mechanically robust shells (Figure 6-2F and Figure 6-3). More importantly, this layered
coating can form an effective seal to prevent undesired leakage from nanocapsules.

Coating of PolyE and silica on latex capsules. Previously, we have used hollow
latex nanocapsules to confine physically the bioactive molecules of interest within the
core of the capsules. * Using a single nanosecond laser pulse, we could achieve spatially
(with sub-micrometer resolution) and temporally (with sub-microsecond resolution)
resolved release from individual capsules onto single biological cells. %% We believe the
use of nanocapsules as “physical cages” will complement the use of chemical cages for a
wide range of biological studies. One determining factor in making this technique easy
to use and widely adopted in the biological community is the long-term storability of
loaded nanocapsules. We observed latex capsules to be stable within days, but over

longer periods of time, we have noticed slow leakage of the contents from such capsules
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into solution. One of our main motivations in developing this layered PolyE-silica
coating is to prevent such leakage and to improve the long-term stability of loaded
nanocapsules.

Figure 6-4 shows SEM and TEM images of the polyE-silica coated latex
nanocapsules. Similar to polystyrene beads, these nanocapsules cannot be coated directly
with silica, owing to the presence of negative charges on the surface of the capsules.
Panels 6-4A and 4B show SEM images, respectively, of native capsules and results of our
attempts to apply direct silica coating on the capsules. Rather than being coated with a
silica layer, we observed the formation of free silica particles as we did with polystyrene
beads. We then coated the capsules with three layers of polyE
(PDADMAC/PSS/PDADMAC ) (Figure 6-4C). The presence of the positively charged
PDADMALC layer makes subsequent silica deposition and growth more effective (Figure
6-4D).

The conditions we used to coat polyE and silica layers, which involve high ionic
strength solution for polyE deposition (0.5 mM NaCl) and organic solutions for silica
growth (2-propanol), have the potential to cause the encapsulated molecules to leak out
from the capsules. To quantify this potential leakage during our coating procedure, we
have carried out two control experiments: (1) We soaked the fluorescein loaded capsules
in 0.5 mM NaCl and borate buffer (pH 8.0), the same ionic strength as we used for polyE

deposition. After 20 Hrs of soaking, which was much longer than the duration we used



Figure 6-4. SEM and TEM images of latex nanocapsules. SEM image of
uncoated capsules (A), after direct silica coating without the deposition of any
polyelectrolyte layers (B), after deposition of one layer of polyelectrolyte
consisting of PDADMAC/PSS/ PDADMAC (C), after one cycle of
polyelectrolyte deposition and silica coating (i.e. PDADMAC/PSS/ PDADMAC -
silica) (D), after deposition of another layer of polyelectrolyte on the first layer of
polyelectrolyte-silica coating (i.e. PDADMAC/PSS/ PDADMAC - silica -
PDADMAC/PSS/ PDADMAC) (E), and after two cycles of polyelectrolyte
deposition and silica coating (i.e. PDADMAC/PSS/ PDADMAC - silica —
PDADMAC/PSS/ PDADMAC - silica) (F), Silica growth was allowed to proceed
for only 1.5 Hrs, which resulted in the patchy appearance of the silica layers. (G
& F) are TEM images of latex nanocapsules prior to any coating (G) and after two
cycles of polyelectrolyte-silica coating (H). The insets show enlarged portion of
the images in the respective panels. The scale bars in panels (A) — (F) represent
200 nm, and in panels (G) and (H) they represent 400 nm; the scale bars in all
insets represent 100 nm. PDADMAC: Poly(diallyldimethylammonium chloride);
PSS: poly(styrenesulfonate).

69
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for polyE deposition, we still did not observe any measurable leakage from the capsules,
and (2) We soaked the polyE coated capsules in the organic solution we used for
subsequent silica growth after polyE deposition. After three hours, we observed
approximately ~ 3 % loss from the loaded capsules coated with three layers
(PDADMAC/PSS/PDADMAC) of polyE; the loss from uncoated capsules was ~ 10 %.

Although the loss from capsules in the organic solution was only ~ 3 % over a
three-hour period, to further minimize such leakage we decreased our silica coating times
from 3 Hrs to 1.5 Hrs. This reduced coating time caused the latex surface to appear
slightly patchy (Figure 6-4D), but this patchy surface was smoothened with another cycle
of polyE deposition (Figure 6-4E) and silica growth (Figure 6-4F). Figures 6-4G and 6-
4H shows TEM images of the capsules prior to coating (Figure 6-4G) and after two
cycles of polyE deposition and silica coating (Figure 6-4H).

Characterization of loading efficiency for uncoated and coated nanocapsules.
We have characterized the homogeneity of loading into nanocapsules and compared the
relative amount of loaded molecules between uncoated and coated capsules. Figure 6-5
summarizes our result. Panels 6-5A and 6-5D are bright-field images of uncoated and
coated capsules (0.55 um in outer diameter) loaded with 1.9-mM fluorescein, whereas
panels 6-5B and 6-5E are the corresponding fluorescence images. The coated capsules
contained two layers of polyE and silica, that is, they underwent two cycles of coating.

To determine the variation in the number of encapsulated fluorescein molecules,

we analyzed the fluorescence images and measured the total fluorescence intensity from
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Figure 6-5. Characterization of loading of fluorescein into latex nanocapsules (with
outer diameter of 0.55 pm) that were uncoated (A — C) and coated with two cycles of
polyelectrolyte-silica deposition (D — F). (A & B) are bright-field and fluorescence
images of uncoated nanocapsules loaded with fluorescein; (D & E) are the
corresponding bright-field and fluorescence images of loaded nanocapsules coated with
two layers of polyelectrolyte-silica. (C & F) are histograms showing the variation in the
amount of fluorescein loaded into uncoated and coated nanocapsules. The probability
indicated on the y-axis was obtained by normalizing the number of capsules of a given
fluorescence intensity against the total number of capsules analyzed, which consisted of
447 uncoated and 547 coated capsules. The observed spread in the number of loaded
molecules among the capsules was caused by variation in the volume of the capsule
cavity, which was measured to be 9.99 + 2.95 x 102" m® from TEM images. The scale
bars in all images represent 4 pum; a.u. represents arbitrary units. The fluorescence
images were acquired with 100-ms integration times and with a camera gain setting of
3200. (A) and (B) are bright field and fluorescence images of uncoated nanocapsules,
and the scale bars represent 4 um; (D) and (F) are bright field and fluorescence images
of coated nanocapsules with two-layers of polyE-silica structure, and the scale bars
represent 4 pm. (C) and (F) are histograms of the probability of uncoated and coated
capsule population as a function of fluorescence counts measured by a cascade camera
responding. The fluorescence images were acquired with 100ms integration times with
a gain setting of 3200.
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each individual capsules. Panels 6-5C and 6-5F are histograms showing the results of
this measurement for 447 uncoated capsules and 547 coated capsules. The variation in
the amount of encapsulated fluorescein was comparable for both coated and uncoated
samples, which indicated that the coating procedure did not adversely affect the
homogeneity in the number of loaded fluorescein molecules. The origin of this variation,
we determined, was caused by the spread in the volume of the nanocavity within the
capsule, which had a distribution of (9.99 + 2.95) x 10*' m® as determined from our TEM
images. We found the loading and coating processes themselves introduced negligible
variation in the number of contained molecules among the capsules.

Characterization of leakage fromcoated capsules. We monitored leakage of
encapsulated fluorescein from both uncoated and coated nanocapsules over 30 days.
Here the capsules were stored in airtight quartz cuvettes and we monitored with a
fluorimeter the amount of fluorescein that leaked into solution after the capsules were
sedimented to the bottom of the cuvette. Figure 6-6 shows the results, in which non-
coated capsules showed significant leakage and the coated capsules exhibited no
detectable leakage over this 30-day period. Because we did not remove the fluorescein
molecules that leaked from the capsules from solution, leakage from the uncoated
capsules reached equilibrium after two weeks, that is, the number of fluorescein that left
the capsule equaled the number that entered the capsules. In contrast, the amount of
fluorescein that leaked from capsules coated with two layers of polyE-silica was within

the noise of our measurement.
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Figure 6-6. Monitoring leakage of loaded fluorescein over a 30-day period
from latex nanocapsules (with outer diameter of 0.55 um) that were uncoated
(A) and coated with two layers of polyelectrolyte-silica (B). (A & B) are raw
fluorescence spectra of the fluorescein molecules that leaked into solution from
the capsules; the solution containing the capsules were stored in airtight quartz
cuvettes, and the spectra were taken after the capsules were allowed to sediment
to the bottom of the cuvette and out of the beam path of the excitation light.
Note the large difference in the scale of the observed fluorescence intensity
from uncoated (A) and coated (B) capsules. (C) plots the changes over time in
the observed fluorescence intensity at 510 nm (see lines marked in (A) and (B))
caused by leakage of fluorescein into solution from capsules there were
uncoated (@) and coated with two layers of polyelectrolyte-silica (©). The
capsules were stored in 50-mM sodium borate at pH 8.5. Excitation was carried
out at 488 nm, and the slit width was set at 2.5 nm for both excitation and
emission.
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Laser-triggered release of the loaded molecules. We have demonstrated
previously that molecules encapsulated within the latex nanocapsule can be released
selectively with the application of a single nanosecond UV laser pulse. * Here we
wanted to verify that we can achieve similar laser-triggered release using coated
nanocapsules. Figure 6-7 shows laser-triggered release from a single optically trapped
nanocapsule that was coated with two layers of polyE-silica, in which the release of
fluorescein was monitored by a confocal detection volume placed ~ 5 micrometers away
from the capsule. The sharp rise in our detected number of photons (Figure 6-7) signaled
the arrival of fluorescein at the confocal detection volume after fluorescein molecules
were released from the capsule; the subsequent decay in photon counts was caused by
dilution in the number of released fluorescein molecules as they transited the detection

volume away from point of release. '’

Photon counts

Time {s)

Figure 6-7. Laser-triggered release of fluorescein from a single optically trapped latex
nanocapsule, which was coated with two layers of polyelectrolyte-silica. A single 3-ns laser
pulse at 337 nm photolyzed the trapped capsule and released the contained fluorescein
molecules, which were monitored by confocal detection. The recorded time trace of photon
counts signaled the arrival and passage of the released fluorescein at the confocal probe
volume that was placed ~ 5 pm from the capsule. Arrow on the time trace marks the firing
of the N»-laser pulse. The inset shows the trapped capsule prior to being photolyzed.
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6.4 Conclusion

While polyelectrolyte and silica have been both widely used for coating surfaces,
few efforts have focused on the use of polyelectrolyte layers to enhance the growth of
other charge-sensitive molecular layers. This paper demonstrates polyelectrolyte does
form excellent adhesive layers and that silica can be grown directly on polyelectrolyte-
modified surfaces. This layered polyelectrolyte-silica architecture has several advantages
for coating nanocapsules: (1) The coating can be applied to all surfaces that can be
modified with polyelectrolyte layers, (2) The thickness of the layered coating can be
controlled in principle over a wide dynamic range by increasing the number of layers, (3)
The presence of silica in the layered structure makes the coating mechanically robust, (4)
This layered coating forms effective seals to prevent unwanted leakage from loaded
capsules and increases drastically the storability of loaded nanocapsules, (5) The coating
procedure does not cause significant leakage from the capsules or variation in the number
of loaded molecules, and (6) The coating does not adversely affect the release of loaded
molecules from capsules using single-pulse laser trigger. Although this paper focuses on
developing coatings for nanocapsules and the growth of silica on polyelectrolyte, we
believe this strategy can be applied to the growth of other types of molecular layers on

polyelectrolyte for creating a wide range of layered nanoscale architectures.



Chapter 7 Photolysis of capsules
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7.1 Introduction

To test the photolysis time scale, we designed a new strategy for initiating a
chemical reaction that is based on the laser-induced breakdown of a nanoscopic barrier,
which physically separates the reactants in space. Based on our test, the breakdown time
is around 0.3 ps. Because the breakdown of the barrier is fast and owing to the
nanometer dimension of the barrier, the reactants can be brought together and the reaction
can be initiated rapidly. The timescale most suited for this method (from microseconds
to tens of milliseconds) bridges nicely between the faster time scales that are accessible
mostly with laser-based triggering experiments and the slower time scales that are studied

most frequently with flow-based devices.

7.2 Importance of chemical Kkinetics
Chemical kinetics is central to biological processes from protein folding to signal
transduction and enzyme catalysis.''®'> To access fast kinetics, it is necessary to trigger

the reaction rapidly and with a sharp time distribution, which typically means an

124

initiation time that is much shorter than the half-life of the reaction.””® Most common

strategies for initiating a chemical transformation in solution fall into the following three

124-127

categories: (1) Flow-based mixing techniques (e.g. stopped flow), (2) Relaxation-

based methods!?* 128130

(e.g. temperature or pressure jump), and (3) Photochemical
’triggeringm'133 (e.g. flash photolysis). Of these methods, flow-based mixing techniques

are perhaps the most common, owing to their ease of use and implementation. Recent
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advances in microfluidics have dramatically improved the time scale of this method from
the millisecond range’ to tens of microseconds.'?**'*" Here we present a new strategy for
initiating a chemical reaction that is based on the laser-induced breakdown of a
nanoscopic barrier, which physically separates the reactants in space. The permeability
of lipid membrane can be altered by a wide range of physical methods, including the use
of ionic strength, pH, temperature, ultrasound, and light.w’ 134135 1 particular, UV light
has been used to alter membrane permeability by changing the conformation of the UV-

sensitive groups in the membrane (e.g. cis-trans isomerization)'*® 1?7

or by changing the
packing of the lipid bilayer upon UV polymerization.138’ 139 pulsed UV laser has also
been used to fuse lipid vesicles and to ablate biotissue and polymer.”?”'*® In our
experiments, we used single UV laser pulse to photolyze individual lipid vesicles doped
with UV sensitizers in the membrane. Because the breakdown of the barrier is fast and

owing to the nanometer dimension of the barrier, the reactants can be brought together

and the reaction can be initiated rapidly.
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7.3 Implementation of our strategy
Figure 7-1 illustrates our strategy, in which reactant A is confined to the interior

of a lipid vesicle and is thus physically separated by the nanometer thick lipid membrane

Photan counts

Time {usec})

Figure 7-1. Tllustration of our experimental setup. Three laser beams (YAG at
1064 nm; Ar" laser at 488 nm; N, laser at 337 nm) were directed into a high numerical
aperture objective (N.A. 1.3) of the microscope using a set of dichroics; fluorescence
signals were collected through the same objective and detected. The enlarged image
shows our experimental strategy, in which a single N, laser pulse (3-ns duration)
disrupts the partition defined by the membrane bilayer. Once the partition is
compromised, the reactants denoted by A and B are permitted to encounter each other
and react to form the product C. M, mirror; DC, dichroic; OJ, objective; CS,

coverslip.
from reactant B, which is located outside the vesicle. Upon photo-destruction of this
membrane by a single UV-laser pulse, reactants A and B are permitted to encounter each
other to form the product C. As Figure 1 depicts, our experiment requires the use of three

lasers: a YAG laser for the optical manipulation of vesicle, an Ar" laser for confocal
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Figure 7-2. Characterization of the timescale of laser photolysis. (A) Photolysis of
a lipid vesicle that was doped with 5% (by weight) of a pyrene-based UV absorptive
lipid (1-hexadecanoyl-2-(1-pyrenedecanoyl)-sn-glycero-3-phosphocholine, B-py-Cio-
HPC) as well as 0.1% (by weight) of a green fluorescent membrane dye (3,3'-
dioctadecyloxacarbocyanine perchlorate, DiO-Cg). Arrow marks the arrival of the UV
laser pulse onto the vesicle; each bin in the time trace corresponds to 100 ns. The CW
YAG and Ar” lasers were 0.1 W and 1 mW in power, respectively, while the N, laser
has a pulse energy of ~ 1 pJ; all laser powers were measured prior to the objective. (B)
Photolysis of a lipid vesicle that was doped with only 0.1% (by weight) DiO-C,g under
identical experimental conditions as in (A). (C) Photolysis of a vesicle doped with 5%
(by weight) B-py-Co-HPC and containing carboxyfluorescein in acidic pH <2; the
vesicle was suspended in 50 mM borate buffer at pH 8. Upon photolysis and membrane
breakdown, the carboxyfluorescein inside the vesicle (which was non-fluorescent)
became deprotonated and fluorescent. This increase in fluorescence was monitored by
confocal detection with the Ar” laser (40 pW prior to objective) and an avalanche
photodiode. Arrow marks the arrival of the UV laser pulse onto the vesicle; each bin in
the time trace corresponds to 300 ns.

detection, and a N, laser for photolysis. We used individual lipid vesicles in our

experiments for ease of preparation and analysis, but we believe this strategy can be
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applied equally well to bulk solution and to systems with other geometries (e.g. free-
standing planar lipid bilayers) or for those that use different materials other than lipids
(e.g. polymers).

The breakdown time of the lipid membrane, which directly correlates with the
initiation time of the chemical reaction, is determined by the duration of the laser pulse
and the photolysis efficiency of the material. Figure 7-2 presents the characterization of
the timescale for this process. Figure 7-2A shows a time trace for the photolysis of a
single lipid vesicle. The membrane of this vesicle was composed of 1,2-Dipalmitoyl-s»-
Glycero-3-Phosphocholine (DPPC) and 1,2-Dipalmitoyl-sn-Glycero-3-[Phospho-rac-(1-
glycerol)] sodium salt (DPPG) (10:1 by weight), and was doped with 5% (by weight) of a
pyrene-based UV absorptive lipid [1-hexadecanoyl-2-(1-pyrenedecanoyl)-sn-glycero-3-
phosphocholine, 3-py-Cio-HPC] as well as 0.1% (by weight) of a green fluorescent
membrane dye (3,3'-dioctadecyloxacarbocyanine perchlorate, DiO-Cig). In the
experiment, the individual vesicle was first optically trapped while being monitored
continuously in green fluorescence (500-580 nm; from DiO-C;s) with a confocal
microscope. Upon application of a single 3-ns pulse from the N laser, the vesicle
membrane was photolyzed within 0.3 ps (arrow marks the arrival of the UV laser pulse
onto the vesicle; each bin in the time trace corresponds to 100 ns) as visualized by the
disappearance of fluorescence signal from DiO-C)sg in the confocal probe volume (DiO is

only highly fluorescent when it is incorporated in the membrane). The presence of the



82

UV dye (B-py-Cio-HPC) in the membrane of the vesicle is critical for achieving
photolysis of the vesicle.

The disappearance of the fluorescence signal from DiO-C;s is caused by the
breakdown of the lipid membrane rather than the photobleaching of DiO-C,g by the single
3-ns UV laser pulse. Figure 7-2B is a control experiment that shows the attempt to
photolyze a single vesicle under identical experimental conditions but with the absence of
the UV absorptive lipid. Here the observed fluorescence signal was unchanged after
application of the UV laser pulse, which indicated the vesicle was not photolyzed and
DiO-C;g was not photobleached by the UV laser pulse. From these experiments (Figure
7-2A and 7-2B), we conclude the timescale for the disruption of membrane integrity by a
single 3-ns UV laser pulse is on the order of 300 ns under our experimental conditions.

To further examine the time scale of photolysis of the lipid membrane, we
monitored the photolysis of a single lipid vesicle containing 250 pM carboxyfluorescein
(Figure 7-2C). The interior of the vesicle was not buffered and was in acidic pH (<2),
which rendered carboxyfluorescein nonfluorescent; the exterior of the vesicle, however,
was composed of a borate buffer at pH 8, which would deprotonate carboxyfluorescein
and cause it to be fluorescent once the lipid membrane was photolyze:d.l‘”'143 Here the
confocal probe volume was placed at the vesicle membrane (Figure 7-1) and we observed
fluorescence signal increase after ~ 1 ps of the firing of the N, laser (arrow in Figure 7-
2C), thereby indicating the membrane was photolyzed and the reaction was initiated

within ~ 1 ps. This longer time scale of ~ 1 ps we observed in Figure 2C in comparison



83

with the faster membrane photolysis times of ~0.3 us in Figure 7-2A is likely caused by
the time necessary for the reaction to produce sufficient fluorescent molecules to register

detectable signals.

7.4 Application of our approach

Once the membrane partition is photolyzed, the reactants that were previously
separated from each other are allowed to diffuse and react. The time it takes two
reactants to encounter each other is determined by the diffusive property and the location
of the reactants with respect to the membrane partition, which varies from close to the
timescale of membrane photolysis for those immediately adjacent to the membrane area
to ~ ¥*/2D for those at a distance » away from the lipid membrane where D is the
diffusion coefficient of the reactant.*’ The use of vesicles for studying chemical kinetics
has been reported previously by Zare and coworkers,' in which the small volume of the
vesicle is exploited to achieve fast diffusive mixing using electrofusion or
electroporation. Here we are concerned with the reaction initiation times that are directly
correlated with the thickness of the lipid bilayer and the time scales of membrane
breakdown, from which we can extract kinetic information (Figure 7-3B), rather than the
time scales of complete mixing of the reactants.

Using this technique, we have studied the deprotonation kinetics of fluorescein,
which is one of the most commonly used fluorescent dyes because of its high molar

absorptivity, excellent fluorescence quantum yield, its excitability at 488 nm (a readily
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available laser wavelength), and good water solubility.'** 145 In aqueous solution, four
forms of fluorescein exist: (i) Cation, (ii) Neutral, (iii) Monoanion, and (iv) Dianion. The
fluorescence property of fluorescein varies widely among these different forms and is
thus highly pH dependent.'*>'** %6 Although the equilibrium-state fluorescence
properties of fluorescein have been carefully studied,** 14> 16 Jess attention has been
paid to its kinetic properties. Here we study the rate of the deprotonation reaction of
fluorescein, in which the cationic form (FH") is converted to the monoanionic (F) and
dianionic forms (F%).

Figure 7-3 demonstrates the capability of using this membrane-breakdown
technique to study the rate of deprotonation of fluorescein. To facilitate the interpretation
of the rate information obtained from our experiments, we used FEMLAB to create a
simplified diffusion-reaction model that simulated our experimental conditions. Figure
3A shows the results of one simulation in which the cationic form of fluorescein was
confined to the interior of a 1-pm vesicle (pH < 2), while a basic buffer was present
exterior to the vesicle. The color gradient denotes the concentration of the cationic form
of fluroescein, with red representing the highest concentration of cationic fluorescein.
Prior to photolysis (left panel), cationic fluorescein was distributed homogeneously inside
the vesicle. After photolysis of the membrane barrier, the concentration of acidic
fluorescein decreased gradually starting at the edge of vesicle, because of the

deprotonation of fluorescein as the pH increased (middle and right panel); the diffusion
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Figure 7-3. Determination of the kinetics of fluorescein protonation. (A)
Simulation of the fluorescein deprotonation process upon vesicle photolysis, which
was carried out in FEMLAB using our reaction-diffusion model; the color gradient
represents the concentration of cationic fluorescein at 7= 0 ps, 2 ps, and 10 ps,
respectively. (B) Average experimental data (black dots) and fitting (red line) of the
rate of fluorescence increase during the first 30 ps after photolysis of the vesicle
membrane at room temperature. Here the vesicle contained ~ 4-puM fluorescein in
acidic pH (<2) and 0.1 M sucrose, and the extra-vesicular solution was a phosphate
buffer at pH 7.4. The solution that was both inside and outside of the vesicle also
contained 0.1 M B-mercaptoethanol. The confocal probe volume was placed at the
membrane boundary. (C) Experimental data and fitting showing the deprotonation
and diffusion of fluorescein after the photolysis of a 1-um vesicle. In this
experiment, the confocal probe volume was located at the center of the vesicle.

of fluorescein away from the volume previously defined by the vesicle was negligible
over this time scale of 10 ps.
The time-dependent diffusion-reaction process is described by eq. (1) below:

o _ .10
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where D is the diffusion coefficient of fluorescein in water (4.25 x 10 cm®s™),”* ¢ and R
are the respective concentration and reaction rate of species 7. The solution to eq. (1)

describes the evolution of fluorescein concentration, ¢, at position » from the origin at

time ¢. For the reaction of interest, FH * — DI o = eq. (1) is written as a system of
q y

differential equations for both reactants and products, respectively:

0 1 o(,0
é;cpm =D;'2"é;(r gcpmj_kcm*
0 1 o(,0
Eh Dr—za(r 50F~-)+"0m+

)

where k is the effective rate constant, and we assume the diffusion coefficient of
fluorescein does not change among its different forms (FH", F, and F%). The diffusion-
reaction equations are subjected to the respective initial conditions (I.C.) and boundary
conditions (B.C.), imposed by a vesicle of radius 7, in an infinite medium. Atz =0 sec,

there is only species FH' of concentration C, inside the vesicle, and the concentration of

F" is zero everywhere else:

C..(r<r,t=0)=C,
rc. ™ ) (3)
C.. (r20,1=0)=0

The boundary conditions respectively include a no-flux condition at infinity and a

symmetry condition at the origin, as shown in eq. (4).
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%(r=oo,t>0)=0
B.C.: gg (4)
—é-rL(r=0,t>0)=0
To obtain a numerical solution, a boundary 7, that is 10,000 times that of r, is applied to
approximate r = oo,

Figure 7-3B and 7-3C shows experimental measurements of the reaction rate of
this deprotonation process. In Figure 3B we monitored the rate of fluorescence increase
at the membrane boundary of individual vesicles with confocal microscopy, where the
cationic fluorescein encounter basic buffer almost instantaneously after the breakdown of
lipid membrane. The confocal interrogation probe is ~ 0.5 pm in lateral dimension, and ~
1 um along the axial direction. The positioning of the back reflection of the Ar laser
focus (confocal spot) onto the membrane boundary (Figure 1) was carried out under high
optical magnification (5000x). By fitting the experimental curve recorded for the first 30
us to a first-order-reaction rate equation ([F"] = Cy(1-¢™), where [F™] is the total
concentration of the anionic forms of fluorescein.), we obtained an averaged effective
rate constant k = (2.8 £ 0.6) x 10° s (N = 14). Within the first 30 ps, variations in
fluorescence intensity caused by the diffusion of fluorescein in the confocal probe
volume were negligible (< 10%).

In Figure 7-3C, we followed over 0.6 ms the fluorescence increase at the center of
a 1-pum vesicle, whose size is comparable to the dimension of the confocal probe volume.

Here both the reaction and the diffusion of fluorescein were considered, and we fitted our



88

experimental measurement with our simulation. For the fitting, we calculated the
fluorescence intensity from the concentration of fluorescein by integrating the

contribution of fluorescence intensity from FH', ", and F*, respectively:*°

I=x Z¢i8i1ici 5

where « is an instrument parameter. ¢,, &, and /; are the fluorescence quantum yield,

extinction coefficient, and normalized emission of species i at concentration ¢;,
correspondingly. The respective fluorescence quantum yield and extinction coefficient
for FH' are 0.18 and 34 M']cm'l, for F~ are 0.37 and 16,425 M 'em™, and those for F*
are 0.93 and 87,692 M'em™, and the pK of the equilibrium between F* and F is 6.43."**
146 Under the experimental conditions and given the effective rate constant k = 2.8 x 10
s, the simulation result matches well the experimental data with an average error of

+21%.

7.5 Conclusion
This chapter describes a new strategy, which is based on the fast breakdown of an
ultrathin partition that separates two reactants, to test photolysis efficiency to break down
the capsule barrier, and also to achieve a controlled and rapid initiation of chemical
reactions (microseconds to milliseconds). The drawback of this method in its current
format is the small volume involved, which necessitates a sensitive method of monitoring

the chemical reaction, such as confocal fluorescence detection. The advantages of this
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method are its general applicability, and the well-defined and fast reaction initiation times
that can be achieved, which bridges nicely the faster time scales that are accessible
mostly with laser-based triggering experiments (picoseconds to nanoseconds) and the
slower time scales that are studied most frequently with flow-based devices (milliseconds

to seconds).



Chapter 8 Single Cell Signaling
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8.1 Introduction

Cells respond to their environment through a complex and interdependent series
of signal transduction pathways that frequently begin at the cell membrane with high
spatial and temporal resolutions (e.g. exocytosis, endocytosis, synaptic transmission). 197
This plasma membrane defines the boundary of the cell, encloses the cytosol, and
maintains the intracellular environment. The cell membrane not only acts as a barrier that
protects the cell from the extracellular space, but with its embedded receptors, surface-
anchored proteins and signaling molecules serves also as a sensor and communicator to

(1.148

the extracellular worl Although a typical mammalian cell measures only ten to

twenty micrometers in diameter, the cell is a highly organized and spatially
heterogeneous structure. To study and dissect the mechanism and signaling pathways by
which a single cell processes the arrival of a particular signal at its membrane surface, we
have developed a technique by which a precisely timed stimulus can be delivered to the
cell with high spatial resolution.

To evoke a ligand-induced response from a cell, most experiments have relied

149, 150

either on the perfusion of the cell in a microchamber or with pressure

151,152 153,154

microinjection, or on iontophoresis, or on the flash photolysis of a caged

compound. 155158 Although the implementation of perfusion and iontophoresis are
straightforward and their strategy are generally applicable, these approaches typically
lack both high spatial and temporal resolution. 152,153 JV photolysis of a caged

2,159, 160

compound, in combination with two-photon excitation, can overcome many of
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the spatial and temporal limitations of perfusion and iontophoresis. The spatial resolution
of two-photon excitation is typically on the order of several hundred nanometers, defined
mostly by the tightness of the laser focus. 2139 The temporal resolution of two-photon
uncaging varies, and is limited by the timescale of the photochemical steps by which the
photolysis of the caging group occurs, which is typically in the tens of microseconds to
milliseconds range. '°"'** Despite the good spatial and temporal resolution that can be
achieved by using two-photon photolysis of a caged molecule, the use of caged
compound suffers from a number of drawbacks: (1) The design and synthesis of a
suitable caged molecule are complex and time consuming, (2) The caging of large
bioactive molecules such as peptides (e.g. cytokines) and proteins is difficult if at all

possible, and (3) The uncaging of multiple stimuli simultaneously is often cumbersome.

8.2 New strategy

This chapter describes a new strategy for delivering defined packages of stimuli to
single cells with both high spatial and temporal resolutions. Figure 8-1A schematically
depicts our approach. Optical trapping is used to manipulate individual vesicles (or any
suitable nanocontainers) that encapsulate the bioactive molecules of interest. Once a
select vesicle is placed adjacent to the target cell, a single 4-ns pulse from a UV laser
(337 nm), which is aligned collinear with the trapping laser (1064 nm), is used to
photolyze the optically trapped vesicle and to release the encapsulated molecules. Pulsed

UV laser can provide short wavelength light with high instantaneous power, and is
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widely used in photoablating biotissues and polymers. 1% Figure 8-1B shows the
positioning and trapping of a single 0.1-um (in diameter) vesicle, which was formed by

extrusion, in contact with a CHO-M1 cell.

Time {usec)

Figure 8-1. Spatial and temporal characterization of our strategy. (A)
Schematic illustration of the relative positions of the YAG laser (red; 1064 nm; ~
0.3 W prior to entering the N.A. 1.3 oil immersion objective), the trapped vesicle
(blue), the target cell (green), and the N, laser (purple; 337 nm; ~ 3 uJ prior to
entering the objective). (B) Fluorescence-Normaski image showing the precise
positioning of a single 0.1-pm DiO-C18 stained vesicle adjacent to a CHO-M1 cell.
(C) Demonstration of the spatial resolution of the focused N; laser in which a single
0.11-um fluorescent beads (arrow) was photolyzed by a single 4-ns N, laser pulse.
(D) Demonstration of the temporal resolution of single-vesicle photolysis, in which
the vesicle was photolyzed within 0.3 us; the inset depicts schematically the
sequence of steps.

Figure 8-1C demonstrates the selective photolysis of a single 0.11 um fluorescent
polystyrene bead that was in close proximity (less than 0.2 um) to another 0.11 pum bead.

In contrast to the use of caged compounds in which the photolysis volume and thus the
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spatial resolution is determined by the excitation focal volume, the photolysis volume in
our approach is defined by the size of the vesicle and by the ability to optically trap and
precisely position such small vesicles. In principal, by using small nanocontainers (e.g.
less than 0.1 pm), the photolysis volume can be significantly smaller than the laser
excitation volume defined by the tight focus. It is also possible to spectrally select the
vesicle to be photolyzed by doping the vesicle membrane with absorptive dyes that are
tuned to the photolysis wavelength. 164

Figure 8-1 D illustrates the time scale of photolyzing a single vesicle; the inset
schematically illustrates the experiment. A single 1-pm vesicle, which was stained with a
membrane dye (DiO-C18), was first optically trapped in solution. The fluorescence signal
from the trapped vesicle was continuously monitored with a confocal detection system in
which the laser focus of the Ar" laser (488 nm) was aligned collinear with the trapping
laser. At 5.0 ps, a trigger was sent from the computer to initiate the firing of a single 4-ns
pulse from the N; laser, which was aligned collinear with both the trapping laser and Ar’
laser. The arrival of the N, laser pulse onto the trapped vesicle (arrow), which was
measured to occur at 0.7 s after triggering, caused the photolysis of the vesicle and the
disappearance of the fluorescence signal. Photolysis of a single vesicle occurs within 0.3

us, which is significantly shorter than the uncaging times of most caged molecules.
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8.3 Prove of the concept

Vesicle delivery. To demonstrate the applicability of this approach for the
spatially resolved delivery of stimuli to single cells, we encapsulated carbachol into the
vesicle interior. Carbachol binds to the muscarinic acetylcholine receptors,'® activates G-
protein that hydrolizes phosphoinositide to produce IP3;, which then causes the increase of
the intracellular levels of calcium.'®® We visualized this increase with the fluorescent
calcium indicator, fluo-3. Figure 7-2 shows the activation of a fluo-3 loaded CHO-M1
cell that has been transfected to express muscarinic acetylcholine receptors (CHO-M1-

WT3, ATCC).

Figure 8-2. Response of a fluo-3 loaded CHO-M1 cell to carbachol, which was
released from the photolysis of a single 0.6 pm vesicle. (A) Image of the vesicle
and the cell before vesicle (arrow) photolysis. (B)-(D) Sequential fluorescent images
showing the increase of the intracellular calcium level after vesicle photolysis. The
time interval between A and B is 1 sec, while the time intervals from B to C and
from C to D are 0.15 sec, and 0.55 sec, respectively. The vesicle was formed in
HEPES buffer (pH 7.4) containing 0.1 M carbachol, and was doped with cholesteryl
1-pyrenebutyrate and DiO-C18 at 50 mol % and 1 mol %, respectively. The scale
bar represents 1 pm.
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A single 0.6-um vesicle was positioned with optical trapping at ~ 0.5 pm from the
CHO-M1 cell. To visualize the small vesicle, we stained the vesicle membrane with 1%
DiO-C18. The photolysis of the vesicle resulted in the release of the intra-vesicular
carbachol and the collapse of the residual vesicle membrane onto the surface of the
coverslip. The released carbachol caused the localized increase of intracellular calcium,
which propagated throughout the entire cell (Fig 8-2(B-D)). The amount of stimuli to be
delivered to the cell can be varied easily by controlling either the size of the vesicle or the
concentration of the stimuli during their encapsulation into the vesicle.*® In contrast to the
use of caged compounds, all biologically active molecules are confined to the vesicular
interior, thus avoiding any undesirable side effects that may be caused by the presence of
caged or partially uncaged molecules in contact with cells.'®” Therefore, our technique is
based on the physical separation of the stimuli from cells, rather than relying on
“chemical” separation as is the case for caged compounds.

Nanoparticle delivery. To illustrate the use of nanocapsules for studying single
cells, we loaded the capsule with carbachol, an agonist to the muscarinic acetylcholine
receptor type 1 (M1) and studied the calcium signaling in Chinese Hamster Ovary cells
(CHO) transfected with M1 receptors. Figure 8-3A shows our experimental procedure, in
which a single capsule loaded with carbachol was optically trapped and positioned
adjacent to a single cell (CHO M1) (left panel) followed by application of a single N
laser pulse to release the encapsulated carbachol (right panel). The binding of carbachol

by the receptor initiates a calcium-signaling cascade, which ultimately results in the
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Figure 8-3. Response of a fluo-3 loaded CHO-MI cell to the local release of
carbachol from a polystyrene-based capsule. (A) Schematic illustration of the
experimental design. (B-I & B-II) Bright-field (B-I) and fluorescence (B-II) images
of the capsule and cell before the photolysis of the capsule, which was loaded with
fluorescein (in addition to carbachol) for ease of visualization; (B-III) Increase in
intracellular concentration of calcium visualized by fluo-3 after photolysis of the
capsule and release of carbachol.

increase of intracellular calcium, a process that we monitored with the calcium indicator,
fluo-3.° Figure 8-3B-I and 8-3B-II shows the bright-field and fluorescent images of the
capsule and the cell prior to release of carbachol, respectively, and Figure 8-3B-III shows
the resultant increase of intracellular concentrations of calcium upon activation by
carbachol. We have consistently observed that the amount of carbachol present within

the capsule is more than sufficient to trigger a cellular response.
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8.4 Conclusion

The main drawback of our approach lies in the finite size of the vesicles, which
may make them unsuitable for intracellular applications. Although methods exist for

168,199 the intracellular diffusion of these

introducing small nanoparticles into single cells,
nanoparticles may be restricted. For the introduction of extracellular stimuli, however,
this method possesses a number of advantages: (1) Any membrane impermeable
molecules, including peptides and proteins, can be encapsulated into vesicles (or other
nanocontainers) and be delivered to cells, (2) It is straightforward to deliver multiple
stimuli, with each stimulus present at a given concentration, to single cells
simultaneously, (3) All stimuli are confined to the vesicle interior and are physically and
spatially separated from the cells, and (4) It is possible to spectrally tuned the photolysis
wavelength by doping the vesicle membrane with the appropriate absorptive dyes. The
strategy we described is not limited to vesicles, but to any nanocontainers of choice. For
quantitative applications in which the amount of stimuli delivered must be controlled, the
size of the extruded vesicle must be uniform, which can be achieved by purifying the
vesicles with respect to size using methods of separation. Alternatively, monodispersed
non-vesicle based nanocontainers may be designed and synthesized. This technique
offers new possibilities in the study of the heterogeneous organization of single cells and

the probing of the dynamics of cellular responses after a precisely timed delivery of

stimuli.
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9.1 Introduction

Cell membrane receptors and proteins receive extracellular stimulations and
transform them into intracellular signals. ' '"! The distribution of receptors and proteins
on the cell membrane determines and affects the rate and pattern of the propagation of
these intracellular signals. '"*7® Previous studies indicate membrane proteins are often
expressed in different morphological regions of the plasma membrane, and within a local
area, the proteins tend to form clusters and patches, rather than distributed homogenously
and continuously on the membrane. '"®'”” This confinement and localization of proteins
is on a length scale of tens of nanometers to a few micrometers.

Although a number of high-resolution imaging approaches are available for

visualizing the spatial distribution of proteins and receptors on the cell membrane, 170, 178,

17 these methods do not provide functional information with regard to the activities of
these proteins. Techniques capable of probing the functions of membrane proteins with
high spatial and temporal resolution are limited, and much effort has been spent to
develop such capabilities. 172,180 The most notable and promising of these methods is the
two-photon photolysis of caged molecules. 181183 A5 we analyzed in chapter 1, caged
compounds suffer a series of inherited drawbacks such as troublesome synthesis
procedure, biocompatibility etc, and these requirements place significant constraints and
design challenges on the development of good caged compounds, and often limit them to

small molecules rather than peptides and proteins. 59
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To overcome the disadvantages of utilizing caged compounds, while retaining the
high spatial resolution characteristic of two-photon photolysis, this paper describes the
development of a technique that uses nanocontainers, particularly lipid vesicles, to
physically confine the biostimuli of interest, optical trapping to position the
nanocontainers in close proximity to the cellular structure under study, and UV
photolysis to release the encapsulated molecules onto the cell. We demonstrate the
feasibility of this strategy by applying it to the study of calcium signaling, in which the
localized activation of muscarinic acetylcholine receptors is triggered by carbachol that is

released from a single vesicle.

9.2 Technique characterization and receptor mapping

Characterization of lipid vesicles as delivery vessels: In comparison with caged
compounds, one key feature of our approach is the use of vesicles as nanocontainers to
physically separate the molecules of interest from their cellular targets, rather than
rendering the molecules biologically inactive with chemical groups. Nanocontainers can
act as versatile delivery vessels of cellular stimuli because of the diverse synthetic
methods by which nanocontainers with desired material properties and physical
dimensions and shapes can be produced. '* ¥ Lipid vesicles in particular are easily
formed in aqueous solution via self assembly and their sizes can be tuned over a wide

range from tens of nanometers to many micrometers. '8 In contrast to two-photon
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uncaging, the volume from which the stimuli is released is defined by the size of the
vesicle rather than by the focal volume of the photolysis laser. By using vesicles that are
tens of nanometers in diameter and provided one can position the vesicle with similar

accuracy, the location from which stimuli is released can be exquisitely controlled.

l N2z laser

10
Time {(usec)

Figure 9-1. Demonstration of vesicle photolysis upon irradiation with a single 3ns
laser pulse at 337nm. (A, B) Bright-field CCD camera images showing before (A)
and after (B) the photolysis of a ~ 3um-diameter vesicle. (C, D) Fluorescent images
showing before (C) and after (D) the photolysis of a small 600nm-diameter vesicle.
(E) Fluorescence signal trace showing the time scale of the photolysis of an optically
trapped 600nm-diameter vesicle. The arrow marked the firing of the N, laser pulse.
The DPPC vesicles were doped with cholesteryl 1-pyrenebutyrate and DiO-C18 at 50
and 1 mol %, respectively.

Using sonication, extrusion, or rotary evaporation, we are able to produce vesicles
that range in size from 50nm to SOpm. The method that we use most often is extrusion,
which can generate vesicles with diameters that can be controlled from 100nm to 600nm.
These vesicles are small enough for the localized stimulation of single cells, yet large
enough for facile manipulation with optical trapping. Figure 9-1(A & C) are bright field

and fluorescence images showing a giant vesicle (~ 3 pm in diameter) produced with
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rotary evaporation and a large vesicle (~ 600nm in diameter) generated by extrusion,
respectively. Although we can produce small vesicles easily with sonication and
manipulate them with optical trapping, these vesicles tend to be more difficult to
visualize and trap for prolonged periods of time (minutes) with our current optical setup.
In comparison with the synthesis of caged molecules, the preparation of lipid vesicles can
be carried out routinely and easily. The drawback in the use of vesicles lies in the lack of
quantitative control over the amount of stimuli released. Because there is a distribution
in the sizes of the vesicles formed, depending on the particular method of preparation, the
intravesicular volume and thus the number of contained molecules will vary with the size
of the vesicle. This drawback may be overcome, however, by additional purification and
separation of the vesicles or with the use of non-vesicle based monodispersed

nanocontainers.

For lipid vesicles to be used as delivery vessels, the vesicular contents must be
released controllably and with high yield. Figures 9-1 & 9-2 demonstrate and
characterize the photo-destruction of the lipid membrane barrier and the concurrent
release of the encapsulated molecules. We used a single 3ns pulse at 337nm from a N,
laser to photolyze the lipid membrane. To increase the ease and yield of photolysis, the
membrane was doped with a dye (cholesteryl 1-pyrenebutyrate at 50 mol%) that has high
absorption cross-section in the UV. The exact mechanism by which the integrity of the
lipid membrane waé compromised is unclear, but is likely caused by a combination of

photochemical and photothermal processes. 163
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Figure 9-1A & 9-1B shows the photolysis of a 3pm-diameter vesicle. For
vesicles with diameters in the micrometer range, high laser power (~ 2 pJ prior to
entering the objective) is required. These vesicles always leave membrane residues on
the coverslip (Fig. 9-1B) if the photolysis occurred near (within a few micrometers) the
surface of the coverslip. In addition, because the diameter of the photolysis laser beam at
the focal plane (~ hundreds of nanometers) is smaller than that of the vesicle, the vesicle
sometimes tends to “fragment” to form smaller vesicles. For vesicles that are a few
hundred nanometers in diameter, laser powers of less than 1 pJ are typically sufficient for
photolysis. These nanometer-sized vesicles can be photolyzed completely without visible
remnants (Fig. 9-1C & 9-1D). Figure 3E characterizes the time scale of photolysis, in
which the fluorescence signal from a membrane dye (DiO-C18) was monitored
continuously with confocal microscropy as the trapped vesicle was being photolyzed.
Here, the three laser beams (488nm from the Ar’, 1064nm from the YAG, and 337nm
from the N,) were aligned co-linearly prior to entering the objective of the microscope.
The photo-destruction of the membrane occurs in the sub-microsecond time scale (Fig. 9-

1E).

Figure 9-2 shows the encapsulation in and release of a fluorescent dye, 5-
carboxyrhodamine 6G, from a trapped 600nm vesicle. The high quantum yield and
photostability of this dye makes it suitable for visualization of this release process under
fluorescence imaging. '* Most water-soluble proteins, peptides, nucleic acids, and small

molecules can be easily encapsulated into the vesicles without modification of the
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Figure 9-2. A sequence of fluorescence images showing the photolysis of a single
optically trapped 600nm-diameter vesicle that contained S-carboxyrhodamine 6G in
a PBS buffer solution. (A) is the fluorescent image before photolysis while (B-E) are the
subsequent images immediately after the firing of the N, laser. The time interval between
each adjacent image is 33 ms.

vesicle preparation procedure. The use of sub-micrometer diameter vesicles offers good
spatial control and resolution for locally stimulating the cell, while micrometer-sized
vesicles are useful when the amount of stimuli needed is high. The ease with which
loaded vesicles of defined sizes can be prepared makes this technique a versatile and

powerful platform for carrying out spatially resolved functional studies of single cells.

Functional study of cellular response upon vesicular release of stimulus: To
demonstrate the concept of our approach, we studied the functional response of CHO
cells transfected with muscarinic acetylcholine type 1 receptor upon localized stimulation
by carbachol, an agonist to the receptor. Carbachol causes increase of the intracellular
levels of calcium via inositol 1,4,5-triphosphates (IP3). '** We used the calcium
indicator, fluo-3, to monitor the intracellular concentration of calcium. Figure 6-3 shows
this calcium signaling event, in which a single 600nm vesicle loaded with carbachol was
trapped and positioned adjacent to the CHO-M1 cell followed by photolysis of the vesicle

with a single 3ns laser pulse (Fig. 9-3A). Upon photolysis and vesicular release of
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carbachol, the intracellular levels of calcium raised markedly as visualized by the
increase in fluorescence intensity of fluo-3 (Fig. 9-3B). The fluorescence images of the
cells in Fig. 9-3A & 9-3B appear blurry in part because we positioned the vesicle slightly

above the cell in this particular experiment so the cell was slightly out of focus.

Figure 9-3. The possibility to map the receptors on cell membrane. (A,B)
Response of a CHO-M1 cell to the localized delivery of carbachol from a 600nm-
diameter vesicle. The CHO-M1 cell was loaded with fluo-3 and the vesicle
contained 0.1 M carbachol. (C) Optical manipulation and positioning of a 600nm-
diameter vesicle along the periphery of a CHO-M1 cell as imaged under
Normaski; the vesicle was moved sequentially from location 1 through 5.

Figure 9-3C shows a CHO-M1 cell under Normaski in which the morphology and
the different processes of the cell can be clearly distinguished. To illustrate the spatial
control offered by this method for mapping the functional distribution of cell surface
proteins, we optically trapped a single 600nm vesicle and positioned it along the different
processes of the CHO-M1 cell. Unlike the use of caged compounds where the cell must
be perfused with significant concentrations of the compound, which may adversely affect

cellular physiology owing to both the presence of impurities and small amounts of
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uncaged molecules, 167

this method permits the positioning of a single nanometer-sized
vessel in close proximity to the cell with great spatial control. Here the cell is free of

exposure to non-biological organic caged compounds with a spatial localization of

stimuli release that is comparable to two-photon uncaging.

9.3 Conclusions

The use of nanocontainers, which in our case are lipid vesicles with tailored
compositions and sizes, overcomes the synthetic challenges associated with the use of
caged compounds and provides a versatile platform for “caging” any membrane-
impermeable molecules of interest. We believe this approach offers new versatilities for
studying the heterogeneous organization of cells and for unraveling the dynamics of
signaling mechanisms and cellular responses. The main drawbacks of this approach in its
current form are: (1) The preclusion of most intracellular applications due to the physical
dimension of the vesicles, (2) The lack of quantitative control over the amount of stimuli
released from the vesicle owing to variations in the sizes of the vesicles, and (3) The
limited shelf-life of vesicles (hours to days), which necessitates the periodic preparation
of new vesicles. These latter two constraints, however, may be overcome with the use of

non-vesicle based monodispersed nanocontainers, such as hollow polystyrene beads.
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