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This dissertation discusses the development and optimization of various open microfluidic inspired tools 

for translational science applications in studying human health and the environment. Chapter 1 introduces 

the field of open microfluidics and provides background into open microfluidic hydrogel patterning for 

tissue engineering and at-home blood sampling for downstream transcriptomic analysis. Chapter 2 

describes a novel removable suspended open microfluidic platform for patterning hydrogel-based tissue 

constructs suspended between two posts. This platform uses microfluidic principles such as surface tension 

and capillary pinning to control the flow and shape of hydrogels in a suspended format to generate 

engineered tissue constructs with defined interfacial regions for disease and tissue junction modeling. 

Chapter 3 explores the use of homeRNA, a previously established kit for at-home user-based blood 

collection and stabilization, in high temperature settings via two pilot studies conducted in the hot summer 

months in the Western and South Central United States and Doha, Qatar. These pilot studies yielded RNA 

from homeRNA-stabilized samples of sufficient quality for use in downstream transcriptomic analysis 

despite exposure to temperatures greater than 37°C. Chapter 4 further establishes the robustness of 

homeRNA by systematically testing RNA quality from homeRNA-stabilized samples after short-term (<2 

days) and long-term exposure (>2 days) to a range of temperatures above 37°C via in-lab testing and a real-

world controlled shipping experiment. These samples were then sequenced using 3’ mRNA-sequencing 

technology, which showed little to no preferential transcript degradation of isolated RNA from homeRNA-

stabilized samples due to high temperatures or extended shipping times. Chapter 5 then outlines the first 
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use of homeRNA with bulk RNA-sequencing, in which we demonstrated that homeRNA can successfully 

capture an LPS-induced inflammatory response that was comparable to that of stabilized venous blood. 

This work establishes the compatibility of homeRNA with bulk RNA-sequencing, demonstrating its 

potential as a useful tool for monitoring immune response via remote sampling. Lastly, Chapter 6 describes 

a yearlong homeRNA-based remote study to probe immune response to wildfire smoke exposure in the 

Western and South Central United States. This demonstrates the ability of homeRNA to be used in a fully 

remote and flexible study design for user-based blood collection in challenging environments. Ongoing 

work with this study includes investigating the gene expression profile of homeRNA-stabilized samples 

from 32 unique participants to elucidate the transcriptomic immune response to wildfire smoke. This 

dissertation presents two bioanalytical platforms that advance translational medicine by enabling more 

targeted biological and health-related investigations. Combined, STOMP and homeRNA collectively 

expand the scope of translational research in tissue engineering and remote sampling applications, thus 

supporting more targeted investigations into disease mechanisms, therapeutic efficacy, and environmental 

health impacts. 
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Chapter 1 │Introduction  

Portions of this introduction have been excerpted or paraphrased from Chapters 2-6 of this 
dissertation. 
1.1 Introduction to open microfluidics 

Microfluidics is an interdisciplinary field that has developed significantly in the last two decades. 

Microfluidic systems can be broadly defined as the study and manipulation of small liquid volumes within 

channels with at least one dimension on the micron scale1. These systems integrate techniques and 

principles from physics, chemistry, engineering, and biology to develop total analysis systems (i.e., lab-on-

a-chip systems) for a wide range of applications, such as chemical synthesis, biological analysis, 

microscopy, and diagnostic analysis1–4. Microfluidic systems are particularly useful because they allow for 

automated workflows, high-throughput processing, and low consumption of reagents or materials (e.g., 

primary cells, synthetic hydrogels, decellularized extracellular matrices from primary tissues). 

Additionally, microfluidic systems can manipulate fluid flow via active or passive pumping mechanisms, 

which enables precise spatial control over fluid and material placement within fabricated microchannels5.  

Microfluidic systems are often categorized into closed and open systems. In closed microfluidic 

systems, fluid flow occurs within fully enclosed structures (i.e., a channel with four borders). In traditional 

closed systems, specialized pumps (e.g., syringe pumps) at the channel inlet and outlet control fluid flow 

throughout the system, often referred to as active pumping5. As a result, the fluid is not accessible to the 

user throughout the closed channel system. In contrast, open microfluidic systems lack one or more channel 

borders, which creates an air-liquid interface along the length of the channel design6,7. This open channel 

design enables access throughout the channel using standard laboratory tools (e.g., a micropipette) to add, 

remove, or manipulate fluid or materials. Flow in open microfluidic systems is governed by capillary forces 

and surface tension, thus eliminating the need for specialized fluidic pumping equipment and reducing cost 

and complexity of microfluidic systems7–9. Consequently, these combined advantages of reduced channel 

complexity, enhanced fluid accessibility, and simplified fluid manipulation make open microfluidic 
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systems particularly well-suited for translational applications in biomimetic tissue engineering, cellular 

analysis, and molecular analysis10–12. 

Since open microfluidic systems are broadly defined as lacking at least one channel boundary (and 

therefore containing at least one air-liquid interface), this structural flexibility allows for a wide array of 

channel configurations to be designed according to specific application requirements. These configurations 

include: simple channels devoid of a ceiling (referred to as “u-shaped” channels), rail-based channels 

containing a ceiling and a floor border but lacking two side walls (generating two air-liquid interfaces), 

suspended channels that lack a ceiling and a floor but contain two wall borders, or enclosed channels with 

an open inlet and outlet (often referred to as semi-open systems)6–8,13,14. However, when designing an open 

microfluidic system, both the channel geometry and the surface chemistry must be carefully considered, as 

fluid flow is governed by surface tension and capillary forces. A key mechanism enabling this flow control 

is spontaneous capillary flow (SCF). A simplified equation has been described8 that indicates the conditions 

for whether SCF will occur and can be summarized in equation (1.1): 

!!
!"
< 𝑐𝑜𝑠(𝜃)        (Eq. 1.1) 

where pf refers to the free perimeter of a cross-section of a channel, or the portion of the perimeter that 

contains an air-liquid interface, pw refers to the wetted perimeter, or the portion of the perimeter where 

liquid is in contact with a surface, and θ refers to the contact angle of the fluid on that surface. By 

manipulating these parameters to satisfy the inequality, researchers can design open microfluidic systems 

with predictable, SCF-driven fluid flow.  

1.2 Engineering tissues through open microfluidic hydrogel patterning 

 Patterning refers to a category of techniques that facilitate the precise arrangement of materials in 

a user-specified geometry or pattern. In three-dimensional (3D) cell culture, patterning refers to the precise 

arrangement of cells, hydrogels, or molecules to generate physiologically relevant tissue-like structures. 

Hydrogels, both native-derived and synthetic, are widely used in 3D cell culture techniques due to their 

ability to mimic the structural and biochemical properties present in native extracellular matrix (ECM) 
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networks15. Conventional methods for 3D cell culture involve embedding cells homogeneously within a 

hydrogel scaffold to increase cell-cell and cell-ECM interactions in vitro16,17; these cultures often consist 

solely of one combination of cell and hydrogel type18–20 or two or more cell types homogeneously mixed 

within a single culture21–24. Incorporating patterning within conventional 3D cell-laden hydrogel systems 

allows for multiple cell types, ECM types, and/or ECM compositions to be spatially arranged within a 

single 3D tissue construct. Hydrogel patterning in 3D systems thereby enables user-defined designs of 

tissue-level structures or interfacial regions between different tissue types in a controlled 

microenvironment. The tissue complexity mediated by 3D patterning allows for more physiologically 

relevant investigations into cell signaling behavior25–27, tissue regeneration28–30, and drug or other small 

molecule interactions25,31–33. 

Cell-embedded hydrogel patterning techniques that enable spatially and geometrically controlled 

tissue structures include photolithography, soft lithography (e.g., micromolding), 3D bioprinting, and 

microfluidics.34–37 In photolithography, light is used to activate photo-crosslinkable moieties in a cell-laden 

hydrogel.38,39 By defining the area that is exposed to light through the use of photomasks or laser irradiation, 

the geometry and composition of the resulting tissue structure can be controlled. Soft lithography uses a 

mold or stamp to dictate the shape and pattern of cells/proteins in a cell-laden hydrogel.40,41 Lastly, 

extrusion-based 3D bioprinting uses bioink to print 3D structures in a controlled layer-by-layer approach 

to include different regions of cells and ECMs.42,43 Comparatively, microfluidic systems utilize 

manipulation of fluid flow to enable precise spatial control over hydrogel placement within fabricated 

microchannels. By changing the channel dimensions and/or surface properties to favor fluid advancement 

or impediment, fluid movement and placement can be controlled within the channels.44,45 These 

modifications enable the precise shaping of hydrogels to create patterned tissue constructs. 

Building upon the principles of microfluidic hydrogel patterning, this dissertation introduces an open 

microfluidic approach for controlling hydrogel placement to generate 3D suspended and patterned cell-

ECM constructs for tissue engineering applications. Taking advantage of surface tension, capillary pinning 

features can be incorporated into open channels to stop fluid advancement and control fluid front placement 
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(Figure 1.1). In this work, a suspended open channel (i.e., a channel with two walls but no ceiling or floor) 

with capillary pinning features is used to pattern multiple regions within a single suspended tissue construct 

(Chapter 2). Since open channels are accessible via pipette across the channel geometry, distinct regions of 

cell-ECM liquid precursors can be patterned along the channel length; the number of distinct regions 

depends on the number of capillary pinning feature sets positioned along the channel. With this open 

microfluidic patterning method, open microfluidic channels control tissue deposition but can be 

subsequently removed to reveal free-standing engineered tissue models for downstream applications (e.g., 

mechanical loading, further patterning, staining, and imaging). 

 

Figure 1.1. Suspended tissue open microfluidic patterning for tissue engineering. Schematic demonstrating 
suspended tissue open microfluidic patterning with the incorporation of capillary pinning features to pattern 
distinct regions within a single tissue construct. Example images were generated by patterning three regions 
of purple- and yellow-colored agarose gels (top right) and mouse fibroblast cells dyed by CellTracker Green 
(green) and CellTracker Red (magenta) laden in fibrin.  
 
1.2.1 Suspended tissue open microfluidic patterning 

While suspended tissue models offer advantages for studying mechanical cues in 3D cell culture46–

48, current methods for generating these constructs are limited in their ability to create regional heterogeneity 

within a single tissue. Traditional casting methods, which involve pouring a precursor cell-ECM liquid 

solution into a mold49,50, lack precise geometric and cellular distribution control, while  3D bioprinting 
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approaches coupled with sacrificial suspension baths require specialized equipment, which limits 

accessibility and scalability, and is often limited by the type of cells and ECMs that can be used due to the 

shear-thinning nature of 3D bioprinting51–53. Although previous open microfluidic work has demonstrated 

the ability to pattern multiple cell types or ECMs in various configurations54–57, suspended open 

microfluidic systems have been limited to generating tissues with uniform cell-ECM compositions58,59. To 

address these limitations, Chapter 2 presents the development of Suspended Tissue on Open Microfluidic 

Patterning (STOMP), a novel approach that combines the accessibility of open microfluidics with capillary 

pinning features to generate regionally heterogeneous suspended tissue constructs. STOMP uses a 

removable open microfluidic patterning device that interfaces two suspended posts, thus generating a 

suspended hydrogel over an open space without the use of a sacrificial material (Figure 1.1). Utilizing 

surface tension to drive flow and capillary pinning to stop flow, STOMP can control the spatial placement 

of tissue components within a single suspended construct. Additionally, STOMP employs two 

complementary approaches for device removal: leveraging cellular contractile forces to pull tissues away 

from the STOMP channel walls or incorporating degradable wall materials that dissolve to release the 

patterned tissue construct. In this work (Chapter 2), we demonstrate STOMP's utility by modeling a fibrotic 

region within engineered heart tissue and a bone-ligament interface in periodontal tissue constructs. This 

work demonstrates that STOMP has the potential to model diverse biological structures and border regions 

for physiological tissue engineering and preclinical drug screening applications. 

1.3 Remote blood sampling for translational transcriptomic studies 

Blood transcriptomic profiling is widely used in translational research to investigate gene expression 

signatures and biomarkers across diverse immune states, including disease onset and progression, response 

to environmental exposures, and therapeutic interventions60–65. To better capture these dynamic immune 

responses, remote blood sampling has emerged as a valuable technology, enabling participant-initiated 

sample collection outside traditional clinical facility settings66–68. By eliminating the need for centralized 

clinic locations and trained phlebotomy staff, remote blood sampling enables researchers to achieve (1) 

greater inclusion of participants who would otherwise be excluded due to logistical or personal constraints 
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(e.g., work schedules, caregiver responsibilities, mobility challenges)69, (2) enhanced ability to capture 

immediate physiological responses to acute exposures (e.g., environmental, vaccine or medication 

response, autoimmune flares)70, (3) simplified frequent collection of samples for longitudinal studies 

without the burden of repeated clinic visits71,72, and (4) expanded geographical sampling locations, 

including rural settings with limited access to hospitals or clinics73. 

1.3.1 Current remote blood sampling methods and challenges  

Blood transcriptomic profiling methods rely on well-preserved RNA samples, as low-quality or 

highly degraded RNA can introduce biases in gene expression profiles that reduce the accuracy and 

reproducibility of transcriptomic analyses74–76. However, the inherent instability of whole blood RNA ex 

vivo presents a significant challenge for transcriptomic profiling. Blood contains high amounts of 

ribonucleases (known as RNases) that can activate degradation pathways, compromising the integrity of 

intracellular RNA transcripts and altering measured gene expression levels76,77. Therefore, studies that do 

not include immediate extraction of RNA from collected blood samples require a method of RNA 

stabilization78. In clinic-based studies, commercially available RNA stabilization solutions such as 

PAXgene and Tempus are commonly used; these solutions can come packaged in vacutainer tubes which 

make it easy to directly collect blood into the stabilizer solution from a phlebotomy draw. RNAlater is 

another available stabilization solution which has been used to preserve RNA in both blood and tissue 

samples. 

The established need for RNA stabilization in clinic-based studies becomes even more critical when 

samples need to be collected remotely and shipped to centralized laboratories. Remotely collected samples 

must withstand extended shipping times, temperature fluctuations that can occur during transit, and 

handling variations that can further compromise RNA stability. Current remote sampling approaches have 

attempted to address these challenges through two primary strategies: dried blood spot (DBS) sampling and 

liquid blood collection with stabilization. DBS-based sampling, which typically uses a lancet on a fingertip 

to collect a drop of blood on a piece of paper, relies on drying of the blood to stabilize RNA79,80. While 

several studies have demonstrated successful RNA sequencing from DBS samples81–83, this approach faces 
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significant limitations including inconsistent RNA yields, lack of standardized processing protocols, and 

frequent requirement for pre-amplification steps that can introduce bias into transcriptomic data84–87. 

Additionally, the small volume of blood collected (typically <100 μL) limits the scope of analyses that can 

be performed. To overcome volume limitations, newer remote collection devices utilize a lancet that 

collects blood from the upper arm (e.g., Tasso, YourBio) that can draw larger blood volumes (up to 1 

mL)88,89. However, these increased volumes are incompatible with drying-based stabilization, necessitating 

liquid stabilization approaches to maintain RNA integrity in transit. 

1.3.2 homeRNA for remote self-administered blood collection and stabilization  

To address the need for a remote blood sampling method that combines larger blood volumes with 

robust RNA stabilization, we developed the homeRNA kit. The homeRNA kit is an at-home blood self-

collection and RNA stabilization platform that combines the commercially available Tasso-SST upper-arm 

collection device with a custom stabilizer tube containing RNAlater90. Figure 1.2 illustrates the homeRNA 

workflow for conducting remote blood transcriptomic studies, including the workflow of blood self-

collection and stabilization process with homeRNA. Using homeRNA, participants collect up to 0.5 mL of 

whole blood from their upper arm, immediately stabilize the collected blood sample with RNAlater, and 

ship it back to the laboratory for further processing and analysis. We previously demonstrated the feasibility 

and usability of homeRNA in a pilot study involving 47 participants across 10 US states. These remotely 

collected samples yielded RNA of sufficient quantity and quality for downstream transcriptomic analysis, 

establishing the potential of homeRNA for use in large-scale remote research.90. However, several critical 

questions remained regarding the validation and demonstration of homeRNA for downstream 

transcriptomic analysis. Building on this foundation, the research presented in this dissertation addresses 

three key areas: (1) validating RNA stability and quality under high temperature shipping conditions, (2) 

demonstrating comparable immune response detection to traditional venous sampling, and (3) applying 

homeRNA to a large-scale environmental health study to capture immune responses to wildfire smoke 

exposure.  
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Figure 1.2. Workflow for remote blood sampling with homeRNA, a self-blood collection and stabilization 
kit. 
 
1.3.3 Stability of homeRNA in high temperature settings  

Validating remote blood sampling methods under high temperature shipping conditions has important 

implications for expanding clinical research applications to tropical disease studies (e.g., dengue fever, 

malaria) or seasonal environmental exposures (e.g., wildfire events during hot summer months). 

Specifically, it is critical to determine whether blood samples exposed to elevated temperatures during 

shipping experience preferential degradation of specific RNA transcripts, which could adversely affect 

RNA quality or systematically bias transcriptomic analyses. The existing body of research has primarily 

investigated the effects of cold and ambient temperatures on RNA integrity prior to isolation from whole 

blood samples, as well as stability of RNA following extraction91–94. However, few studies to date have 
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systematically investigated exposure of blood to high temperatures (>37°C) and its effect on the resulting 

isolated RNA quality or transcriptomic results.  

 In Chapters 3 and 4 of this dissertation, I describe additional investigations into validating homeRNA 

for use in high temperature settings. In Chapter 3, I describe two small pilot studies that investigate RNA 

quality of homeRNA-stabilized samples exposed to high external temperatures during sample collection 

and shipment95. The first pilot study took place in Doha, Qatar (known for its dry desert climate) and the 

second pilot study took place in Western and South Central US States during hot summer months (including 

a record heat wave during June 2021 in the Pacific Northwest). For samples collected from both studies, 

we examined quality control metrics typical to determining suitability of isolated RNA for downstream 

RNA transcript analysis, including the RNA integrity number (RIN) and total cellular RNA yield.  In 

Chapter 4, we expanded upon the work done in Chapter 3 to design a set of temperature-controlled 

experiments on RNAlater-stabilized whole blood samples exposed to temperatures up to 50°C for up to 8 

days. Additionally, we conducted a real-world shipping experiment with homeRNA-stabilized samples and 

sequenced a subset of these samples using 3’ mRNA sequencing (3’ mRNA-seq) to better understand how 

variable exposure to different temperatures and shipping times can affect the quality of the transcriptomic 

data96. Overall, these combined chapters support that homeRNA can be used in elevated temperature 

conditions and experience limited preferential degradation of transcripts as a result of different shipping 

times, temperatures, and regions. 

1.3.4 Capturing controlled immune response via lipopolysaccharide stimulation with homeRNA 

Previous studies have demonstrated that homeRNA robustly stabilizes blood during remote self-

sampling, user-stabilization, and shipping processes90,95,96. A recent study also showed that homeRNA can 

capture a biological immune response to SARS-CoV-2 using a targeted Nanostring gene panel, which is a 

mRNA-barcoding technology that directly quantifies specific gene transcripts71,97. However, homeRNA 

had not yet been validated for genome-wide transcriptomic profiling using bulk RNA sequencing and direct 

comparison of homeRNA to traditional clinical sampling methods remained unexplored. To address this 

need, Chapter 5 demonstrates the applicability of homeRNA for detecting biological responses through 
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bulk RNA sequencing analysis. Specifically, we leveraged the comprehensive read depth of RNA 

sequencing to identify pathway and gene-level alterations that homeRNA can capture compared to standard 

phlebotomy blood draws. We measured induced immune responses to LPS stimulation in blood collected 

with homeRNA compared to venous blood stabilized with either RNAlater (the same solution used in 

homeRNA) or PAXgene (a common stabilization solution for phlebotomy draws). This comparative study 

validates homeRNA as a remote sampling method capable of generating transcriptomic data comparable to 

traditional clinic-based blood sampling approaches. 

1.3.5 Real-world application of homeRNA: Probing immune response to wildfire smoke exposure 

Wildfire incidence and severity are increasing globally, with longer fire seasons and higher intensity 

expected to continue in a warming climate98–100. Particularly in the western US, wildfire frequency and 

resulting burned area have dramatically increased over the last two decades101,102. Beyond environmental 

damage, wildfire smoke exposure causes acute respiratory symptoms103,104 and exacerbates chronic 

conditions including COPD105,106, asthma107, and cardiovascular disease108,109. Understanding the biological 

mechanisms underlying these health impacts, particularly related to immune and inflammatory responses, 

could enable biomarker discovery, targeted therapies, and improved risk assessment tools. 

Despite growing interest in wildfire smoke health effects, few studies have investigated 

transcriptomic immune responses to smoke exposure in humans. Traditional clinic-based studies face 

significant logistical challenges due to wildfires' unpredictable nature and occurrence in rural areas with 

limited healthcare infrastructure. Researchers must either rely on historical data to predict fire-prone 

locations with adequate clinical facilities110, establish expensive multi-site studies, or depend on 

retrospective analyses111–113. These factors limit the ability to capture acute immune responses during active 

smoke events. 

Chapter 6 details a large-scale longitudinal study that utilized homeRNA to collect samples in 

response to wildfire smoke throughout the western United States. The primary objective of this study was 

to (1) evaluate the feasibility of a flexible study design in response to disasters and (2) assess the immediate 

and longitudinal effects of wildfire smoke exposure on blood transcriptomics in an initial cohort. This study 
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demonstrates the utility of homeRNA for responsive, fully remote study designs that can be rapidly 

deployed during unpredictable environmental events, enabling real-time capture of immune responses to 

wildfire smoke exposure. 

1.4 Dissertation Summary 

This dissertation presents two bioanalytical platforms that advance translational medicine by enabling 

more targeted biological and health-related investigations. First, I developed Suspended Tissue on Open 

Microfluidic Patterning (STOMP), a novel microfluidic approach that utilizes capillary pinning features to 

generate heterogeneous, multi-region 3D tissue constructs with precise spatial control over cellular and 

extracellular matrix composition. STOMP enables the modeling of complex tissue interfaces and 

pathological regions, as demonstrated through cardiac fibrosis models and periodontal bone-ligament 

constructs, thereby facilitating targeted investigations of disease mechanisms and therapeutic interventions. 

Second, I developed and optimized homeRNA, a remote blood self-collection and RNA stabilization 

platform that enables downstream transcriptomic studies in diverse populations and settings. I validated 

homeRNA's robustness through high-temperature stability testing, demonstrated its capability for immune 

response detection via lipopolysaccharide stimulation, and applied it in a real-world study capturing 

immune responses to wildfire smoke exposure across the western United States. Critically, homeRNA-

stabilized samples were shown to be compatible with downstream RNA sequencing analysis (3’ mRNA-

sequencing and bulk RNA-sequencing) and were able to maintain RNA integrity across diverse 

environmental conditions and extended shipping periods. Combined, STOMP and homeRNA collectively 

expand the scope of translational research in tissue engineering and remote sampling applications, thus 

supporting more targeted investigations into disease mechanisms, therapeutic efficacy, and environmental 

health impacts. 
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Chapter 2 │Suspended Tissue Open Microfluidic Patterning (STOMP)  
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fabricated the PDMS posts with process inputs from NJS. JB performed the theoretical analysis and 
derivations of the Laplace pressure at the pinning features. LGB and AJH performed the experimental 
pinning of collagen in the different pinning features. AG designed and conducted the engineered heart 
tissue experiments with design inputs from LGB, AJH, and NJS. AG performed the data analysis for the 
engineered heart tissue experiments. PM designed and PM and NM conducted the periodontal tissue 
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Abstract: Free-standing tissue structures tethered between pillars are powerful mechanobiology tools for 

studying cell contraction. To model interfaces ubiquitous in natural tissues and upgrade existing single-

region suspended constructs, we developed Suspended Tissue Open Microfluidic Patterning (STOMP), a 

method to create multi-regional suspended tissues. STOMP uses open microfluidics and capillary pinning 

to pattern subregions within free-standing tissues, facilitating the study of complex tissue interfaces, such 

as diseased-healthy boundaries (e.g., fibrotic-healthy) and tissue-type interfaces (e.g., bone-ligament). We 

observed altered contractile dynamics in fibrotic-healthy engineered heart tissues compared to single-region 

tissues and differing contractility in bone-ligament enthesis constructs compared to single-tissue 

periodontal ligament models. STOMP is a versatile platform – surface tension-driven patterning removes 

material requirements common with other patterning methods (e.g., shear-thinning, photopolymerizable) 

allowing tissue generation in multiple geometries with native extracellular matrices and advanced 4D 

materials. STOMP combines the contractile functionality of suspended tissues with precise patterning, 

enabling dynamic and spatially controlled studies. 
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2.1 Introduction  

Developing methods to generate more physiologically relevant three-dimensional (3D) tissue 

models is important for a wide range of applications, from modeling tissue development to realizing clinical 

applications in tissue regeneration1,2. To recapitulate in vivo tissue architecture, traditional 3D cell cultures 

embed cells within a hydrogel consisting of natural or synthetic compositions of the extracellular matrix 

(ECM). However, in traditional 3D cell culture models (e.g., attached to the bottom of a well plate or in a 

hanging drop spheroid), it is often difficult to control mechanical cues that play a crucial role in cell 

morphology, alignment, proliferation, and differentiation3,4. To address this limitation, flexible cantilevers 

and pillars can serve as scaffolds for suspended 3D tissue structures that experience tensile forces5-9; these 

platforms have been used to develop engineered heart10, musculoskeletal11,12, and lung13-15 tissues, as well 

as wound healing skin models16. However, suspended models typically consist of a single cell type or ECM 

composition, lacking the regional heterogeneity seen in natural tissues. This heterogeneity is reflected not 

only in the distinct junctions seen in healthy tissues (e.g., bone-ligament interfaces), but also disease 

processes (e.g., fibrosis) can locally alter cell types and ECM composition. Having control over the precise 

cellular and ECM composition within a single tissue construct increases the physiological relevance and 

opens new applications for modeling complex disease processes. 

To achieve geometric control in 3D tissue constructs, many biofabrication techniques, such as 

casting17-19, photopatterning20,21, and 3D bioprinting22-24, have been developed to recapitulate the complex 

structural and cellular composition of native tissues25. Of these biofabrication techniques, the casting 

method is widely used to generate free-standing suspended tissues (e.g., a tissue suspended between two 

posts in culture)26,27. However, the casting method is limited in geometric and cellular distribution control. 

Recently, 3D bioprinting has been used to generate suspended microfibers28 via low-voltage 

electrospinning, and freeform structures via a sacrificial suspension bath29-33. These bioprinting methods 

require custom-engineered 3D bioprinted systems, which limit their accessibility and scalability. 

Microfluidic-based technologies are also widely used for their ability to introduce dynamic or perfusable 
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flow to complex culture systems, where active flow can be used to pattern cells or cell-laden hydrogels 

within a microfluidic device34-39.   

It is also possible to use surface tension to drive passive flow; this type of flow has been used 

extensively in open microfluidic systems, eliminating the need for complex off-chip pumping systems. 

Open microfluidic systems are defined as having at least one channel boundary that confines the fluid flow 

open to the air40-45. Open channels can exist in multiple configurations and can be defined within solid 

boundaries to pattern distinct regions40,46-49 or within fluid boundaries to pattern aqueous circuits50. Open-

to-air channels allow for easy accessibility and manipulation of cell-ECM solutions via a simple pipetting 

step. Recently, open microfluidic-based 3D cell culture platforms have been realized to pattern multiple 

cell types or ECMs in layered 3D structures46,51,52, for generating rail-based (i.e., a channel without walls) 

regional culture systems47-49,53-56, and for patterning regions of degradable gels for temporal and spatial 

control of the cellular microenvironment46,57,58. Suspended open microfluidic systems that are devoid of a 

ceiling and floor have been used to generate suspended tissues composed of a uniform cell-ECM 

composition51,52. 

Here, we utilize suspended open microfluidics and capillary pinning to pattern 3D free-standing 

suspended tissues; we call this method Suspended Tissue Open Microfluidic Patterning (STOMP). STOMP 

interfaces with our previously described platform in which a tissue is suspended between two posts such 

that the tissue construct forms a bridge between these posts26,59-62. Previously, tissues formed using this post 

platform were generated with a casting method to form a tissue that is uniform in composition. In contrast, 

the STOMP platform uses a removable 3D-printed patterning device containing an open microfluidic 

channel that interfaces around the two posts. This method offers the unique advantage of spatially controlled 

material and cell composition by employing capillary pinning features along the open channel. Using 

surface tension to drive flow and capillary pinning to stop flow, we can achieve control over the placement 

of tissue components to pattern multiple regions within a single suspended tissue. After patterning, we 

either take advantage of cell compaction allowing for the tissue to pull away from the patterning walls, or 

employ a degradable poly(ethylene glycol) (PEG)-based hydrogel patterned in an open microfluidic 
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channel within the STOMP channel walls to dissolve the channel wall, allowing for gentle removal of the 

STOMP device and revealing a suspended tissue. This system provides the capability to model complex 

biological features, such as border regions between tissues (e.g., disease and healthy tissue borders) and 

tissue junctions (e.g., bone-ligament interfaces). 

2.2 STOMP is a versatile tool for achieving geometric, volumetric, and compositional control over a 

diverse set of materials and tissues  

Free-standing engineered tissues suspended between two posts are commonly generated using a 

casting technique where posts are placed upside down within a well plate that contains a mold where a cell-

laden hydrogel precursor solution is pipetted62. STOMP adds upon these existing techniques, enabling 

spatial control over tissue composition. To achieve this control, STOMP uses a pinning technique, where a 

geometric discontinuity acts as a pinning feature that opposes the driving capillary forces that advance the 

fluid front, thereby immobilizing the capillary flow at a predefined location63-67 (Figure 2.1). Further, the 

use of an open channel (i.e., a channel without a ceiling and floor) allows for access so different 

combinations of cell-hydrogel precursors can be pipetted into different regions. The fluid fronts on either 

side of a pair of pinning features come together to form a contiguous tissue with distinctly different regions. 

The pinning features of STOMP can be placed anywhere along the length of the open channel. Moreover, 

multiple pinning features can be placed in one tissue, generating more than two regions. To illustrate the 

versatility of possible geometries, we show patterning of one, two, and three regions with colored agarose 

(Figure 2.1).  

STOMP uses three components: (1) two vertical posts that suspend the final tissue as a bridge between 

them, (2) a removable patterning device containing an open microfluidic suspended channel designed to 

surround the two posts, and (3) holding clips to secure the assembly together (Figure 2.1a-b). Once 

assembled, we pipette a cell-laden hydrogel precursor into the open channel (Figure 2.1d). The solution 

flows throughout the open channel via spontaneous capillary flow. Once the cell-laden hydrogel solidifies 

and the traction forces of the embedded cells cause the construct to pull away from the walls of the 
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patterning device, we remove the patterning device and the construct is cultured as a free-standing 

suspended tissue. 

The precursor solution is held suspended between the walls of the open channel of the patterning 

device via surface tension as the solution transitions from liquid to gel state40. After gelation, the entire 

assembled patterning device is placed in a 24-well plate with media (Figure 2.1c). To prevent the tissue 

from sticking to the walls, we incubate the channel with 1% bovine serum albumin (BSA) prior to pipetting 

the precursor solution. T-shaped caps on each of the posts anchor the tissue such that it stays suspended 

between the tips of the posts. After visible compaction, the patterning device is gently lifted, thereby 

releasing the tissue while it stays suspended between the two posts. In this work, we have generated 

suspended tissues with STOMP composed of multiple hydrogel and ECM types including type I collagen, 

fibrin, Matrigel, agarose and custom-engineered enzymatically degradable poly(ethylene glycol) (PEG). 

We have also used multiple cell types including fibroblasts, periodontal ligament cells, and cardiomyocytes. 

We demonstrate using two sets of pinning features (Figure 2.1e) with 3T3 mouse fibroblast cells dyed by 

CellTracker Green CMFDA and CellTracker Red CMTPX patterned to make a three-region configuration 

(Figure 2.1f). This workflow requires three pipetting steps, where different precursor solutions on either 

side of the pinning feature will meet (Figure 2.1g). We further demonstrate this spatial patterning of three 

separate regions in a free-standing tissue with colored agarose (Figure 2.1h). 

By adding this regional control we enable in vitro models to investigate heterogeneity within a single 

tissue (e.g., diseased adjacent to healthy tissue), or even the investigation of multiple tissue interfaces within 

a single construct (e.g., bone adjacent to ligament tissue). STOMP also offers volumetric control in tissue 

size. In open microfluidic systems, surface tension is the main driving force of flow40-43,68. By changing the 

dimensions of the patterning channel, we can change the shape of the generated tissue as long as the cross-

sectional dimensions of the channel follow the equation necessary for spontaneous capillary flow (Eq. 2.1), 

where pf is the free perimeter and pw is the wetted perimeter of the cross section40. Equation (2.1) can be 

simplified to equation (2.2) for a suspended channel geometry where w is the width (free perimeter) of the 
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channel, h is the height (wetted perimeter) of the channel, and θ is the contact angle of the hydrogel on the 

channel surface40,46. These dimensions can be visualized in the x-z cross-section in Figure 2.1B. 

  (2.1) 

  (2.2) 

With STOMP, dimensions smaller than the capillary length of a fluid – where surface tension dominates 

over gravity – are preferred to maintain a uniform cross-section of the hydrogel fluid front along the 

channel. At larger geometrical dimensions, droplets can form within the channel, thereby preventing the 

complete filling of the open channel (i.e., wetting of the hydrogel along channel walls). Therefore, by 

maintaining the conditions for spontaneous capillary flow in a suspended channel (Eq. 2.2), we scaled our 

current STOMP design to achieve tissue volumes between 30-100 μL of hydrogel precursor, depending 

on channel dimensions. With customizable channel geometries, STOMP can be used to generate tissues 

of various sizes. For instance, a smaller volume may be advantageous when using precious cells or 

designer hydrogel material, and a larger volume may be advantageous for longer culture periods in tissues 

that compact and remodel their matrix. 
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Figure 2.1. Workflow of generating single and multi-region suspended tissues using the STOMP 
platform. (a) Image of the STOMP platform, which includes a removable patterning device containing an 
open channel that interfaces with a pair of vertical posts. The patterning device is held in place to the base 
for the posts with holding clips. (b) Schematic of the STOMP platform. A cell-laden hydrogel is pipetted 
into the open channel, where it flows via surface-tension driven forces across the open channel and 
anchors onto the suspended posts, thus generating a free-standing suspended tissue. (c) Side view of the 
resulting suspended tissue cultured in a 24-well plate. (d) Workflow of patterning a tissue composed of a 
single region, where the composition is the same across the tissue. (e) Top-down view of the capillary 
pinning features along the open channel that are used to pin the fluid front. (f)Fluorescent image of 
patterned 3T3 mouse fibroblast cells laden in a fibrin hydrogel using STOMP. The outer region of 3T3 
cells were dyed by CellTracker Green (green) and were pipetted first. The middle region of 3T3 cells were 
dyed by CellTracker Red (magenta). Scale bar is 500 μm. (g)Workflow of patterning tissues comprising 
three distinct regions. Corresponding video stills show patterning of purple-colored agarose in the outer 
regions first, followed by patterning yellow-colored agarose in the middle region. All scale bars are 2 mm. 
(h) Side view image of multi-region agarose suspended hydrogel construct. Scale bar is 2 mm. 



 38 
 

2.3 Theoretical modeling of capillary pinning features for control over 3D geometry within a suspended 

tissue construct 

To pattern distinct regions, we use pinning features to stop the fluid front, thus creating a defined 

border region. However, when a second solution is pipetted into the channel on the other side of the pinning 

feature, the pinning must intentionally be broken, allowing the two fluid fronts to meet to form a continuous 

tissue. Here, we analyze two pinning feature designs we refer to as convex “vampire” or concave “cavity” 

pins. The convex “vampire” pinning feature design comprises opposing reliefs resembling “teeth”, with the 

reliefs extending along the height of the channel (Figure 2.2a). We note that 𝛼 is the angle formed by the 

triangular shaped relief, 𝜃 is the contact angle of the hydrogel with the channel wall, and 𝑤" is the distance 

between the two opposing reliefs of the convex “vampire” pins (Figure 2.2a). If 𝛾 denotes the surface 

tension of the liquid, the Laplace pressure, 𝑃, of the liquid is given below (Eq. 2.3), where 𝑟 is the curvature 

radius of the pinned interface. 

  (2.3) 

At the pinning limit (i.e., the maximum interface the fluid bulges before pinning is broken), the interface 

forms the angle θ with the triangular edge64-67,69 (Figure 2.2a). At this pinning limit, the relationship between 

the geometry of the convex “vampire” pins (Figure 2.2a) and the contact angle θ is described by equation 

(2.4); a more detailed derivation is located in Appendix A, and geometric considerations are illustrated in 

Supplementary Figure A4. 

  (2.4) 

Substituting equation (2.4) into equation (2.3) yields the threshold Laplace pinning pressure, above which 

pinning is lost in the convex “vampire” pinning feature design (Eq. 2.5). 

            (2.5) 

 The concave “cavity” pinning feature comprises two facing cuts into the open channel resembling 

circular cavities, with the cut extending along the height of the channel (Figure 2.2b). We note that 𝛽 is the 
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angle formed by the line tangent to the circular cavity and the wall of the channel, θ is the contact angle of 

the hydrogel with the channel wall, and w2 is the width of the open channel (Figure 2.2b). Equation (2.6) 

describes the geometric relations of the concave “cavity” pinning feature and the contact angle at the 

pinning limit. A more detailed derivation is located in Appendix A and geometric considerations are 

illustrated in Supplementary Figures A5-6. 

       

 (2.6) 

Substituting equation (2.6) into equation (2.3) yields the threshold Laplace pinning pressure, above which 

pinning is lost in the concave “cavity” pinning feature design (Eq. 2.7). 

  (2.7) 

Because gravity has a small, but non-negligible effect, we must also consider hydrostatic pressure at the 

pinning interface. For both pinning feature designs, hydrostatic pressure at the bottom of the channel is 

given below in equation (2.8), where 𝜌 is the density of the hydrogel, g is the gravitational constant, and h 

is the height of the channel. The effect of gravity on our system is further described in Appendix A and 

Supplementary Figure A7. 

  (2.8) 
 The pinning is determined by the fluid pressure at the pinning site. Pinning remains stable if the fluid 

pressure is lower than the threshold Laplace pinning pressure. The highest pressure occurs at the bottom of 

the channel where hydrostatic pressure is maximum. Therefore, the stability of pinning is dictated by the 

conditions at the bottom of the device. If pinning is lost at the bottom, it leads to a gradual loss of pinning 

along the entire vertical ridge. Figure 2.2g depicts a representative illustration of what the fluid front looks 

when pinning of the first pipetted region fails. 



 40 
 

 
Figure 2.2. Characterization of capillary pinning features used in STOMP to generate multi-region 
suspended tissues. Geometric considerations of (a) vampire and (b) cavity pinning feature designs. Graphs 
of maximum Laplace pinning pressure plotted against (c) α, pin angle of the vampire feature and (d) β, pin 
angle of the cavity feature. Solid lines represent a Laplace pinning pressure (ΔPvampire or ΔPcavity) for a 
contact angle of Ө = 30°, which is the average contact angle for 5 mg/mL collagen on 3D-printed resin 
treated with 1% BSA at room temperature for one hour. Upper and lower bounds of the Laplace pinning 
pressure is calculated based on the largest measured contact angle (Ө = 48°) and the smallest measured 
contact angle (Ө = 15°) on 1% BSA-treated 3D-printed resin. If the Laplace pinning pressure is greater 
than that of the hydrostatic pressure (ΔPhydrostatic = 33.5 Pa) then pinning is predicted to occur (shaded in 
green). If the Laplace pinning pressure is less than ΔPhydrostatic, then pinning will not occur (shaded in 
magenta). (e) Representative video still images of 23 μL of a 5 mg/mL precursor collagen solution pipetted 
into two different 1% BSA treated STOMP devices containing the vampire pinning features; left four 
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images use devices with α = 20° and right four images use devices α = 45°. (f) Representative video still 
images of 23 μL of a 5 mg/mL precursor collagen solution pipetted into two different 1% BSA treated 
STOMP devices containing the cavity pinning features; left four images uses devices with β = 40° and right 
four images use devices with β = 100°. Scale bars on insets are 1 mm. All other scale bars are 3 mm. (g) 
Visualization for the loss of pinning mechanism, where a pink arrow indicates the direction of flow of the 
purple hydrogel, with pinning first lost at the bottom of the channel. 

 

According to equations (2.5) and (2.7), the angles α and 𝛽 of the convex “vampire” and concave 

“cavity” pins, respectively, affect whether pinning is maintained or lost (Figure 2.2a-b). We plotted a range 

of these angles to generate a theoretical prediction of the threshold Laplace pinning pressure using the 

parameters for 5 mg/mL collagen, with a 1% BSA treated 3D printed resin surface (Figure 2.2c-d). The 

contact angle was found to be 30°±2° (n=20). We also considered how the range of the contact angle (15-

48°) affects the theoretical modeling (see Supplementary Table A1). Using the values of the different 

parameters in Supplementary Table A3, we plot the threshold Laplace pinning pressure for different pinning 

angles (α and 𝛽) for the convex “vampire” (Figure 2.2c) and concave “cavity” design (Figure 2.2d), 

respectively.  

Considering the average contact angle found for type I collagen on 1% BSA treated resin (30°), the 

pinning angle above which pinning is lost is when α is 35° for the convex “vampire” pinning feature; this 

is when Eq (2.5) is equal to Eq (2.8). For the concave “cavity” pinning features, pinning is lost when the 

pinning angle 𝛽 is between 100° and 105°; this is when Eq (2.7) is equal to Eq (2.8). These angles are where 

the Laplace pinning threshold line crosses the hydrostatic pressure line (Figure 2.2c-d). When the maximum 

hydrostatic pressure is greater than the threshold Laplace pinning, pinning in the first pipetted region will 

likely fail. Loss of pinning will occur if the pressure at the fluid front exceeds the threshold Laplace pinning. 

The hydrostatic pressure at the bottom of the device is constant and does not depend on the geometry of the 

pinning features. Therefore, when the threshold Laplace pinning curve crosses below the hydrostatic 

pressure line, pinning will fail because the total pressure, which is dictated by the hydrostatic pressure, 

exceeds the threshold Laplace pressure.  

When tested experimentally, we found that the success of pinning reflects these theoretical predictions 

while also demonstrating the variability in the system, i.e., success varies due to the large range of possible 
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contact angles (Supplementary Figure A2). The large range of the contact angles are due to multiple factors, 

including the variability of the BSA coating and local changes in surface roughness and defects on the 3D 

printed resin surface. With both pinning geometries, the smaller angles pinned more consistently, while the 

larger angles (particularly those that are above where the hydrostatic pressure is greater than that of the 

threshold Laplace pinning pressure) failed to pin. In some cases, the average contact angle line predicted 

that pinning would occur, but it did not in all cases. However, when considering the range of possible 

contact angles, the lower bound lines on the graphs actually predicted failure, therefore we can assume the 

contact angle was smaller in those particular devices. A detailed description of these results is found in 

Appendix A. Additionally, we found that pipetting 1 µL of additional volume can change the bulging angle 

of the pinned fluid front’s vertical interface (see additional results and discussion in Appendix A, 

Supplementary Table A2, and Supplementary Figures A8-10 for detailed derivation). This phenomenon 

can help explain why experimentally we observed changes in successful pinning of the fluid front at 

different pipetted volumes. It should be noted that the theoretical conditions tested here are specific to 

parameters associated with a 5 mg/mL collagen solution. The specific cutoff values for pinning with the 

different features will change with different materials and with different channel and pinning geometries. 

2.4 Spatially heterogeneous engineered heart tissues (EHTs) generated with STOMP model cardiac 

fibrotic pathology  

Fibrotic remodeling is an innate component of almost all acute and chronic cardiac pathologies, 

including hypertension, myocardial infarction, inherited cardiomyopathies, and end-stage heart failure [70]. 

This remodeling is characterized by an increase in the myocardial extracellular matrix, proliferation of 

stromal cells, and often a loss of cardiomyocytes71. Fibrotic progression is typically associated with an 

enhanced risk of arrhythmias and cardiac dysfunction72. Despite the near ubiquitous presence of fibrotic 

progression in cardiac disease, there are currently no clinical therapies available that directly address 

fibrosis73. While numerous investigators have developed various engineered heart tissue (EHT) platforms 

to model cardiac fibrosis, these systems are primarily homogeneous in cell type and ECM composition and 

fail to recreate the focal remodeling seen in vivo. Currently, the most advanced systems for modeling cardiac 
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fibrosis using hiPSC-derived cardiomyocytes consist of a cardiac microtissue model utilizing a laser 

induced injury74 and the Biowire II platform with two heteropolar healthy and fibrotic myocardial regions75. 

Using STOMP, we sought to develop an in vitro model of a cardiac tissue with a fibrotic interface, 

by creating spatially heterogeneous EHTs with a middle “fibrotic” region containing a localized excess of 

stromal cells and collagen, and deficit of cardiomyocytes, bordered on both sides by a “healthy” myocardial 

section (Figure 2.3a). Stromal cells used in the outer or middle regions were fluorescent HS5-GFP or HS5-

mCherry cells, respectively, to delineate the regional boundaries and HS27A stromal cells were seeded 

throughout all regions (Figure 2.3a-b). To measure functional outputs of the patterned EHTs, both the 

control and fibrotic tissues were paced under 1.5 Hz frequency, resulting in the average twitch force 

waveforms seen in Figure 2.3c. Both control and fibrotic EHTs formed effective cardiac syncytia, as shown 

by their ability to follow the pacing frequency (Figure 2.3d). We next looked at the unpaced, spontaneous 

beat frequency of the EHTs, representative of a resting heart rate. Compared to control tissues, fibrotic 

tissues showed an elevated beat frequency, a response similar to that seen in patients with heart failure 

downstream of cardiomyopathy76-78 (Figure 2.3e). Additionally, measurement of tissue contractions 

revealed that fibrotic EHTs presented with altered kinetics as they returned to diastole, or the phase where 

the heart chambers relax and refill with blood in preparation for the next contraction. This diastolic 

alteration in fibrotic EHTs was seen as a faster time to 50% relaxation (Figure 2.3f), but this difference is 

no longer evident at 90% relaxation (Figure 2.3g), suggesting that the fibrotic heart tissues initially relaxed 

faster but then slowed relaxation, compared to the control tissues. In patients with dilated cardiomyopathy, 

total relaxation time tends to be increased79, therefore it is notable that in our model time to 50% relaxation 

was decreased. The increased stromal cells in the fibrotic tissue model may also partially explain the quicker 

time to 50% relaxation, a result that has been noted in previous in vitro models80. Finally, despite no 

differences in the twitch force (Figure 2.3h), specific force (Figure 2.3i), or shortening velocity (Figure 

2.3j) compared to control tissues, fibrotic EHTs did display altered systole, or the contractile phase of 

cardiac cycle, as shown by a lower time to peak (Figure 2.3k).  
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Figure 2.3. Patterned engineered heart tissues (EHTs). (a) Conditions tested for modeling a fibrotic region 
in an EHT using STOMP, where the middle region has a higher fibrin content and lower cardiomyocyte 
density than the regions at either end. (a) Representative brightfield and fluorescent images of a control 
EHT seeded with HS5-GFP human bone marrow stromal cells (green) on the two outer regions near the 
flexible and rigid posts, and HS5-mCherry cells (magenta) in the center region. All scale bars are 500 μm. 
(c) Average twitch force traces of patterned control and fibrotic EHTs under 1.5 Hz pacing. (d) Paced beat 
rate of patterned control and fibrotic EHTs. (e) Spontaneous unpaced beat rate of patterned control and 
fibrotic EHTs. While all EHTs developed effective electromechanical coupling and were able to follow a 
pacing frequency of 1.5 Hz, fibrotic EHTs showed an elevated spontaneous beat rate when pacing was not 
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applied. Diastolic function of control and fibrotic EHTs under 1.5 Hz pacing for (f) time to 50% relaxation 
and (g) time to 90% relaxation. Fibrotic EHTs show a delay in time to 50% relaxation and no change in the 
time to 90% relaxation. Systolic function of control and fibrotic EHTs under 1.5 Hz pacing, where fibrotic 
EHTs showed no differences in (h) maximum twitch force, (i) specific force, or (j) shortening velocity, but 
they did have a reduced (k) time to peak as compared to controls. Each shape (triangle, circle, square) 
represents an independent experiment for control EHTs (n = 12) and fibrotic EHTs (n = 14). Each data 
point is a separate tissue, with lines representing mean ± SEM. Statistical analysis was performed using 
unpaired t-test with two tails. *p≤0.05, **p≤ 0.01, ****≤0.0001. 
 

Here we were able to demonstrate a defined border region between fibrotic and non-fibrotic tissue 

in an EHT model with STOMP. The ability to create this border region using STOMP will allow for further 

investigation of cardiac fibrotic pathology in longer-term cultures. In particular, having a healthy and 

fibrotic region within a single tissue will allow for investigation into pathological cardiac remodeling. 

However, further studies are required to validate STOMP as a platform for recapitulating pathological 

cardiac remodeling, such as investigations into cell-cell electrical and morphological couplings at the 

interface. 

2.5 STOMP enables a multi-tissue periodontal model with distinct regions and cellular enthesis 

Periodontal ligament (PDL) attachment to alveolar bone is a key structural element that determines 

PDL function and behavior. The bone-ligament junction, or enthesis, in periodontal tissue constitutes a 

critical transition zone for stress distribution and functional adaptation to repeated cyclic mechanical loads 

that arise from oral functions like chewing. We have previously developed a 3D periodontal tissue construct 

(PTC) to investigate biomechanical behavior of PDL under tensile loads, however it is constituted of only 

PDL cells and lacks spatial patterning with different cell types81. Because the PTC model lacks the inclusion 

of the enthesis region, further investigations into periodontal health, disease, and regeneration at this 

interface are limited82-84. Here, we use STOMP to create a PTC model that incorporates spatially patterned 

regions of mineralization. 

Specifically, we patterned osteogenic PDL cells in a collagen hydrogel on the outer regions connected 

by PDL cells in the center (referred to as OPO), mimicking the bone-PDL-bone arrangement found in vivo 

(Figure 2.4a). OPO PTCs were found to maintain these two cell populations in their specific locations as 

seen in bright field imaging (Figure 2.4b) along with corresponding spatial deposition of calcium deposits 
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stained with alizarin red in the osteogenic outer regions (Figure 2.4c). Importantly, the PTCs had a distinct 

suture-like demarcation where the pinning features were located, transitioning from one tissue type to 

another. This border region indicates formation of a cellular enthesis representative of the fibrous union 

between PDL and alveolar bone in vivo85. 

Due to the suspended configuration, we were able to measure contractile forces in the patterned OPO, 

and the tissues containing only PDL cells (referred to as PPP) or only osteogenic PDL cells (referred to as 

OOO). Cells in the PTCs contract the ECM, pulling the flexible post towards the center. Patterned OPO 

tissues exhibited similar contractile forces to the tissues patterned solely with osteogenic PDL cells (OOO) 

(Figure 2.4e). However, both the OPO and OOO tissues exhibited significantly lower contractility and 

greater tissue length as compared to tissues patterned solely with periodontal ligament cells (PPP) (Figure 

2.4d-e). This data indicates a change in biomechanical properties of tissues based on the function of 

constituent cells within the patterned regions. This observation is a valuable property recapitulated by PTCs 

made using STOMP, which can facilitate exploration of the biomechanical behaviors within and 

interactions between the multiple cell-layers of the PDL. 
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Figure 2.4. Patterned periodontal tissue constructs (PTCs) with a bone-periodontal ligament (PDL) 
border region. (a) Visual representation of the bone-PDL junction observed in the human tooth with 
corresponding schematic of how this junction was patterned using STOMP. (b) Representative brightfield 
image of the cellular entheses between osteogenic PDL cells (oPDL) in the outer regions and PDL cells in 
the inner region. Scale bar is 1 mm. (c) Representative brightfield image of alizarin red assay showing 
mineralized calcium deposits (red) located in the outer regions containing oPDL cells. Scale bar is 1 mm. 
(d) Final tissue length measurements of patterned oPDL-PDL-oPDL (OPO) tissues and control all 
periodontal (PPP) and all osteogenic PDL (OOO) tissues. (e) Contractile force measurements of patterned 
OPO tissues and control PPP and OOO tissues. OPO tissues have contractile forces that are similar to OOO 
tissues and significantly lower than PPP tissues. Each shape (circle, square, triangle) represents an 
independent experiment for control PPP (n = 5), control OOO (n=10), and patterned OPO (n=16) tissues. 
Each data point is a separate tissue, with lines representing mean ± SEM. Statistical analysis was performed 
using a one-way ANOVA with Tukey’s multiple comparisons post hoc test. *p≤0.05, **p≤0.01. 
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2.6 STOMP enables versatile tissue geometries and expanded patterning capabilities from suspended 

cores to patterning non-compactable cell-ECM combinations and designer materials  

In all patterning implementations described thus far, we show a geometry where we are changing 

the region along one axis. However, we expand upon the geometric versatility capabilities of STOMP by 

creating a tissue with an inner core region fully surrounded by a second outer region, which enables 

patterning along the z-axis in addition to the x-y axes (Figure 2.5a-c). The process for generating a core 

region is shown in Figure 2.5a. After patterning an inner core region with any configuration of STOMP 

(e.g., one, two, or three regions), a second patterning device is added that has an open channel that is larger 

in length, width, and height than that of the first patterning device; this outer region can then be patterned 

around the first hydrogel, generating a suspended tissue that is completely encapsulated by another cell-

laden hydrogel (Figure 2.5a). We demonstrate this ability with an inner core composed of a single region 

of 3T3 cells dyed by CellTracker Red CMTPX laden in fibrin and an outer core composed of 3T3 cells 

dyed by CellTracker Green CMFDA laden in fibrin (Figure 2.5b). Further, we show multiple combinations 

of the inner core containing one, two, and three-patterning regions that are then completely encapsulated 

by an outer region with colored agarose (Figure 2.5c). In future implementations, the outer region could 

also contain multiple regions by adding pinning features to the outer region patterning device. 

In addition to expanding upon the geometric capabilities of STOMP, we also implement strategies 

to expand the types of hydrogels that can be used in the STOMP system. The requirement of the tissue 

pulling away from the channel walls of the patterning device limits STOMP to cell-ECM combinations that 

allow for sufficient tissue compaction or materials that do not adhere strongly to channel walls (such as in 

the case for agarose). To address this limitation, we designed a STOMP device with a v-shaped channel 

carved into the walls of the patterning channel (Figure 2.5d). We pipetted a degradable hydrogel into this 

channel (for demonstration we use a sortase-degradable PEG, although any degradable hydrogel can be 

used); after gelation, this degradable hydrogel becomes the STOMP channel walls. We could then pipette 

a second solution into the middle tissue region. After patterning, the channel wall can be exogenously 

triggered to degrade, thus allowing for facile release of tissue from the patterning device without a 
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requirement for tissue compaction. A schematic for the patterning process of the degradable “wall” region 

and tissue region is shown in Supplementary Figure A13, and a still image from a video with colored 

agarose for visualization is shown in Figure 2.5e. Using this method, we successfully patterned a second 

PEG-based designer material laden with 3T3 fibroblast cells that otherwise cannot be removed from the 

STOMP device after patterning (Figure 2.5f). After the cell-ECM PEG tissue region was gelled, the entire 

assembly was placed in a solution containing sortase specifically engineered to recognize and cleave the 

cross-linker in the PEG pipetted into the v-shaped channel walls. After degradation of the PEG hydrogel in 

the v-shaped channel, the tissue patterned in the center tissue region was released as the channel “walls” 

degraded. Adding the new degradable wall feature allows STOMP to be used for synthetic materials that 

do not compact readily (e.g., stimuli responsive or “4D” PEG-based materials that can be patterned in space 

and triggered in time)57,86-88 or for cell types that do not readily remodel ECM and compact (e.g., nerve cells 

in a neuromuscular junction). This addition extends STOMP to virtually any tissue or material, opening a 

frontier in 4D suspended multiregion tissues. 
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Figure 2.5. Expansive geometric and patterning capabilities of STOMP. (a) Workflow of patterning an 
inner core region completely encapsulated by an outer region, thus patterning suspended tissues in the z-
direction. (b) Representative fluorescent images of patterned 3T3 mouse fibroblast cells laden in fibrin to 
generate a suspended tissue with an inner region and outer region. The inner region tissue was generated 
with the single region STOMP configuration; 3T3 cells were dyed by CellTracker Red CMTPX (magenta). 
The outer region contains 3T3 cells dyed by CellTracker Green CMFDA (green). All scale bars are 500 
μm. (c) Demonstration of patterning single region, two region, and three region suspended tissue constructs 
using colored 1.5% agarose; additionally, these patterned tissues can be completely encapsulated by placing 
a patterning device larger in width, height, and length around the previously patterned tissue to generate an 
encapsulated core. All scale bars are 4 mm. (d) Schematic of a STOMP patterning device containing a v-
shaped channel within the walls of the patterning device tissue region’s open channel. This geometry can 
be used to pattern non-compactable synthetic hydrogels, such as poly-ethylene glycol (PEG), where a 
degradable PEG hydrogel can be patterned in the v-shaped channel and degraded after patterning in the 
tissue region. (e) Representative video still images of colored agarose patterned in the v-shaped channel 
wall region (pink hydrogel) and tissue region (green hydrogel). All scale bars are 2 mm. (f) Representative 
image of resulting suspended PEG hydrogel laden with 3T3 mouse fibroblast cells. Scale bar is 2 mm. 
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2.7 Discussion 

The STOMP platform is an open microfluidic approach for generating spatially controlled 

suspended tissue models. Precise spatial patterning can be achieved in the STOMP system via capillary 

pinning in the x-y direction (i.e., within a single tissue) or along the z-direction (i.e., generating encapsulated 

tissue structures). With STOMP we can achieve a wide range of geometrical combinations, including 

structures that are difficult to pattern with existing fabrication methods such as the fully encapsulated 

suspended tissue. In this initial proof-of-concept demonstration of STOMP, we show that STOMP can be 

used to model tissue interfaces (e.g., periodontal ligament-bone) and intra-tissue heterogeneity (e.g., fibrotic 

and healthy tissue co-culture), thus establishing the versatility and board applicability of STOMP for 

modeling complex multiregional suspended architectures. Lastly, we demonstrated the use of degradable 

PEG-based hydrogels, a material that may not meet requirements for other 3D suspended patterning 

methods. The ability to pattern stimuli-responsive synthetic hydrogels opens a fourth dimension (i.e., time) 

of control to the suspended patterned tissues, allowing for STOMP to be used in 4D suspended tissue 

engineering applications. STOMP is designed to complement existing post-based suspended culture 

systems; its strength lies in its ability to integrate easily into these tissue fabrication workflows while adding 

regional control via open microfluidic principles. 

Existing post-based suspended tissues protocols utilize a casting method, where a cell-ECM liquid 

precursor solution is pipetted into a mold made of agarose or PDMS that surrounds the suspended 

posts17,18,26,27. Because there are no features to compartmentalize these molds, regional control has not 

previously been demonstrated, limiting studies to a homogenous singular region. Other methods, such as 

3D bioprinting and photopatterning, allow for the additional fabrication complexity of patterning multiple 

regions within a single tissue. However, these methods typically require highly viscous, extrudable 

materials or photoactive moieties, making it difficult to pattern unmodified native ECMs. Recently, there 

have been advancements in 3D bioprinting techniques to mitigate these limitations on materials by printing 

cell-laden hydrogels into a sacrificial gelatin suspension bath29,32,33. These approaches enable the 3D 

printing and spatial patterning of natural polymers, such as alginate, collagen, fibrin, and hyaluronic acid. 
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While suspended biofabrication methods allow for the generation of large-scale structures (millimeter- to 

centimeter-scale), these methods typically require large volumes (milliliter to tens of milliliters) of hydrogel 

material—both for the sacrificial support and the final suspended structure—which can limit the use of 

precious biomaterials. Additionally, these techniques often rely on custom-engineered 3D bioprinting 

systems, restricting scalability and accessibility. In comparison to other suspended biofabrication methods, 

STOMP offers finer volumetric control at smaller scales (30 µL - 100 µL), making it a more efficient and 

scalable alternative for applications requiring precise hydrogel patterning without excessive material 

consumption. Taken together, STOMP fills an important niche for simple, microliter-scale, and multi-

region in vitro modeling; other methods such as 3D bioprinting will remain important for large-scale, high 

resolution organ modeling. 

In the STOMP system, material limitation is governed by the removal process. While surface 

tension-driven flow allows virtually any hydrogel that transitions from a liquid to a solid state to flow in 

the STOMP channel, some hydrogel materials can adhere to the STOMP channel during the removal 

process. Therefore, when adapting the STOMP workflow to a new tissue model, it is important to consider 

material and tissue type compatibility with the STOMP device. For example, we experienced significant 

challenges while using the PEG-based degradable hydrogels in the original implementation of STOMP 

(i.e., without the degradable walls), because the material did not allow for sufficient compaction of the 

tissue to facilitate successful removal of the STOMP device. This issue would be similar in other cases 

using compactable ECMs (e.g., fibrin or collagen) with a cell line that typically does not remodel ECM or 

contract (e.g., neuronal cells without supporting fibroblasts). While we do present a work-around to this 

issue with degradable channel walls, the degradable walls add complexity, require the use of more 

expensive degradable materials, and limit the addition of pinning features due to the difficulty of patterning.  

Once a hydrogel is determined to be compatible with the removal of the STOMP device, there are 

two additional practical considerations for patterning multi-region tissues: first, determining the best 

pinning feature shape and angle and second, determining if two regions at the defined interface can integrate 

to form a contiguous tissue. In this work, we provide general equations for users to insert their specific 
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hydrogel density and contact angle to determine the relationship between hydrostatic pressure and 

maximum Laplace pinning pressure in the STOMP device (Eq. 2.5, 2.7, and 2.8). To demonstrate the 

workflow, we specifically calculate these relationships using the density and contact angle of a 5 mg/mL 

precursor collagen solution on a 1% BSA treated 3D printed surface (the same treatment done to the 

STOMP device before patterning), allowing us to determine the best pinning feature and angle for 

workflows involving collagen (i.e., 90° concave “cavity” pinning features). However, when working with 

fibrin, we found that the convex “vampire” pinning features resulted in better patterning (i.e., pinning and 

subsequent de-pinning to connect two regions at the defined interface). If using a different hydrogel other 

than collagen and fibrin, the user would benefit from utilizing the equations detailed in the work as well as 

experimentally testing the best pinning feature shape and angle that will result in the most reproducible 

patterning for their tissue. After optimizing the pinning geometry, it must next be determined if two regions 

at an interface can form a functional, contiguous tissue. Two regions will more easily form a contiguous 

tissue if each region utilizes similar ECM and cell compositions, such as two separate cell types with similar 

propensity to contract ECM or two different ECMs (e.g., collagen and Matrigel) that have similar 

components and can bind together. However, collagen and fibrin are two common ECMs for 3D tissue 

modeling, and while these two ECMs are compositionally different, in preliminary experiments we have 

patterned cell-laden tissues with a collagen-fibrin interface, which successfully formed a contiguous tissue. 

This example illustrates the importance of testing each new ECM and cell-type for patterning compatibility. 

If the desired interface requires materials that are incompatible, STOMP would not be a suitable platform.  

In addition to material considerations, there are also dimensional considerations when adapting the 

STOMP platform to specific experimental needs. It may be desired to have a smaller tissue volume 

(micrometer-wide channels with millimeter-scale separation between the two posts) when using precious 

cells or materials or increasing the throughput of an experiment. In this case, the principles of surface 

tension-driven flow would make flow in the STOMP system (i.e., a channel without a ceiling or floor) more 

desirable since there would be less of an effect due to gravity at smaller scales, resulting in less bulging of 

the liquid underneath the channel. Since the hydrostatic pressure at the bottom of the channel would be 
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decreased in a smaller channel design (e.g., a channel 0.2 mm in width and 1.0 mm in height) compared to 

a larger channel design (e.g., a channel 0.8 mm in width and 3.5 mm in height as detailed in this work), the 

pinning in smaller channel dimensions would be more stable. Therefore, the smaller channels would also 

be less sensitive to changes in volume due to increased maximum Laplace pinning pressure (Eq. 2.5 and 

Eq. 2.7) and decreased hydrostatic pressure (Eq. 2.8) observed in channels with decreased w and h values. 

However, at smaller dimensions, the tolerance of the 3D printer used will have a greater effect on the 

channel dimensions and therefore also on the total volume that would completely fill the channel; a 

tolerance of 20 µm would have a larger effect on the volume of a channel that is 200 µm wide than a channel 

that is 800 µm wide. This potential variability could be mitigated by using a higher resolution printer with 

tighter tolerances or with a different fabrication technique (e.g., CNC milling or injection molding). Smaller 

channel length dimensions also limit the number of different regions that can be generated within a single 

tissue since it is practically challenging to pipette accurate volumes into small regions.  

For larger tissue volumes (millimeter-wide channels with centimeter-scale separation between the 

two posts), which could be desired for longer-term tissue cultures that are highly contractile and more prone 

to breaking over time, there are additional limitations and challenges. When increasing the width of the 

channel, the height of the channel must also be increased to fulfill the equation for spontaneous capillary 

flow in the STOMP system (Eq. 2.2). Increasing the volume will cause a greater effect due to gravity which 

will exacerbate non-uniform filling of the channel cross-section, with more liquid bulging at the bottom of 

the channel. Since hydrostatic pressure increases and maximum Laplace pinning pressure decreases in 

larger channels, pinning is less stable overall. Therefore, de-pinning events, which typically occur at the 

bottom of the channel where hydrostatic pressure is the greatest, in larger channels would be more sensitive 

to changes in volume pipetted.  

While optimizing STOMP for a specific workflow requires careful consideration of materials, 

dimensions, and interface integration, once established, it enables seamless spatial patterning in a suspended 

system with just a few pipetting steps. This adaptability makes STOMP a powerful and flexible tool for 

advancing complex suspended tissue engineering applications. Our ability to pattern multiple regions 
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within the tissue enhances integration of different cell types and ECMs, enabling complex studies of tissue 

interactions, maturation, and disease progression. These benefits can be combined with the suspended 

nature of the tissue, which provides axial stretching and mechanical cues, and the use of flexible PDMS 

posts for controlled manipulations and functional measurements. STOMP’s versatility in integrating 

different cell types and ECMs, coupled with the mechanical benefits of suspended tissues, opens new 

experimental possibilities and advances our understanding of tissue behavior in both healthy and diseased 

states.  

2.8 Materials and methods  

Device Design, Fabrication, and Sterilization 

Post arrays made from polydimethylsiloxane (PDMS) were fabricated as described in Bielawski et 

al59. Briefly, uncured PDMS was poured into a four-part acrylic mold to fabricate an array that contains six 

pairs of posts and that fits in a row of a 24-well plate. Glass capillary tubes were cut to the appropriate 

length and inserted into one side of the mold prior to curing such that each pair contained one rigid post. 

The posts were baked overnight at 65°C and then removed from the molds. Fabricated posts were 8 mm 

apart in spacing, 12 mm in length, and 1.5 mm in diameter with a cap structure (0.5 mm thick and 2.0 mm 

diameter) to aid in attachment of the cell-laden hydrogel of interest. 

For STOMP, the open microfluidic patterning device and clips were designed in Solidworks and 

3D printed out of Formlabs clear resin V4 using a Form 3B+ 3D printer (Formlabs Inc.). Dimensions of the 

open channel were designed to fit around the PDMS posts; dimensions of the three open channel designs 

used in this work are depicted in Supplementary Figure A1. Clips were designed to hold the patterning 

device in place during the tissue patterning process. The patterning devices and clips were cleaned in two 

separate FormWash units (Formlabs Inc.) with isopropyl alcohol (IPA) for 20 minutes and then another 10 

minutes to remove excess uncured resin. The devices were dried with compressed air and cured under UV 

light at 60°C for 15 minutes in a FormCure (Formlabs Inc.).  

To sterilize the PDMS posts, patterning devices, and clips for cell culture, all parts were first placed 

within a biosafety cabinet and UV sterilized for 20 minutes. The PDMS posts were additionally sterilized 
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with 70% ethanol for five minutes by placing the tips of the posts in a 24-well plate, where each well 

contained 2 mL of 70% ethanol. The PDMS posts were then rinsed with sterile DI water twice for five 

minutes each. 

After sterilization, the patterning devices that were to be used with a cell-laden hydrogel or ECM 

were incubated in a solution of 1% bovine serum albumin (BSA) for 1 hour at room temperature. After 

incubation, the 1% BSA solution was aspirated, and the patterning devices were allowed to fully dry prior 

to assembling the suspended tissue open microfluidic patterning devices. The open microfluidic patterning 

device was placed such that it surrounded the ends of each post, and the clips were used to hold the 

patterning device in place at the base of the PDMS post array.  

Experimental Pinning Analysis 

Measuring contact angle of 5 mg/mL collagen on BSA treated resin: 3D printed resin squares were 

utilized to provide a flat surface for contact angle measurements. Each square was treated with 1% BSA 

for 1 hour at room temperature. A Drop Shape Analyzer DSA25 (Krüss) was utilized on the sessile drop 

mode to measure contact angle. A SY3601 disposable 1 mL syringe with Luer connector (Krüss) was filled 

with DI water and then fitted with a NE94 steel needle with a 0.51 mm diameter (Krüss). The DSA25 was 

calibrated to the image of the needle. A collagen solution was prepared by mixing a stock of rat tail collagen 

type I (Corning) in 0.02 N acetic acid with sterile deionized water, 10X PBS, and 1N NaOH to achieve a 

final collagen density of 5 mg/mL and kept on ice to prevent gelation. A BSA treated resin square was 

placed on the platform below the needle and a 2 µL droplet of the collagen solution was dispensed via 

pipetting. The contact angle of each drop was measured using multiple images of the collagen sessile drop 

at the points of intersection (three-phase contact points) between the drop contour and the projection of the 

surface baseline using ADVANCE software (Krüss). Twenty different drops were measured on 20 different 

BSA treated resin squares (one drop per resin square); the mean contact angle and standard deviation of 

each drop were calculated by the Krüss Drop Shape Analyzer based on the number of measured technical 

replicates, which are multiple images of the same droplet (see raw data in Supplementary Table A1). The 

experiment number indicated in Supplementary Table AI (Experiment 1-3) indicates which experiment 
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number a particular resin part belongs to (i.e., we performed these contact angle measurements on three 

different days with different batches of 3D printed surfaces and 1% BSA solutions). The overall average 

contact angle of the 20 drops and the minimum and maximum contact angle measurement were used for 

theoretical modeling of the pinning of collagen in STOMP. 

Measuring success or failure of collagen pinning in STOMP system: The STOMP devices with a channel 

height of 3.5 mm and a width of 1.2 mm were used for the pinning experiment. All STOMP patterning 

devices were treated with 1% BSA for 1 hour. A collagen precursor hydrogel solution was prepared as 

described above. Pipettes were set to 23, 25, 26 or 27 µL to dispense collagen precursor slowly at the 

circular outer section of the STOMP channel, stopping at the first stop of the pipette to avoid bubble 

introduction. The pipette set to 23, 25, 26, and 27 µL dispensed actual volumes of 20, 22, 23, and 24 µL, 

respectively, as measured by weight in triplicate and using the density of 5 mg/mL precursor collagen 

solution (958 kg/m3). Throughout the text, the actual volumes dispensed for the pinning experiments will 

be referenced. The flow was observed for 10s. If the flow moved past the pinning feature, then the replicate 

was considered a “failure” of pinning. If the fluid front remained pinned at the pinning feature at the end of 

10 s then it was deemed a “success” of pinning. Each pinning feature, angle, and volume was done in 

triplicate. Figure 6.2e-f shows representative images of examples of successful pinning and no pinning in 

both pinning feature designs; the volume of collagen used in these pictures was 23 μL. The complete dataset 

is visualized in Supplementary Figure A2. 

Cell Culture and Maintenance 

3T3 mouse fibroblasts: Initial optimization experiments were conducted with NIH/3T3 mouse embryonic 

fibroblast cell line obtained from ATCC. The cells were maintained in a tissue culture flask containing 

Dulbecco’s Modified Eagle Medium (DMEM) supplemented with 10% fetal bovine serum (FBS) and 1% 

penicillin-streptomycin at 37°C, 5% CO2. Culture medium was changed every other day until cells reached 

around 80-90% confluency, whereupon the culture was rinsed with 1X PBS, followed by addition of 

TrypLE Express (Gibco). After incubation for 3 minutes at 37°C, the TrypLE was inactivated by diluting 

with cell culture medium. The fluid volume was centrifuged at 300 RCF for 3 minutes. The cells were 
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resuspended in cell culture medium for further passaging or used for hydrogel encapsulation, as described 

below.  

Human induced pluripotent stem cell (hiPSC) derived cardiomyocytes: WTC11 hiPSCs were 

differentiated using a modified small molecule Wnt-modulating protocol as previously described26,89-91. 

Cells were seeded at a density of 1.6-5.8 x 104 cells/cm2 on plates coated with a 1:30 dilution of Matrigel 

in mTeSR+ (STEMCELL Technologies) supplemented with 100 U/mL penicillin-streptomycin and 5 µM 

ROCK inhibitor Y-27632. Upon reaching 50-80% confluency (Day -1), cells were washed with 1X PBS 

and the media was changed to mTeSR+ supplemented with 1 µM CHIR-99021 (Cayman Chemical).  After 

24 hours (Day 0), cells were washed with 1X PBS and media was replaced with RBA (RPMI 1640, 500 

µg/mL BSA, 220 µg/mL ascorbic acid, 100 U/mL penicillin-streptomycin) supplemented with 3-5 µM 

CHIR-99021. After 48 hours (Day 2), cells were washed with 1X PBS and media was replaced with RBA 

supplemented with 2 µM Wnt-C59 (SelleckChem). After 48 hours (Day 4), cells were washed with 1X PBS 

and the media was replaced with RBA without supplementation. After 48 hours (Day 6), cells were washed 

with 1X PBS and media was replaced with cardiomyocyte media (RPMI 1640, B27 plus insulin, 100 U/mL 

penicillin-streptomycin) and replaced every other day until cells began beating on Day 10-11. hiPSC-CMs 

were then washed with 1X PBS and metabolically enriched by culturing in DMEM without glucose 

supplemented with 4 mM sodium L-lactate for 4 days. hiPSC-CMs were then returned to cardiomyocyte 

media for 48 hours. hiPSC-CMs were then replated at a density of 1.5-1.8 x 105 cells/cm2 on plates coated 

in a 1:60 dilution of Matrigel in cardiomyocyte media supplemented with 5% FBS and 5 µM ROCK 

inhibitor Y-27632. After 24 hours, the media was replaced with standard cardiomyocyte media. After 24 

hours, hiPSC-CMs washed with 1X PBS and again metabolically enriched by culturing in DMEM without 

glucose supplemented with 4 mM sodium L-lactate for 4 days. hiPSC-CMs were then returned to 

cardiomyocyte media with the media replaced every other day until Day 35-40 when used for EHT casting.   

WTC11 hiPSCs were cultured in mTeSR+ supplemented with 100 U/mL penicillin-streptomycin 

on plates coated with a 1:30 dilution of Matrigel. Cells were fed every other day. Media was supplemented 

with 5 µM ROCK inhibitor Y-27632 for the first 24 hours after passing. 
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Human periodontal ligament (PDL) cells: PDL cells were harvested from the roots of healthy premolars 

extracted for orthodontic purposes, using pre-established protocols92. Briefly, PDL tissue was gently 

dissected from the middle third of the tooth root surface in a culture dish containing wash buffer [Hanks’ 

balanced salt solution (HBSS; Gibco) supplemented with 5% (v/v) FBS (HyClone) and 50 U/mL penicillin 

and 50 μg/mL streptomycin]. The suspension was centrifuged at 400 RCF for 10 min at 4 oC. After 

aspirating the supernatant, PDL tissue was digested in collagenase I (3 mg/mL, Sigma-Aldrich) and dispase 

II (4 mg/mL; Sigma-Aldrich) for 1 hour at 37 oC.  After digestion, the suspension was passed through a 70 

μm strainer to obtain a suspension of isolated cells. 

The population of cells was expanded by seeding them in 24-well plates. Cells were grown in 

DMEM supplemented with 10% FBS (HyClone) and 1% penicillin-streptomycin at 37 oC with 5% CO2. 

On reaching confluence, cells were washed with PBS, trypsinized with 0.25% trypsin-EDTA (Gibco), and 

passaged progressively into T-75 and T-175 flasks. Cells at passage numbers 1 to 3 were stored in freezing 

media Cryostor (1 mL per 10 million cells) in a liquid nitrogen freezer then thawed, plated, and expanded 

as needed in T-75 and T-175 flasks. PDL cells between passage numbers 3 and 8 were used for the 

patterning experiments. 

Osteogenic differentiation of PDL cells: To induce osteogenic differentiation, a sub-population of PDL 

cells between passages 3 to 6 was transferred to a T-75 flask and cultured in DMEM media with 10% FBS 

and 1% penicillin-streptomycin. The cells were left to grow up to 80-90% confluence with culture medium 

changes every 3 days before adding osteogenic induction medium (culture medium supplemented with 50 

μM ascorbic acid-2-phosphate, 10 mM β-glycerophosphate, and 10 nM dexamethasone) for 2 weeks. After 

2 weeks, these cells were trypsinized and lifted to be used for hydrogel encapsulation. 

STOMP Tissue Preparation 

Patterning with agarose: Low gelling temperature agarose (MilliporeSigma) was dissolved in deionized 

water to a concentration of 15 mg/mL and dyed for visual aid with food dye (Spice Supreme) or India ink 

(Dr. Ph. Martin's). Prior to patterning, the agarose solution was heated to a liquid state (95°C) and then 

pipetted into STOMP devices. To generate Figure 2.1g-h, agarose was pipetted into a STOMP device with 
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a channel height of 2 mm and width of 1 mm and the three region 60° convex “vampire” pinning features. 

For generating agarose structures seen in Figure 2.5, the STOMP devices used to generate the inner core 

had a channel height of 2 mm and width of 1 mm and either the two or three region 20° convex “vampire” 

pinning features. For the outer core patterning, a STOMP device with a channel height of 4 mm and width 

of 1.9 mm was used. Agarose structures were allowed to gel at room temperature for 5-10 minutes. All 

agarose structures used 1.5% wt/v gel.  

Patterning 3T3 mouse fibroblast cells with fibrin: Fibrinogen stock solutions were prepared at 50 mg/mL 

by dissolving 250 mg of powdered fibrinogen from human plasma (Sigma-Aldrich) in 5 mL of warmed 

0.9% NaCl in deionized water. The fibrinogen solution was then filter-sterilized with a 0.22 mm syringe 

filter. Thrombin stock solutions were prepared at 100 U/mL by dissolving 100 units of powder thrombin 

from human plasma (Sigma-Aldrich) in 1 mL of warmed 0.9% NaCl in deionized water. Fibrinogen and 

thrombin stock solutions were aliquoted and stored at -20°C until ready for use.  

After dissociating the 3T3 cells, two aliquots of the cells were dyed by either CellTracker Green 

CMFDA or CellTracker Red CMTPX at a final concentration of 25 μM in DMEM for 30 minutes at 37°C. 

After dying, the cells were pelleted and resuspended at a final concentration of 5 x 106 cells/mL in DMEM 

with 5 mg/mL bovine fibrinogen and 3 U/mL thrombin. For patterning in Figure 2.1f, the STOMP device 

with a channel height of 3.5 mm and width of 1.2 mm and the three region 60° convex “vampire” pinning 

features was used. For patterning in Fig 6.5b, the inner core was patterned with a STOMP device containing 

a channel height of 2 mm and width of 1 mm and the outer core was patterned with a STOMP device 

containing a channel height of 4 mm and width of 1.9 mm. After patterning, the 3D printed posts with the 

patterning device and clips assembled were placed in a 24-well plate and allowed to gel for 30 minutes at 

37°C. After gelling, 2 mL of growth media supplemented with 5 mg/mL 6-aminocaproic acid (Sigma-

Aldrich) was added to each well. After two days in culture, the STOMP devices were removed from the 3D 

printed posts and fresh media was added to the wells. Tissues were cultured for one day after the STOMP 

patterning device was removed then fixed with 4% paraformaldehyde (PFA) for one hour at 4°C. Tissues 

were rinsed twice with 1X PBS and stored at 4°C until ready for imaging. Tissue samples were imaged by 
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placing the tissue directly on a coverslip without removing from the posts. All tissues were imaged on a 

Leica SP8 confocal microscope at 10X magnification. 

Patterning engineered heart tissues (EHTs) with fibrin: Fibrinogen stock solutions were prepared at 50 

mg/mL by dissolving 1 g of fibrinogen from bovine plasma (Sigma-Aldrich) in 20 mL of warmed 

cardiomyocyte media. Thrombin stock solutions were prepared at 100 U/mL by dissolving 1000 U of 

thrombin from bovine plasma (Sigma-Aldrich) in 10 mL of a 3:2 ratio of PBS to H20. EHTs were cast on 

PDMS posts using a modification of our previously described protocol59,60,90. For generating the EHTs, 

STOMP devices with a channel height of 3.5 mm and width of 1.2 mm and the three region 60° convex 

“vampire” pinning features were used. The two outer regions of all tissues were patterned using a solution 

of 27 µL volume consisting of 1.35 x 105 hiPSC-CMs (5 x 106 cells/mL), 2.7 x 104 HS27a human bone 

marrow stromal cells (1 x 106 cells/mL), and 2.7 x 103 HS5-GFP human bone marrow stromal cells (1 x 

105 cells/mL) in cardiomyocyte media with 5 mg/mL bovine fibrinogen and 3 U/mL thrombin. The center 

region of control tissues was patterned using a solution of 12 µL volume consisting of 6.0 x 104 hiPSC-

CMs (5 x 106 cells/mL), 1.2 x 104 HS27a human bone marrow stromal cells (1 x 106 cells/mL), and 1.2 x 

103 HS5-mCherry human bone marrow stromal cells (1 x 105 cells/mL) in cardiomyocyte media with 5 

mg/mL bovine fibrinogen and 3 U/mL thrombin. The center region of fibrotic tissues was patterned using 

a solution of 12 µL volume consisting of 4.8 x 104 hiPSC-CMs (4 x 106 cells/mL), 1.44 x 104 HS27a human 

bone marrow stromal cells (1.2 x 106 cells/mL), and 1.44 x 103 HS5-mCherry human bone marrow stromal 

cells (1.2 x 105 cells/mL) in cardiomyocyte media with 6 mg/mL bovine fibrinogen and 3.6 U/mL thrombin. 

After the tissues were patterned, the PDMS post array with the patterning device and clips assembled were 

placed in a 24-well plate and allowed to gel for 60 minutes at 37°C. After gelation, the tissues were 

transferred to wells containing cardiomyocyte media supplemented with 5% DMEM, 5% FBS, 1% non-

essential amino acid (NEAA), and 5 mg/mL aminocaproic acid. After 48 hours, the media was replaced 

with cardiomyocyte media supplemented with 5% FBS, 1% NEAA supplement, and 5 mg/mL 

aminocaproic acid. After 24 hours, the patterning devices were removed from the EHTs and the tissues 
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were transferred to EHT media (cardiomyocyte media supplemented with 5 mg/mL aminocaproic acid). 

EHT media was replaced every 2-3 days for 18 days until subsequent analysis. 

Patterning periodontal tissue constructs (PTCs) with type I collagen: Following sterilization, PDMS posts 

were treated with 0.1% polyethylenimine (PEI) for 10 minutes and rinsed with sterile deionized water for 

5 minutes. Next, the PDMS posts were treated for 30 minutes with 0.01% glutaraldehyde and then rinsed 

twice with sterile deionized water for 5 minutes each. For each treatment step, 2.5 mL/well of the respective 

solution was placed in a 24-well plate so that the tips of each PDMS post were in contact with the solution. 

For generating PTCs, STOMP devices with a channel height of 2 mm and width of 1 mm and the 

three region 90° concave “cavity” pinning features were used. To pattern the tissues, two different cell-

collagen mixtures were prepared with the PDL cells and osteogenic PDL (oPDL) cells. To prepare the cell-

collagen mixtures, each cell type was mixed with type I rat tail collagen such that a 100 μL cell-collagen 

mixture was composed of 1:4 ratio of cell solution (20 μL culture media containing 300,000 cells) and 

collagen mixture [80 μL of 9 parts of collagen (4 mg/mL; Advanced Biomatrix) mixed with 1 part of 

neutralization solution (Advanced Biomatrix)]. Each cell-collagen mixed had a final concentration of 3x106 

cells/mL. 

First, 13 μL of the oPDL cell-collagen mixture was pipetted on one of the circular ends of the 

STOMP channel that surround the PDMS posts and then the other. Then, 3-4 μL of PDL cell-collagen 

mixture was pipetted in the center region of the STOMP channel. The PDMS posts, with the patterning rail 

and cell-ECM precursor solution, were then placed upside down in a 24-well plate. The assembly was 

transferred to the incubator at 37°C with 5% CO2. After 90 min, 2.5 mL of culture media was gently added 

to the wells containing the PTCs and then incubated again at 37°C. After 48 hours, the clips and patterning 

rails were removed to reveal a suspended tissue between the PDMS posts. These patterned PTCs (referred 

to as OPO) were then transferred to a fresh 24-well plate with 2.5 mL/well of culture medium, which was 

changed every 2 to 3 days. Similarly, patterned control tissues consisting of oPDL cells in all 3 regions 

(referred to as OOO) and periodontal cells in all 3 regions (referred to as PPP) were also generated. 
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Patterning poly(ethylene glycol) (PEG) in modified STOMP: To pattern tissues with enzymatically 

degradable PEG as the ECM, we used PEG-tetraBCN (a four-arm PEG end-capped with reactive 

bicyclononyne groups) with two different sortase-degradable and bis(azide)-modified peptide crosslinkers. 

These materials are described in detail in previous work57,86,93. The synthesis of the PEG-tetraBCN and 

crosslinkers are described in detail in Appendix A. The LPESG crosslinker is cleaved by the eSrtA(4S9) 

sortase, and the LAETG is cleaved by the eSrtA(2A9) sortase. Briefly, PEG was prepared by combining 

the peptide crosslinker with a final concentration of 8mM, PEG-tetraBCN with a final concentration of 

4mM. Components were vortexed together to ensure homogeneity. The PEG that served as the degradable 

“channel wall” was pipetted into the v-shaped channel. In this case, we used the eSrtA(2A9)-sensitive 

LAETG crosslinker in the v-shaped channel. There were no cells in the outside channel, therefore the PEG-

BCN was suspended in 1X PBS. We used the eSrtA(4S9)-sensitive LPESG crosslinker in the tissue region 

that made up the final tissue, although we did not degrade this region. Because this region was laden with 

NIH 3T3 mouse fibroblasts at a final concentration of 5 x 106 cells/mL, RGDS peptide, the adhesion motif 

from fibronectin, was added at a final concentration of 1 mM, and the mixture was resuspended in cell 

culture media. For the tissue region, the height of the channel was 2 mm and the width of the channel 

(measured as the distance between the degradable channel walls) was 1 mm.  

We observed that the PEG hydrogel made with the LAETG crosslinker would swell more when 

left in media than the PEG hydrogel made with the LPESG crosslinker. We therefore decided to use the 

LPESG crosslinker as the region that made up the final tissue, since this needed to be removed from the 

STOMP patterning device, and the swelling made this more difficult. The v-shaped degradable channel 

wall regions were patterned with 15 μl of hydrogel precursor each and filled until the liquid bulged slightly 

out of the channel. Devices with the patterned PEG in the v-shaped channels were incubated at 37ºC for 30 

minutes to allow for gelling. Sacrificial 1X PBS was used to prevent drying out of the hydrogel. After 30 

minutes, devices were removed from the incubator and the cylindrical region of the patterning rails that 

surround the posts were treated with 1% BSA for one hour to prevent the tissue in contact with the circular 

walls from sticking upon removal of the patterning device. BSA was aspirated and devices were allowed 
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time to dry for 5 to 10 minutes. Some absorption of the BSA by the hydrogel in the v-shaped degradable 

channel was observed, but swelling caused by this absorption resolved after 5 to 10 minutes of drying in 

open air. The center tissue region of the device was patterned with 50 μL of hydrogel precursor, then placed 

in the 37ºC incubator to gel for 30 minutes. Sacrificial 1X PBS was added to the bottom of the well plates, 

beneath the patterning device, to prevent gels from drying out during gelation.  

Once gelled, the hydrogel devices were inverted and completely submerged in 3 mL of eSrt(2A9) 

sortase solution. This sortase cleaves the peptide LAETG, which was used to pattern the degradable channel 

wall region in the v-shaped channels. The eSrt(2A9) sortase solution was prepared to a final concentration 

of 50 µM eSrt(2A9), 18 mM triglycine (GGG) (ChemImpex; Wood Dale, IL), and 1.8 mM CaCl2. GGG 

and CaCl2 were resuspended in cell culture media and adjusted to pH 7 using a 6 N solution of NaOH. 

Media was added to the final volume and the solution was sterile filtered with a 0.2 µm syringe filter. The 

devices were incubated in the eSrt(2A9) sortase working solution for 16 hours to degrade the PEG patterned 

in the v-shaped channel walls. Holes were added to the design to aid in permeation of the sortase solution 

into this region. After incubation, the clips and patterning device that now had a degraded channel wall 

were gently removed, releasing the PEG-based suspended hydrogel. Removal of the STOMP patterning 

device was performed while the hydrogel was submerged in a media.  

EHT analysis 

Force measurements: EHTs were placed in a Tyrode’s buffer (1.8 mM CaCl2, 1 mM MgCl2, 5.4 mM KCl, 

140 mM NaCl, 0.33 mM NaH2PO4, 5 mM glucose, pH 7.35) at 37°C for contractile analysis. Biphasic 

field stimulation at 1.5 Hz (5 V/cm for 10 ms duration) during imaging was provided by a custom pacing 

device incorporating carbon electrodes designed to fit in a 24-well plate and an electrical stimulator (Astro 

Med Grass Stimulator, Model S88X) as previously described26,60,91. Brightfield videos of EHT contraction 

were taken at 66.7 fps for 7.5 seconds for stimulated contractile measurements and 15 seconds for 

spontaneous contractile measurements. A custom MATLAB script was used to track the deflection of the 

flexible post and calculate the twitch force, shortening velocity, time to peak, time to 50% relaxation, time 
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to 90% relaxation, beat frequency, and cross-sectional area. Specific force was calculated by dividing the 

twitch force of each tissue by its cross-sectional area. 

Immunofluorescent Imaging: To visualize HS5-cells expressing GFP or mCherry which were seeded in 

the EHT outer or center regions respectively, EHTs were placed in a Tyrode’s buffer and imaged at 20 fps 

on an ORCA-Flash4.0 C13440 CMOS camera (Hamamatsu) on a Nikon TEi epifluorescent microscope 

with a FITC or TRITC filter cube. Images were processed using ImageJ.    

Periodontal tissue analysis 

Calculation of PTC contractile force: Contractile force generated by PTCs was calculated by quantifying 

the magnitude of deflection they caused in the post pairs they were suspended between. Based on a modulus 

of elasticity of 2.5 MPa for PDMS, the bending stiffness (Kpost) of the flexible posts was calculated to be 

0.95 μN/μm, as done previously59. Contractile force was calculated by multiplying the bending stiffness by 

the deflection of the post (initial length of tissue, L0, minus the final length of tissue, LF) (see Supplementary 

Figure E11).  

Alizarin red staining: PTCs on posts were fixed in 4% PFA at room temperature for 1 hour and then 

removed from the posts. PTCs were then washed with DH2O, and incubated in alizarin red solution (pH 

4.1 to 4.3) (Sigma-Aldrich) for 45 min at room temperature and washed 4x with DH2O on a shaker at room 

temperature. Whole PTCs were then coverslipped in VECTASHIELD mounting medium and allowed to 

dry overnight. The next day, brightfield microscope images at 4X were taken. Images were processed using 

the FIJI image analysis software. 

Statistical analysis: Data from both the EHT and PTC work represents tissues collected from three 

independent experiments. All data points in the figures designate values for a single tissue. All values shown 

are reported as the mean ± standard error of mean. For the EHT work, results were compared by using an 

unpaired t-test with two tails. For the PTC work, results were compared using one-way ANOVA with post-

hoc comparisons using GraphPad Prism. Differences with p-values ≤ 0.05 were considered statistically 

significant and denoted with an asterisk. 
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Chapter 3│ At-home blood collection and stabilization in high temperature climates using 
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Abstract: Expanding whole blood sample collection for transcriptome analysis beyond traditional 

phlebotomy clinics will open new frontiers for remote immune research and telemedicine. Determining the 

stability of RNA in blood samples exposed to high ambient temperatures (>30°C) is necessary for deploying 

home-sampling in settings with elevated temperatures (e.g., studying physiological response to natural 

disasters that occur in warm locations or in the summer). Recently, we have developed homeRNA, a 

technology that allows for self-blood sampling and RNA stabilization remotely. homeRNA consists of a 

lancet-based blood collection device, the Tasso-SST™ which collects up to 0.5 mL of blood from the upper 

arm, and a custom-built stabilization transfer tube containing RNAlater™. In this study, we investigated 

the robustness of our homeRNA kit in high temperature settings via two small pilot studies in Doha, Qatar 

(no. participants = 8), and the Western and South Central USA during the summer of 2021, which included 

a heatwave of unusually high temperatures in some locations (no. participants = 11). Samples collected 

from participants in Doha were subjected to rapid external temperature fluctuations from being moved to 

and from air-conditioned areas and extreme heat environments (up to 41°C external temperature during 

brief temperature spikes). In the USA pilot study, regions varied in outdoor temperature highs (between 

25°C and 43.4°C). All samples that returned a RNA integrity number (RIN) value from the Doha, Qatar 

group had a RIN ≥7.0, a typical integrity threshold for downstream transcriptomics analysis. RIN values 
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for the Western and South Central USA samples (n=12 samples) ranged from 6.9-8.7 with 9 out of 12 

samples reporting RINs ≥7.0. Overall, our pilot data suggest that homeRNA can be used in some regions 

that experience elevated temperatures, opening up new geographical frontiers in disseminated 

transcriptome analysis for applications critical to telemedicine, global health, and expanded clinical 

research. Further studies, including our ongoing work in Qatar, USA, and Thailand, will continue to test 

the robustness of homeRNA. 

 
3.1 Introduction 

Blood is a useful biofluid for transcriptome analysis, as it is relatively non-invasive to obtain and 

provides ample information for biomarker identification and analysis [1]. Consequently, whole blood RNA 

transcript analysis has emerged as an avenue for realizing the goals of personalized medicine [2, 3]. Key 

biomarkers discovered through blood transcriptomic studies have potential applications in novel 

therapeutics and diagnostics [4–8] and have provided new avenues for disease monitoring of chronic [9, 

10], autoimmune [11, 12], and infectious diseases [13]. By combining home-sampling technologies and 

transcriptomics, one can further expand upon these applications, opening up both biomarker discovery 

through discovery-based research studies, and bring applications such as gene expression-based disease 

monitoring and diagnostics to home-based tests. Further, a technology that allows for remote blood 

transcriptomics would be enabling for increasing access to rural, remote, or underserved communities, for 

both research studies and telemedicine, and could be a powerful technology for enhancing global health 

efforts [2]. 

Conducting remote blood transcriptomics research presents several challenges. For example, while 

blood is relatively non- invasive to collect, conventional blood collection is limited to phlebotomy. 

Logistically, relying on phlebotomy for collection geographically confines blood collections to clinic/lab 

locations or research institutes. Several self-blood collection technologies have been developed for remote 

use, including fingersticks [8], dried blood spots [14–16], and lancet-based technologies that collect blood 

from the upper arm [17–21], such as the Tasso-SST device that we use in our home- sampling and RNA 
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stabilization kits (including the work in this manuscript). Another major challenge of remote blood 

transcriptomics is stabilization of whole blood RNA to minimize RNA degradation due to spontaneous 

degradation via autohydrolysis or degradation due to the presence of ribonucleases [22]. Toma et al. 

developed an at-home blood collection kit that collects 50μl of capillary blood via fingerstick and mixes 

with a proprietary RNA preservative solution at a 1:4 ratio [8]. To test the ability of the RNA preservative 

solution to preserve blood transcriptome, Toma et al. collected blood samples from participants (n = 3) and 

stored at ambient temperature (22°C) or −80°C for 0, 7, 14, and 28 days, with and without shipping. They 

found high correlation coefficients between gene expression levels from the samples in all conditions, 

demonstrating the efficacy of the RNA stabilization solution to preserve RNA integrity over 28 days [8]. 

To address this burgeoning need and develop technology for higher blood volumes than are possible 

with fingersticks, we have recently developed homeRNA, a kit for the self-collection and stabilization of 

whole blood RNA, for use in disseminated whole blood transcriptome applications [23]. homeRNA uses a 

blood collection device, the Tasso-SST, that collects capillary blood from the upper arm via a lancet; the 

blood collection tube from the Tasso system then interfaces with a custom engineered stabilizer tube that 

holds liquid stabilizer solution (RNAlater) [23]. Previously, we demonstrated successful stabilization of 

RNA extracted from samples collected with homeRNA in 47 participants in 10 USA states in a pilot 

feasibility study for validation of homeRNA for remote blood collection and RNA stabilization. However, 

most of these samples were collected in regions with relatively moderate summer temperatures or during 

the fall/winter and thus we sought to test the homeRNA sampling kit in regions with elevated temperatures. 

Our present study builds on a small body of prior work examining the effects of blood storage temperature 

on RNA quality; prior work largely focused on the effects of cold storage and did not examine temperatures 

above 25°C [24–26]. 

Establishing means to remotely probe the human whole blood transcriptome in elevated temperature 

settings has important implications, including enabling clinical research or personalized medicine 

applications in areas with high temperature and studying diseases/events that are specific to warm climates 

or warm times of year. For example, regions more highly burdened by tropical diseases would benefit from 
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a better understanding of the stability of RNA because many of these areas often have persistently elevated 

temperatures. Further, even in regions with more moderate climates for part of the year, researchers may 

wish to conduct remote sampling studies in the summer months, particularly when tied to a specific seasonal 

event. For example, a study aiming to understand wildfire smoke exposure in the Western and South Central 

USA would necessitate sampling in the summer months where temperatures are elevated, as these months 

are when wildfires occur. Overall, the ability to reliably stabilize RNA with homeRNA in high temperature 

settings will open up remote transcriptome studies to regions with a warmer climate, whether seasonally or 

permanently. 

We present here two small pilot studies exploring the application of homeRNA in high temperature 

settings. In the first pilot study, homeRNA was used by a small group in the city of Doha, Qatar before the 

sample was exposed to simulated shipping conditions of fluctuating temperatures. In the second study, 

homeRNA was used at a regional scale, where participants used homeRNA in their own homes during the 

summer months in several Western and South Central USA states, which included regions that are typically 

very hot [e.g., Reno, Nevada and Southern California) as well as the Pacific Northwest during the June 

2021 heat wave. For samples collected from both studies, we examine quality control metrics typical to 

determining suitability of isolated RNA for downstream RNA transcript analysis, including the RNA 

integrity number (RIN) and total cellular RNA yield. In both the small pilot study in Qatar, and the small 

pilot study in the Western and South Central USA, we found satisfactory RIN values (RIN ≥7) in the 

majority of samples (84%, 16 out of 19 samples), with a RIN of 6.9 in the remaining 3 samples. Overall, 

our data demonstrate successful RNA stabilization as a function of yield and RIN values using homeRNA 

in high temperature settings. 

3.2 homeRNA at high temperatures: An overview of two pilot studies 

In this work, we tested the robustness of the homeRNA kit by evaluating the stability of RNA 

transcripts in blood collected using the homeRNA kits during high temperatures in the summer months 

(July-August) in two different regions: Doha, Qatar (in-lab collection with homeRNA, followed by in-field 

sample exposure in a hot car to simulate conditions in a courier service) and the Western and South Central 



 74 
 

USA (remote collection with homeRNA by participants in their home, shipped back to the lab). A typical 

logistical process of collecting, stabilizing, shipping, and processing homeRNA blood samples is outlined 

in Figure 3.1, including a schematic of how a user can collect and stabilize blood with homeRNA. In each 

case, our study design was chosen based on how at-home clinical research studies would be performed in 

that region (i.e., a 3-hour car ride to simulate a courier service in Doha and overnight shipping via UPS in 

the USA). Specifically, in the Qatar pilot study we were interested in understanding if stabilized blood 

samples exposed to high temperature fluctuations in a region of the world that regularly experiences high 

temperatures would affect the quality of isolated blood RNA. The Qatar samples were collected in a 

laboratory setting which was air conditioned (to model the air-conditioned home environment typical in 

Qatar) and deliberately stressed in different temperature environments (i.e., collection at air-conditioned 

ambient temperature, exposure to external outdoor high temperatures, transportation conditions, etc. (Table 

B1)) to simulate shipping conditions that typically occur between remote blood collection and shipment 

back to the lab for analysis in Qatar. In Qatar, air conditioning is prevalent, and therefore samples may go 

from air-conditioned areas to extreme heat during shipping. Further, in Doha courier services (such as Uber) 

are a common method of moving packages around the city. The conditions we employed (Table B1) were 

chosen to mimic a typical car ride that the samples would experience in a courier service for shipments 

within the city itself; the length of the car ride (3h) is shorter than the time required to ship packages in the 

USA with UPS, but is relevant for courier services in Doha. Subsequently, the Western and South Central 

USA pilot study experienced real-world shipping conditions, in which participants were mailed homeRNA 

kits from Seattle, WA to various states in the Western region of the USA during the summer (Table 3.1), 

yielding data from participants in a range of regions and temperatures to further test the applicability of 

homeRNA in multiple high temperature environments. 

The robustness of the homeRNA kit to elevated ambient temperature exposures was validated by 

assessing isolated blood RNA quality with RNA integrity number (RIN) values. RIN values range between 

1 and 10, with 1 referring to a completely degraded sample and 10 referring to an intact sample [27]. RIN  
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Figure 3.1. Typical process for using homeRNA from collection to processing of samples. (A) Collection 
and stabilization of blood using homeRNA. (i) Process of collecting blood from the upper arm with Tasso 
device and stabilizing the sample with the homeRNA custom stabilizer tube. Image was reprinted with 
permission from Haack, Lim, et al. homeRNA: A Self-Sampling Kit for the Collection of Peripheral Blood 
and Stabilization of RNA. Anal. Chem. 2021, 93, 39, 13196–13203. Copyright 2021 American Chemical 
Society [23]. (ii) Map depicting locations of participants in the small pilot studies conducted in Qatar and 
the Western and South Central USA. Note, participants in Qatar collected samples themselves in a lab 
setting. (iii) illustration demonstrating a participant connecting the Tasso blood tube and the homeRNA 
stabilizer tube, (iv) homeRNA kit on a coffee table, depicting a home setting for blood collection. (B) 
Illustration demonstrating two possible locations where samples may be exposed to high temperatures 
including (i) located on a front porch waiting to be picked up (which was the pickup location for many 
participants in the Western and South Central USA pilot study) and (ii) in transit in a delivery truck or 
courier service. (C) final step of sample processing for downstream analysis in a laboratory setting. 
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values ≥7.0 are standard QC cut-offs for genome wide transcriptional profiling [28]. However, useful RNA 

sequencing data can still be obtained from more degraded samples (RIN values between 4 and 7) [29]. 

Table 3.1: Participant and sampling information for the Western USA pilot study 

Participant 

Self-
Reported 
Blood 
Volume (µL) 

Indoor 
Temperature 
at Sampling 
(℃) 

Outdoor 
Temperature 
High on 
Pickup Day 
(℃) 

Location of 
Sampling 

Month of 
Sampling 

Total Yield 
(ug) RIN 

1A 200 25.0 42.3 Albany, OR Late June 0.7 6.9 
1B 300 26.3 35.6 Albany, OR Early July 0.8 6.9 
2 400 25.8 36.8 Davis, CA Late July 1.1 7.1 
3 300 23.2 28.7 Seattle, WA Early August 0.8 7.4 
4 300 24.0 33.4 Dallas, TX Early July 0.7 7.3 
5 200 23.1 35.3 Laramie, WY Late July 0.5 7.6 
6 200 24.5 34.8 Pasadena CA Mid July 0.8 6.9 
7 300 26.9 43.4 Portland, OR Late June 0.5 7.4 
8 400 27.2 32.3 Reno, NV Early August 1.0 7.3 

9 300 21.2 25.0 
Albuquerque, 
NM Late June 1.9 8.2 

10 400 25.0 35.4 Portland, OR Late July 1.8 7.6 
11 400 23.0 25.5 Portland, OR Late July 1.6 8.7 
 
3.3 homeRNA for high temperature regions: a pilot study in Doha, Qatar 

To understand the robustness of the homeRNA device for use in clinical studies performed in Doha, 

Qatar, 8 participants in Doha, Qatar collected and stabilized their own blood in late August 2021. After 

blood collection and stabilization with the homeRNA kit, each sample was incubated at room temperature 

(21°C) for 27 h, simulating time between remote blood collection and next-day sample pick up for 

shipment. After sitting out at room temperature, the stabilized blood samples were then exposed to 

fluctuating external temperatures in air-conditioned, indoor, and outdoor environments, as outlined in 

Figure 3.2A and Table B1, by driving the samples around Doha in a car. This setup mimics the change in 

environment and temperatures that the stabilized blood samples would experience in transit using a typical 

courier service (see rationale for design described at the beginning of the Results and Discussion). The 

samples underwent external changes in temperature between 21°C and 41°C over the course of three hours 

before storage at −80°C until the time of analysis (Figure 3.2A). Of the 8 participants, stabilized blood 
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samples from 7 of the donors were exposed to these high environmental temperature spikes. Samples 1 and 

2a (from participant 2 who was sampled twice: 2a for control and 2b for temperature stress) were frozen 

after overnight incubation at room temperature to serve as controls. 

The quality of isolated RNA from all 9 blood samples (from 8 participants) was assessed to observe 

if the high external temperature spikes had adverse effects on the RNA stability in the homeRNA platform. 

Of the 9 samples, 7 yielded scorable RIN values (Figure 3.2C). The two that did not yield a RIN value 

(participants 6 and 8) both reported collected blood volumes of ∼100 μl. We note that blood volume does 

not necessarily correlate with RNA yield (see Figure B5) and that variability in blood volume could result 

from device-to-device variability in the Tasso blood collection system and inaccuracy in participant 

reporting of the volume of collected blood. These two samples had low RNA concentrations beneath the 

limit of detection of the RNA 6000 Nano Kit (<5 ng/μl), but distinct 18S and 28S rRNA bands are noted in 

the digital gel (Figure 3.2B). The scorable RNA samples had RIN values between 7.6–8.7, demonstrating 

a sample quality suitable for downstream transcriptome (e.g., RNA-seq) analysis. Electropherograms 

obtained from the bioanalyzer can be found in Appendix B (Figure B1). RNA concentrations for the first 

50 μl elution were also obtained with the bioanalyzer (Figure B2). For the 5 samples that were exposed to 

temperature fluctuations and yielded a scorable RIN value, the RNA concentrations from the first 50 μl 

elution ranged from 21 ng/μl to 40 ng/μl (1,050–2,000 ng total cellular RNA in the first 50μl elution). The 

two samples that yielded a concentration less than the qualitative range (5 ng/μl) of the Nano 6000 kit 

(participant 6 and 8) both measured a concentration of 4 ng/μl (200 ng total cellular RNA in the first 50μl 

elution). Therefore, all samples, including the low concentration samples (participant 6 and 8), likely had 

at least 200 ng total yield of RNA in the first elution. In general, 500 ng is a comfortable minimal cutoff 

value for large-scale transcriptomics analyses such as standard RNA-Seq (with many facilities accepting 

lower amounts of RNA), and 100 ng is a comfortable minimal cutoff value for expression analyses of a 

small panel of targeted genes. For RNA-Seq, we note that different cutoff values exist (for example as low 

as 10–30 ng) depending on the method and whether cDNA amplification is performed. 
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Figure 3.2. Quality of isolated RNA from 
stabilized homeRNA samples exposed to high 
external temperature spikes in Doha, Qatar. (A) 
External temperature fluctuation experienced by 
self-collected and stabilized blood samples after 
storage at ambient temperature (21° C) for 27 h. 
External temperature reached a maximum of 
41°C. Black data points indicate the measured 
temperature; gray dashed lines are included to 
connect the points to guide the eye only 
(transitions between temperatures may not be 
linear). (B) Digital gel image of RNA isolated 
from homeRNA blood samples with 
corresponding RIN values. Samples 2a and 2b 
were from the same participant. Samples 1 and 
2a did not undergo temperature fluctuations 
(they were frozen down at −80°C after overnight 
ambient temperature incubation to use as 
controls). (C) Scorable RIN values for each 
blood sample not exposed (control) and exposed 
(temperature fluctuation) to high temperature 
spikes along with the reported approximate 
blood volume collected by each participant. 
Participants 6 and 8 yielded too low of a RNA 
concentration to be detected using the RNA 
6000 Nano kit. 
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The successful isolation and high quality of RNA from blood samples collected, stabilized, and 

analyzed in Doha suggests that the homeRNA platform can be used for at-home clinical studies in Doha or 

places similar to Doha, a hot climate where air conditioning is commonplace in buildings and vehicles and 

fast courier services are available. In this setting, samples experience exposure to short term, high 

temperature fluctuations in external environmental conditions. Perhaps some researchers would assume that 

rapid temperature spikes would not affect the quality of RNAlaterTM- stabilized RNA, but we felt that it 

was necessary to conduct this field testing before using homeRNA for clinical research in Doha. One 

important note regarding the experimental setup for this small pilot study is that the reported temperatures 

(Figure 3.2A, Table B1) are that of the local external environment (i.e., temperature inside the car, ambient 

outdoor temperature, etc.) rather than the temperature of the blood sample itself. It is possible that even 

though the external temperatures fluctuated markedly over the course of three hours with intervals of rapid 

but short increases or decreases in ambient temperatures, the blood sample itself may not have fully 

equilibrated to these observed external temperatures. Further experimentation, such as in-lab controlled 

temperature stress experiments, could further determine how spikes in external temperature affect the 

temperature of the blood sample itself. 

3.4 homeRNA for high temperature seasons: a pilot study in Western and South Central USA 

To further assess the robustness of the homeRNA kit in high temperature settings, 11 participants in 

various regions throughout the Western and South Central USA collected and stabilized their own blood 

and shipped it back to our lab for analysis. These samples were collected during the summer of 2021, which 

involved unusually high temperatures in some locations, and 2 of these samples were collected during the 

June 2021 heatwave in the Pacific Northwest region. Samples were collected at indoor ambient 

temperatures ranging between 21°C and 27°C (Table 3.1, Figure 3.3Bi). Typically, stabilized blood samples 

were shipped back the same day or the following day with overnight shipping. The logistics of the study 

were such that participants left their package in a designated pickup area; all participants chose to have their 

samples picked up from outside their homes; therefore, all the stabilized blood samples were also exposed 

to the outdoor ambient temperatures following indoor collection and stabilization (See Table 3.1 for pickup 
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location). The duration of post-collection specimen storage prior to transit back to the lab (turnover 

duration) can be highly variable; this ranges from immediate transit (direct package handover a courier 

service driver) to overnight storage, in which these specimens can experience prolonged exposure to high 

ambient temperatures. This turnover duration is an important variable in temperature-dependent specimen 

stability and our data reflects the cumulative effect of variations in turnover duration experienced during 

real-world transits. 

According to the day that each sample was collected and stabilized, the maximum outdoor 

temperature (“daily high”) reported for the corresponding location of each participant (based on local 

weather reports found at Weather Underground) is included in Table 3.1. These outdoor temperatures 

spanned between 25°C and 44°C (Table 3.1, Figure 3.3Bii). We note that we do not know if the sample 

was outside during the daily high and further note that it is possible that the package was exposed to 

temperatures higher than the daily high, such as if it was placed in direct sunlight or if the temperature 

inside the pickup vehicle exceeded the daily high. Thus, the daily high is simply provided as a reference. 

In addition to the above, as noted in the Doha pilot study, the temperature of the blood sample may be 

different from the temperature of the external environment. 

The quality of isolated RNA from 12 blood samples (from 11 participants) was assessed to observe 

how various temperature exposures (indoor, outdoor, shipping conditions, etc.) affected homeRNA stability 

in a field test. 75% of the samples (9 out of 12 samples) yielded a RIN ≥7.0 (7.1–8.7) and the remaining 

yielded a RIN of 6.9 (Figure 3.3A). The RIN values demonstrate sufficient RNA quality for downstream 

transcriptomic analysis. 

To observe how temperature at the time of collection and shipment affected the RNA integrity, RIN 

values were plotted against the respective indoor temperature at the time of collection and stabilization 

(Figure 3.3Bi) along with the local weather reports maximum outdoor temperature (Figure 3.3Bii). Indoor 

temperatures reported for the 12 samples range from 21.2–27.2°C. Indoor temperature at the time of 

collection (at least across the temperature range and small sample size used in this study) does not have a 

clear influence on the RIN value. Notably, there is overlap between the indoor temperatures reported here  
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Figure 3.3. Quality of isolated RNA from stabilized homeRNA samples collected during the summer in 
the Western and South Central USA. (A) Digital gel image of RNA isolated from homeRNA stabilized 
blood samples with corresponding RIN values, with (i) samples diluted 1:5 with nuclease-free water and 
run with a RNA 6000 Pico kit and (ii) samples run with a RNA 6000 Nano kit without dilution. Participant 
1 contributed two samples, 1a and 1b, that were collected and stabilized on different days and at different 
temperatures. (B) (i) RIN values from blood collected and stabilized at different indoor ambient 
temperatures during summer and (ii) RIN values according to the outdoor temperature high reported on the 
day of collection. Each participant was asked to report the approximate blood volume collected before 
stabilization based on Figure A6 in the collection survey.  
 
(Figure 3.3B) and in our initial homeRNA feasibility study [23]. In our previous pilot study conducted in 

2020 [23], the majority of the samples were collected with an ambient indoor temperature between 18–

25°C (n=43/53 analyzed returned samples where participants completed their surveys and provided indoor 

temperature data), with the other 9 samples ranging from 26–28°C, with 5 at 26°C, 1 at 27°C and 3 at 28°C. 

The results from the present study conducted in 2021 with respect to indoor temperature are plotted together 

with the results from our 2020 pilot study [23] with regards to RIN (Figure B5Ai) and total RNA yield 

(Figure B5Bi), in the Appendix B. There is also some overlap in the range of outdoor highs on pickup day 
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in this study and our previous study conducted in 2020, but the samples collected in the 2021 study 

described here in the Western and South Central USA were picked up on days with a warmer outdoor high, 

on average. For the 2020 pilot study, the outdoor highs on pickup day ranged from 9–34.8°C, with a median 

outdoor high of 21.4°C, and only 7/60 total samples (collected from 47 total participants) had an outdoor 

high on the pickup day >30°C [23]. In contrast, the median and range of the outdoor high on pickup day 

was higher for the present 2021 study, ranging between 25–43.4°C, with a median of 35.1°C. The RIN 

(Figure B5Aii) and total RNA yield (Figure B5Bii) from the 2020 and 2021 studies are plotted together 

with respect to outdoor high on pickup day in Figure A5. All but one of the samples where a RIN was 

obtained in our 2020 pilot study yielded a RIN ≥7.0; the one sample with a RIN <7 was evaluated to a RIN 

of 6.8 [23]. With regards to the relationship between the outdoor high and RIN in the present study, the 

three samples with the lowest RIN (RIN of 6.9) correspond to outdoor daily high temperatures ≥34°C; 

however, four other samples corresponding to outdoor daily high temperatures ≥35°C returned RIN values 

≥7.0. 

Although RIN values were indicated as the main performance metric in this study, we acknowledge 

that other performance metrics (e.g., total yield and RNA concentration) may be used concurrently to guide 

sample selection for downstream analysis. In longitudinal studies with multiple collection time points, 

extremely low yields either due to low blood volume or low circulating WBCs can lead to exclusion of 

specific time points in the longitudinal data series. These missing-at-random (MAR) samples can be 

problematic in longitudinal studies as they create unbalanced data and biased estimates [30]. However, 

additional statistical approaches such as time-course gene set analysis (TcGSA) can be used to account for 

such heterogeneity in the dataset [30]. 

In studies where sampling is done in high temperature climates and samples are susceptible to variable 

levels of temperature-induced degradation, it is crucial that initial analysis of the genes of interest is 

performed to determine how their transcript levels change with respect to post- stabilization temperature 

stress as degradation may not occur uniformly within the sample [29]. Prior to complete sample 

stabilization, multiple RNA decay pathways may influence rate of decay for distinct transcript sets [31]. In 
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such studies, alternative normalization strategies (e.g. using linear model framework to control for effects 

of RIN values) may be used to enable identification of biological meaningful expression signatures [29]. 

3.5 Conclusion 

The ability to remotely collect and stabilize blood will expand future applications in the field of 

personalized medicine, particularly for analyzing blood transcriptomes that can give insight to disease 

progression/therapy response, immune response, and biomarker discovery. However, in order to establish 

the capability to do this, it is important to examine how exposure to various temperature conditions affects 

RNA stability. In this work, we conducted two small pilot studies to test the robustness of our homeRNA 

at-home self-collection and stabilization blood kit to successfully preserve RNA integrity in high ambient 

temperature environments (>30°C) in two different study designs. These two pilot studies can inform 

clinical studies that could be run in places similar to Doha, Qatar (where samples are only exposed to short 

temperature spikes in transit) and the Western and South Central USA (where samples are in transit 

overnight given the regional nature of the study). We demonstrated that the majority of these blood samples 

yielded sufficient RIN (≥7.0), which suggests the usability of these samples for downstream transcriptome 

analyses. Important limitations of the present work include relatively small sample sizes, although we note 

that this work follows on our larger study with 47 participants across the USA. [23] Further, we have several 

ongoing clinical studies in the USA, with >1,000 samples collected over the past year; these studies will 

eventually add to the literature on the robustness of homeRNA across the USA through different seasons. 

It is also important to study the performance of homeRNA in tropical climates where samples will undergo 

longer transit times and longer periods of sustained high temperatures than those expected in Doha; to this 

end, we have ongoing studies utilizing homeRNA in urban and rural Thailand. As homeRNA is applied to 

diagnosis and monitoring of specific diseases, it will be important to analyze the expression of genes of 

interest that could be affected by elevated temperatures (i.e., transcriptional levels of inflammatory genes 

or disease- specific genes) using controlled in-lab experiments prior to personalized medicine applications. 

To our knowledge, this is the first study to establish use of homeRNA in sampling regions experiencing 
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higher ambient temperatures, representing an initial validation study to extend the use of homeRNA to 

warm environments. 

3.6 Materials and methods 

homeRNA for the collection and stabilization of whole blood cellular RNA 

Design and assembly of homeRNA: The fabrication of the RNA stabilizer tube as an interface to the Tasso-

SST blood tube has been described previously [23]. Briefly, the RNA stabilizer tube was designed to hold 

the RNAlaterTM stabilization solution and connect to the Tasso-SST blood collection tube for remote self-

blood collection and RNA stabilization. The Tasso-SST blood collection tube does not contain an 

anticoagulant. We previously showed that Tasso-SST-mediated capillary blood collection, despite not 

having an anticoagulant, did not result in major compromise of RNA quality as measured by RIN values 

[23]. At the time of the development of the homeRNA kit, the Tasso-SST was the only commercially 

available Tasso product for collecting liquid samples; we note that we do not use the serum separator tube 

(SST) feature. The stabilizer tube was injection molded out of polycarbonate (PC: Makrolon 2407) by 

Protolabs, Inc (Maple Plain, MN). Details of the stabilizer tube components and design files can be found 

in Haack, Lim, et al. [23]. Prior to assembly of the stabilizer tube, all components were first cleaned via 

sonication in 70% ethanol (v/v) for 30 min and air dried. The stabilizer tube was filled with 1.3 ml RNAlater 

(Thermo Fisher) stabilization solution and capped. The stabilizer tube insert was designed to hold the 

stabilizer tube containing blood in a 50 ml conical tube during transport. The insert also allows for facile 

centrifugation of the sample in the 50 ml standard conical tube when it arrives in a laboratory setting, as it 

centers and immobilizes the homeRNA sample tube relative to the 50ml tube. The insert was injection 

molded out of polycarbonate (PC: Makrolon 2407) by Protolabs, Inc (Maple Plain, MN). All other 

components included in the homeRNA blood kit and the Instruction for Use (IFU) are listed previously [23] 

and included in Appendix B of this chapter for easy reference. All kit components were placed in a rigid 

custom design mailer box fabricated via die-cutting (The BoxMaker, Inc.) [23]. 
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High temperature fluctuations in homeRNA collected samples: A small pilot study in Doha, Qatar 

Participant recruitment and demographics: Healthy adult volunteers (18 years or older) were recruited in 

Doha, Qatar via word of mouth under a protocol approved by Sidra Medicine Institutional Review Board 

study number 1609004823. Written informed consent was obtained from all participants. In total, the study 

enrolled 8 participants between the ages of 29 and 53 (7 male and 1 female). 

Temperature fluctuations of homeRNA collected and stabilized blood samples: Participants were asked 

to collect and stabilize 1–2 whole blood samples using homeRNA in a laboratory setting. The stabilizer vial 

containing the stabilized blood was placed in the 50ml conical tube with the insert provided in the 

homeRNA kits (see design and assembly of homeRNA above). Next the 50 ml tube containing the stabilized 

blood samples was placed in a sealed bag (provided in the kit) inside the homeRNA cardboard package, 

and then incubated at ambient temperature (21°C) for 27 h to simulate the amount of time that might pass 

between blood collection at home and a scheduled pickup time from a courier service. Samples 1a (from 

participant 1 who was sampled twice) and 2 were frozen at −80°C after incubation at ambient room 

temperature for 27 h. The remaining 6 samples, after 27 h incubation at ambient temperature, underwent 

3h of exposure to cycling temperatures in air-conditioned, indoor, and outdoor environments to simulate 

shipping conditions of the homeRNA kit from remote site to lab. Each sample was exposed to a low of 

21°C and a high of 41°C (with the elevated temperatures occurring as brief temperature spikes, see Table 

A1 and rationale for this temperature exposure/study design provided in the Results and Discussion) over 

the course of 27–30h after blood collection and stabilization. 

homeRNA collection during summer months: A small pilot study in the Western and South Central 

USA 

Participant recruitment and demographics: Healthy adult volunteers (18 years or older) were recruited 

from US states that historically experience wildfire smoke (i.e., the Western USA) via word of mouth under 

a protocol approved by University of Washington Institutional Review Board (STUDY00012463). 11 

participants between the ages of 20 and 56 years old were enrolled (4 male and 7 female) and collected 

samples used in this study. Note: these samples were collected as part of a larger ongoing study our research 
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group is performing to investigate the effects of wildfire smoke exposure on inflammation. These 12 

samples (from 11 participants) were chosen to capture a range of temperatures including the warmest 

temperatures experienced by our participants in summer 2021. Written informed consent was obtained from 

all participants. Participants were located in 7 states, including California, Nevada, New Mexico, Texas, 

Oregon, Washington, and Wyoming. Samples were collected between June and July of 2021, including 

samples (n = 2) that were collected during the June 2021 heat wave in the Pacific Northwest. 

Participant blood self-collection and stabilization: Participants were asked to self-collect and stabilize 

blood from their upper arm using the homeRNA blood collection and stabilization kit. Each participant was 

also asked to complete a survey with each collection that included information about the ambient 

temperature during collection and the approximate blood level (see Figure B6). Participants were asked to 

package their stabilized blood samples to be returned to the lab for analysis using the provided return mailer 

bag (per instructions including containment in a 50 ml conical tube, plastic bag, and the homeRNA kit 

cardboard box). Participants left their sample outside for pickup between the hours of 12:00 PM and 3:00 

PM. All stabilized blood samples were mailed using next day delivery courier services (United Parcel 

Service, UPS). Returned samples were delivered to a −20°C freezer and subsequently stored at −80°C prior 

to RNA extraction. 

Temperature data collection: Participants were provided with a temperature monitor (ThermPro) and were 

asked to record the temperature at the time of sampling to obtain the indoor temperature data (Figure 3.3Bi). 

We collected the maximum temperature from the day the sample was picked up as the outdoor high on 

pickup day (Figure 3.3Bii). Temperature data was obtained from the daily high reported from the closest 

weather station on the day of the pickup. The weather station data was obtained from Weather Underground. 

RNA isolation and assessment of RNA integrity from homeRNA-stabilized whole blood 

RNA isolation: For both small pilot studies in Doha, Qatar and the Western and South Central USA, total 

cellular RNA was isolated using the RibopureTM - Blood RNA Isolation Kit (Thermo Fisher) according to 

manufacturer’s protocol and eluted in two 50 μl aliquots. Prior to removing the stabilized blood from the 
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collection tube, the 50 ml conical tube holding the homeRNA device was briefly centrifuged 10 s at 50 g. 

Isolated RNA was stored at −80°C until ready for further analysis. 

Assessment of yield and RNA integrity of total cellular RNA in the Western and South Central USA: For 

the pilot study in the USA, RIN values of the first 50 μl elution were obtained on a Bioanalyzer 2100 

(Agilent). The Agilent 2100 Bioanalyzer uses proprietary, built-in software to calculate RIN values, which 

is based on the relative peak height and shape of the 18S and 28S rRNA fragments in the resulting 

electropherogram after separation. All samples were assessed using the RNA 6000 Nano Kit. Samples with 

returned concentrations below the quantitative range (<25 ng/μl) of the RNA 6000 Nano Kit were further 

analyzed using the RNA 6000 Pico kit. For these low concentration samples, only values provided by the 

Pico kit were used in the data analysis. Samples 9–11 had sufficient RNA concentration to be within the 

quantitative range of the RNA 6000 Nano Kit (25–500 ng/μl), whereas RNA concentration from the first 

elution from samples 1–8 were below this threshold and were therefore diluted 1:5 with nuclease free water 

to be within the quantitative range for the RNA 6000 Pico Kit (50–5,000 pg/μl). RNA concentration was 

measured for both isolated RNA aliquots using a Cytation 5 Multi-Mode Reader (Agilent Biotek 

Instruments) with a Take3 Micro-Volume Plate at the wavelengths of 260, 280, and 320 nm (Figure B4). 

Assessment of yield and RNA integrity of total cellular RNA in Qatar: For the pilot study in Qatar, RNA 

integrity number (RIN) values and RNA concentration of the first 50 μl elution were obtained on a 

Bioanalyzer 2100 (Agilent) using the RNA 6000 Nano Kit (Agilent) for all samples. For samples analyzed 

in Qatar, additional assays on the Pico kit were not performed on samples with concentrations below the 

qualitative range of the Nano kit. The bioanalyzer was used to obtain the RNA concentration from the first 

50 μl elution of the RNA isolation protocol (Figure B2). 
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on Degradation of RNA from Stabilized Whole Blood 
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Abstract: Remote research studies are an invaluable tool for reaching populations with limited access to 

large medical centers or universities. To expand the remote study toolkit, we previously developed 

homeRNA, which allows for at-home self-collection and stabilization of blood and demonstrated the 

feasibility of using homeRNA in high temperature climates. Here, we expand upon this work through a 

systematic study exploring the effects of high temperature on RNA integrity (represented as RNA Integrity 

Number, RIN) through in-lab and field experiments. Compared to the frozen controls (overall mean RIN 

of 8.2, n = 8), samples kept at 37℃ for 2, 4, and 8 days had mean RINs of 7.6, 5.9, and 5.2 (n = 3), 

respectively, indicating that typical shipping conditions (~2 days) yield samples suitable for downstream 

RNA sequencing. Shorter time intervals (6 hours) resulted in minimal RNA degradation (median RIN of 

6.4, n = 3) even at higher temperatures (50℃) compared to the frozen control (mean RIN of 7.8, n = 3). 

Additionally, we shipped homeRNA-stabilized blood from a single donor to 14 states and back during the 

summer with continuous temperature probes (7.1 median RIN, n = 42). Samples from all locations were 

analyzed with 3’ mRNA-seq to assess differences in gene counts, with the data suggesting that there was 

no preferential degradation of transcripts as a result of different shipping times, temperatures, and regions. 

Overall, our data support that homeRNA can be used in elevated temperature conditions, enabling 

decentralized sample collection for telemedicine, global health, and clinical research. 
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4.1 Introduction 

Remote self-sampling studies have become more prevalent in the wake of the COVID-19 pandemic; 

however, their utility goes far beyond the convenience of at-home sampling in a pandemic setting [1–5]. 

Fully remote studies circumvent many logistical barriers that preclude underserved and rural populations 

from participating in clinical research. These barriers include access to clinics or study sites that can perform 

blood draws, need for trained phlebotomists, suitable transportation, and sufficient time outside of typical 

work schedules. Additionally, remote sampling is compatible with collection of time-sensitive and 

longitudinal samples, making it an invaluable tool for human health research [6–11]. 

Devices for remote blood sampling (such as lancet-based devices from Tasso (Seattle, WA), YourBio 

Health (Medford, MA), etc.) offer a user-friendly way to self-collect blood samples. To enable analysis of 

many blood analytes, remote sample stabilization is necessary, particularly for whole blood RNA. Without 

stabilization, RNAses in whole blood can trigger intracellular RNA transcript degradation pathways ex vivo 

that can alter gene expression levels [12–15]. To address this aspect of RNA degradation, our lab has 

developed the homeRNA kit which consists of a commercially available Tasso-SST upper-arm blood 

collection device (which collects up to 0.5 mL of blood) and a custom-engineered stabilizer tube containing 

RNAlater [9]. RNAlater is a commercially available RNA stabilization agent commonly used with 

biological tissue samples that inhibits RNase activity and stabilizes cellular RNA [16–19]. In previous 

homeRNA studies, we have demonstrated that RNAlater effectively stabilizes self-collected blood and 

yields RNA of sufficient quality (represented by RNA Integrity Number, RIN) and quantity for downstream 

transcriptome analyses [9–11, 20]. In these studies, samples experience variable shipping times and often 

are not stored in the freezer until >48 h after collection. In ongoing work, we use homeRNA to study the 

inflammatory response to wildfire smoke exposure, which includes sampling during hot summer months 

across Western and Central U.S., and acute immune response to COVID-19 infection with nationwide 

sampling during all seasons [10, 11]. Since the US has vastly different climates depending on the time of 

year and location, it is important to consider how the shipping process may affect the integrity of RNA in 

remotely collected and stabilized blood samples. For example, our wildfire smoke exposure study took 
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place over a 10-month period (before, during, and after wildfire smoke exposure) and many samples were 

collected during the summer months. Further, we have previously conducted a preliminary examination of 

homeRNA in the Western and Central U.S. and Qatar with the goal of validating its utility in high 

temperature settings [20]. 

While the majority of samples collected in our previous and ongoing studies have sufficient RNA 

quality and yield for transcriptomic analysis, it is important to further investigate if transcripts are 

preferentially degraded and could bias the interpretation of these results. A potential concern based on past 

remote study experiences is that rural communities experience longer shipping times which could adversely 

affect RNA quality. Similarly, there is a concern that remote studies investigating immune response in 

tropical climates or during summer months could suffer from heat-induced RNA degradation. 

The existing body of research has primarily investigated the effects of cold and ambient temperatures 

on RNA integrity prior to isolation from whole blood samples, as well as stability of RNA following 

extraction [21–24]. However, few studies to date have systematically investigated exposure of blood to 

high temperatures (>37°C) and its effect on the resulting isolated RNA quality; one study from 

Sarathkumara et al. investigated the effect of exposing Tempus- and PAXgene-stabilized blood samples up 

to 40°C and found a decrease in RIN with prolonged exposure (up to 10 days) [25]. Additionally, Heneghan 

et al. observed a 5-10 fold increase in the rate of RNA transcript degradation from dried blood spots stored 

at 37°C, suggesting that higher temperatures may compromise the integrity of the transcriptome in dried 

blood spots [26]. Drawing on our past experiences with homeRNA and remote studies, we designed a set 

of temperature-controlled experiments on RNAlater-stabilized whole blood samples exposed to 

temperatures up to 50°C for up to 8 days. Additionally, we conducted a real-world shipping experiment and 

sequenced a subset of these samples using 3’ mRNA sequencing (3’ mRNA-seq) to better understand how 

variable exposure to different temperatures and shipping times can affect the quality of the transcriptomic 

data. This work serves as a roadmap for developing future remote transcriptomic studies that take place in 

elevated temperatures (e.g., tropical climates, summer months) and lays the groundwork for understanding 

the role temperature degradation plays in the interpretation of these data. 
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4.2 Investigating RNA Integrity of RNAlater Stabilized Blood Samples in Temperature Controlled 

Experiments 

To validate the utility of the homeRNA kit for preservation of RNA, we conducted a set of 

experiments to systematically probe the effects of storage conditions (time, temperature, repeat exposure). 

We chose times and temperatures to replicate scenarios similar to what samples would experience in a 

remote study conducted with the homeRNA platform [9-11, 20]. In a typical homeRNA study, participants 

are given instructions for self-collection and blood stabilization. Participants then package their stabilized 

samples for next- or same-day courier pickup. Many study participants opt to leave the samples on their 

front porch for a pickup window of 2 – 4 hours. Based on the location and time of year, samples may 

experience multiple hours outdoors in hot temperatures (>37℃). After pickup, packages typically take 1 – 

2 days to be returned to the lab, depending on the participant’s location; but in rare cases it has taken up to 

2 weeks for a package to be returned [9]. Additionally, while in transit, samples may experience fluctuations 

in temperatures (e.g., prior to pickup, during transit, or in storage facilities) (Figure C2) that could affect 

the stability of the RNA and cause differential degradation of RNA transcripts. In this work, we aim to 

elucidate (1) if exposure to longer shipping times and higher temperatures results in increased degradation 

of RNA and (2) if the variable conditions in the shipping process result in preferential degradation of 

specific transcripts. 

To model shipping times and temperatures that homeRNA samples may experience, we exposed 

RNAlater-stabilized venous blood samples to various temperatures (25℃, 37℃, 40℃, 45℃, or 50℃) and 

varying lengths of time (6 h, 1 day, 2 days, 4 days, or 8 days) in the lab. We place emphasis on the effects 

of higher temperature conditions (>37°C) since some of our ongoing homeRNA studies take place in hot 

climates or during the summer months. Remote studies can also take place in winter months or colder 

climates and may experience freezing with subsequent thawing prior to processing. Although some 

literature reports adverse effects of freeze-thaw cycles on RNA integrity from whole blood samples, we 

have found that RNAlater-stabilized whole blood samples are minimally affected by a freeze-thaw cycle 

(Figure C3) [21, 27, 28]. 
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4.3 Longer Term (2, 4, and 8 day) Exposure to High Temperatures (>37°C) 

Our first experiment was set up to understand the effect of “longer-term” exposure to various 

temperatures and storage times (2, 4, or 8 days) of the stabilized blood samples and the resulting effects on 

RNA integrity. These time points were chosen to recapitulate potential scenarios we have seen with 

homeRNA. While we have opted for overnight shipping with private companies (UPS, FedEx) to minimize 

time samples spend in transit, we recognize that these are not available to all researchers who may want to 

use the homeRNA platform. As such, the longer time points (4 and 8 days) are valuable for an array of 

scenarios where samples spend extended periods in transit such as overseas shipping, or shipping from rural 

areas. Additionally, we chose to hold the samples at steady temperatures to understand temperature-

dependent degradation of RNA. For this experiment, we chose three conditions to represent three different 

scenarios: (condition 1) the sample is left out on the porch for pickup immediately after collection, 

(condition 2) the sample is kept in a fridge prior to being left on the porch for pickup, and (condition 3) the 

sample is kept indoors (not refrigerated) overnight prior to being left outside for pickup. All samples were 

stored at -20°C until being extracted, which is known to be stable for prolonged periods of time per the 

manufacturer’s information. 

RNA Integrity Number (RIN) is a common metric used to measure the quality of RNA samples; RIN 

values are found using Agilent’s 2100 Bioanalyzer which calculates the RIN through a proprietary 

algorithm, taking into account the relative peak height and shape of the 18S and 28S ribosomal RNA 

subunits in a given sample, as well as other features of the resulting electropherograms [29, 30]. There are 

some discrepancies in the literature about a cutoff RIN value that is suitable for sequencing, with values of 

7 or 8 often cited [14, 31–33]. However, newer sequencing technologies such as 3’ mRNA-seq and post-

sequencing computational processing methods make possible the sequencing of samples with RINs as low 

as 3 [14, 32, 34–36]. Our data show that increasing temperatures results in greater RNA degradation (lower 

RIN values) in RNAlater-stabilized blood samples as compared to samples immediately frozen after 

stabilization (Figure 4.1). Longer exposures resulted in additional degradation; for example, the mean RIN 
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for the 50°C condition changed from 5.5 to 4.0 to 1.8 for the samples at 2, 4, and 8 days, respectively. When 

incubated for two days at any temperature, all samples had RINs that were suitable for downstream 

transcriptomic analysis (from 7.9 at 25°C to 5.5 at 50°C). Although notable degradation was observed for 

samples that were kept at 45°C and 50°C for 8 days, it is also important to note that samples in a remote 

study will be subject to variable temperatures and not a constant exposure to the high temperatures over 

several days. For example, it is highly unlikely that a sample would be exposed to 8 days at 50℃, the 

highest and longest condition that we tested. Moreover, samples that were kept at 25°C had a mean RIN of 

at least 7 across all time points, suggesting that RNAlater-stabilized samples at lower temperatures undergo 

limited degradation even at longer time scales (up to 8 days). Further, samples in condition 2 (refrigerated 

prior to shipment) gave similar RIN values as samples in condition 3 (kept at room temperature overnight). 

Taken together, these results suggest that the additional refrigeration step prior to sample shipping is not 

strictly necessary. 
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Figure 4.1. Exposure of RNAlater-
stabilized whole blood samples to longer 
term (2, 4, and 8 day) high temperatures 
(>37°C). (A) Outline of experimental 
conditions. Condition 1, samples were 
immediately incubated at 25℃, 37℃, 
40℃, 45℃, and 50℃ for 2, 4, and 8 
days. One sample was frozen at -20℃ 
immediately after stabilizing with 
RNAlater; Condition 2, samples were 
incubated at 4℃ for 24 hours then 
exposed to the same set of temperatures 
and times as condition 1. One sample 
was frozen at -20℃ after incubation for 
24 hours at 4℃; and condition 3, 
samples were incubated at 25℃ for 24 
hours prior to exposure to the same set 
of temperatures and times as condition 1. 
One sample was frozen at -20℃ after 
incubation for 24 hours at 25℃. After 
each timepoint, one sample from every 
temperature was immediately frozen and 
kept at -20℃ until ready for RNA 
extraction. Created with 
BioRender.com. (B) RNA quality of 
each extracted sample from each 
condition. For each condition, samples 
were extracted based on timepoints, 
resulting in three total extraction batches 
(day 2, 4, and 8) with 6 samples in each 
batch (condition control (CTL), 25℃, 
37℃, 40℃, 45℃, and 50℃). Each 
condition was performed in triplicate. 
The gray crossbars signify the mean RIN 
at each time and temperature across all 
conditions and replicates. 

 

4.4 Shorter Term (<2 days) Exposure to High Temperatures (>37℃) 

Beyond investigating longer times samples may experience at high temperatures (>37℃) during 

shipping, we were also interested in shorter durations (within hours) of high temperature exposure. In 

homeRNA studies, participants will often opt to have the sample picked up by a courier service by leaving 
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the sample on their front porch. Depending on location and time of year, the sample may be exposed to 

very high temperatures for several hours. 

To better mimic the conditions homeRNA samples may experience, we replicated conditions from 

different scenarios prior to shipment. All experimental samples were kept at room temperature (25°C) 

overnight (16 hours) to emulate a study participant collecting their sample and leaving it at home until 

pickup. After this initial incubation, the experimental samples were either frozen or exposed to the same 

set of temperatures established in our previous longer-term experiment (25℃, 37℃, 40℃, 45℃, and 50℃) 

for 6 hours. The samples that were frozen after incubation at room temperature overnight (Condition 1, 

Figure 4.2) represent degradation prior to pickup. We tested this condition because in many of our remote 

studies participants collect their samples the day before the pickup is scheduled, with the stabilized blood 

kept at room temperature overnight. The data show that there was effectively no difference between these 

samples and the control frozen at -20° immediately after stabilization, suggesting that there is little-to-no 

degradation of RNA during overnight ambient temperature storage in remote studies. The next set of 

samples were exposed to varying temperatures following the initial incubation for 6 hours (Condition 2, 

Figure 4.2). Samples from this condition simulate stabilized blood that sits at a participant’s front door prior 

to pickup. The mean RIN scores ranged from 6.4 to 7.2 across the different temperatures and only one 

sample at 25°C yielded a RIN of 4.9 and one at 50°C had a RIN of 5.2. We include 25°C as one of the 

temperature conditions for incubation to capture study participants who either leave their sample to be 

picked up indoors in an apartment lounge or mail room or choose to drop their sample off at a UPS store. 

Finally, condition 3 had an additional overnight room temperature incubation as a representation of 

specimens that do not get picked up the day after sampling These samples matched closely to condition 2, 

further indicating that additional storage at room temperature (up to 38 hours) results in negligible 

degradation of RNA in homeRNA samples. 
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Figure 4.2. Exposure of RNAlater-
stabilized whole blood samples to 
shorter term (<2 days) high 
temperatures (>37°C). (A) Outline of 
experimental conditions. One sample 
was frozen at -20℃ immediately after 
stabilizing with RNAlater to be used as 
a baseline control. Condition 1 kept one 
sample at 25℃ for 16 hours and then 
frozen at -20℃; this is referred to as 
room temperature overnight (RTON). 
Condition 2 incubated samples at 25℃ 
for 16 hours and then exposed one 
sample each to 25℃, 37℃, 40℃, 45℃, 
and 50℃ for 6 hours. Condition 3 
incubated samples at 25℃ for 16 hours 
and then exposed one sample each to 
25℃, 37℃, 40℃, 45℃, and 50℃ for 
6 hours. After incubation at the 
different temperatures, all samples 
were incubated at 25℃ for 16 hours 
then frozen at -20℃. Created with 
BioRender.com. (B) Resulting RNA 
quality of each extracted sample from 
each condition. Each condition was 
performed in triplicate. Amongst each 
replicate, all samples across all 
conditions were extracted in the same 
batch, resulting in an extraction batch 
with 12 samples (immediately frozen, 
one sample from condition 1, 5 samples 
from condition 2, and 5 samples from 
condition 3). 

 

4.5 Shipping of RNAlater-Stabilized Blood Across United States with Continuous Temperature 

Monitoring 

While the in-lab temperature-controlled experiments capture a large range of time scales, we were 

interested in monitoring continuous temperature fluctuations that would be experienced in real shipping 

conditions (e.g., packages moving from doorstep to shipping vehicle, samples moving between air-
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conditioned areas to areas without air conditioning, etc.). To this end, we designed an experiment where 

blood aliquots from a single venous draw were stabilized using the homeRNA kit and shipped out to 

volunteers across 14 different states. These states are colored green in Figure 4.3A and include Washington 

(WA), New Mexico (NM), North Carolina (NC), Minnesota (MN), Maine (ME), Massachusetts (MA), 

Kansas (KS), Illinois (IL), Georgia (GA), Colorado (CO), California (CA), Arizona (AZ), Hawaii (HI), and 

Nebraska (NE). Samples were shipped during the summer in August of 2022. We aimed to include a diverse 

set of states reaching most regions of the U.S. including those located in regions with warm summers (HI, 

CA, AZ, GA, and NC). The locations include both urban and rural locations, reflected by the Rural-Urban 

Commuting Area (RUCA) codes (Table C1). Additionally, our samples were also shipped to an island in 

Hawaii, which requires longer shipping times to and from Seattle, Washington (location of study lab) than 

locations within the contiguous U.S. 

Each package also included an Elitech RC-5+ continuous temperature probe (Figure C1) that recorded 

the temperature from the moment the samples were prepared for shipment in the lab, through the shipping 

process to the volunteer, to the samples being returned to our lab. These temperature data are plotted in 

Figure C2 and summarized in Table C1. The maximum temperature spike we observed was 45.1°C in the 

sample shipped to NE, which was the most rural of our shipping locations (highest RUCA score) and took 

7 days to be returned to the lab. Although HI did not have as high of a RUCA score, the samples shipped 

to this location took the longest to return to the lab (8 days). Most shipping locations (10 out of the 14 

states) took 3 days to return to the lab. 

Further, the RIN values from different locations followed a similar trend as the stabilized blood in the 

temperature-controlled experiments, where longer times and exposure to higher temperatures resulted in 

lower RIN values. Notably, AZ, NE, and HI had the lowest mean RINs (6.1, 5.5, and 6.2, respectively) and 

were the locations that took the longest to be returned to the lab. In addition, all three of these states reached 

temperatures greater than 40°C and spent the longest time above 30°C, with the samples sent to NE 

spending 55 h above 30°C. Conversely, locations such as CA had similar exposure to a maximum 

temperature of 44.4°C but had a RIN of 7.0. Even though the maximum temperatures were the same, the 
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longer times in transit and higher median temperatures are the likely causes for the lower RIN from the NE 

samples. 

It is also worth noting that long-term storage at room temperature results in some RNA degradation. 

The In-Lab sample, which was kept in a 25ºC incubator for the duration of the experiment (8 days), 

exhibited RINs similar to those of AZ, HI, and NE (that took 7 – 8 days to return). The In-Lab sample also 

had lower RINs than the other samples from shipped locations (e.g., WA, NM, NC, MN) that were returned 

within 4 days. This result indicates that RNAlater-stabilized blood samples will undergo some RNA 

degradation even at room temperature after prolonged periods of time and also that short-term temperature 

spikes do not markedly affect RIN. 

In the context of remote studies, the data obtained from the real-world shipping experiment is both 

encouraging and informative. Even the most degraded sample (NE, RIN = 5.5) had RNA of sufficient 

quality for 3’RNA sequencing (see 3’ mRNA-seq section below). Additionally, all samples were shipped 

in two directions (to the participant and back to the lab), whereas samples collected in remote studies using 

homeRNA are only shipped from the participants back to the lab. As such, we expect less degradation to 

occur in other homeRNA studies since the samples will only be shipped in one direction. 
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Figure 4.3. All samples across different shipping locations had RINs suitable for RNA sequencing. (A) 
Blood from a venous draw from a single participant was aliquoted into the Tasso blood collection tube and 
stabilized using the homeRNA kit in triplicates and shipped to 14 different U.S. states. The homeRNA kits 
were packaged as in our other homeRNA studies within a cardboard box and mailer bag, and a continuous 
temperature probe was directly attached to the samples [9–11, 20]. Once returned to the lab, the samples 
were kept frozen until ready for further processing. The RNA was extracted from the blood and tested for 
integrity. Created with BioRender.com. (B) The resulting RINs are plotted categorized by shipping location. 
The twoletter abbreviations in the figure correspond to U.S. state abbreviations (see text above). The shape 
of the data point (circle, triangle, square) corresponds to the extraction batch. Control condition (CTL) was 
immediately frozen after stabilization, while the in-lab condition (Lab) was kept in a 25℃ incubator until 
frozen at -20℃ at the time the last sample (Hawaii, HI) was received (8 days). 
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4.6 3’ mRNA Sequencing of Real-World Shipping Experiment 

Finally, we look for selective degradation of RNA fragments from 3’mRNA-seq data. Since all 

samples in the shipping experiment came from a single blood draw, we can assume that any differences in 

the measured transcriptome can be attributed to shipping-related degradation. To probe this question 

further, we selected 20 samples to perform 3’ mRNA-seq analysis, including all samples from extraction 

batch 3. Additionally, we chose to sequence all three control samples to establish a baseline as well as all 

three samples from the location with the most degraded samples (NE). 

Our first approach is to reference the sequencing data of the samples against a well-characterized 

immune response signature from the BloodGen3 module repertoire [37, 38]. Each BloodGen3 module 

consists of a set of genes ranging from 12 to 169 with an average of 37.1 genes per module; these modules 

have been previously associated with responses to immune-modifying therapies or pathogenic processes 

[37]. By calculating enrichment scores (which summarizes the prevalence of a given gene in a module) 

using the gene set variation analysis (GSVA) method for each of the 382 modules across all samples, we 

aimed to break down the results and provide a more granular understanding of the immune response 

landscape [39]. Principal component analysis (PCA) of these scores revealed minimal clustering patterns 

based on shipping location (Figure 4.4A), indicating a lack of significant variability within the shipped 

samples. While the In-Lab samples (kept at 25ºC incubator for the duration of the experiment, 8 days) did 

exhibit some clustering, the Control sample (immediately frozen) clustered with the rest of the shipping 

locations. It is possible that the clustering of the In-Lab samples can be attributed to the fact that they 

experienced no temperature fluctuations nor agitation (Figure C2B). However, it is important to note that 

the overall variability captured by the PC1 is only 16.25% and PC2 is 8.97% and that the distribution of the 

points is relatively tight. The proximity of the Control to the rest of the samples also indicates that there is 

very little variability arising from the shipping process. The heatmap visualization of enrichment scores 

across various modules and samples (Figure 4.4B) and the focused analysis of three key module groups 

(module aggregates A28, A35, and A37, corresponding to interferon, inflammation and circulating 

erythroid cells signatures, respectively) (Figure 4.4C) further supported this observation, with only minor 
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variations in enrichment scores across individual samples. These findings highlight the relative 

homogeneity of our samples and indicate little variation depending on the sample location. 

 

Figure 4.4. Analysis of Module Enrichment Scores in Samples. (A) PCA of sample data by location. This 
PCA plot provides a visualization of the data variance, with each point representing a sample’s projection 
on the two principal components labeled based on sample condition (shipping location, control (frozen 
immediately), or in-lab sample (stored at 25°C for 8 days)). (B) Heatmap of enrichment scores across 
conditions. Enrichment scores for various biological modules are depicted in a heatmap format, with rows 
representing different modules (e.g., interferon response, inflammation) and columns representing 
individual samples. The color gradient indicates the level of enrichment from decreased (blue) to increased 
(red). (C) Detailed module enrichment scores for groups A28, A35, and A37. The dot plots show the 
enrichment scores for selected modules within the three groups. Individual sample scores are plotted on the 
x-axis against their corresponding enrichment score on the y-axis. 
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Further, to contextualize the observed variation in gene expression in our samples, we include results 

from a previously published COVAX study, which investigated the immune response to COVID-19 mRNA 

vaccine [42]. By comparing the enrichment scores of six interferon response modules (M8.3, M10.1, 

M13.17, M15.64, M15.86, and M15.127, comprised in the module aggregate A28) at different timepoints 

before and after vaccination, we can observe the differences in signal variability occurring due to a well-

controlled biological signal. The dot plot in the supporting information (Figure C4) demonstrates a clear 

increase in interferon module enrichment scores following vaccination, with peak responses observed at 

days 2 and 3. This distinct pattern of vaccine-induced immune activation serves as a reference point for 

interpreting the variability observed in our samples (labeled as UW in Figure C4). Assuming that the 

stabilized blood exhibits minimal DNA transcription ex vivo, any large difference in transcript counts can 

be attributed to degradation during the shipping process. The tight clustering of our samples compared to 

the large differences in the COVAX data suggests that the variability introduced by temperature exposure 

during shipping is much smaller in magnitude than the changes induced by a biological signal, such as an 

immune response elicited by vaccination. Taken together, this indicates that there is minimal RNA 

degradation of homeRNA-stabilized samples owing to variable exposure to temperature and shipping times. 

We performed additional analyses that confirmed that there was minimal differential degradation barring 

two genes (MMP9 and ADGRG3, Figure B5). We also considered how time in transit and time spent above 

30ºC impact RIN (Figures C6 and C7) and found minimal effects on RNA integrity (see Supplementary 

Text in Appendix C for more details). 

In summary, based on our 3’ mRNA-seq dataset, there is little evidence that differences in shipping 

conditions result in consistent changes in the measured mRNA expression levels in blood RNA from a 

single donor. We expect that samples in other remote studies using homeRNA that have similar RINs will 

also exhibit negligible transcript-specific degradation from variable shipping conditions as measured by 3’ 

mRNA-seq. It is important to note that traditional RNA-seq methods may yield different results owing to 

differences in read depth and genes detected. Further work is needed to conclusively determine if the 
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homeRNA system is completely resilient to preferential degradation of transcripts when exposed to variable 

shipping conditions, however, the current work shows promising results. 

4.7 Conclusion 

We expand upon existing literature on RNA stability in cold storage conditions and dried blood spots 

by investigating the effects of variable time and temperature exposure on RNAlater-stabilized samples, 

with a systematic study on the effects of high temperature exposure and shipping time on liquid blood 

samples. In the temperature-controlled experiments, we found that longer storage times (4 and 8 days) at 

high temperatures (>37°C) resulted in lower RIN values, while shorter exposures (<6 hours) to high 

temperatures resulted in minimal RNA degradation. We also used homeRNA-stabilized blood samples in 

a real-world shipping experiment. All shipped samples were sequenced using Lexogen’s QuantSeq 3’ 

mRNA technology, with minimal differences in the transcriptome measured. 

This study illustrates the utility of the homeRNA platform in high temperature settings. It also serves 

as a guide for other researchers who aim to conduct remote sampling studies that use RNA as a readout and 

rely on shipping via courier service for sample retrieval. Our findings strongly suggest that there is limited 

preferential degradation of transcripts in the shipping process and, as such, give us confidence in 

interpreting transcriptomic data from homeRNA-stabilized whole blood samples. These results will inform 

ongoing homeRNA studies and will be critical for future study design. Future work will use larger sample 

sizes, longer read depth sequencing such as total RNA-seq to further substantiate these findings, and work 

in low- and middle-income countries (LMICs) with different courier methods and climates. 

4.8 Materials and methods 

Participant Recruitment and Demographics 

Healthy adult volunteers (18 years or older) were recruited in Seattle, Washington via word of mouth under 

a protocol approved by the University of Washington Institutional Review Board study number 

STUDY00014133. Written informed consent was obtained from all participants. 

Investigating RNA Integrity of RNAlater-Stabilized Blood Samples in Temperature Controlled 

Experiments 
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Exposure to Longer Term (2, 4, and 8 days) High Temperatures (>37°C): A venous blood draw was 

performed and promptly stabilized with RNAlater at the manufacturer’s recommended ratio (2.6 mL 

RNAlater per 1 mL blood). For the first biological replicate, blood was acquired via venipuncture from 

Bloodworks and stabilized within 1-2 hours. For the second and third replicate, blood was collected via 

venipuncture in lab under study number STUDY00014133. After stabilization with RNAlater, the stabilized 

blood was aliquoted in 1.8 mL samples to replicate the maximum volume of homeRNA (0.5 mL blood and 

1.3 mL RNAlater). After stabilization, each sample was stored according to the following conditions: (1) 

immediately incubated at set temperatures (25℃, 37℃, 40℃, 45℃, and 50℃) for 2, 4, and 8 days, (2) kept 

at 4℃ for 24 hours then incubated at set temperatures (25℃, 37℃, 40℃, 45℃, 50℃) for 2, 4, and 8 days, 

and (3) kept at 25℃ for 24 hours then incubated at set temperatures (25℃, 37℃, 40℃, 45℃, 50℃) for 2, 

4, and 8 days. Each condition had a corresponding control: (1) frozen immediately at -20℃, (2) incubated 

at 4℃ for 24 hours then frozen at -20℃, (3) incubated at 25℃ for 24 h then frozen at -20℃. One sample 

at each temperature and condition was removed after 2, 4, and 8 days such that there was a single replicate 

for each temperature and condition on each day of removal. At these timepoints, the blood was moved from 

the incubators to the -20℃ freezer until ready for RNA isolation. For each condition, RNA from the 

stabilized blood samples was extracted based on timepoints, resulting in three total extraction batches based 

on day removed after high temperature exposure (day 2, 4, and 8) with six samples in each batch (condition 

control, 25℃, 37℃, 40℃, 45℃, and 50℃). The experiment was repeated two more times for a total of 

three replicates from two donors (replicate 2 and 3 from the same donor, with the blood drawn on separate 

days). 

Exposure to Shorter Term (<2 days) High Temperatures (>37°C): A venous blood draw was performed 

in lab under study number STUDY00014133 and promptly stabilized with RNAlater at the manufacturer’s 

recommended ratio (2.6 mL RNAlater per 1 mL blood). The stabilized blood was then aliquoted to 1.8 mL 

samples. One sample was immediately frozen at -20℃ as the control. The rest of the samples were then 

treated according to the following conditions: (1) one sample kept at room temperature (25℃) overnight 

(16 h), then frozen (-20℃), (2) five samples kept at room temperature (25℃) overnight (16 h), moved to 
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incubators of corresponding temperatures (25℃, 37℃, 40℃, 45℃, 50℃) for 6 h, then frozen (-20℃), (3) 

five samples kept at room temperature (25℃) overnight (16 h), moved to incubators of corresponding 

temperatures (25℃, 37℃, 40℃, 45℃, 50℃) for 6 h, moved back to room temp (25℃) for 24 h, then frozen 

(-20℃). This resulted in a total of one replicate for each temperature and condition combination. The 

stabilized blood samples were stored at -20℃ until ready for RNA isolation and assessment. All 12 samples 

from each replicate were extracted in one batch. The experiment was repeated two more times for a total of 

three replicates from three separate blood draws from one donor. 

Effects of a Freeze-Thaw Cycle on RNA Stability: For this experiment, blood from a venous blood draw 

is stabilized using RNAlater according to manufacturer instructions. The blood is then aliquoted into 9 

samples which are separated into three conditions: (1) control which is immediately frozen, (2) room 

temperature (25°C) for 24 h (room temperature overnight, RTON) then frozen, and (3) freeze-thaw (FT) 

where the samples were frozen immediately after stabilization for 24 h, then kept at room temperature for 

24 h before being frozen again. The samples were frozen at -20°C for the duration of the experiment then 

moved to -80°C until further processing. The experiment was performed two more times for a total of three 

replicates. Once the RNA was extracted the samples were tested for RNA integrity using the Agilent 2100 

Bioanalyzer. 

Investigating RNA Integrity of RNAlater-Stabilized Blood Samples in Real World Setting with 

homeRNA 

Shipping of RNAlater-Stabilized Blood Across United States with Continuous Temperature Monitoring: 

A venous blood draw was performed in the lab under study number STUDY00014133. The blood sample 

was aliquoted into 48 Tasso-SST tubes at 0.5 mL each. The blood was then stabilized by attaching the 

Tasso-SST tubes to a custom-designed stabilizer tube with 1.3 mL RNAlater and shaken to mimic blood 

stabilization in homeRNA kits. The remaining blood was stabilized in bulk (2.6 mL RNA later per 1 mL 

blood), aliquoted into 1.8 mL samples, and immediately frozen at -20℃ as controls. The 48 homeRNA-

stabilized samples were then placed in 50 mL conical tubes fitted with custom adapters as described in 

Haack et al. [9]. The 50 mL tubes were then adhered together using tape in sets of three such that three 
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technical replicates would be sent to each shipped location. Each set had an RC-5+ continuous temperature 

monitor (Elitech) directly attached with lab tape (see Figure B1A), with temperatures being recorded every 

2 minutes. 

These constructs were then placed in a biohazard bag and into the box used for homeRNA kits (see 

Haack et al., 2021) prior to being packaged into a UPS LabPak. The full setup is shown in Figure C1. The 

complete packages were shipped to volunteers in 14 different states across the United States via UPS. The 

states included: Washington (WA), New Mexico (NM), North Carolina (NC), Minnesota (MN), Maine 

(ME), Massachusetts (MA), Kansas (KS), Illinois (IL), Georgia (GA), Colorado (CO), California (CA), 

Arizona (AZ), Hawaii (HI), and Nebraska (NE). One additional package was kept in a 25℃ incubator (In-

Lab/Lab). Upon delivery, the volunteers were instructed to keep the packages inside overnight at room 

temperature and adhere the return labels to the package. For pickup, most volunteers left the package outside 

on the front porch, two volunteers left the package indoors in a mailroom, and one volunteer directly handed 

the package to the UPS courier. Most samples were picked up within 1 – 2 days from the volunteer and 

shipped back to the lab. Shipping return times ranged from overnight to 4 days after pickup. Upon return 

to the lab, the packages were immediately placed into a -20℃ freezer. Once all the packages were returned, 

the samples that were kept in the lab in a 25℃ incubator were also frozen at -20℃. All samples were stored 

at -20℃ until ready for RNA isolation. RNA was extracted from all shipped homeRNA-stabilized blood 

samples in three extraction batches, with one technical replicate from each shipping location and in-lab 

baseline samples (immediately frozen and constant 25℃ sample), resulting in 16 samples extracted in each 

batch. 

Visualization of Temperature Over Time Across Shipping Locations: The data from the temperature probe 

directly attached to the samples is assumed to have readings closest to the “true” temperature the samples 

would experience in transit and only the data from this probe are visualized and used for downstream 

analysis. Since the temperature probes were not stopped until all packages arrived, the data needed to be 

filtered prior to graphing. The data were filtered using the R dplyr package such that the time did not exceed 

200 hours (close to the maximum time for the last sample returned to lab) and was above 10°C given that 
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the lowest temperature reading prior to being frozen was closer to 20°C for all samples. The temperature 

was then plotted against time (hours) to illustrate the variability in shipping process and temperature 

fluctuations. 

RNA Isolation and Assessment of total cellular RNA integrity and yield 

For all samples, total cellular RNA was isolated using the Ribopure Blood RNA Isolation Kit (Thermo 

Fisher) according to manufacturer’s protocol and eluted in two 50 µl aliquots. Isolated RNA was stored at 

-80°C until ready for further analysis. RNA Integrity number (RIN) values were obtained on a Bioanalyzer 

2100 (Agilent) from the first 50 µl elution. The Agilent 2100 Bioanalyzer uses proprietary, built-in software 

to calculate RIN values, which is based on the relative peak height and shape of the 18S and 28S rRNA 

fragments in the resulting electropherogram after separation. All samples were assessed using the RNA 

6000 Nano Kit (Agilent). For the in lab temperature-controlled experiments, RNA concentration was 

measured from the first 50 µl elution aliquot using a Cytation 5 Multi-Mode Reader (Agilent Biotek 

Instruments) with a Take3 Micro-Volume Plate at the wavelengths of 260, 280, and 320 nm. For the field 

experiments, RNA concentration was measured from the first 50 µl elution using a Qubit 4 Fluorometer 

using the RNA High Sensitivity (HS) Assay kit (Invitrogen). 

RNA Sequencing and Analysis 

3’ mRNA-seq of Real-World Shipping Experiment: After isolation the samples were tested for RIN scores 

on the Agilent 2100 Bioanalyzer (see Assessment of total cellular RNA integrity and yield section above 

and Figure C8 for resulting electropherograms). A 100 ng of total RNA from 20 selected samples were 

sequenced by the Lexogen facility (Vienna, Austria) using 3’ mRNA-sequencing technology (Lexogen 

QuantSeq 3’ mRNA-seq V2 Library Prep Kit FWD with UDI) on an Illumina NextSeq 2000 instrument 

according to the manufacturers’ standard instructions. The 16 samples from the third batch were selected 

for sequencing as the third batch had the greatest proportion of the median RIN values amongst the three 

replicates from each location. Additionally, all three replicates from the baseline sample (frozen 

immediately after stabilization) and all three replicates from the location with the lowest RIN (NE, mean 

RIN of 5.5) were sent for sequencing. In total, 20 samples (16 from batch 3, 2 additional from NE, 2 
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additional from In-Lab) were sent for 3’ mRNA sequencing. Prior to library preparation, all samples were 

treated with Ambion DNase I (Invitrogen) for 10 minutes at 37℃ followed by heat inactivation with EDTA 

at 75C for 10 minutes. Libraries were prepared using 17 ng of RNA as input. Libraries were amplified for 

18 cycles and were quality controlled on a Fragment Analyzer device using the DNF-474 HS NGS 

Fragment kit (1-6000 bp) (Agilent). The samples were sequenced to a read depth of 5 million reads. 

Transcriptomic Analysis of Individual Gene Expression Counts: Summarized counts/genes were 

imported into R and analyzed using the limma-voom pipeline, which uses conventional weighted linear 

regression to model the data [40]. The matrix of gene counts was filtered to remove those genes with 

consistently low expression, and then converted to log counts/million counts, using estimated library sizes 

calculated using the trimmed mean of M-values (TMM) method [41]. The logCPM values have a 

dependence between the mean and variance which is estimated as part of the limma-voom pipeline and 

used to estimate observation-level weights. These weights are used as part of the weighted line regression 

to adjust for heteroskedasticity. We fit a model that includes time ¿30°C for each sample, the RIN (to adjust 

for RNA quality), and five surrogate variables computed using the Bioconductor sva package. The surrogate 

variables are intended to adjust for unobserved variability and have been shown to increase power to detect 

differences [43]. We then tested for any apparent changes in gene expression that correlate with exposure 

to high temperatures. 

Module Enrichment Score Calculation: Enrichment scores were calculated using the gene set variation 

analysis (GSVA) method for each of the 382 transcriptional modules from the BloodGen3 repertoire across 

all samples [37–39]. 

Principal Component Analysis: Principal component analysis (PCA) was performed on the module 

enrichment scores to visualize the variance among samples, labeled by their condition (shipping location, 

in-lab sample, or control). 

Heatmap Visualization: Module enrichment scores were represented in a heatmap format, with rows 

corresponding to different modules associated with biological processes such as interferon response and 
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inflammation, and columns representing individual samples. The color gradient of the heatmap indicates 

the level of enrichment, ranging from decreased (blue) to increased (red). 

Dot Plot Visualization: For a more detailed analysis, we focused on specific module groups (A28, A35, 

and A37) and plotted their enrichment scores using dot plots. The x-axis represents individual samples, 

while the y-axis denotes the corresponding enrichment score for each sample within the selected modules. 

Interferon Response Kinetics Analysis: We used data from the COVAX study (Rinchai et al [42]), to 

illustrate the kinetics of six interferon response modules (M8.3, M10.1, M13.17, M15.64, M15.86, and 

M15.127) at different timepoints before and after administration of COVID-19 mRNA vaccine [42]. 

Enrichment scores for these modules were plotted for each sample across the various timepoints. 
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Chapter 5 │ From Home to Transcriptome: Comparing the transcriptomic profile of induced 
immune response via lipopolysaccharide stimulation in homeRNA and venous blood 
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MacDonald, Theo K. Bammler, Yuting Zeng, Ingrid H. Robertson, Karen N. Adams, Damien Chaussabel, 
Erwin Berthier, Amanda J. Haack#, and Ashleigh B. Theberge#, “From Home to Transcriptome: 
Comparing the transcriptomic profile of induced immune response via lipopolysaccharide stimulation in 
homeRNA and venous blood” In preparation.  
#Co-corresponding authors 
 
LGB, YZ, DC, EB, AJH, and ABT contributed to the conception and design of the study. IHR and KNA 
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ABT analyzed/interpreted the data. LGB, XW, LAM, MYA, AJH, and ABT prepared the figures and wrote 
the manuscript.  
 
Abstract: Remote blood sampling offers multiple advantages over traditional clinic-based blood sampling 

studies, including greater patient inclusion, more frequent sampling, and broader geographical reach. 

Combining remote blood sampling with transcriptomic analysis opens potential in translational applications 

for capturing acute and dynamic immune responses to various exposures. In this study, we establish the 

feasibility of homeRNA, a capillary blood collection and RNAlater-based stabilization kit, for use in 

downstream bulk RNA-sequencing applications via capturing a lipopolysaccharide (LPS)-induced 

inflammatory response. We also compared the baseline gene expression profiles and induced inflammatory 

response following LPS stimulation between homeRNA-stabilized samples and venous blood stabilized 

with RNAlater or PAXgene. We found that homeRNA was successfully able to capture an inflammatory 

response to LPS, specifically targeting various cytokines (e.g., IL6, IL12B, IL1B), chemokines (e.g., CCL3, 

CXCL10, CCL4), and other transcriptional factors in the toll-like receptor pathway, the primary pathway 

activated during LPS stimulation. Importantly, we also found that homeRNA captured a LPS-induced 

inflammatory response comparable to that of venous blood samples stabilized with either RNAlater or 

PAXgene. Overall, this work demonstrates that the homeRNA platform is compatible with downstream 

bulk RNA-sequencing analysis and can capture transcriptomic immune responses to a known stimulus 

which are analogous to results in traditional stabilized venous blood samples. 
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5.1 Introduction 

The convergence of remote blood sampling technologies and transcriptomic analyses enables large-

scale, longitudinal gene expression studies that capture transient immune responses outside of the 

constraints of clinical settings. By eliminating the need for centralized clinic locations and trained 

phlebotomy staff, remote blood sampling not only increases geographical sampling locations, but also 

facilitates greater inclusion of participants who would otherwise be excluded due to logistical or personal 

constraints1–5. Further, with a remote study design, researchers can track immune responses to real-world 

exposures and collect frequent longitudinal samples without the burden of repeated clinic visits6,7. 

Among the various molecular readouts possible from blood samples, RNA expression profiling is 

of particular value for capturing dynamic immune responses8–10. However, the inherent instability of whole 

blood RNA presents a significant challenge for ex vivo transcriptomic profiling; endogenous RNases can 

activate degradation pathways that compromise the integrity of intracellular transcripts, which can alter 

gene expression levels11,12. Therefore, studies that do not include immediate extraction of RNA from 

collected blood samples require a method of RNA stabilization. In clinic-based studies, commercially 

available RNA stabilization solutions such as PAXgene® and Tempus™ are commonly used; these 

solutions can come packaged in vacutainer tubes which make it easy to directly collect blood into the 

stabilizer solution from a phlebotomy draw. RNAlater™ is another available stabilization solution which 

has been used to stabilize RNA in both blood and tissue samples13,14. 

The need for RNA stabilization becomes even more critical when samples must be collected 

remotely and shipped to centralized laboratories. A commonly used method for remote sampling is dried 

blood spot (DBS)-based sampling, which typically uses a lancet on a fingertip to collect a drop of blood on 

a piece of paper15,16. DBS sampling relies on the drying of the blood sample to stabilize RNA. Many studies 

have successfully used RNA-sequencing on DBS samples17–19, but there is no standardized protocol for 

processing RNA from these samples20–22 and a pre-amplification step is often required prior to sequencing 

due to low RNA yield17,23,24. To increase RNA yield from remotely collected blood, there have been 

additional blood collection devices that utilize a lancet that collects blood from the upper arm (e.g., Tasso, 
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YourBio)25,26. These collection methods will typically draw up to 1 mL of blood, which is incompatible 

with drying, so liquid stabilization is required to preserve RNA integrity in transit. 

To address this need, we developed the homeRNA kit, an at-home blood self-collection and RNA 

stabilization kit that uses the commercially available Tasso-SST device, an upper-arm blood collection 

device, and a custom stabilizer tube containing RNAlater27. Blood samples collected with homeRNA have 

demonstrated sufficient RNA integrity number (RIN) value cutoffs for typical requirements for RNA 

sequencing analysis, suggesting that homeRNA allows for sufficient stabilization during the remote self-

sampling, user-stabilization, and shipping processes27. Further, we demonstrated that homeRNA was robust 

during the shipping process (i.e., shipping time and exposure to high temperatures), in which we found 

negligible effects on subsequent gene expression using 3’ mRNA-sequencing28,29. Critically, we also 

demonstrated that homeRNA can effectively capture a biological immune response to SARS-CoV-2 using 

a targeted Nanostring gene panel6,30.  

In this work, we demonstrate the applicability of homeRNA to detect a biological response with 

bulk RNA-sequencing transcriptomic analysis to build on  our prior work with 3’ mRNA-sequencing29 and 

Nanostring analysis6,30. Specifically, we are interested in leveraging the larger read depth of bulk RNA-

sequencing technologies in comparison to that of 3’ mRNA-sequencing and Nanostring analysis to 

investigate gene expression signatures in homeRNA-collected samples and standard phlebotomy blood 

draws. In this study, we measure an induced immune response to lipopolysaccharide (LPS)—a well 

established immune stimulation model31–33—in homeRNA-collected and stabilized blood compared to 

RNAlater-stabilized or PAXgene-stabilized venous blood. By comparing the gene expression profiles 

between homeRNA-stabilized capillary blood and traditional phlebotomy-drawn venous blood, this study 

establishes the compatibility of homeRNA with bulk RNA-sequencing technologies and demonstrates that 

homeRNA can capture a LPS-induced inflammatory response similar to that of venous blood. This study 

aims to provide critical guidance for researchers implementing homeRNA-based remote blood collection 

in studies investigating immune activation.  
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5.2 Comparison of LPS-induced gene expression across homeRNA and venous blood collection methods 

In this study, we sought to assess the ability of the homeRNA kit to capture a biological response 

through bulk RNA-sequencing methods. To accomplish this, we induced a known biological response via 

bacterial lipopolysaccharide (LPS) stimulation, a well-established immune ex vivo whole blood stimulation 

model that activates a targeted inflammatory response31–33. To further establish homeRNA as a remote 

sampling tool that can be used to probe transcriptomic immune responses, we also compared the LPS-

stimulated response of homeRNA-stabilized samples to that of RNAlater-stabilized or PAXgene-stabilized 

venous blood. These stabilizers were chosen as RNAlater is the stabilizer used in homeRNA, allowing for 

direct comparison of homeRNA-collected and stabilized samples with phlebotomy drawn and stabilized 

blood. PAXgene was chosen as it is a commonly used stabilization solution for clinic-based phlebotomy 

draws since it comes already packaged in vacutainer tubes. To properly compare these different collection 

and stabilization methods with a LPS-stimulated response, we designed an experiment where venous blood 

(via phlebotomy draw) and capillary blood (using the lancet-based Tasso-SST included in the homeRNA 

kit that draws blood from the upper arm) were collected from a participant during the same visit. All 

collected blood samples (Tasso-collected blood and phlebotomy-drawn blood) were either stimulated with 

100 ng/mL LPS or left unstimulated prior to stabilization (Figure 5.1A). Venous blood samples were 

stabilized with either RNAlater or PAXgene (Figure 5.1A). Tasso-collected blood samples were stabilized 

by attaching the Tasso tube to a custom engineered stabilizer tube containing RNAlater and shaking per 

the instructions of the homeRNA kit (Figure 5.1A)6,27–30. 

First, to illustrate the overall gene expression response of the three different collection and 

stabilization methods, we generated a heatmap of differentially expressed genes associated with response 

to LPS (Figure 5.1B). The heatmap reveals that all three collection/stabilization methods captured the 

expected changes in gene expression following LPS stimulation, with clear differential up-regulation and 

down-regulation of genes in response to LPS. However, some donor-to-donor variability is evident, 

particularly within donor 3 in the homeRNA and Venous PAXgene samples (Figure 5.1B). This variability 

likely reflects a combination of biological differences in individual immune responses to LPS stimulation, 
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technical variations inherent to each collection and stabilization protocol, and in the case of homeRNA, 

potential differences between capillary and venous blood composition. Despite this donor variability, a 

differential LPS-induced response is still observed across the different collection and stabilization methods.  

 

Figure 5.1. Comparison of response to lipopolysaccharide (LPS) in venous blood and homeRNA-stabilized 
blood. A) Workflow of stimulating blood with LPS in venous blood and Tasso-collected blood. Each donor 
(n=3 donors) had blood drawn from a phlebotomy draw and from the upper arm using the Tasso-SST device 
on the same day. The blood samples were then aliquoted and incubated in media supplemented with 100 
ng/mL LPS or in control media (without LPS). After incubation, blood samples collected from the Tasso 
device were then stabilized with homeRNA, and blood samples collected from the phlebotomy draw were 
stabilized with either RNAlater or PAXgene. Created using Biorender.com. B) Unsupervised heatmap of 
differentially expressed genes (30% change in expression, FDR ≤ 0.05) between LPS-stimulated and 
unstimulated blood samples across different collection and stabilization methods after removing the batch 
effect from different donors. Each column represents an individual sample (each donor had two replicates), 
and each row represents a gene (7777 genes in total). The homeRNA and Venous RNAlater samples had 
three donors (n=6 samples) and Venous PAXgene had two donors (n=4 samples). Colors represent 
standardized expression values (z-scores) for each gene across all samples, with red indicating higher 
expression and blue indicating lower expression relative to each gene's mean across all experimental 
conditions. 
 
5.3 homeRNA captured LPS-induced biological response 

We next interrogated the ability of homeRNA to capture an induced biological response via LPS 

stimulation. We identified 943 differentially expressed genes (DEGs) with LPS stimulation in the 

homeRNA-stabilized samples. Figure 5.2A summarizes the identified DEGs, with the top 10 most 

significantly up- and down-regulated genes in response to LPS stimulation in Tasso-collected and 
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homeRNA-stabilized blood samples labeled. A number of these genes are associated with inflammatory 

responses and have been shown previously to be expressed in LPS-stimulated blood. These genes include: 

IL6 and IL12B, both of which are cytokines activated downstream of LPS-induced toll-like receptor 4 

(TLR4) pathway42,43; IL36G and CSF3, cytokines present in regulating innate inflammatory responses 

mediated by IL-1 and IL-6, respectively44–47; and CFB and ACOD1, which are regulators in LPS-activated 

immune response pathways48,49. 

Further, gene ontology enrichment analysis was performed to identify the top six biological 

processes and the top 10 overrepresented genes within each process (Figure 5.2B). These top gene ontology 

(GO)-derived biological processes are related to defense responses to pathogens, peptides, and other 

stimuli. Overrepresentation of these biological processes is expected as LPS is a molecule present on the 

surface of gram-negative bacteria and thus stimulates a host-like response. Notably, cytokines (IL6, IL36G, 

IL12B), complement components (CFB), and chemokines (CCL3, CXCL10) were strongly linked to 

immune defense pathways, suggesting an overall innate immune activation due to LPS. 

Lastly, we further interrogated the alterations in gene expression related to the toll-like receptor 

signaling (Figure 5.2C). Toll-like receptor signaling is the primary pathway activated in an LPS response; 

LPS binds TLR4 in immune cells, transducing signals across the plasma membrane50. TLR4 activation then 

initiates key downstream inflammatory pathways including mitogen-activated protein kinase (MAPK) 

signalling and nuclear factor kappa (NF-kB) signalling, resulting in an inflammatory response51–53. When 

we probed the toll-like receptor signaling pathway, we observed an upregulation in cytokines (IL6, IL12B, 

IL1B, and TNF), chemokines (CXCL10, CCL3, CCL3L1, CCL4, CCL4L1, CCL4L2), and interferon related 

genes (IFNB1, IRF7) that is consistent in LPS-induced immune response in the literature (Figure 

5.2C)32,42,54–56. Similarly, we observed similar LPS-induction of genes associated with the NF-kB and 

MAPK signaling pathways, such as IL1A, IL1B, and ICAM1, demonstrating the full inflammatory response 

captured in LPS-induced, homeRNA-stabilized samples (Supplementary Figure D1). 
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Figure 5.2. homeRNA captures LPS-induced immune response. A) Volcano plot of differentially expressed 
genes (DEGs) between LPS-stimulated and unstimulated homeRNA-stabilized samples. The measured 943 
DEGs (30% change in expression, FDR ≤ 0.05) are represented by the negative log10 of the adjusted p-
value on the y-axis and log2 fold change on the x-axis. Red points represent up-regulated genes and blue 
points represent down-regulated genes with LPS stimulation. The top 10 highly expressed up-regulated and 
down-regulated genes are labeled. B) Gene ontology (GO) enrichment chord diagram visualizing the top 
10 DEGs present in each of the top six biological processes. Genes are positioned around the circle and 
colored by their log2 fold change (red for up-regulated, blue for down-regulated). Biological processes are 
labeled A-F around the outer ring. Connecting ribbons link genes to their associated biological processes, 
with ribbon colors corresponding to a biological process. C) All up- and down-regulated DEGs (n=29 
DEGs) in the toll-like receptor signaling pathway (KEGG: 04060) ranked based on their absolute value of 
log2 fold change. Up-regulated genes are shown in red; down-regulated genes are shown in blue. The box 
and whisker plot on the left summarizes the distribution of all DEGs in this pathway with outliers 
represented by circles. p-values were adjusted for multiple comparisons by controlling for the false 
discovery rate (FDR) using the Benjamini-Hochberg (BH) procedure41. 
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5.4 homeRNA-stabilized samples capture a similar LPS-induced inflammatory response to that of venous 

blood stabilized with RNAlater or PAXgene 

Having demonstrated that homeRNA can effectively capture biological responses via LPS 

stimulation, we next sought to directly compare the induced immune response in homeRNA-stabilized 

capillary blood with that of traditional phlebotomy-drawn venous blood. The primary aim of this 

comparative analysis was to characterize differences in gene expression profiles between these two 

collection methods to inform the feasibility of using homeRNA in future transcriptomic studies. This 

comparison is particularly relevant for determining whether homeRNA could enable the transition of clinic-

based immune response studies to remote sampling applications. By comparing the similarities and 

differences between homeRNA (capillary) and venous blood transcriptomic responses to LPS stimulation, 

we aim to provide critical guidance for researchers considering the implementation of homeRNA-based 

remote blood collection in studies investigating immune activation and inflammatory pathways. 

Towards this aim, we first identified DEGs in LPS-stimulated and unstimulated blood samples 

within our three collection/stabilization methods: Tasso-collected blood stabilized with RNAlater (i.e., 

homeRNA-stabilized samples), venous blood stabilized with RNAlater, and venous blood stabilized with 

PAXgene. We found 682 DEGs to be common between all three groups (Figure 5.3A), suggesting some 

alignment between the LPS-induced response from each collection and stabilization method. In addition, 

each method captured unique DEGs, suggesting that some components of the response may be method-

specific (i.e., collection method or stabilization method), potentially reflecting differences in sample type 

(i.e., capillary vs. venous). GO-derived biological processes and KEGG pathway analysis on the DEGs of 

each group also found 41 overlapping biological processes (Figure 5.3B) and 68 overlapping pathways 

(Figure 5.3C). 

To examine these differences in more detail, we focused on the toll-like receptor signaling pathway, 

a key mediator of LPS-induced immune responses. We identified 33 up-regulated DEGs in the toll-like 

receptor signaling pathway induced by LPS stimulation across the three collection/stabilization groups 

(Figure 5.3D). The majority of these up-regulated DEGs were consistently present in all three groups, 
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including key LPS-induced cytokines (IL6, IL12B, IL1B, TNF) and chemokines (CXCL10, CCL3, CCL4) 

as previously described. However, we observed a notable difference in the expression of the two 

chemokines CXCL9 and CXCL11, which showed significant up-regulation in both venous blood groups 

(RNAlater and PAXgene) following LPS stimulation, but were absent from the stimulated homeRNA blood 

samples (Figure 5.3D). This difference appears to be linked to interferon-gamma (IFN-γ) signaling, as 

CXCL9 and CXCL11 are specifically IFN-γ-inducible chemokines while CXCL10, which is present in all 

three groups, can be induced by LPS or TNF-ɑ as well as IFN-γ57–59. Consistent with this IFN-γ signaling, 

we observed significant up-regulation of IFNγ in both LPS-stimulated venous groups while no significant 

change was observed in stimulated homeRNA samples (Figure 5.3E). The absence of IFNγ induction in 

homeRNA samples may explain why CXCL9 and CXCL11 were not differentially expressed in these 

samples. This is further supported by previous studies demonstrating that LPS and IFN-γ act synergistically 

to induce CXCL9 and CXCL11 expression in various cell types60–63, providing a potential mechanistic basis 

for the robust up-regulation of these chemokines observed specifically in the venous blood samples where 

both LPS stimulation and IFNγ induction occurred. It should be noted that other studies found that LPS 

stimulation did not induce IFN-γ protein in either capillary blood collected via a microneedle in the upper 

arm or venous blood64, but yet other studies have found that LPS can induce IFN-γ in natural killer cells 

and monocytes65,66. Taken together, there is variation observed in the literature in LPS-induced IFN-γ levels 

across blood types; the observed differences in transcriptional IFNγ induction between capillary and venous 

blood in our study could be a result of physiological differences between capillary and venous blood. Given 

our limited sample size, future studies with larger cohorts would be needed to provide greater statistical 

power and more definitive insights into IFN-γ-mediated differences between these sampling methods.  

We also compared the baseline gene expression profiles between unstimulated homeRNA-

stabilized blood (capillary) and RNAlater-stabilized venous blood (Supplementary Figures D2, D3, and D4 

and associated discussion). We identified a baseline inflammatory signature present in capillary samples 

and absent in venous samples that likely reflects methodological differences in blood collection completed 

in this study; specifically, the Tasso-SST blood collection tubes used for the homeRNA samples contain no 
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anticoagulant, whereas the venous blood samples were collected in EDTA-coated vacutainers. The lack of 

anticoagulant in the Tasso-collected samples may have promoted clotting activation, contributing to the 

observed inflammatory signature. Additionally, in this study the collected blood samples were incubated 

for six hours prior to stabilization so that they could serve as controls for LPS-stimulated samples, which 

were also incubated for six hours. However, in typical homeRNA-based studies, collected capillary blood 

samples would be immediately stabilized by the participant after collection. Therefore, the increased gene 

expression response observed in some inflammatory genes between homeRNA and RNAlater-stabilized 

venous samples in this study does not necessarily translate to typical conditions used in homeRNA studies. 

Despite some of the inflammatory genes being up-regulated in homeRNA-stabilized, unstimulated samples, 

when we probed the bulk gene expression profile (19,751 genes total), we observed high correlation 

between the unstimulated homeRNA and venous RNAlater samples (Pearson correlation r=0.95) 

(Supplementary Figure D2). This correlation is consistent with other comparisons on the gene and protein 

expression between capillary blood and venous blood observed in other studies67–71, supporting the potential 

of homeRNA to be used in remote transcriptomic studies in place of clinic-based phlebotomy draws.  

Despite differences in IFNγ induction and baseline inflammatory signature between the homeRNA 

and RNAlater-stabilized venous samples, we were still able to capture a similar inflammatory response to 

LPS stimulation across all blood collection and stabilization conditions. These similarities in LPS response 

are further seen in the top 20 overlapping overrepresented biological processes (Figure 5.3F) and pathways 

(Figure 5.3G) across all three groups. Here, as expected, we observe significant enrichment of biological 

processes and pathways related to inflammation and host immune response across all groups due to LPS 

stimulation. Overall, the primary LPS-driven immune response signature remains well-aligned across the 

collection and stabilization methods, suggesting that homeRNA can capture a similar inflammatory 

response to that of venous blood sampling.  
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Figure 5.3. homeRNA-stabilized samples capture a similar LPS-induced inflammatory response to that of 
venous blood stabilized with RNAlater or PAXgene. Overlapping A) differentially expressed genes (DEGs) 
between the LPS stimulated and unstimulated conditions of the homeRNA-stabilized, RNAlater-stabilized 
venous blood, and PAXgene-stabilized venous blood samples. B) Enriched gene ontology (GO)-derived 
biological processes and C) KEGG pathways from the DEGs. D) All up-regulated DEGs (n=33 DEGs) in 
the toll-like receptor signaling pathway (KEGG: 04060) from each LPS-stimulated and unstimulated 



 125 
 

comparison. DEGs are ranked based on their average log2 fold change across all three groups. E) LPS-
stimulated response of IFNγ in each comparison. F) Top 20 overlapping GO-derived biological processes 
pathways between all three LPS-stimulated collection/stabilization groups. Biological processes are ranked 
based on their average adjusted p-value across all three groups. G) Top 20 overlapping KEGG pathways 
between all three LPS-stimulated collection/stabilization groups. Pathways are ranked based on their 
average adjusted p-value across all three groups. VPI stands for viral protein interaction. p-values were 
adjusted for multiple comparisons by controlling for the false discovery rate (FDR) using the Benjamini-
Hochberg (BH) procedure41. 
 
5.5 Conclusion  

In this study, we demonstrate the feasibility of homeRNA for transcriptomic studies by comparing 

the gene expression profile and LPS-induced biological response between homeRNA sampling and 

traditional venous sampling. We found that homeRNA successfully captured a LPS-induced inflammatory 

response that was comparable to that of venous blood samples stabilized with either RNAlater or PAXgene. 

Further, we observed strong correlation in baseline gene expression profiles between the two collection 

methods (capillary blood from the upper arm and venous blood) and the two stabilization methods in venous 

blood (RNAlater and PAXgene). This work establishes the compatibility of homeRNA with bulk RNA-

sequencing, demonstrating its potential as a useful tool for monitoring of immune response via remote 

sampling. 

Overall, this study aims to provide guidance for other researchers seeking to combine remote blood 

collection studies with downstream RNA-sequencing analysis. Future work with larger sample sizes will 

be required to further validate the biological reproducibility of homeRNA and to establish which genes and 

pathways can most accurately be quantified using homeRNA. To date, we have already demonstrated the 

use of homeRNA to capture dynamic immune response signatures during SARS-CoV-2 infection, including 

both the presymptomatic and acute phases, via a targeted Nanostring gene panel6,30. This current work adds 

to the body of literature that characterizes the biological and analytical factors that contribute to 

transcriptomic differences between capillary and venous blood sampling that is crucial to properly interpret 

results in remote, capillary-blood based studies compared to clinic-based venipuncture studies.  
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5.6 Materials and methods 

Participant Recruitment and Demographics 

Healthy adult volunteers (18 years or older) were recruited in Seattle, Washington via word of mouth under 

a protocol approved by the University of Washington Institutional Review Board study number 

STUDY00007868. Written informed consent was obtained from all participants (n=3). Each participant 

had 10 mL of venous blood collected into an EDTA-coated BD vacutainer (Becton Dickenson) as well as 

0.6 mL to 1.5 mL of blood collected from the upper arm using two to three Tasso-SST devices, which was 

pooled together. The authors note that the serum separator tube (SST) gel (included in the Tasso-SST 

collection tube) is not necessary for RNA stabilization and analysis. At the time of the study, the Tasso-

SST was the only available Tasso device for purchase. 

LPS stimulation and blood stabilization 

Lipopolysaccharide from Escherichia coli O111:B4 (Sigma Aldrich) was reconstituted in RPMI culture 

media (Gibco) to make a 1 mg/mL stock solution. After blood collection, the blood collected from the two 

to three separate Tasso-SST™ devices used by a single participant was pooled into a microcentrifuge tube 

and mixed with a pipette until homogeneous. For each donor, 150 μL of venous blood and Tasso-collected 

blood was pipetted into separate replicates (n=2 replicates for each condition for a total of four samples for 

Tasso-collected blood and eight samples for venous blood per donor) within a 24-well plate. 150 μL of 

RPMI media containing LPS was added to each LPS stimulation replicate to achieve a final concentration 

of 100 ng/mL LPS. 150 μL of RPMI media (not containing any LPS) was added to each -LPS control 

replicate. Each sample was then incubated at 37°C for 6 h. Immediately after incubation, each venous blood 

sample (300 μL total including blood and added media volume) was transferred to microcentrifuge tube 

and stabilized according to manufacturer’s protocol with either RNAlater™ (1:2.6 mL blood:RNAlater™) 

or PAXgene® (1:2.76 mL blood:PAXgene®). For the Tasso-collected samples, each blood sample (300 

μL total including blood and added media volume) was transferred back into a fresh Tasso-SST blood 

collection tube which was then attached to a custom engineered stabilizer tube used in the homeRNA kit, 
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which contained 1.3 mL RNAlater, and shaken to mimic blood stabilization in homeRNA kits27. After 

stabilization, blood samples were stored at -80°C until ready for RNA isolation.  

RNA isolation 

For all blood samples stabilized with RNAlater, total cellular RNA was isolated using the Ribopure Blood 

RNA Isolation Kit (Thermo Fisher) according to the manufacturer's protocol without DNase treatment. 

Isolated RNA was stored at -80°C until ready for sequencing. For all blood samples stabilized with 

PAXgene, total cellular RNA was isolated using the PAXgene Blood RNA Kit (PreAnalytix) according to 

the manufacturer’s protocol without DNase treatment. Due to procedural errors, one donor’s PAXgene-

stabilized samples were not usable. 

RNA sequencing and analysis 

Library preparation and sequencing: Total RNA samples were shipped to Psomagen for library 

preparation and sequencing. Prior to library preparation, all samples were treated with DNase I according 

to manufacturer’s protocol. After DNase treatment, RNA quantity was measured using fluorescence-based 

quantification method Ribogreen (Life technologies) and RNA quality was assessed using Agilent RNA 

screentape (Agilent Technologies) on Agilent 4200 TapeStation system. All samples yielded RNA Quality 

Numbers (RQNs) ≥ 6.5. For each sample, 25ng of RNA was used as input for library preparation using 

Illumina Stranded Total RNA Prep with Ribo-Zero Plus kit. The resulting libraries were validated with 

D1000 Screen Tape (Agilent Technologies) and D1000 Reagents (Agilent Technologies) on 4200 

TapeStation system (Agilent Technologies) to determine library size. Library quantification was measured 

with the Roche library quantification kit on LightCycler480 (Roche). Validated libraries were then 

normalized, diluted to the desired loading concentration and sequenced on the NovaSeq X Plus system 

using paired-end 151bp reads, targeting 15Gb per sample. Sequencing was performed using the NovaSeq 

X Plus system software. Real Time Analysis software was used to perform base calling from the raw images 

files generated by the Illumina sequencer. The resulting binary BCL/cBCL files were then converted to 

FASTQ files format using bcl2fastq, an Illumina provided package. 
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RNA sequencing quality control, alignment, and quantification: Quality of raw sequencing data was 

assessed using fastqc (https://www.bioinformatics.babraham.ac.uk/projects/fastqc/), and then reads were 

aligned to the NBCI GRCh38 transcriptome using the salmon aligner34. Transcript abundances were read 

into R and summarized at the gene level using the Bioconductor tximport package35. Genes with unreliably 

low expression were excluded, with 19,751 genes retained for analysis. 

Identification of differentially expressed genes: Differentially expressed genes were identified using the 

limma-voom pipeline33. Briefly, gene counts were adjusted for library size by computing counts per million 

counts (CPM), and then taking logs (logCPM). The logCPM values have reduced right skew, but still have 

a dependence between the mean and variance, which violates a core assumption for linear regression. 

Observation-level weights were estimated from the trend between the mean and variance and used in a 

weighted linear regression to account for the heteroscedasticity. Between-group comparisons were made 

using empirical Bayes adjusted contrasts, selecting genes at a false discovery rate (FDR) < 0.05, and 

incorporating an additional 30% change criterion in our statistic37. 

Heatmap visualization: Heatmaps were generated in R (v4.5.1) using the pheatmap package (v1.0.13). 

Genes included in the heatmaps were selected as differentially expressed (FDR < 0.05) with at least 30% 

change in expression. Batch effects from donors were removed using the removeBatchEffect function in 

the limma package (v3.64.1)38. Z-scores, used for row scaling, were calculated from log₂-transformed 

counts per million (logCPM) values generated using the edgeR (v4.6.2) package. 

Volcano plot visualization: Volcano plots were generated using iPathwayGuide™ (AdvaitaBio 

Corporation, https://ipathwayguide.advaitabio.com/)39,40. 

Gene ontology enrichment and pathway analysis: Gene Ontology (GO) Term Enrichment analysis, chord 

diagrams, and multiple comparisons were generated using iPathwayGuide™ (AdvaitaBio Corporation, 

https://ipathwayguide.advaitabio.com/)39,40. p-values were adjusted for multiple comparisons controlling 

false discovery rate (FDR) using the Benjamini-Hochberg (BH) procedure41. Significant GO terms in the 

stimulated vs unstimulated homeRNA group (Fig 2B) were selected at an FDR<0.05. To perform multiple 

comparisons and determine overlapping GO biological processes between all three experimental stimulated 
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vs unstimulated conditions seen in Figure 3B and 3F, the high specificity pruning method was used to assess 

the significance of GO terms. KEGG pathways analysis was also performed using iPathwayGuide™ 

(AdvaitaBio Corporation, https://ipathwayguide.advaitabio.com/)39,40. Significant KEGG pathways 

between the stimulated vs unstimulated conditions across all three groups seen in Figure 5.3C and 5.3G 

were selected using an FDR<0.05.  

5.7 References  
1. Krasowski, M. D. Remote Blood Collection Devices Improve Study Participation from Hard to Reach 

Populations. J. Appl. Lab. Med. 2024, 9 (5), 874–876. https://doi.org/10.1093/jalm/jfae075. 
2. Maass, K. F.; Barfield, M. D.; Ito, M.; James, C. A.; Kavetska, O.; Kozinn, M.; Kumar, P.; Lepak, M.; 

Leuthold, L. A.; Li, W.; Mikhailov, D.; Patel, S.; Perez, N. L.; Jackson Rudd, D.; Vakkalagadda, B.; 
Williams, T. M.; Zha, J.; Zhang, X.; Anderson, M. D. Leveraging Patient‐centric Sampling for Clinical 
Drug Development and Decentralized Clinical Trials: Promise to Reality. Clin. Transl. Sci. 2022, 15 
(12), 2785–2795. https://doi.org/10.1111/cts.13411. 

3. Koulman, A.; Rennie, K. L.; Parkington, D.; Tyrrell, C. S.; Catt, M.; Gkrania-Klotsas, E.; Wareham, 
N. J. The Development, Validation and Application of Remote Blood Sample Collection in Telehealth 
Programmes. J. Telemed. Telecare 2024, 30 (4), 731–738. 
https://doi.org/10.1177/1357633X221093434. 

4. Baillargeon, K. R.; Mace, C. R. Microsampling Tools for Collecting, Processing, and Storing Blood at 
the Point‐of‐care. Bioeng. Transl. Med. 2023, 8 (2), e10476. https://doi.org/10.1002/btm2.10476. 

5. Thangavelu, M. U.; Wouters, B.; Kindt, A.; Reiss, I. K. M.; Hankemeier, T. Blood Microsampling 
Technologies: Innovations and Applications in 2022. Anal. Sci. Adv. 2023, 4 (5–6), 154–180. 
https://doi.org/10.1002/ansa.202300011. 

6. Lim, F. Y.; Lea, H. G.; Dostie, A. M.; Kim, S.-Y.; Van Neel, T. L.; Hassan, G. W.; Takezawa, M. G.; 
Starita, L. M.; Adams, K. N.; Boeckh, M.; Schiffer, J. T.; Hyrien, O.; Waghmare, A.; Berthier, E.; 
Theberge, A. B. homeRNA Self-Blood Collection Enables High-Frequency Temporal Profiling of 
Presymptomatic Host Immune Kinetics to Respiratory Viral Infection: A Prospective Cohort Study. 
eBioMedicine 2025, 112, 105531. https://doi.org/10.1016/j.ebiom.2024.105531. 

7. Al‐Uzri, A.; Freeman, K. A.; Wade, J.; Clark, K.; Bleyle, L. A.; Munar, M.; Koop, D. R. Longitudinal 
Study on the Use of Dried Blood Spots for Home Monitoring in Children after Kidney Transplantation. 
Pediatr. Transplant. 2017, 21 (6), e12983. https://doi.org/10.1111/petr.12983. 

8. Chaussabel, D. Assessment of Immune Status Using Blood Transcriptomics and Potential Implications 
for Global Health. Semin. Immunol. 2015, 27 (1), 58–66. https://doi.org/10.1016/j.smim.2015.03.002. 

9. Ivanov, S. M.; Tarasova, O. A.; Poroikov, V. V. Transcriptome-Based Analysis of Human Peripheral 
Blood Reveals Regulators of Immune Response in Different Viral Infections. Front. Immunol. 2023, 
14, 1199482. https://doi.org/10.3389/fimmu.2023.1199482. 

10. Hoffmann, M.; Willruth, L.-L.; Dietrich, A.; Lee, H. K.; Knabl, L.; Trummer, N.; Baumbach, J.; Furth, 
P. A.; Hennighausen, L.; List, M. Blood Transcriptomics Analysis Offers Insights into Variant-Specific 
Immune Response to SARS-CoV-2. Sci. Rep. 2024, 14 (1), 2808. https://doi.org/10.1038/s41598-024-
53117-w. 

11. Houseley, J.; Tollervey, D. The Many Pathways of RNA Degradation. Cell 2009, 136 (4), 763–776. 
https://doi.org/10.1016/j.cell.2009.01.019. 

12. Gallego Romero, I.; Pai, A. A.; Tung, J.; Gilad, Y. RNA-Seq: Impact of RNA Degradation on 
Transcript Quantification. BMC Biol. 2014, 12 (1), 42. https://doi.org/10.1186/1741-7007-12-42. 

13. Weber, D. G.; Casjens, S.; Rozynek, P.; Lehnert, M.; Zilch-Schöneweis, S.; Bryk, O.; Taeger, D.; 
Gomolka, M.; Kreuzer, M.; Otten, H.; Pesch, B.; Johnen, G.; Brüning, T. Assessment of mRNA and 



 130 
 

microRNA Stabilization in Peripheral Human Blood for Multicenter Studies and Biobanks. Biomark. 
Insights 2010, 5, BMI.S5522. https://doi.org/10.4137/BMI.S5522. 

14. Wang, M.; Ji, X.; Wang, B.; Li, Q.; Zhou, J. Simultaneous Evaluation of the Preservative Effect of 
RNA Later on Different Tissues by Biomolecular and Histological Analysis. Biopreservation 
Biobanking 2018, 16 (6), 426–433. https://doi.org/10.1089/bio.2018.0055. 

15. Delahaye, L.; Veenhof, H.; Koch, B. C. P.; Alffenaar, J.-W. C.; Linden, R.; Stove, C. Alternative 
Sampling Devices to Collect Dried Blood Microsamples: State-of-the-Art. Ther. Drug Monit. 2021, 43 
(3), 310–321. https://doi.org/10.1097/FTD.0000000000000864. 

16. Malsagova, K.; Kopylov, A.; Stepanov, A.; Butkova, T.; Izotov, A.; Kaysheva, A. Dried Blood Spot in 
Laboratory: Directions and Prospects. Diagnostics 2020, 10 (4), 248. 
https://doi.org/10.3390/diagnostics10040248. 

17. Bybjerg-Grauholm, J.; Hagen, C. M.; Khoo, S. K.; Johannesen, M. L.; Hansen, C. S.; Bækvad-Hansen, 
M.; Christiansen, M.; Hougaard, D. M.; Hollegaard, M. V. RNA Sequencing of Archived Neonatal 
Dried Blood Spots. Mol. Genet. Metab. Rep. 2017, 10, 33–37. 
https://doi.org/10.1016/j.ymgmr.2016.12.004. 

18. Reust, M. J.; Lee, M. H.; Xiang, J.; Zhang, W.; Xu, D.; Batson, T.; Zhang, T.; Downs, J. A.; Dupnik, 
K. M. Dried Blood Spot RNA Transcriptomes Correlate with Transcriptomes Derived from Whole 
Blood RNA. Am. J. Trop. Med. Hyg. 2018, 98 (5), 1541–1546. https://doi.org/10.4269/ajtmh.17-0653. 

19. Bertoli-Avella, A. M.; Radefeldt, M.; Al-Ali, R.; Pardo, L. M.; Lemke, S.; Leubauer, A.; Polla, D. L.; 
Hörnicke, R.; Almeida, L. S.; Kandaswamy, K. K.; Beetz, C.; Pinto Basto, J.; Bauer, P. Beyond 
Genomics: Using RNA-Seq from Dried Blood Spots to Unlock the Clinical Relevance of Splicing 
Variation in a Diagnostic Setting. Eur. J. Hum. Genet. 2025, 33 (5), 614–623. 
https://doi.org/10.1038/s41431-025-01792-2. 

20. Demirev, P. A. Dried Blood Spots: Analysis and Applications. Anal. Chem. 2013, 85 (2), 779–789. 
https://doi.org/10.1021/ac303205m. 

21. Kalikiri, M. K. R.; Manjunath, H. S.; Vempalli, F. R.; Mathew, L. S.; Liu, L.; Wang, L.; Wang, G.; 
Wang, K.; Soloviov, O.; Lorenz, S.; Tomei, S. Technical Assessment of Different Extraction Methods 
and Transcriptome Profiling of RNA Isolated from Small Volumes of Blood. Sci. Rep. 2023, 13 (1), 
3598. https://doi.org/10.1038/s41598-023-30629-5. 

22. Morgunova, A.; Ibrahim, P.; Chen, G. G.; Coury, S. M.; Turecki, G.; Meaney, M. J.; Gifuni, A.; Gotlib, 
I. H.; Nagy, C.; Ho, T. C.; Flores, C. Preparation and Processing of Dried Blood Spots for microRNA 
Sequencing. Biol. Methods Protoc. 2023, 8 (1), bpad020. https://doi.org/10.1093/biomethods/bpad020. 

23. Grauholm, J.; Khoo, S. K.; Nickolov, R. Z.; Poulsen, J. B.; Bækvad-Hansen, M.; Hansen, C. S.; 
Hougaard, D. M.; Hollegaard, M. V. Gene Expression Profiling of Archived Dried Blood Spot Samples 
from the Danish Neonatal Screening Biobank. Mol. Genet. Metab. 2015, 116 (3), 119–124. 
https://doi.org/10.1016/j.ymgme.2015.06.011. 

24. McDade, T. W.; M. Ross, K.; L. Fried, R.; Arevalo, J. M. G.; Ma, J.; Miller, G. E.; Cole, S. W. Genome-
Wide Profiling of RNA from Dried Blood Spots: Convergence with Bioinformatic Results Derived 
from Whole Venous Blood and Peripheral Blood Mononuclear Cells. Biodemography Soc. Biol. 2016, 
62 (2), 182–197. https://doi.org/10.1080/19485565.2016.1185600. 

25. Zarbl, J.; Eimer, E.; Gigg, C.; Bendzuck, G.; Korinth, M.; Elling-Audersch, C.; Kleyer, A.; Simon, D.; 
Boeltz, S.; Krusche, M.; Mucke, J.; Muehlensiepen, F.; Vuillerme, N.; Krönke, G.; Schett, G.; Knitza, 
J. Remote Self-Collection of Capillary Blood Using Upper Arm Devices for Autoantibody Analysis in 
Patients with Immune-Mediated Inflammatory Rheumatic Diseases. RMD Open 2022, 8 (2), e002641. 
https://doi.org/10.1136/rmdopen-2022-002641. 

26. Dasari, H.; Smyrnova, A.; Leng, J.; Ducharme, F. M. Feasibility, Acceptability, and Safety of a Novel 
Device for Self-Collecting Capillary Blood Samples in Clinical Trials in the Context of the Pandemic 
and Beyond. PLOS ONE 2024, 19 (5), e0304155. https://doi.org/10.1371/journal.pone.0304155. 

27. Haack, A. J.; Lim, F. Y.; Kennedy, D. S.; Day, J. H.; Adams, K. N.; Lee, J. J.; Berthier, E.; Theberge, 
A. B. Home RNA: A Self-Sampling Kit for the Collection of Peripheral Blood and Stabilization of 
RNA. Anal. Chem. 2021, 93 (39), 13196–13203. https://doi.org/10.1021/acs.analchem.1c02008. 



 131 
 

28. Brown, L. G.; Haack, A. J.; Kennedy, D. S.; Adams, K. N.; Stolarczuk, J. E.; Takezawa, M. G.; Berthier, 
E.; Thongpang, S.; Lim, F. Y.; Chaussabel, D.; Garand, M.; Theberge, A. B. At-Home Blood Collection 
and Stabilization in High Temperature Climates Using homeRNA. Front. Digit. Health 2022, 4, 
903153. https://doi.org/10.3389/fdgth.2022.903153. 

29. Stefanovic, F.; Brown, L. G.; MacDonald, J.; Bammler, T.; Rinchai, D.; Nguyen, S.; Zeng, Y.; 
Shinkawa, V.; Adams, K.; Chaussabel, D.; Berthier, E.; Haack, A. J.; Theberge, A. B. Your Blood Is 
Out for Delivery: Considerations of Shipping Time and Temperature on Degradation of RNA from 
Stabilized Whole Blood. Anal. Chem. 2025, 97 (3), 1635–1644. 
https://doi.org/10.1021/acs.analchem.4c04591. 

30. Lim, F. Y.; Kim, S.-Y.; Kulkarni, K. N.; Blazevic, R. L.; Kimball, L. E.; Lea, H. G.; Haack, A. J.; 
Gower, M. S.; Stevens-Ayers, T.; Starita, L. M.; Boeckh, M.; Hyrien, O.; Schiffer, J. T.; Theberge, A. 
B.; Waghmare, A. High-Frequency Home Self-Collection of Capillary Blood Correlates IFI27 
Expression Kinetics with SARS-CoV-2 Viral Clearance. J. Clin. Invest. 2023, 133 (23), e173715. 
https://doi.org/10.1172/JCI173715. 

31. Rosadini, C. V.; Kagan, J. C. Early Innate Immune Responses to Bacterial LPS. Curr. Opin. Immunol. 
2017, 44, 14–19. https://doi.org/10.1016/j.coi.2016.10.005. 

32. Jorda, A.; Eberl, S.; Nussbaumer-Pröll, A.; Sarhan, M.; Weber, M.; Tegrovsky, L.; Wahrmann, M.; Al 
Jalali, V.; Bergmann, F.; Pracher, L.; Leutzendorff, A.; Farlik, M.; Jilma, B.; Zeitlinger, M. 
Reproducibility of LPS-Induced Ex Vivo Cytokine Response of Healthy Volunteers Using a Whole 
Blood Assay. J. Inflamm. Res. 2024, Volume 17, 4781–4790. https://doi.org/10.2147/jir.s459999. 

33. Segre, E.; Fullerton, J. N. Stimulated Whole Blood Cytokine Release as a Biomarker of 
Immunosuppression in the Critically Ill: The Need for a Standardized Methodology. Shock 2016, 45 
(5), 490–494. https://doi.org/10.1097/shk.0000000000000557. 

34. Patro, R.; Duggal, G.; Love, M. I.; Irizarry, R. A.; Kingsford, C. Salmon Provides Fast and Bias-Aware 
Quantification of Transcript Expression. Nat. Methods 2017, 14 (4), 417–419. 
https://doi.org/10.1038/nmeth.4197. 

35. Soneson, C.; Love, M. I.; Robinson, M. D. Differential Analyses for RNA-Seq: Transcript-Level 
Estimates Improve Gene-Level Inferences. F1000Research 2016, 4, 1521. 
https://doi.org/10.12688/f1000research.7563.2. 

36. Law, C. W.; Chen, Y.; Shi, W.; Smyth, G. K. Voom: Precision Weights Unlock Linear Model Analysis 
Tools for RNA-Seq Read Counts. Genome Biol. 2014, 15 (2), R29. https://doi.org/10.1186/gb-2014-
15-2-r29. 

37. McCarthy, D. J.; Smyth, G. K. Testing Significance Relative to a Fold-Change Threshold Is a TREAT. 
Bioinformatics 2009, 25 (6), 765–771. https://doi.org/10.1093/bioinformatics/btp053. 

38. Ritchie, M. E.; Phipson, B.; Wu, D.; Hu, Y.; Law, C. W.; Shi, W.; Smyth, G. K. Limma Powers 
Differential Expression Analyses for RNA-Sequencing and Microarray Studies. Nucleic Acids Res. 
2015, 43 (7), e47–e47. https://doi.org/10.1093/nar/gkv007. 

39. Draghici, S.; Khatri, P.; Tarca, A. L.; Amin, K.; Done, A.; Voichita, C.; Georgescu, C.; Romero, R. A 
Systems Biology Approach for Pathway Level Analysis. Genome Res. 2007, 17 (10), 1537–1545. 
https://doi.org/10.1101/gr.6202607. 

40. Donato, M.; Xu, Z.; Tomoiaga, A.; Granneman, J. G.; MacKenzie, R. G.; Bao, R.; Than, N. G.; 
Westfall, P. H.; Romero, R.; Draghici, S. Analysis and Correction of Crosstalk Effects in Pathway 
Analysis. Genome Res. 2013, 23 (11), 1885–1893. https://doi.org/10.1101/gr.153551.112. 

41. Benjamini, Y.; Hochberg, Y. Controlling the False Discovery Rate: A Practical and Powerful Approach 
to Multiple Testing. J. R. Stat. Soc. Ser. B Stat. Methodol. 1995, 57 (1), 289–300. 
https://doi.org/10.1111/j.2517-6161.1995.tb02031.x. 

42. Luan, L.; Patil, N. K.; Guo, Y.; Hernandez, A.; Bohannon, J. K.; Fensterheim, B. A.; Wang, J.; Xu, Y.; 
Enkhbaatar, P.; Stark, R.; Sherwood, E. R. Comparative Transcriptome Profiles of Human Blood in 
Response to the Toll-like Receptor 4 Ligands Lipopolysaccharide and Monophosphoryl Lipid A. Sci. 
Rep. 2017, 7 (1), 40050. https://doi.org/10.1038/srep40050. 



 132 
 

43. Greenhill, C. J.; Rose-John, S.; Lissilaa, R.; Ferlin, W.; Ernst, M.; Hertzog, P. J.; Mansell, A.; Jenkins, 
B. J. IL-6 Trans -Signaling Modulates TLR4-Dependent Inflammatory Responses via STAT3. J. 
Immunol. 2011, 186 (2), 1199–1208. https://doi.org/10.4049/jimmunol.1002971. 

44. Xia, J.; Chen, W.; Xu, C.; Wang, M.; Mo, G.; Zhang, X. CSF3 Enhances the Innate Immune Responses 
to ALV-J Infections via NF-κB and Interferon Pathways. Poult. Sci. 2025, 104 (11), 105648. 
https://doi.org/10.1016/j.psj.2025.105648. 

45. Zhuang, J.; Ibarra, A.; Acosta, A.; Karns, A. P.; Aballi, J.; Nerenberg, M.; Sninsky, J. J.; Quake, S. R.; 
Toden, S. Survey of Extracellular Communication of Systemic and Organ-Specific Inflammatory 
Responses through Cell Free Messenger RNA Profiling in Mice. eBioMedicine 2022, 83, 104242. 
https://doi.org/10.1016/j.ebiom.2022.104242. 

46. Ding, L.; Wang, X.; Hong, X.; Lu, L.; Liu, D. IL-36 Cytokines in Autoimmunity and Inflammatory 
Disease. Oncotarget 2018, 9 (2), 2895–2901. https://doi.org/10.18632/oncotarget.22814. 

47. Queen, D.; Ediriweera, C.; Liu, L. Function and Regulation of IL-36 Signaling in Inflammatory 
Diseases and Cancer Development. Front. Cell Dev. Biol. 2019, 7, 317. 
https://doi.org/10.3389/fcell.2019.00317. 

48. Wu, R.; Chen, F.; Wang, N.; Tang, D.; Kang, R. ACOD1 in Immunometabolism and Disease. Cell. 
Mol. Immunol. 2020, 17 (8), 822–833. https://doi.org/10.1038/s41423-020-0489-5. 

49. Smiljanovic, B.; Grün, J. R.; Steinbrich-Zöllner, M.; Stuhlmüller, B.; Häupl, T.; Burmester, G. R.; 
Radbruch, A.; Grützkau, A.; Baumgrass, R. Defining TNF-α- and LPS-Induced Gene Signatures in 
Monocytes to Unravel the Complexity of Peripheral Blood Transcriptomes in Health and Disease. J. 
Mol. Med. 2010, 88 (10), 1065–1079. https://doi.org/10.1007/s00109-010-0648-8. 

50. Akira, S. Toll-like Receptor Signaling. J. Biol. Chem. 2003, 278 (40), 38105–38108. 
https://doi.org/10.1074/jbc.R300028200. 

51. Kim, H.-J.; Kim, H.; Lee, J.-H.; Hwangbo, C. Toll-like Receptor 4 (TLR4): New Insight Immune and 
Aging. Immun. Ageing 2023, 20 (1), 67. https://doi.org/10.1186/s12979-023-00383-3. 

52. Moens, U.; Kostenko, S.; Sveinbjørnsson, B. The Role of Mitogen-Activated Protein Kinase-Activated 
Protein Kinases (MAPKAPKs) in Inflammation. Genes 2013, 4 (2), 101–133. 
https://doi.org/10.3390/genes4020101. 

53. Liu, T.; Zhang, L.; Joo, D.; Sun, S.-C. NF-κB Signaling in Inflammation. Signal Transduct. Target. 
Ther. 2017, 2 (1), 17023. https://doi.org/10.1038/sigtrans.2017.23. 

54. Bandow, K.; Kusuyama, J.; Shamoto, M.; Kakimoto, K.; Ohnishi, T.; Matsuguchi, T. LPS‐induced 
Chemokine Expression in Both MyD88‐dependent and ‐independent Manners Is Regulated by 
Cot/Tpl2‐ERK Axis in Macrophages. FEBS Lett. 2012, 586 (10), 1540–1546. 
https://doi.org/10.1016/j.febslet.2012.04.018. 

55. Chaiwut, R.; Kasinrerk, W. Very Low Concentration of Lipopolysaccharide Can Induce the Production 
of Various Cytokines and Chemokines in Human Primary Monocytes. BMC Res. Notes 2022, 15 (1), 
42. https://doi.org/10.1186/s13104-022-05941-4. 

56. Ngkelo, A.; Meja, K.; Yeadon, M.; Adcock, I.; Kirkham, P. A. LPS Induced Inflammatory Responses 
in Human Peripheral Blood Mononuclear Cells Is Mediated through NOX4 and Giα Dependent PI-
3kinase Signalling. J. Inflamm. 2012, 9 (1), 1. https://doi.org/10.1186/1476-9255-9-1. 

57. Xanthou, G.; Duchesnes, C. E.; Williams, T. J.; Pease, J. E. CCR3 Functional Responses Are Regulated 
by Both CXCR3 and Its Ligands CXCL9, CXCL10 and CXCL11. Eur. J. Immunol. 2003, 33 (8), 2241–
2250. https://doi.org/10.1002/eji.200323787. 

58. Ciesielski, C. J.; Andreakos, E.; Foxwell, B. M. J.; Feldmann, M. TNFα-Induced Macrophage 
Chemokine Secretion Is More Dependent on NF-κB Expression than Lipopolysaccharides-Induced 
Macrophage Chemokine Secretion. Eur. J. Immunol. 2002, 32 (7), 2037. https://doi.org/10.1002/1521-
4141(200207)32:7<2037::AID-IMMU2037>3.0.CO;2-I. 

59. Arger, N. K.; Ho, M. E.; Allen, I. E.; Benn, B. S.; Woodruff, P. G.; Koth, L. L. CXCL9 and CXCL10 
Are Differentially Associated with Systemic Organ Involvement and Pulmonary Disease Severity in 
Sarcoidosis. Respir. Med. 2020, 161, 105822. https://doi.org/10.1016/j.rmed.2019.105822. 



 133 
 

60. Proost, P.; Vynckier, A.; Mahieu, F.; Put, W.; Grillet, B.; Struyf, S.; Wuyts, A.; Opdenakker, G.; 
Damme, J. V. Microbial Toll‐like Receptor Ligands Differentially Regulate CXCL10/IP‐10 Expression 
in Fibroblasts and Mononuclear Leukocytes in Synergy with IFN‐γ and Provide a Mechanism for 
Enhanced Synovial Chemokine Levels in Septic Arthritis. Eur. J. Immunol. 2003, 33 (11), 3146–3153. 
https://doi.org/10.1002/eji.200324136. 

61. Proost, P.; Verpoest, S.; Van De Borne, K.; Schutyser, E.; Struyf, S.; Put, W.; Ronsse, I.; Grillet, B.; 
Opdenakker, G.; Van Damme, J. Synergistic Induction of CXCL9 and CXCL11 by Toll-like Receptor 
Ligands and Interferon-γ in Fibroblasts Correlates with Elevated Levels of CXCR3 Ligands in Septic 
Arthritis Synovial Fluids. J. Leukoc. Biol. 2004, 75 (5), 777–784. https://doi.org/10.1189/jlb.1003524. 

62. Loos, T.; Dekeyzer, L.; Struyf, S.; Schutyser, E.; Gijsbers, K.; Gouwy, M.; Fraeyman, A.; Put, W.; 
Ronsse, I.; Grillet, B.; Opdenakker, G.; Damme, J. V.; Proost, P. TLR Ligands and Cytokines Induce 
CXCR3 Ligands in Endothelial Cells: Enhanced CXCL9 in Autoimmune Arthritis. Lab. Invest. 2006, 
86 (9), 902–916. https://doi.org/10.1038/labinvest.3700453. 

63. Metzemaekers, M.; Vanheule, V.; Janssens, R.; Struyf, S.; Proost, P. Overview of the Mechanisms That 
May Contribute to the Non-Redundant Activities of Interferon-Inducible CXC Chemokine Receptor 3 
Ligands. Front. Immunol. 2018, 8, 1970. https://doi.org/10.3389/fimmu.2017.01970. 

64. Eriksson, M.; Sartono, E.; Martins, C. L.; Balé, C.; Garly, M.-L.; Whittle, H.; Aaby, P.; Pedersen, B. 
K.; Yazdanbakhsh, M.; Erikstrup, C.; Benn, C. S. A Comparison of Ex Vivo Cytokine Production in 
Venous and Capillary Blood. Clin. Exp. Immunol. 2007, 150 (3), 469–476. 
https://doi.org/10.1111/j.1365-2249.2007.03515.x. 

65. Kraaij, M. D.; Vereyken, E. J. F.; Leenen, P. J. M.; Van Den Bosch, T. P. P.; Rezaee, F.; Betjes, M. G. 
H.; Baan, C. C.; Rowshani, A. T. Human Monocytes Produce Interferon-Gamma upon Stimulation with 
LPS. Cytokine 2014, 67 (1), 7–12. https://doi.org/10.1016/j.cyto.2014.02.001. 

66. Kanevskiy, L. M.; Telford, W. G.; Sapozhnikov, A. M.; Kovalenko, E. I. Lipopolysaccharide Induces 
IFN-γ Production in Human NK Cells. Front. Immunol. 2013, 4. 
https://doi.org/10.3389/fimmu.2013.00011. 

67. Meredith, R. T.; Yarham, R. A. R.; Mills, H.; Oliver, M. A. Whole Blood Cytokine Release Assays 
Reveal Disparity between Capillary Blood Sampling Methods. Clin. Biochem. 2023, 120, 110648. 
https://doi.org/10.1016/j.clinbiochem.2023.110648. 

68. Ni Lochlainn, M.; Cheetham, N. J.; Falchi, M.; Piazza, P.; Steves, C. J. Comparing Venous vs. Capillary 
Blood Collection Methods for Proteomic Measurement in Peripheral Blood. PROTEOMICS – Clin. 
Appl. 2025, 19 (4), e70007. https://doi.org/10.1002/prca.70007. 

69. Toma, R.; Duval, N.; Pelle, B.; Parks, M. M.; Gopu, V.; Torres, P. J.; Camacho, F. R.; Shen, N.; 
Krishnan, S.; Hatch, A.; Tily, H.; Perlina, A.; Banavar, G.; Vuyisich, M. A Clinically Validated Human 
Capillary Blood Transcriptome Test For Global Systems Biology Studies. BioTechniques 2020, 69 (4), 
289–301. https://doi.org/10.2144/btn-2020-0088. 

70. Hameed, A.; Ferruzzi, M. G.; Kay, C. D.; Williams, D. K.; Rahbar, E.; Morris, A. J. Comparison of the 
Capillary and Venous Blood Plasma Lipidomes: Validation of Self-Collected Blood for Plasma 
Lipidomics. J. Lipid Res. 2025, 66 (3), 100755. https://doi.org/10.1016/j.jlr.2025.100755. 

71. DiPasquale, C.; Christenson, R. H.; Donnelly, J. G.; Evans, S. A.; Wu, A. H. B.; Olson, E. G.; Barr, R.; 
Kosa, N.; McKenzie, H.; Abigania, M.; Jacobson, J. W. Equivalence between Capillary Blood and 
Venous Blood Test Results Using Miniaturized Assays and Novel Collection Methods to Support 
Routine Bloodwork. J. Appl. Lab. Med. 2025, jfaf059. https://doi.org/10.1093/jalm/jfaf059. 

 
 
 



 134 
 

Chapter 6 │ A Flexible and Responsive Remote Study Design to Assess Gene Expression 
Changes During Wildfire Smoke Exposure with homeRNA, an At-home Blood Sampling Kit 
 
Reproduced in part from A. J. Haack*, L. G. Brown*, Y. Zeng, T. Khan, I. H, Robertson, D. S. Kennedy, K. 
N. Adams, J. W.  MacDonald, T. K. Bammler, F. Stefanovic, K. Moloney, J. E. Stolarczuk, M. G. Takezawa, 
M. Yunos Alizai, G. W. Hassan, F. Y. Lim, D. Chaussabel, E. G. Walker, N. A. Errett, E. Berthier, and A. 
B. Theberge, “A Flexible and Responsive Remote Study Design to Assess Gene Expression Changes During 
Wildfire Smoke Exposure with homeRNA, an At-home Blood Sampling Kit”, In preparation. 
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and ABT designed and executed the human subjects study. AJH, DSK, FYL, EB, and ABT developed 
homeRNA and the protocols implemented in home sampling. AJH, IHR, DSK, KNA, FS, KM, JES, GWH 
and MGT conducted/contributed to the human subjects research and collection of samples. YZ and LGB 
performed the RNA extractions on samples and collected the RIN and yield data. AJH, LGB, YZ, JWM, 
TKB, IHR, MYA, JES, EB, DC, and ABT analyzed/interpreted the data. AJH, LGB, YZ, JES, IHR and ABT 
prepared the figures and wrote the chapter. 
 
Abstract: Transcriptomic responses to wildfire smoke are difficult to study given the unpredictability of 

wildfires and the challenges of collecting blood during active disasters. To overcome these challenges, we 

developed a flexible study design leveraging homeRNA, our at-home blood collection and RNA 

stabilization kit. Between June 2021 and April 2022, 58 participants across 10 U.S. states collected 635 

blood samples before, during, and after wildfire events. This responsive approach captured three exposure 

groups: high exposure in Okanogan County, Washington, medium exposure from transported smoke, and 

low exposure. During the 10-month study, 93% of participants (n=54/58) returned at least 6 samples. In a 

preliminary exploratory analysis, we analyzed 770 genes with a Nanostring panel from nine participants (6 

high, 3 low-medium exposure) using the BloodGen3 framework. In the high exposure participants, we 

observed trends toward overexpression of inflammation (inflammation aggregates A33 and A35, and 

modules M13.1 and M13.12), with concurrent underexpression of adaptive immune responses 

(lymphocytic aggregates A1 and A6, B cell module M13.18, T cell modules M16.24 and M15.38). This 

study establishes that homeRNA enables flexible, responsive sampling during disasters, overcoming 

traditional logistical barriers to capture time-sensitive biological data across dispersed populations. 
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6.1 Introduction 

The incidence and severity of wildfires have become a global concern, with many regions 

experiencing increases in fire season lengths and fire intensity.1–3 A key pollutant present in wildfire smoke 

is PM2.5, defined as particulate matter 2.5 μm in diameter or smaller, which comprises about 90% of wildfire 

smoke.4–6 Between 2007 to 2018, wildfires have accounted for about 25% of PM2.5 concentrations across 

the United States (U.S.) and up to 50% in the Western U.S.7,8 Even in states where there are no wildfire 

burns in a given year, smoke from wildfires in other states or Canada can exacerbate PM2.5 exposure due to 

transported smoke.9 Wildfires are also increasingly prevalent globally, with major impacts documented in 

Australia, India, Indonesia, Brazil, Mediterranean Europe, Canada, and across African savannas.10,11 

Wildfires not only have a severe impact on the environmental landscape but also are a contributor 

to adverse human health outcomes.12–19 With the growing body of literature on the effects of wildfire smoke 

exposure on overall health, there has also been a push to understand the impacts of PM2.5 exposure from a 

biomolecular mechanistic perspective, particularly on the respiratory tract and systemic inflammation.20–23 

Understanding the biological mechanisms involved in wildfire smoke exposure could enable biomarker 

discovery, targeted therapy development, and development of risk assessment tools for smoke exposure 

prevention and response. Moreover, understanding the transient immune response to wildfire smoke is 

critical as it can affect medical interventions ranging from vaccine efficacy24 to reproductive health 

outcomes including sperm quality25,26, potentially influencing both the timing and distribution of healthcare 

services during smoke events.  

There have been multiple studies that have investigated acute inflammatory activation in wildland 

firefighters in response to occupational smoke exposure.20,23,27–31 Most studies that capture wildfire smoke 

effects in the general population (i.e., smoke events unrelated to occupational exposure or controlled burns) 

are retrospective, where they take advantage of a separate study that happens to occur while a wildfire 

happens. Recently, Aguilera et al. designed a study to capture immune response to wildfire smoke exposure, 

where participants in an urban center came in for phlebotomy draws before, during, and after wildfire 

events. This study also found alterations in inflammatory protein prevalence in human blood in response to 



 136 
 

wildfire smoke.32 Johnson et al. recently examined immune responses in smoke-exposed individuals, 

demonstrating increased activation markers on memory T cells via mass cytometry and identifying 133 

differentially methylated gene loci associated with smoke exposure33 adding to other studies that have 

investigated the effects of wildfire smoke on DNA methylation34,35, but there have been few studies that 

have investigated the transcriptomic immune response to wildfire smoke exposure in humans. 

Understanding why such transcriptomic studies are rare requires examining the unique 

methodological challenges of wildfire smoke research. Typically, in person clinic-based blood draws are 

used to study longitudinal immune responses in blood transcriptomes. However, a similar study design for 

investigating the effects of wildfire smoke exposure is logistically challenging due to the unpredictable 

nature of wildfires and the low accessibility to healthcare and research centers in rural areas, where many 

fires occur. Running a clinic-based blood draw study on the general population experiencing wildfire smoke 

exposure would require either (1) relying on historical data to choose a location that has the infrastructure 

to support frequent clinic-based blood draws and a high prevalence of wildfire smoke32, (2) setting up a 

multi-site clinic-based study to increase the chances that at least one site has a wildfire smoke event, or (3) 

relying on retrospective studies or capturing smoke exposure incidentally on a study investigating a 

different question where longitudinal blood samples are collected.24,35,36 These factors make designing 

studies where blood is collected at multiple time points in response to wildfire smoke exposure logistically 

challenging and limit the number of participants included from rural areas. 

To address this challenge, we employed a remote and flexible study design using homeRNA: a 

self-sampling kit comprising a commercially available blood collection device, Tasso-SST, and a custom 

engineered RNA stabilization tube we previously developed.37 The homeRNA kit allows study participants 

to self-collect and stabilize blood by themselves in their own homes for shipment back to a centralized lab 

for downstream analysis. We have already demonstrated the ability to use homeRNA in high temperature 

settings38,39 and to assess gene expression changes during acute respiratory infections from SARS-CoV-

2.40,41 Here, our primary objectives were to (1) evaluate the feasibility of a study design that allowed flexible 

responsive sampling during disasters, (2) demonstrate the usability of homeRNA across a 10-month 
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longitudinal study, and (3) assess the immediate and longitudinal effects of wildfire smoke exposure on 

gene expression in an initial cohort. 

  By facilitating self-sampling at home, homeRNA allows for a study design that includes a wider reach 

of participants living in remote locations who are traditionally inaccessible by mobile phlebotomists or 

clinic-based blood draws. Study kits can be mailed to participants within a day of a disaster warning or 

occurrence (such as a wildfire event), thus reducing the need to predict where the disaster would occur 

ahead of the study as would be required for a clinic-based blood draw study design. In contrast, in-clinic 

appointments need to be scheduled in advance and may not occur until days or up to a month after exposure, 

thereby missing the timescale of response that may be more immediate. Furthermore, multiple kits can be 

sent in one shipment that can be used by participants over several time points upon receiving, allowing for 

repeated sampling across different groups in response to an event as well as within a single individual 

throughout a repeated exposure. Here, we implemented homeRNA into a wildfire smoke exposure study to 

collect blood from 58 participants (635 total samples) across the Western and South Central U.S. before, 

during, and after wildfire smoke exposure from June 2021 to April 2022. We analyzed a subset of these 

samples with a targeted Autoimmune response gene panel followed by a gene-set enrichment visualization 

and interpretation repertoire known as BloodGen3. We analyzed high wildfire exposure response in six 

participants located in Okanogan County, Washington, which experienced two major wildfires during this 

time frame that resulted in Air Quality Index (AQI) categories ranging between very unhealthy (PM2.5 125.5 

- 225.4 µg/m3) and hazardous (PM2.5 ≥225.5 µg/m3) for two weeks in July 2021. We compared the immune 

response in participants who were being exposed during these dates (n=6) with the immune status of 

participants located elsewhere (California (n=2) and Western Washington (n=1)) during the same 

timeframe. The participants not located in Okanogan County (n=3) experienced low and moderate wildfire 

exposure throughout the study, with AQI categories ranging between good (PM2.5 ≤ 9.0 µg/m3) to unhealthy 

(PM2.5 55.5 - 125.4 µg/m3) throughout the season. 
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6.2 homeRNA allows for investigating the effects of wildfire smoke exposure across a large geographic 

area (Western and South Central U.S.) 

homeRNA is a kit that allows for the self-sampling and stabilization of whole blood RNA. It 

consists of a commercially available blood sampling device, the Tasso-SST and a custom designed 

stabilization tube. Study participants were mailed homeRNA kits throughout the study, where they sampled 

and stabilized their own blood in response to wildfire smoke exposure.  Our study design consists of three 

stages of homeRNA sampling: 1) collecting baseline blood samples before wildfire smoke exposure, 2) 

collecting exposure samples during wildfire smoke exposure, and 3) collecting post-exposure samples three 

and six months after wildfire smoke exposure (Figure 6.1). At each stage, participants were sent three 

homeRNA kits and asked to self-collect and stabilize blood samples every 3-4 days. After each sample 

collection, the participant then shipped their homeRNA-stabilized blood sample back to the study team 

location (Seattle, Washington).  

In the first stage of sampling, participants were sent homeRNA kits immediately after enrollment 

and collected up to three baseline samples that were collected every 2-4 days prior to wildfire smoke 

exposure (Figure 6.1A). Active enrollment occurred during the beginning of June to mid-July 2021. We 

note that for many participants this was a true baseline, as they did not experience wildfire smoke exposure, 

but for some participants, particularly those located in Okanogan County who experienced smoke earlier 

than expected, some of the three “baseline” samples (0-2 samples of the 3 baseline samples) were collected 

during a transported wildfire smoke event from a fire in Canada at the end of June that caused moderate 

AQI due to smoke exposure in the region. Even though there was some moderate exposure during this time 

we still considered these as baseline samples in our analysis, as the magnitude of difference between the 

exposure during this time (moderate PM2.5 range from 9.1 - 35.4 µg/m3) was substantially less than the 

exposure these participants experienced later in July 2021 (very unhealthy PM2.5 125.5 - 225.4 µg/m3 to 

hazardous PM2.5 ≥225.5 µg/m3).  

In the second stage of sampling, the study team monitored the daily average PM2.5 level and wildfire 

occurrence in each participant’s location using the Environmental Protection Agency (EPA) AirNow 



 139 
 

website (https://fire.airnow.gov/). When the first wildfire was reported (located in Okanogan County), 

participants were immediately shipped a package containing three homeRNA kits to serve as wildfire 

smoke exposure samples (Figure 6.1B). In our particular study, a second wildfire was also reported in 

Okanogan County one week after the first event, so an additional package containing three homeRNA kits 

were sent to participants in Okanogan County. Each exposure sampling window lasted for about 1.5 weeks, 

thereby capturing multiple time points throughout a wildfire event (e.g., before, during, and after the 

wildfire-specific PM2.5 spike). Participants who did not experience high exposure from the Okanogan 

County wildfires also received three homeRNA kits at similar time points to serve as low to moderate 

exposure comparison groups. Stage two sampling took place during mid-July to the end of September 2021. 

Lastly, in the third stage of sampling, post-exposure samples were collected from all participants 

to assess the potential longitudinal effects of wildfire smoke exposure (Figure 6.1C). In this case, 

participants were sent a first set of three homeRNA kits three months (October to early November 2021) 

after the wildfire events in Okanogan County and a second set of three homeRNA kits six months (February 

to early April 2022) after the wildfire events. After completion of the study, each participant’s daily average 

PM2.5 exposure from wildfire smoke was recorded based on each participant’s nearest EPA PM2.5 monitor 

(see Methods for details) to assess overall exposure levels due to wildfire smoke exposure (Figure 6.1D). 



 140 
 

 
Figure 6.1. Study design for using homeRNA to investigate the effects of wildfire smoke exposure. A) 
Participants were enrolled across the Western and South Central United States and sent three homeRNA 
kits to collect baseline blood samples, which were then returned to the study team (Seattle, Washington). 
B) Throughout the 2021 wildfire season (June-September), wildfire occurrence and smoke exposure (PM2.5) 
were monitored using the EPA AirNow site. When a wildfire occurred, three homeRNA kits were sent to 
participants experiencing wildfire smoke exposure to collect exposure samples. Eighteen participants were 
located in Okanogan County in Washington, where two severe wildfires occurred. A subset of participants 
located outside of Okanogan County were also sent three homeRNA kits and sampled at similar time to 
serve as low exposure controls. C) All participants were sent three homeRNA kits between October-early 
November (~3 months after wildfire events in Okanogan County), then again in February-April (~6 months 
after wildfire events in Okanogan County) to collect post-exposure samples. D) Representative PM2.5 
exposure timeline from a participant’s nearest outdoor EPA PM2.5 monitor. White vertical lines indicate 
blood sampling timepoints. Participants were categorized by exposure (High, Medium, or Low; see 
Methods). RNA from subset samples was analyzed using Nanostring gene panel coupled with BloodGen3 
gene-set analysis. 
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In the present study, a total of 119 individuals were screened beginning in June 2021 (Figure 6.2); 

of these individuals screened, 10 were not eligible and 17 did not finish the screening process. Of the 92 

eligible individuals, 63 participants were enrolled into the study for homeRNA sampling, with preference 

given to those located in Okanogan County, Washington (WA), as well as individuals who added to 

geographic diversity. Of the 63 enrolled participants, 5 did not collect any samples.  In the end, 58 

participants across 10 Western and South Central U.S. States completed the study (Washington, Oregon, 

California, Colorado, Idaho, Montana, Nevada, Utah, Wyoming, and Texas) and we captured two wildfire 

events that occurred in Okanogan County, WA (Figure 6.3A). We received a total of 635 homeRNA-

stabilized samples before, during, and after the wildfire season. Of the 58 sampled participants, the median 

age was 41 (range 20-76), 71% (n=41) reported female sex at birth, 29% (n=17) reported male sex at birth, 

50% (n=29) were from Washington, and 31% (n=18) were from Okanogan County (Figure 6.3B). 

 

Figure 6.2. Study participant and sample flow chart. Participants were selected with a preference given to 
geographic diversity and those in highly wildfire-prone areas. 
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Figure 6.3. Location and demographics of study participants. A) Location of study participants in the 
Western and South Central United States. Each participant is represented by a circle and each state is 
numbered based on the number of participants located within the state. PM2.5 levels from August 13, 2021 
are shown as an overlay on the map, with colors representing the air quality index, available from the EPA 
AirNow interactive air quality map (airnow.gov/aqi/). Inset depicts Okanogan County in Washington state, 
where 18 total participants are located, with the burned area of two major wildfires, the Cedar Creek and 
Cub Creek fire, that started in July 2021. Inset map was generated with ArcGIS software, where each 
participant's reported zip code was used to generate coordinates (arcgis.com). Fire boundaries were 
provided by Central Washington Fire Recovery (centralwashingtonfirerecovery.info/wildfire-reports/). B) 
Demographics of all sampled participants who completed the study (n=58 participants), including gender, 
age, US state location, and number of participants located in Okanogan County, which was the area of the 
two major wildfires captured in this study. 
 
6.3 homeRNA is an easy-to-use kit that allows high retention and flexibility across a 10-month long 

longitudinal study 

Spanning 10 months (June 2021-April 2022), each participant collected up to 15 blood samples 

with the homeRNA kit before, during, and after the wildfire season; an average of 11 samples were self-

collected from each participant. Despite the extended study duration and frequent sampling requirements, 
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we achieved remarkably high study retention. Of the 58 participants who completed at least one sample at 

the start of the study, 93% (n=54/58) collected at least 6 samples. All of the study participants were also 

asked to sample 3-months post wildfire smoke exposure (between October and November 2021), and 95% 

(n=55/58) completed at least one of the three requested samples (samples were scheduled to be every 2-4 

days for each set of 3 samples). For the 6-month post exposure samples (between February to April 2022), 

37 participants were asked to complete sampling and 95% (n=35/37) completed at least one of the three 

requested samples; this was at the end of 10 months total time after initial enrollment in June 2021 in the 

study. In the study conclusion survey, 93% of participants (n=50/54 participants who completed the closing 

survey) expressed interest in participating in a second year of the study during the 2022 wildfire season.  

To assess the usability and practicality of using homeRNA in a 10-month longitudinal study, each 

participant completed a sample collection survey (see methods for details) that included questions regarding 

the usability of the homeRNA kit each time they sampled. As participants collected up to 15 samples in this 

study, we were first interested in participants' perceptions the first time they used the kit. After collecting 

their first blood sample, the majority of participants took a total of 5-10 minutes to sample and stabilize 

their blood with homeRNA and reported that the Tasso-SST device and the custom-engineered stabilizer 

tube were easy to use (Figure 6.4A). Additionally, all participants reported no or mild pain (n=35/58 

reported no pain and n=23/58 reported mild pain) associated with the blood collection using homeRNA for 

the first time (Figure 6.4A). These initial responses suggest that the homeRNA kit was easy to use even 

during the first attempt. 

We collected a total of 636 sampling surveys throughout the study. We note that while we collected 

636 surveys, we received 635 homeRNA-stabilized blood samples; notably, throughout our 10-month 

study, only one sample was missing. When all the sampling surveys were assessed, the questions related to 

the homeRNA kit’s usability showed similar responses as their first survey response (Figure 6.4B) The 

similar survey responses between the first sample collection and all sample collections demonstrate that 

homeRNA was easy to use in the beginning and stayed easy to use throughout the study. Overall, the survey 
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responses regarding the usability of homeRNA suggest the effectiveness of deploying homeRNA in a 

remote study design. 

 

Figure 6.4. Usability survey responses for using the homeRNA kit to self-collect and stabilize blood 
throughout the study. Participant survey responses on the total time to use the homeRNA kit (left), the 
usability of the Tasso-SST blood collection device and the stabilizer tube (middle), and the pain level 
associated with blood collection (right) from A) first collected sample (n=58 surveys) and B) all collected 
samples (n=636 surveys) from 58 participants. 
 

Apart from the kit being easy to use, the flexibility of the study design enabled by the remote self-

blood sampling and stabilization further increased user’s perception and willingness to be included in a 

study using homeRNA. A follow-up survey was administered in November 2023, 18 months after the 

completion of the study on the 2021 wildfire season, to assess participants' preference for the remote study 

design over a clinic-based blood draw study design and overall perception of a homeRNA-based remote 

study. In this survey, 93% of the respondents (n=28/30) considered participating in a remote blood sampling 

study (the current study) to be “significantly easier” or “somewhat easier” than an in-person blood sampling 
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study (e.g., clinic-based blood draw) (Figure 6.5A), reporting that length of commute to a clinic and 

difficulty fitting a clinic visit into their schedule was a barrier to in-person participation (Figure 6.5D). In 

contrast, 77% (n=23/30) reported that the flexibility in sampling time was an important factor in remote-

sampling participation (Figure 6.5B). Given that this study design could be applied to investigate 

transcriptomic responses during various natural hazards (e.g., wildfires, earthquakes, extreme weather), we 

assessed participant comfort with using homeRNA kits during emergency situations. Notably, 83% 

(n=25/30) of respondents reported that they would be “very comfortable” or "somewhat comfortable” with 

using homeRNA during a disaster resulting from a natural hazard (Figure 6.5C). Lastly, almost all 

respondents (n=29/30) indicated that they would be willing to participate in this or a similar remote blood 

sampling study again (Figure 6.5E), with 70% (n=21/30) reporting that they would participate in a similar 

remote blood sampling study for up to 5 years (with this option being the longest period we provided in the 

survey) (Figure 6.5F). 

 

Figure 6.5. Follow-up survey responses from 30 participants (out of 40 participants invited) who were 
surveyed 18 months after the completion of the 10-month long wildfire smoke exposure study (June 2021-
April 2022). A) Survey response on the A) ease of participating in a remote blood sampling study compared 
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to an in-person blood sampling study, B) flexibility provided by remote-based sampling, and C) 
comfortability of homeRNA-based sampling during a disaster. D) Checklist response on barriers to 
participating in an in-person blood sampling study. E) Survey response on willingness to participate in a 
similar remote blood sampling study again and F) maximum number of years willing to participate in a 
similar study again. Full survey questions are available in the Supplementary Information. 

6.4 Our flexible study design captured a wide range of PM2.5 exposure throughout wildfire season 

Our study captured two major wildfires, both of which occurred in Okanogan County, WA in July 

2021: the Cedar Creek Fire and the Cub Creek Fire (Figure 6.3A). Therefore, we will discuss the 58 sampled 

participants in the context of three groups based on their daily average PM2.5 exposure: 1) high exposure 

participants (n=20 participants), which were 17 participants located in Okanogan County who were exposed 

to active wildfire smoke and three participants located in Nevada, Oregon, and California who were exposed 

to active wildfire smoke from the Caldor fire in Northern California and Nevada, 2) medium exposure 

participants (n=5 participants), which were participants who had elevated PM2.5 levels in the unhealthy AQI 

category due to indirect wildfire smoke exposure (one participant was in Okanogan County farther away 

from the active wildfire, three participants were in Washington outside of Okanogan County, and one 

participant was in California who experienced a wildfire event later in the study), and 3) low exposure 

participants (n=32 participants) located in all other sampled states/counties who were not exposed to 

wildfire smoke and experienced good or moderate AQI categories based on our internal cut-off for how we 

defined PM2.5 exposure (see extended details in Methods). The daily average PM2.5 data (indoor and 

outdoor) of an example participant from each exposure group across the study timeline (June 2021 - April 

2022) was plotted against their homeRNA sampling dates (Figure 6.6A); these graphs are color coded based 

on the EPA’s AQI categories based on PM2.5 exposures (Table 6.1). A subset of participants were selected 

to receive Indoor PurpleAir sensors to track indoor PM2.5 concentrations. The daily average indoor Purple 

Air sensor data is plotted in grey on Figure 6.6A for three example participants, along with the outdoor 

EPA PM2.5 monitors in black. The outdoor EPA PM2.5 monitor data for the nine participants with samples 

analyzed with the Nanostring gene panel are plotted in Figure E3, with indoor PurpleAir PM2.5 also plotted 

when available.  
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To visualize the PM2.5 exposure for all participants throughout the wildfire season, we summarized 

the outdoor PM2.5 data of all 58 sampled participants during June through September 2021 in a color coded 

heatmap based on the EPA’s AQI categories (Figure 6.6B). In this heatmap, we grouped participants based 

on their wildfire exposure (high, medium, or low) to visualize the differences in PM2.5 ranges captured in 

our study. This visualization helps illustrate temporal patterns in PM2.5 exposure across the sampled cohort, 

highlighting the periods of elevated PM2.5 levels during the Okanogan County Cedar Creek and Cub Creek 

wildfires in late July and early August 2021. The sporadic elevated PM2.5 levels visible in the medium 

exposure group throughout August and September demonstrate the variable nature of indirect wildfire 

smoke exposure. White squares in the heatmap represent days where PM2.5 concentrations were not reported 

by the EPA PM2.5 monitor for that participant's location, which constitutes a potential limitation of this 

study as it may result in incomplete exposure characterization for some participants during certain time 

periods. 

Table 6.1: AQI Categories and PM2.5 Cutoffs as defined by the EPA (updated on February 2024) 

AQI Category PM2.5 (ug/m3) Breakpoints for each AQI Category 

Good 0.0 - 9.0 

Moderate 9.1 - 35.4 

Unhealthy for Sensitive Groups 35.5 - 55.4 

Unhealthy 55.5 - 125.4 

Very Unhealthy 125.5 - 225.4 

Hazardous ≥225.5 
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Figure 6.6. homeRNA was able to capture a wide range of participant PM2.5 exposures across the study 
period. A) Data from example participants exposed to high, medium, or low levels of wildfire smoke, 
plotted against the homeRNA sampling timepoints (white vertical lines with Tasso symbols on top), outdoor 
EPA PM2.5 monitor (black lines with data points), indoor PurpleAir sensor (grey lines with data points), 
and AQI categories (colored background). B) Heatmap summarizing the outdoor PM2.5 levels during the 
wildfire season (June 2021-September 2021) for all 58 sampled participants. Heatmap rows represent 
individual participants and columns represent daily average PM2.5 concentrations for each participant 
throughout the 2021 wildfire season, with each PM2.5 cell colored by the corresponding AQI category. Cells 
colored white represent days where no PM2.5 concentrations were collected by the participant’s nearest EPA 
PM2.5 monitor. Participants are color-coded based on their geographic region (magenta: Okanogan County, 
teal: Non-Okanogan County) and exposure levels (red: high exposure, orange: medium exposure, green: 
low exposure). 
 
6.5 homeRNA demonstrated sufficient RNA quality throughout study 

At the end of the study, a total of 635 homeRNA samples were returned from 58 participants. Total 

blood cellular RNA was extracted from 463 samples for quality assessment. RNA integrity number (RIN) 

values were assessed across all participant samples to evaluate RNA quality from stabilized blood 

collections. Of the extracted samples, the average RIN value was 7.4 ± 1.3 with 92% of samples 

(n=426/463) above a RIN value of 6 (Figure 6.7A), which was the cutoff RIN value we used for downstream 

transcriptomic analysis; the 455 samples for which a RIN value was obtained are reflected in Figure 6.7A 

(eight samples did not yield a RIN value). Despite the presence of some degraded samples, the majority of 

samples yielding RIN values ≥ 6 indicates successful RNA preservation in our study, which is in 

concordance with our previous literature.58–62 Collection efficiency was also high, with most participants 

collecting blood samples within 3-5 minutes and most samples had at least 300 μL of blood (n=412/636 

surveys reported blood level 3 or 4) (Figure E1). Additionally, the distribution of RIN values varied both 

within and between participants, with low RIN values (< 6) occurring sporadically across the cohort rather 

than clustering within specific individuals, and participant age was also not predictive of RNA quality 

(Figure E2). 

To assess potential confounding factors in our home-based sample collection protocol, we 

examined RIN values in relation to sampling date and PM2.5 exposure levels. Sample collection occurred 

over a 10-month period and RIN values were consistently adequate throughout the sampling timeline, 

suggesting that seasonal variations did not systematically affect sample integrity (Figure 6.7B). Similarly, 
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PM2.5 exposure levels, which varied across participants due to wildfire smoke events, did not negatively 

affect RNA stabilization and subsequent RIN values (Figure 6.7C). These findings demonstrate that our 

study successfully captured high-quality RNA samples across diverse temporal and environmental 

conditions, suggesting that homeRNA was robust to external factors that might otherwise introduce bias 

into RNA quality assessments. This further reinforces our previous studies where we found minimal effects 

of shipping time and temperature on homeRNA-stabilized samples.38,39 

 
Figure 6.7. homeRNA was able to sufficiently stabilize RNA and preserve integrity throughout the 10-
month long study regardless of sampling season and participant exposure. A) Resulting RNA Integrity 
Number (RIN) values of all extracted samples (n=455 samples). Eight samples did not yield a measurable 
RIN value. RIN values are given on a scale from 1 to 10, with a RIN of 1 representing the most degraded 
RNA and a RIN of 10 representing the most intact RNA. We used an internal quality control cutoff at RIN 
= 6 for downstream transcriptomic analysis. B) RIN values according to the date of sample collection and 
stabilization throughout the study period (June 2021 – April 2022). C) RIN values according to the 
corresponding average PM2.5 exposure on the date of sampling. 
 
6.6 Gene expression analysis of subset of participants shows preliminary patterns suggesting 

inflammatory changes with gene set analysis 

In a preliminary analysis, we analyzed 107 samples from nine participants (out of 463 extracted 

samples from 37 participants) using a targeted Nanostring Autoimmune gene panel. The Autoimmune panel 
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includes 770 genes that encompass 35 pathways and processes associated with autoimmune disease and 

chronic inflammatory disorders; in particular, we were interested in capturing a wide array of inflammation 

markers, based on previous studies implicating an inflammatory-like response to wildfire smoke 

exposure.21,28,29,31,36 Since there is no established transcriptional marker for wildfire smoke exposure, we 

chose to map the Nanostring gene expression data to the BloodGen3 repertoire framework, which 

contextualizes inflammatory signatures within broader immunological networks, rather than examining 

individual genes in isolation. BloodGen3 is a fixed repertoire of 382 transcriptional modules (which cluster 

into 38 module aggregates) derived from gene co-expression patterns across 985 blood samples from 16 

diverse immunological and physiological states (including bacterial and viral infections, autoimmune 

diseases, COPD, cancer, and pregnancy).42,43 This fixed repertoire  provides a stable framework for 

analyzing and interpreting blood transcriptome data by grouping co-regulated genes into functionally 

annotated modules. Beyond the 16 cohorts used to construct the modules, this repertoire has since been 

applied to multiple independent datasets spanning diverse conditions and physiological states, providing a 

consistent reference for interpreting blood transcriptional profiling data and enabling cross-study 

comparisons.44–49 

The nine participants for the preliminary analysis were chosen to include both participants from 

Okanogan County primarily (n=6, P5, P6, P8, P10, P12, P17), along with some participants with low 

exposure located in California (n=2, P31, P37) and medium exposure located in central Washington (n=1, 

P23), which experienced moderate smoke exposure from the Okanogan County fires. First, we performed 

a baseline correction on each participant’s exposure timepoint samples by subtracting each participant’s 

median gene module enrichment score calculated from their baseline timepoint samples. This correction 

allows for each participant to serve as their own control, thereby allowing us to identify changes in gene 

module activity relative to each participant's individual pre-exposure (i.e., baseline) state, this improves 

sensitivity for detecting exposure-related changes, while minimizing confounding effects of baseline 

differences We then compared the baseline-corrected enrichment scores between high-smoke-exposed 

participants (from Okanogan County) and low-medium-exposed participants during the active wildfire 
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period to identify modules that responded differently to smoke exposure. Of note, “exposure” timepoint 

samples from the low and medium smoke exposure participants (P23, P31, and P37) represent the time that 

they were collected, not the level of smoke exposure; these participants were sampled at the same time as 

the participants in Okanogan County who were the only group to actively experience wildfire smoke in the 

context of this analysis. 

At the individual gene level, we identified 253 genes with differential expression (FDR < 0.05) 

between exposed and non-exposed groups. To determine biological significance, we also performed a 

minimum-effect test where the null hypothesis was |log₂FC| ≤ 0.5.50 No genes achieved FDR < 0.05 using 

this more stringent approach, indicating that while statistical differences exist, no genes showed fold 

changes greater than 1.4-fold with controlled false discovery rate. However, small transcriptional changes 

can still reflect biologically meaningful differences, particularly for regulatory genes and transcription 

factors that may not elicit large expression changes. Given our smaller panel (~770 genes) and limited 

sample size (n=6 vs 3), we present these findings as preliminary observations requiring further validation. 

We next evaluated transcriptomic changes at the gene set level using the BloodGen3 framework. 

Of the 770 genes present in the Nanostring panel (20 of which are housekeeping genes), 567 genes were 

present in the BloodGen3 framework comprising 382 modules. These 382 modules are further organized 

into 38 higher-order module aggregates based on functional and expression similarities, providing both 

granular (module-level) and broader (aggregate-level) perspectives on immune system activity. At the 

module level, we evaluated enrichment across all 382 modules that comprise the BloodGen3 framework. 

We observed 10 modules representing distinct immune functions with differential expression patterns 

between the high-exposure wildfire exposed participants (i.e., Okanogan County participants, n=6) and the 

non-exposed participants (i.e., participants in other locations, n=3) (FDR < 0.05) (Figure 6.8A). These 

included modules associated with inflammation (M13.1 and M13.12 overexpressed in high exposure 

group), B cells (M13.18 underexpressed in high exposure group), T cells (M16.24 and M15.38 

underexpressed in high exposure group), prostanoids (M8.2 overexpressed in high exposure group), and 

monocytes (M15.7 underexpressed in high exposure group). The overexpression of the prostanoid module 
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(M8.2) in the high exposure group suggests activation of cyclooxygenase-derived lipid mediators, which 

have been found to promote inflammation while suppressing adaptive immunity through prostaglandin E2 

(PGE2) signaling51. The underexpression of the monocyte module (M15.7) in the high exposure group 

could potentially reflect monocyte redistribution rather than true suppression, as previous studies have 

demonstrated that particulate matter exposure can stimulate bone marrow release of monocytes with 

subsequent migration to lung tissue52,53. At the BloodGen3 aggregate level, we examined the 38 higher-

order module aggregates that represent major immunological and physiological processes (Figure 6.8B). 

Of the 38 aggregates, we observed eight aggregates with differential expression patterns in the wildfire 

exposed participants compared to the non-exposed participants. Four of these aggregates did not have 

annotated functions. The other four aggregates had annotation functions of lymphocytic (aggregates A1 

and A6, both underexpressed, suggesting potentially reduced adaptive immune cell activity or other 

mechanisms) and inflammation (aggregates A33 and A35, both overexpressed, possibly indicating 

increased innate immune activation and inflammatory mediator expression); in previous work, a similar 

expression pattern was found to be associated with psoriasis.49 This pattern of decreased circulating 

lymphocyte-associated transcripts alongside increased inflammatory markers is consistent with complex 

stress-induced immune modulation, potentially involving lymphocyte redistribution and inflammatory 

activation43,54. Further, the presence of altered but functionally unannotated modules and aggregates is 

expected within the BloodGen3 framework, as modules are defined purely by co-expression patterns across 

diverse immunological states rather than by predetermined functional categories43. These unannotated 

modules and aggregates may represent novel coordinated transcriptional responses specific to 

environmental exposures like wildfire smoke or biological processes not yet well-characterized. Their 

alteration suggests wildfire smoke exposure may affect transcriptional networks beyond classical immune 

pathways, which warrants future investigation to determine their biological significance. 
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Figure 6.8. Heatmap of wildfire smoke exposure gene expression using BloodGen3 framework. Blood 
samples from nine participants (six high-exposure from Okanogan County, three low-moderate exposure 
from other locations; n=107 samples total) were analyzed using the Nanostring Autoimmune panel (770 
genes), with 567 genes mapped to the BloodGen3 framework. A) Module-level and B) aggregate-level 
heatmaps show gene set variation analysis (GSVA) enrichment scores after baseline correction (participant-
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specific median enrichment scores were subtracted from pre-exposure samples). Positive scores (red) 
indicate higher than average gene expression in a given module/aggregate; negative scores (blue) indicate 
lower than average gene expression in a given module/aggregate. Rows represent BloodGen3 A) modules 
or B) aggregates with hierarchical clustering; columns represent individual samples with hierarchical 
clustering. Sample labels indicate participant and sample number (e.g., P23-9 represents sample 9 from 
participant 23). Bar plots below heatmaps show average outdoor PM2.5 concentrations from nearest EPA 
monitor on sampling dates, colored by EPA AQI categories. In B), statistical significance was assessed 
using two-sample Welch's t-tests comparing high vs. low-moderate exposure groups with Benjamini-
Hochberg correction for multiple testing (FDR < 0.05). Significant aggregates are shown with -log10(p-
values) on the right; red bars indicate overexpression, blue bars indicate underexpression. 
 
6.7 Discussion 

This study demonstrates that homeRNA technology enables flexible remote study logistics for 

investigating gene expression changes due to wildfire smoke exposure with geographically distributed 

participant recruitment. With homeRNA, participants can easily self-collect and stabilize blood samples in 

their homes throughout extended study periods, overcoming the inherent challenges of long-term, in-person 

blood collection studies. In this study, we employed a dual recruitment strategy: broad enrollment across 

the Western and South Central U.S., combined with targeted recruitment in Okanogan County, Washington, 

a region with historically severe wildfire seasons and active community wildfire preparedness efforts. This 

approach both allowed us to capture participants at similar time points who were either exposed or not 

exposed to wildfire smoke and to increase the likelihood of capturing a wildfire event in a subset of 

participants.  

The utilization of a remote study design with homeRNA allowed for the study team to react to 

wildfire smoke exposure in real time, often sending out study kits within a day of the onset of a wildfire 

smoke event. Such flexibility would not have been possible in a more rigid study design requiring a physical 

location for blood draws. Moreover, once in participants hands, the homeRNA sampling could travel with 

the participants in the case of an evacuation. In fact, at one point in the study, some participants needed to 

evacuate, and a subset of these participants chose to take their homeRNA kits with them and continued 

sampling; such anecdotes exemplify the flexible nature of homeRNA study design and the potential utility 

of such tools for the study of disasters broadly. In this case, the study team used their evacuation address to 

assess their exposures and to schedule a UPS pick up of their samples for those days. Notably, despite the 
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psychological stress that wildfires and other disasters can impose on affected populations, the majority of 

surveyed participants reported being very or somewhat comfortable using homeRNA during such events, 

suggesting using the homeRNA kit does not cause additional burden during already challenging 

circumstances.  

Further, it was easier for study participants to collect blood samples, both from the participant 

perspective (i.e., not needing to go to a physical location to have a blood draw) and also from a study 

logistics perspective (i.e., not needing to set up and staff a physical clinic or phlebotomy site for 

participants). These factors make collecting more samples in a longitudinal remote study simpler and less 

costly; thus, collecting up to 15 blood samples across 10 months with high participant retention and sample 

return rate to the last sampling time point is not only feasible, but demonstrated with this study. 

Additionally, the ability to collect baseline or pre-exposure samples allows for every participant to serve as 

their own control. 

This study provides a rare window into real-world gene expression responses during an active 

wildfire season, with participants self-sampling throughout actual smoke exposure events in their home 

environments. By the nature of the remote study design, we sampled from the general population while 

they were being exposed to real-life smoke exposure in their own homes. Importantly, this includes the 

psychological stress inherent to experiencing a disaster, which is an inseparable component of wildfire 

smoke exposure. Some participants even needed to evacuate their homes during our study; such 

circumstances, including the associated stress, disrupted sleep patterns, and altered daily activities, are 

integral parts of how populations actually experience wildfire smoke events. Therefore, we cannot 

definitively determine whether the observed gene expression changes stem from the direct biological effects 

of PM2.5 and other smoke components, or from the stress of experiencing a wildfire event. This inability to 

isolate specific causal mechanisms is inherent to studying disasters as they occur. However, understanding 

this holistic response may be more relevant for public health purposes as communities experiencing wildfire 

smoke, or other disasters, will often experience these stressors. 
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Beyond these inherent challenges of researching disasters, our study faces additional 

methodological limitations in quantifying exposure and controlling for temporal confounders, particularly 

in how we collected daily PM2.5 averages. The distance between each participant's location and their nearest 

EPA PM2.5 monitor varies amongst the study participants, with many participants, particularly those in 

Okanogan County, sharing the same monitor despite potentially different actual exposures. To look at 

differences in outdoor versus indoor PM2.5 exposures, we also sent a subset of participants Purple Air 

sensors as part of the Clean Air Methow program. We observed discrepancies between indoor and outdoor 

PM2.5 levels, with some participants experiencing higher indoor PM2.5 at times possibly due to other indoor 

environmental sources such as cooking, candles, or differences in home ventilation; participants were asked 

to place the PurpleAir sensors away from indoor stoves, but the ventilation and layout of homes can vary. 

Individual behaviors further affect effective exposure assessment depending on time spent indoors versus 

outdoors and protective measures such as wearing N95 masks or using HEPA filters. For the purposes of 

this initial analysis, we chose to not include the indoor PM2.5 levels collected by the PurpleAir sensors due 

to incomplete coverage across all participants and the additional complexity of modeling indoor exposure, 

which we plan to address in future analyses with subset comparisons. Additionally, since our study lasted 

10 months, there are other potentially confounding immune response factors such as the seasonal flu and 

allergies, which fluctuate in severity across different seasons. While all of these combined factors are 

inherent in most human subject-based research, they are important confounding variables to consider when 

designing a remote study with homeRNA and interpreting the transcriptomic results. These challenges with 

using proximal outdoor monitors as surrogate exposures may be overcome with the recent advent of more 

affordable, wearable personal exposure monitors for PM2.5 (e.g., Atmotube) or other emerging wildfire-

specific PM2.5 exposure modeling frameworks.55,56  

In the 2021 wildfire season, Okanogan County experienced one of its worst summers for wildfire 

smoke; smoke from nearby wildfires caused several days of hazardous AQI category (hazardous air quality 

is a PM2.5 ≥ 225.5 µg/m3; for reference, good air quality is PM2.5 ≤ 9.0 µg/m3). As such, the participants 

located in Okanogan County served as our "high exposure" group. Concurrently sampled participants 
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enrolled elsewhere that did not experience wildfire smoke were categorized into "low exposure", and 

participants that experienced transported smoke exposure from the Okanogan County fires were categorized 

into “moderate exposure” groups. Due to cost, this initial analysis was small (n=107 samples), with only 

six participants experiencing significant wildfire smoke exposure and three participants experiencing low-

moderate levels of PM2.5 exposure; additional analysis on over 300 samples from 29 participants is 

forthcoming. 

The demographic composition of our analyzed cohort and broader study population reflects both 

the strengths and limitations of our remote recruitment approach. Our participants were predominantly 

female (71%) and had a median age of 41 years. While we attempted to match controls for age and sex 

when selecting the three participants with low and moderate exposure for our initial transcriptomic analysis, 

this matching was constrained by the limited control participant pool. Comprehensive demographic data on 

race/ethnicity was not collected in initial enrollment surveys, a limitation we addressed in follow-up surveys 

but that prevented our enrollment process from being responsive to balancing demographics. Our 

recruitment through word-of-mouth and existing community networks, particularly the Clean Air 

Ambassador Program led by Clean Air Methow, a community-based organization in Okanogan County, 

WA, likely contributed to demographic homogeneity, with overrepresentation of groups already engaged 

in community air quality initiatives. These demographic limitations should be considered when interpreting 

results, as wildfire smoke exposure impacts may vary across different demographic groups. 

Despite the small sample size, our preliminary transcriptomic analysis in nine participants (n=6 

exposed, n=3 non-exposed) identified patterns of inflammatory activation characterized by overexpression 

of inflammatory module aggregates (A33, A35) and inflammation-associated modules (M13.1 and 

M13.12). Concurrently, we observed reduced adaptive immune cell activity characterized by 

underexpression of lymphocytic aggregates (A1, A6), modules associated with T cells (M16.24 and 

M15.38), modules associated with B cells (M13.18), and monocyte modules (M15.7). While our sample 

size limits definitive conclusions, these initial observations using the BloodGen3 framework demonstrate 

its sensitivity in detecting coordinated transcriptional responses to environmental exposures. It is 
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noteworthy that these patterns involve modules relevant to immune competence and vaccine responses. 

Interestingly, a recent study by Sanghar et al. documented compromised COVID-19 vaccine immunity in 

individuals exposed to wildfire smoke.24 Although we cannot directly link our preliminary observations to 

their clinical findings, the involvement of similar adaptive immune pathways in both studies warrants 

further investigation with larger cohorts to understand potential mechanisms underlying immune alterations 

during environmental exposures. These preliminary findings, while requiring validation in our full cohort 

and independent studies, suggest that homeRNA technology can overcome logistical challenges of disaster 

research while potentially capturing biologically relevant gene expression signatures. 

Currently, we are employing bulk RNA-sequencing on over 300 samples from 29 participants from 

this study to further investigate wildfire-related transcriptomic response. This follow up analysis will have 

greater statistical power and will include a greater number of genes than were included in the Nanostring 

panel, strengthening the aggregate analysis. With this larger data set, we will also be able to employ 

additional investigations into the temporal component of the sampling data with time course gene set 

analysis, utilizing the 3- and 6-month timepoint samples to further understand the time course of the gene 

expression response to wildfire smoke.  

The demonstrated feasibility and flexibility of homeRNA technology in this study opens new 

avenues for population-scale research on environmental exposures and natural disasters. The remote nature 

of homeRNA sampling addresses key barriers that have traditionally limited disaster-related health 

research: the ability to deploy studies quickly, maintain geographic flexibility, and preserve study continuity 

when communities experience disruption. Future applications could extend beyond wildfire smoke to 

investigate gene expression changes during other environmental exposures such as extreme weather events 

or infectious disease outbreaks, where traditional clinic-based sampling would be logistically challenging. 

Furthermore, the preliminary transcriptomic findings from this study could inform the development of more 

targeted, cost-effective gene panels specifically designed for wildfire smoke exposure research, enabling 

larger studies with greater statistical power at reduced costs. The scalability and flexibility of remote 

sampling technologies like homeRNA represent valuable tools for advancing our understanding of how 
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populations respond biologically to environmental exposures, ultimately informing public health research 

and intervention strategies across diverse geographic regions and populations. 

6.8 Materials and methods 

homeRNA kit components 

homeRNA is a self-sampling kit for the collection and stabilization of whole blood RNA.37 The kit uses a 

commercially available Tasso-SST™ blood collection device for the self-collection of peripheral blood and 

a specially engineered stabilizer tube containing RNAlater™ for immediate stabilization of cellular RNA. 

The Tasso-SST™ blood collection device was purchased from Tasso, Inc (Seattle, WA). The stabilizer tube 

was injection molded out of polycarbonate (PC: Makrolon 2407) by Protolabs, Inc (Maple Plain, MN) and 

was designed to hold an RNA stabilization solution and connect to the Tasso-SST™ blood collection tube. 

The stabilizer tube was filled with 1.4 mL RNAlater™ (Thermo Fisher) stabilization solution and capped. 

The stabilizer tube insert was injection molded out of polycarbonate (PC: Makrolon 2407) by Protolabs, 

Inc (Maple Plain, MN) and was designed to hold the stabilizer tube containing blood in a 50 mL conical 

tube during shipping. All components were cleaned via sonication in 70% ethanol (v/v) for 30 min and air 

dried prior to assembly. Finally, all kit components were placed in a rigid custom-designed mailer box (The 

BoxMaker, Inc.). Detailed design files and the workflow of assembling and using the homeRNA kit can be 

found in an initial pilot study in which we characterized the feasibility of using homeRNA for remote blood 

collection and RNA.37 

homeRNA kit use workflow 

The workflow of the homeRNA kit is described in detail in Haack, Lim, et al.37 Briefly, to use the homeRNA 

kit, participants first collected capillary blood from their upper arm using the Tasso-SST™ device. The 

authors note that the serum separator tube (SST) gel (included in the Tasso-SST collection tube) is not 

necessary for RNA stabilization and analysis. At the time of the study, the Tasso-SST was the only available 

Tasso device for purchase. Next, participants were asked to estimate the volume of the blood collected 

based on a reference photo of the Tasso-SST™ tube in the sample collection survey (Figure E1C). The 

participants then stabilized the blood in RNAlater™ by interfacing the RNA stabilizer tube with the Tasso-
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SST™ blood tube and shaking vigorously to mix the blood with the stabilizing solution. Finally, after 

mixing, the stabilized blood sample was placed inside a 50 mL conical tube containing an insert to hold the 

sample tube in place, which was then packaged within a custom homeRNA cardboard box and UPS LabPak 

and mailed back to the lab for downstream analysis.  

Participant recruitment and enrollment 

The study was approved by the University of Washington (UW) Institutional Review Board (IRB) under 

protocol STUDY00012463. All study procedures were performed after informed consent was obtained. All 

samples were collected remotely by study participants and online surveys were administered through 

Research Electronic Data Capture (REDCap). Participants were recruited via social media, community 

outreach (e.g., through Clean Air Methow, a community air quality program57,58), and word of mouth 

between June and September 2021. After completing a screening survey online, individuals were invited to 

complete the informed consent and enrollment by the study team. To be eligible for the study, participants 

had to be: (1) 18 years old or older; (2) living in an area prone to wildfire including the states of Alaska, 

Arizona, California, Colorado, Florida, Idaho, Montana, Nevada, New Mexico, Oklahoma, Oregon, Texas, 

Utah, Washington, and Wyoming; (3) not pregnant (upon enrollment); (4) not residing in a correctional 

facility; and (5) not a friend or family member of researchers conducting study. Participants were enrolled 

with preference given to: (1) those located in Okanogan County, Washington (WA) (a historically wildfire-

prone area) and (2) those with diverse geographic locations outside of Okanogan County. 

Sample collection timeline 

Throughout the study, participants were sent a package containing three homeRNA kits, and given a 

schedule for when to use each kit. Typically, each of the three samples was taken 3 to 4 days apart, and 

returned immediately via overnight shipping, if available. Depending on the smoke exposure conditions, 

participants were sometimes sent an additional set of three kits if there was continued wildfire smoke 

exposure in their area. 
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Before wildfire season: Immediately upon enrollment, participants were sent three samples to serve as 

baseline time-point samples before the start of wildfire season (June 2021). Samples were collected 2-4 

days apart from each other.  

During wildfire season: The location of wildfires, smoke plumes, and PM2.5 values were monitored 

throughout the wildfire season (July-September 2021). If smoke was present in a participant’s area, 

participants were immediately sent a box with three kits and asked to sample every 2-4 days. During the 

wildfire smoke events in Okanogan County, WA, participants outside of this region who were not 

experiencing smoke exposure were also asked to sample at similar times to match participants located in 

Okanogan County. 

After wildfire season: All participants were sent an additional set of three homeRNA kits between October 

- November 2021 (3 months after the wildfire events in Okanogan County), then again in late February - 

early April 2022 (approximately 6 months after the wildfire events in Okanogan County). For each 

timepoint, samples were collected every 2-4 days.  

PM2.5 data collection 

The average daily concentration of PM2.5 that each participant was exposed to during the study period was 

taken from each participant's nearest outdoor EPA PM2.5 monitor. A subset of participants were also 

provided an indoor PurpleAir monitor to collect indoor PM2.5 data 

Outdoor PM2.5: Daily average PM2.5 data collected by the closest EPA PM2.5 monitor to each participant’s 

home address was downloaded from the EPA website.59 The closest monitor was determined by using the 

equirectangular approximation to calculate the shortest distance between the coordinates of each 

participant’s home address and the reported coordinates of EPA PM2.5 monitors. If no average PM2.5 data 

were available on a certain day with a participant’s calculated nearest monitor, then PM2.5 data were taken 

from the calculated second nearest EPA PM2.5 monitor. If the second nearest EPA monitor did not have 

available data, then data were taken from the calculated third nearest PM2.5 monitor. For a few cases, there 

were no data from the nearest three monitors, and these particular days were excluded from the analysis.  
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Indoor PM2.5: A subset of participants (n=15) were provided with indoor PurpleAir monitors, and the study 

team was provided with the sensor ID. Indoor PM2.5 data collected by participant’s PurpleAir sensors were 

downloaded from the PurpleAir website60, and the daily average PM2.5 from the PurpleAir sensor was 

calculated for each day of the study period.  

Exposure level categorization: Participant exposure levels were categorized as high, medium, and low 

based on the standard deviation of the mean of their total outdoor PM2.5 values throughout the study period 

(June 2021 - April 2022). Those with a standard deviation >20 µg/m3 were considered high exposure 

participants; those with a standard deviation between 10 and 19 µg/m3 were considered medium exposure 

participants; those with a standard deviation <10 µg/m3 were considered low exposure participants. Given 

that ambient air quality was generally good throughout most of the study period, with PM2.5 spikes 

concentrated during the 3 month wildfire season, we used standard deviation rather than mean PM2.5 as our 

primary metric for classifying participants into exposure groups. This approach specifically identifies 

individuals who experienced high-magnitude episodic exposures, which would be obscured by time-

averaged means in a population with uniformly low baseline exposures. 

Survey data collection 

Participants were surveyed throughout the study period through REDCap. Specific surveys are described 

below. 

Enrollment Survey: This survey was given immediately after informed consent was acquired. It collects 

information about participant demographics, home addresses (for sending samples and tracking PM2.5 data), 

as well as underlying health conditions, recent vaccinations, and medications that may affect immune 

activation.  

Baseline Survey: This survey was given with the first blood sample collected, whether it was before the 

first wildfire smoke exposure or not. The baseline survey collects information on exposures a participant 

may have experienced in the past year, the participant’s occupation (specifically if their profession involves 

working outside), and the participant’s typical daily activities. Questions on daily activities and stress were 

adapted from standardized surveys on stress assessment available on PhenX.61 The baseline survey also 
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includes all the questions in the Sample Collection Survey (below), and if the participant was experiencing 

smoke exposure for the first sample, they were asked additional questions that are specific to smoke 

exposure listed in the Smoke Exposure Survey (below).  

Sample Collection Surveys: This survey was given with every blood sample collected. It includes questions 

about the date and time of the sample collection, sample collection metrics (e.g., blood volume estimation, 

time used for the collection), and homeRNA usability (e.g., ease of use with the kit, pain level using the 

Tasso device). The survey also included questions about any symptoms related to smoke exposure (the  list 

of symptoms was adopted from a CDC website on health effects of wildfire smoke62), they were asked to 

rate their stress levels compared to normal, they were asked to estimate hours of sleep, and they were asked 

about whether or not they were able to engage in their normal daily activities. If a participant received an 

indoor PurpleAir monitor, they were asked to report the PM2.5 value on the air monitor at the time of 

collection. 

Smoke Exposure Surveys: This survey was given if a study participant was using the homeRNA kit during 

wildfire smoke exposure. It contains all the questions in the Sample Collection Survey (above) with 

additional questions specifically about behaviors in response to wildfire smoke exposure. These questions 

included how much time the participants spent outdoors, in a car or bus, and the amount of time spent 

indoors. It also asked if they utilized any mitigation strategies, such as using an air filter, wearing masks, 

avoiding outside activities, or keeping windows closed.  

Closing Survey: This survey was given at the end of the study period. It included demographic and behavior 

questions, including if a participant had a major change in behavior, health status, or location (e.g., on 

vacation) during the study. 

Follow-up Survey: This survey was given in November 2023, which was 18 months after the study was 

concluded in April 2022. Of the 40 participants invited to complete the survey, 30 participants provided 

responses and completed the follow-up survey. This survey asked for the participant’s motivation to enroll 

in the study, comparisons between remote blood sampling and in-person blood draws, feedback on using 

the homeRNA kit, and willingness to participate again.    



 165 
 

Sample processing 

After the homeRNA kit was mailed back to the lab, it was stored immediately in a -20°C freezer on campus. 

Within a week, the 50 mL conical tube containing the homeRNA-stabilized blood sample was removed 

from the kit, and transferred to -80°C until ready for further processing.  Total cellular RNA was isolated 

from samples using the Ribopure™ - Blood RNA Isolation Kit (Thermo Fisher) according to the 

manufacturer’s protocol and eluted in two 50 μL aliquots. Isolated RNA was stored at -80°C until ready for 

further analysis. 

Assessment of total cellular RNA integrity and yield 

The RNA Integrity Number (RIN) scores of the first 50 μL elution were obtained on a Bioanalyzer 2100 

(Agilent) using the Agilent RNA 6000 Pico Kit (Agilent 5067-1513). All RNA samples were diluted 1:20 

in nuclease-free water before RIN measurement to ensure the RNA concentration of the loaded sample was 

in the qualitative range for the Agilent RNA 6000 Pico Kit. The RNA concentrations of the first 50 μL 

elution were measured using the Qubit Flex Fluorometer (Thermo Fisher) using the Qubit RNA High 

Sensitivity Assay Kit (Invitrogen Q32855). 

Participant and sample selection for Nanostring analysis 

For an initial exploratory analysis using a Nanostring panel, nine participants were selected from the total 

58 participants who completed the study. As Okanogan County experienced the most profound smoke 

exposure during the study period, six of the nine selected participants were located in this region. We also 

selected three additional participants; one was located in central Washington who experienced a moderate 

amount of smoke exposure due to their proximity to Okanogan County, and the other two were located in 

California, who experienced little to no smoke exposure in the 2021 wildfire season.  

Participant selection preference was given to participants if they had (1) at least five samples 

collected with associated surveys and if (2) at least one of the five samples collected was collected during 

wildfire smoke exposure (if located in Okanogan County) or with a similar time point (if not located in 

Okanogan County). In total, we submitted 107 samples from nine participants  for gene expression analysis 

using the nanoString nCounter Autoimmune Profiling Panel. Additional RNA processing was performed 



 166 
 

on a subset of these samples; these RNA samples were treated with DNase I (RNase-free) (New England 

Biolabs, M0303S) to remove contaminating genomic DNA and/or Monarch® RNA Cleanup Kit (New 

England Biolabs, T2030L) to purify and concentrate the RNA according to the manufacturer's protocols. 

The final cutoff RIN value for samples after processing was >6. Most samples used an input of 100 ng, but 

a handful of samples had inputs less than 100 ng. Input volumes ranged from 8-10 μL. 

Gene Expression Analysis 

nCounter data quality control and normalization: Raw nCounter RCC files were processed using 

custom Python scripts. Quality control metrics were evaluated for all samples prior to normalization 

following established nCounter guidelines63,64. Imaging quality required a minimum of 75% fields of view 

(FOV) successfully registered, while binding density was assessed with acceptable ranges of 0.05-2.25 

spots/μm². Positive control linearity was evaluated through correlation analysis with expected synthesis 

RNA concentrations (0.125-128 fM), requiring R² > 0.95 to ensure proper hybridization efficiency. 

Negative control probes were assessed for background levels, with mean plus two standard deviations 

used as detection thresholds. Housekeeping gene variability was evaluated using coefficient of variation, 

with sample showing CV > 50% flagged for potential exclusion due to high technical variability. 

 Gene expression normalization was performed using a sequential pipeline combining standard 

nCounter procedure with additional variance stabilization methods. The process began with positive control 

normalization utilizing the geometric mean of synthetic positive control probes to adjust for technical 

variation in hybridization and detection  across samples. Codeset content normalization followed, 

employing eight reference genes (TUBB, MRPS7, TBP, SDHA, GUSB, HRPT1, NMT1, PGK1) selected 

based on low variance and moderate expression levels across the dataset. Background subtraction was 

performed using negative control statistics, with gene showing expression below detection threshold 

flagged accordingly. Following these standard steps, data underwent counts per million (CPM) 

transformation to normalize for library size differences, then trimmed means of m-values (TMM) 

normalization with 30% trimming to address compositional bias between samples. Final normalized values 
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were log2-transformed for downstream analyses. All data processing was performed using custom Python 

scripts with numpy (v1.22.3) and pandas (v.1.4.2) libraries. 

Differential expression analysis: To control for intra-individual baseline variation, participant-specific 

median expression values for each gene were calculated from pre-exposure baseline samples (timeline 

category "before") and subsequently subtracted from exposure timepoint measurements corresponding to 

that participant. This yielded baseline-corrected gene expression values that reflect changes relative to each 

participant's pre-exposure state. At the individual gene level, we identified 253 genes with differential 

expression (FDR < 0.05) between exposed and non-exposed groups. To determine biological significance, 

we also performed a minimum-effect test where the null hypothesis was |log₂FC| ≤ 0.5.50 No genes achieved 

FDR < 0.05 using this more stringent approach, indicating that while statistical differences exist, no genes 

showed fold changes greater than 1.4-fold with controlled false discovery rate.  

Gene set enrichment of wildfire smoke exposure samples using BloodGen3 

BloodGen3 module enrichment analysis: Gene set variation analysis (GSVA) was performed to calculate 

enrichment scores for each of the 38 BloodGen3 module aggregates across all samples using normalized 

expression.42,43 GSVA enrichment scores were computed using the GSVA R package (v1.46.0) with default 

parameters, generating a per-sample enrichment score (from -1 to +1) for each module, where values 

represent the degree of coordinated down- or up-regulation of genes within each functional module.42,43 

Baseline correction: To control for intra-individual baseline variation, participant-specific median 

enrichment scores were calculated from pre-exposure samples (timeline category "before") and 

subsequently subtracted from each of the following timepoint measurements corresponding to that 

participant. This yielded baseline-corrected enrichment scores that reflect changes relative to each 

participant's pre-exposure state. 

Group comparisons: Differential enrichment between wildfire smoke exposed and non-exposed 

participants was assessed using two-tailed Student's t-tests on baseline-corrected enrichment scores during 

exposure period (timeline category “during”). P-values were adjusted for multiple comparisons by 
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controlling the false discovery rate (FDR) using the Benjamini-Hochberg procedure. Bloodgen3 modules 

and aggregates with adjusted p-values < 0.05 were considered statistically significant. 

Data visualization: Hierarchical clustering was performed using Ward's method with Euclidean distance 

to organize samples and module aggregates based on similarity in enrichment patterns. Heatmaps were 

generated to visualize baseline-corrected enrichment scores, with red indicating increased enrichment and 

blue indicating decreased enrichment relative to baseline. Statistical significance of between-group 

differences was visualized using bar plots of -log10(FDR-corrected p-values), with a threshold line at p = 

0.05. To contextualize exposure level, outdoor PM2.5 concentrations were displayed as bar plots aligned 

with sample collection timepoints to contextualize exposure levels. 

Software and computational tools: All statistical analyses were performed using Python 3.9 and R 4.2.0. 

Data manipulation employed pandas (v1.4.2) and numpy (v1.22.3). Statistical testing and multiple 

comparison correction (FDR) were implemented using scipy.stats (v1.8.1) and statsmodels (v0.13.2). Data 

visualizations were generated using matplotlib (v3.5.2) and seaborn (v0.11.2). Complex heatmaps with 

hierarchical clustering were created using the ComplexHeatmap R package. 
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A. Appendix for Chapter 2 
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Berthier, N. J. Sniadecki#, A. B. Theberge#. “Suspended Tissue Open Microfluidic Patterning 
(STOMP).” Advanced Science, 2025, 2501148. 
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#Co-corresponding authors 
 
Extended Technical Details of Methods 

Immunofluorescent imaging of periodontal tissues: PTCs on posts were fixed in 4% PFA at room 

temperature for 1 hour. PTCs were then dismounted from the posts for the immunofluorescence staining 

process. In short, PTCs were permeabilized with 0.2% Triton-X for 10 min followed by blocking with 10% 

normal goat serum (Invitrogen) for 10 min at room temperature. Samples were then incubated for 1 hour 

with Alexa Fluor 647 phalloidin (Invitrogen A22287, 1:400), and Hoechst 33342 (ThermoFisher, 1:1000). 

After 1 hour, PTCs were rinsed three times in PBS for 10 min each on a room temperature shaker. Whole 

PTCs were mounted between glass slides and coverslips using VECTASHIELD mounting medium and 

allowed to dry overnight. A Leica SP8 confocal microscope was used for imaging. Three to four images 

per PTC were obtained under 10X objective at 2X zoom and 1024 x 1024 resolution. Since three 

independent experiments were carried out and each experiment was conducted in triplicate, we ensured a 

minimum of 30 images per condition for analysis. Laser strength and gain were kept constant between all 

samples and fields of view (Figure A12). 

Synthesis of poly(ethylene glycol)-bicyclononyne (PEG-BCN:. 4-arm poly(ethylene glycol)-

bicyclononyne (PEG-BCN) was synthesized as described in previous publications [1-3]. 4-arm 

poly(ethylene glycol) tetraamine (MW 20kDa, 1.143 g, 0.0571 mmol, 0.2 mol NH2 groups, 1x; JenKem 

Technology USA; Plano, TX), (1R,8S,9s)-bicyclo[6.1.0]non-4-yn-9-ylmethyl (2,5-dioxopyrrolidin-1-yl) 

carbonate (BCN-OSu) (Sigma Aldrich; St. Louis, MO) (100 mg, 0.343 mmol, 1.5x to NH2 groups), and 

N,N-Diisopropylethylamine (DIEA, 159µL, 8 mmol,  4x to NH2 groups) were dissolved in anhydrous 
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dimethylformamide (DMF, 5 mL) and stirred overnight. The next day, the mixture was diluted with DI H2O 

(10x volume) and dialyzed overnight in DI H2O (molecular weight cutoff ~ 2kDa; SpectraPor, Repligen; 

Waltham, MA) and lyophilized over three days to yield a white powder. The powder was resuspended in 

sterile PBS at a 10 mM stock concentration and stored at -80°C until further use. 1H NMR confirmed 

functionalization to be >95% by comparing integral values for characteristic BCN peaks (δ 2.24, 1.57, 1.34, 

0.92) with those from the PEG backbone (δ 3.63). 

Peptide Synthesis of eSrtA(4S9)- and eSrtA(2A9)-sensitive Crosslinkers: The eSrtA(4S9)- and 

eSrtA(2A9)-sensitive diazide peptide crosslinkers H-RGPQGIWGQLPESGGRK(dde)-NH2 and H-

RGPQGIWGQLAETGGRK(dde)-NH2, respectively, were synthesized on rink amide ProTide resin (CEM 

Corporation; Charlotte, NC) following induction heating-assisted Fmoc solid-phase techniques with HCTU 

activation (Gyros Protein Technologies PurePep Chorus; Tucson, AZ) at a 0.4 mmol scale. Deprotection of 

the 1-(4,4-dimethyl-2,6-dioxacyclohexylidene)ethyl (dde) group was accomplished by treating with 2% 

hydrazine monohydrate in DMF (3x10 min).  For azide modification of the both the N-terminal amine and 

the ɛ-amino group of the C-terminal lysine, 4-azidobutanoic acid (227 µL, 2 mmol, 4x to NH2 groups), 

hexafluorophosphate azabenzotriazole tetramethyl uronium (HATU, 750 mg, 1.97 mmol, 3.95x to NH2 

groups) and DIEA (1.38 mL, 8 mmol, 16x to NH2 groups) were prereacted for 5 minutes and then reacted 

with the peptide for 1.5 hours. For peptide cleavage and deprotection, the resin was treated with 

trifluoracetic acid/triisopropylsilane/water (95:2.5:2.5) for 3 hours, then crashed out and washed in ice-cold 

diethyl ether (2 x 150mL). The crude peptides were purified via semi-preparative reversed-phase high 

performance liquid chromatography with a linear gradient of 5-100% acetonitrile and 0.1% TFA for 45 

minutes and then lyophilized to yield white powders of the final peptides N3-

RGPQGIWGQLPESGGRK(N3)-NH2 and N3-RGPQGIWGQLAETGGRK(N3)-NH2. Peptide mass was 

verified via ESI-LCMS. 

eSrtA(4S9) and eSrtA(2A9) Expression and Purification: The pET29B expression plasmids for 

eSrtA(4S9) and eSrtA(2A9) were a generous gift from Dr. David Liu at Harvard University (Addgene 

plasmids #75146 and #75145). The sortase variants were expressed and purified as previously described 
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[3]. Electrically competent BL21 cells were transfected with the eSrtA(4S9) and eSrtA(2A9) plasmids and 

selected on kanamycin-containing agar plates. 5 mL of Luria Broth (LB) with kanamycin (50µg/mL) was 

inoculated with a plasmid-containing colony and grown overnight at 37ºC shaking at 200 rpm. The 

following day, 1 L of LB broth, including 40 mL of autoinduction sugars (60% v/v glycerol, 10% w/v 

glucose, 8% w/v lactose) as well as kanamycin, was inoculated with the 5mL overnight culture and allowed 

to incubate at 37ºC, 200 rpm overnight. The following day, cells were pelleted via centrifugation (4000g, 

20 mins), resuspended in lysis buffer (20 mM Tris, 50 mM NaCl, 10 mM imidazole; pH 7.5) with 1 mM 

phenylmethylsulfonyl (PMSF; TCI, Portland, OR) protease inhibitor, and lysed by sonication (6x, 3 min 

cycle, 30% amplitude; Fisher Scientific; Waltham, MA). The lysate was clarified via centrifugation (20 

mins, 11000g). The clarified lysate was then purified using an ÄKTA Pure 25 L FPLC (Cytiva; 

Marlborough, MA) equipped with a 5 mL HisTrap HP column at a flow rate of 5 mL min-1. The column 

was equilibrated with 5 column volumes (CV) of lysis buffer, followed by loading the sample and washing 

with 8 CV of endotoxin removal buffer (20 mM Tris, 50 mM NaCl, 20 mM imidazole, 0.1% Triton-X 114; 

pH = 7.5) and 8 CV of wash buffer (20 mM Tris, 50 mM NaCl, 20 mM imidazole; pH = 7.5). His-tagged 

protein was eluted over an 8 CV gradient of imidazole (20 mM Tris, 50 mM NaCl, 5-250 mM imidazole; 

pH = 7.5) into a 96 well plate; protein-containing fractions were pooled and dialyzed with SnakeSkin 

dialysis tubing (10 kDa cut off; ThermoFisher, Waltham, MA) in PBS over two days. Purified sortase was 

spin-concentrated using an Amicon Ultra 15 centrifugation filter (10,000 Da cut off; Sigma Aldrich; St. 

Louis, MO). The final stocks were diluted with PBS containing 10% glycerol to a concentration of 100 µM. 

Sortase purity was evaluated with sodium-dodecyl sulfate-polyacrylamide gel electrophoresis and identity 

was confirmed with electrospray ionization mass spectrometry on an AB SCIEX 5600 QTOF instrument 

(SCIEX; Framingham, MA). 

Extended Technical Descriptions of Results 

1. Full details on theoretical characterization of pinning in STOMP channels.  

In this study, we investigate the successive pinning of the two liquids in the STOMP device shown 

in Figure A3. The “green” liquid represents a hydrogel (e.g., cell-ECM mixture) first pipetted into the outer 
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cylindrical regions of the STOMP device. The “orange” liquid represents a second hydrogel (cell-ECM 

mixture) pipetted later in the center region. In this analysis, we assume both hydrogels (green and orange 

regions) are 5 mg/mL collagen, but this analysis can be extended to any hydrogel by utilizing that specific 

hydrogel’s properties (e.g., density, contact angle on patterning device surface, etc.).  

It is assumed that liquid #1 (green in Figure A3) is pipetted first, so it is the pinning of this liquid 

that is investigated here. In a first approach, we follow a 2D approach, neglecting the effect of the horizontal 

free surfaces at bottom and top. We shall justify this approximation later in the text. Here, we analyze two 

pinning feature designs we refer to as convex “vampire” pins and concave “cavity” pins.  

We first address the case of the convex “vampire” pinning features (Figure A4). The design is 

constituted by two facing reliefs resembling two “teeth”. We note that α is the angle formed by the 

triangular-shaped relief, θ the contact angle of the hydrogel with the channel wall, and w is the distance 

between the two facing reliefs of the convex “vampire” pins. The Laplace pressure ΔP of the liquid is given 

by equation (A.1), where r is the curvature radius of the pinned interface (in the horizontal plane) and 

denotes the surface tension of the liquid. 

  A.1 

At the pinning limit (i.e., the maximum interface the fluid bulges before pinning is broken), the bulging 

fluid front forms the angle θ with the external side of the triangular edge [4-8]; its complement is noted in 

Figure A4. Any additional bulging results in a capillary flow passing over the pinning feature. Let us denote 

the points A and B the tip of the “teeth”, O the center of the circular arc formed by the interface, and C the 

middle of the segment AB. Using the construction in Figure A4, the angle {AC,AO} is simply given by the 

expression  π/2-Ө+α/2. Then considering the rectangular triangle ACO, we find 

 

  A.2 

or 
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  A.3 

Remark that we have considered Ө>α/2. When Ө=α/2, the fluid interface is flat, and r is infinite. 

Substituting equation (A.3) into equation (A.1) yields the threshold Laplace pinning pressure, above which 

pinning is lost in the convex “vampire” pinning feature design (Eq. A.4). 

  A.4 

Second, we analyze the case of the concave “cavity” pinning features (Figure A5). The Laplace pressure is 

still given by equation (A.1). Let us note β as the angle of solid at the ridge. Let us separate two cases: β > 

θ and β < θ. The first case is the usual case, because θ is generally small and the cavity angle β cannot be 

too small due to the 3D printing fabrication process of the STOMP device. The first case (β > θ) corresponds 

to the configuration used here in this work.  

Case β > θ: Again, at the limit, the bulging angle forms the angle θ with the external side of the tooth [4–

8]; its complement is noted as π-θ in Figure A5. Any additional bulging results in a capillary flow passing 

over the ridge. Let us denote the points A and B the tip of the ridges, O the center of the circular arc formed 

by the interface, and C the middle of the segment AB. Using the construction in Figure A5, the angle 

{AC,AO} is simply β-θ. Then considering the rectangular triangle ACO, we find 

  A.5 

Substituting equation (A.5) into (A.1) yields the threshold Laplace pinning pressure, above which pinning 

is lost in the concave “cavity” pinning feature design (Eq. E6). 

  A.6 

Case β < θ: While this case is not the usual case, we mention it for completion of the study. In this case, the 

fluid front creates a bulging curvature, where the center of the curvature (point O in Figure A6) formed is 

located past the pinning ridge (line segment AB in Figure A6). The threshold Laplace pinning pressure is 

still the same as Eq. A.5, but this equation reaches its maximum value when β is equal to θ, which is 30° in 
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our theoretical model (the average contact angle of 5 mg/mL collagen on 3D printed resin treated with 1% 

BSA). Therefore, the maximum Laplace pinning pressure that can be experienced in the concave “cavity” 

pinning feature is given below in equation (A.7) and is visualized as the solid green line in Figure A6. 

  A.7 

Lastly, because gravity has a small, but not negligible effect, we must also consider the hydrostatic pressure 

at the pinning interface. For both pinning feature designs, the hydrostatic pressure at the bottom of the 

channel is given below in equation (A.8), where 𝜌 is the density of the hydrogel, g is the gravitational 

constant, and h is the height of the channel. 

  A.8 

2. Analyzing the 3D effect of gravity in theoretical approach to pinning in STOMP 

In our theoretical pinning model for STOMP, we used a 2D approach where we neglected the effect 

of the horizontal free air-liquid interfaces at the bottom and top of the open channel. To justify this approach, 

we also analyzed the potential 3D effects, which are twofold: 1) gravity effects that may distort the bottom 

air-liquid interface of the open channel and 2) corner effects from the rounded vertical air-liquid interface 

along the height of the open channel. 

 First, to analyze the effect of gravity, the Bond number has to be calculated. For testing the pinning 

in STOMP, devices with a channel height of 3.5 mm and width of 1.2 mm were used. The equation for 

bond number Bo is given below in equation (A.9), where 𝜌 is the density of the 5 mg/mL collagen hydrogel, 

g is the gravitational constant, h is the height of the channel, R is the radius of the outer cylinders, and 𝛾 is 

the surface tension of the liquid (estimated to be water here). 

  A.9 

In the case of the outer cylinders, the radius is 1.5 mm. Therefore, the bond number for the outer cylinders 

can be approximately calculated, as shown below in equation (A.10). 
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  A.10 

In the case of the central region of the open channel, the radius R is replaced by the semi-width, w/2. When 

experimentally testing the pinning, we used the STOMP devices with a channel height of 3.5 mm and a 

width of 1.2 mm. Therefore, the bond number for the central region can be approximately calculated with 

a semi-width of 0.6 mm, as shown below in equation (A.11). 

  A.11 

In both cases of the outer cylinders that surround the posts and the central region of the open channel where 

flow occurs, we calculated that Bo < 1, which means surface tension forces dominates in the open channel. 

In both cases, gravity has a small effect on the horizontal free air-liquid interface at the bottom and top of 

the open channel. While the effect of gravity is not negligible, it is small enough that we can justify using 

a 2D approach in our theoretical characterization of the pinning in the STOMP devices.  

 The corner effects of the vertical air-liquid interface along the height of the open channel are more 

difficult to predict. We used Brakke’s software Surface Evolver to determine the shape of these interfaces 

[9]. The results are plotted in Figure A7, which demonstrates that some corner effects do exist in our 

STOMP system. 

3. Experimentally testing different volumes and pinning feature angles in STOMP 

To understand the sensitivity of our system to changes in volume, we tested pinning in five different 

pinning angles of both pinning feature designs (i.e., α=10°, 20°, 30°, 45°, and 60° for the convex “vampire” 

pins and 𝛽=40°, 60°, 90°, 100°, and 120° for the concave “cavity” pins, n=3 devices for each pin angle) at 

four different volumes (20, 22, 23, and 24 μL). These results are illustrated in Figure A2.  

Every volume tested exhibited different pinning results, where increasing the volume resulted in 

less successful pinning. At every volume, the concave “cavity” pinning feature with pins 𝛽=120° resulted 

in failed pinning; this matches what we would expect from the theoretical results (see Figure 2.2d). 
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Generally, in all volumes tested, the concave “cavity” pinning feature was more consistent than the convex 

“vampire” pinning feature. This phenomenon may be explained by the large range in the pinning Laplace 

pressure for the convex pinning features (see Figure 2.2c). We observed that a volume of 23 μL best fitted 

our theoretical model. 

When 23 μL was pipetted into the convex “vampire” pinning features, we observed successful 

pinning of the collagen solution when α=10°, 20°, 30° (n=3/3 devices pinned). These experimental results 

match what would be expected from the average theoretical maximum Laplace pinning pressure (Figure 

2.2c). Further, there was less successful pinning when α=45° and 60° (n=2/3 devices did not pin). We note 

that one out of the three devices for both the angles α=45° and 60° had successful pinning, but these angles 

have conditions of success and failure within the pinning range of the maximum Laplace pinning pressure 

(Figure 2.2c, green shading showing successful conditions and magenta shading showing failure 

conditions), suggesting that those devices had variable BSA adsorption onto the channel walls that may 

have changed the contact angle of the collagen on the channel surface.  

When 23 μL was pipetted into the concave “cavity” pinning features, we observed successful 

pinning of the collagen solution when 𝛽=40° and 60° (n=3/3 devices pinned) and no pinning when 𝛽=90°, 

100°, and 120° (n=3/3 devices did not pin). While successful pinning at 𝛽=40° and 60° experimentally 

matches the theory, loss of pinning was observed in all three replicates in devices with 𝛽=90° which was 

expected, even within the contact angle range, to successfully pin (Figure 2.2d). It is possible that the 

contact angle was towards the lower bound of the possible threshold Laplace pressure (Figure 2.2d), where 

the line does cross below the hydrostatic pressure at 𝛽=90°. There could also be additional reasons for fluid 

de-pinning when not predicted. In some cases, a fluid may initially pin, but then lose that pinning if there 

are deformities present on the pinning feature (i.e., rough surface, inconsistency in 3D printing, etc.). 

4. Influence of liquid volume in pinning 

Since we observed differences in pinning as the pipetted volume changed, we wanted to look at 

two possible factors that could influence pinning: 1) change in the horizontal interface of the liquid in the 
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channel (i.e., change in volume of liquid bulging at the top and bottom of the channel) and 2) change in the 

vertical interface of the pinned fluid front (i.e., change in the pinned fluid angle).  

First, we will estimate the volume bulging at the bottom of the channel due to the weight of the 

precursor liquid hydrogel in the STOMP channel. At the bottom of the channel, the air-liquid interface 

bends due to hydrostatic pressure, as depicted in Figure A8. If we consider the bending of the horizontal 

bottom surface to be a cylinder, then the curvature of the surface is 𝜅 = 1/R. Therefore, the bending of the 

surface by hydrostatic pressure can be modeled by equation (A.12), where R is the curvature radius of the 

bulging surface.  

  A.12 

If a denotes the radius of the cylinder, the volume of the liquid in the spherical cap bulging below the 

cylinder is given below in equation A.13 [4]. 

  A.13 

From Berthier and Brakke [4], the negative bulging height can be deduced as 

  A.14 

or 

  A.15 

If 𝜌 is 958 kg/m3 (density of 5 mg/mL collagen), g is 9.8 m/s2, h is 3.5 mm (the height of the open channel), 

𝛾 is 72 mN/m, and a is 1.5 mm (the radius of the outer cylinders of the STOMP device), then we find that 

the curvature radius R is 4.38 mm, giving a bulging volume of 0.945 µL (or 0.945 mm3) with a bulging 

height of 0.265 mm (or 265 µm). Thus, if the volume of the precursor hydrogel is equal to exactly the 

volume of the cylinder plus the inner channel walls (unto the pinning features), then the bottom surface 

bulges out 265 µm below the channel.  

 Next, we will calculate the surface area of the pinned fluid’s vertical interface as a function of the 

pinning angle. Figure A9 shows a top-down cross section of the STOMP channel, where R is the curvature 



 181 
 

radius of the bulging vertical interface, w is the width of the open channel, ઠ is the bulging distance of the 

pinned fluid’s vertical interface, 𝜙 is the pinning angle of the fluid front, and S is the vertical surface denoted 

with a dark green line. In a 2D approximation, a change in volume delimited by the surface S can be 

modeled as  

  A.16 

where h is the height of the open channel. Geometrical considerations give us the curvature radius R, 

denoted below in equation (A.17). 

  A.17 

Modeling the vertical bulging surface as a circular segment, the surface area of the arc (denoted as S) can 

be modeled by equation (A.18).  

  A.18 

Substituting equation (A.17) and (A.18) into (A.16), we obtain an equation that calculates the change in 

volume of the vertical surface S as a function of the bulging pinning angle 𝜙.  

  A.19 

Additionally, the bulging distance ઠ is given by equation (A.20). 

  A.20 

As more liquid is added to the channel, the vertical interface of the pinned fluid will continue to bulge past 

the pinning features, thus changing the angle of the pinned liquid. Let us now assume that an additional 

liquid volume, denoted as dV, is added to the initial volume V (Figure A10). The surface area of the vertical 

interface now becomes S + dS. To find the effect of the increase of volume dV on the bulging angle 𝜙, we 

can calculate the derivative of equation (E19) to find dV/d𝜙. This derivatization gives us equation (A.21) 

  A.21 
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which gives us d𝜙/dV in equation (A.22). 

  A.22 

The values of the increased bulging angle 𝜙 with an increase of liquid volume of only 1 µL (or 1 mm3) for 

4 initial pinning angles 𝜙0 (20°, 30°, 40°, and 50°) are listed in Table A2. We find that adding 1 µL of 

additional volume can change the bulging angle; for example, an initial pinning angle of 40° or 50° can 

increase by 17° or 28°, respectively, with the addition of only 1 µL. This calculation can help explain why 

experimentally we observed changes in successful pinning of the fluid front at different pipetted volumes. 
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Table A1. Experimental contact angle measurements of 5 mg/mL collagen on 1% BSA treated 3D printed 
resin. 

Experiment 
number 

1% BSA 
treated 

3D 
printed 
surface 
number 

Number of 
technical 
measured 
replicates 

from Krüss 
drop shape 

analyzer 
goniometer 

Mean 
contact 
angle 

(degrees) 
from Krüss 
drop shape 

analyzer 
goniometer 

Standard 
deviation 

(degrees) of 
contact angle 
from Krüss 
drop shape 

analyzer 
goniometer 

Overall 
Average of 

mean 
contact 
angles 

(degrees) 

Average 
standard 

deviation of 
contact 
angle 

(degrees) 

1 

1 10 34.73 0.98 

29.62 3.51 

2 6 28.69 4.13 

3 9 48.41 2.07 

2 

4 6 18.11 2.55 

5 5 26.01 2.7 

6 10 36.31 2.46 

7 7 23.18 2.15 

8 5 20.82 1.36 

9 9 22.38 2.77 

3 

10 5 19.80 11.96 

11 7 41.85 1.93 

12 7 30.75 2.26 

13 8 39.64 3.6 

14 9 35.74 4.04 

15 5 21.75 2.62 

16 9 32.36 2.3 

17 5 39.81 2.81 

18 7 28.28 2.98 

19 6 29.06 4.45 

20 5 14.62 2.93 
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Table A2. Change in the bulging angle of the pinned fluid’s vertical interface as a function of change in 
volume. 

w 
(mm) 

h 
(mm) 

𝝓0 
(°) 

𝝓0 
(rad) 

δ0 

(µm) 
S0 

(mm2) 
V0 

(mm3) 
dV/d𝜙 

(mm3/rad) 
d𝜙/dV 

(°/mm3) 
dV 

(mm3) 
𝝓 
(°) 

δ 
(µm) 

0.8 3.5 20 0.35 70.5 0.04 0.13 21.56 2.66 1.0 23 80.1 

0.8 3.5 30 0.52 107.2 0.06 0.20 6.93 8.27 1.0 38 138.8 

0.8 3.5 40 0.70 145.6 0.08 0.28 3.25 17.66 1.0 57 220.2 

0.8 3.5 50 0.87 186.5 0.10 0.36 2.05 27.95 1.0 78 323.6 
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Table A3. Parameters considered in the vampire and cavity pinning feature design in STOMP. 

Parameter Convex “Vampire” 
Pinning Feature 

Concave “Cavity” 
Pinning Feature 

Width between pins, w1, w2 (mm) 0.8 1.2 

Vampire angle, α (degrees) 5 to 80 – 

Cavity angle, 𝛽 (degrees) – 25 to 130 

Channel height, h (mm) 3.5 

Collagen density (kg/m3) 958 

Surface tension (mN/m) 72 

Average static contact angle of collagen on 3D 
printed resin, 𝛳 (degrees) 30 ± 3.5 

Lowest measured contact angle (degrees) 15 

Highest measured contact angle (degrees) 48 

Gravitation constant (m/s2) 10 
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Figure A1. Dimensions of STOMP devices used in this work. a) 2 mm height device, b) 3.5 mm height 
device, and c) outer region patterning device surrounding previously patterned hydrogel (in pink), featured 
in Fig. 2.5 
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Figure A2. Experimental results of pinning of the 5 mg/mL collagen precursor fluid front at different 
pipetted volumes. For both the convex “vampire” and concave “cavity” pinning features, five different 
pinning feature angles were tested to observe either success (green) or failure (magenta) of pinning at the 
pinning feature. For the convex “vampire” pinning features, the angle of the pinning feature refers to the 
vertex angle of the triangular pinning feature. For the concave “cavity” pinning features, the angle of 
pinning feature refers to the angle between the line tangent to the semicircular pinning feature to the straight 
channel wall. 
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Figure A3. Modeling fluid in the multi region STOMP device. A) isometric view of the device. 
B) top: side view of the filled device; bottom: top view of the filled device. The black lines and 
arrows symbolize the relief/design that pins the liquids during the filling. 
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Figure A4. Geometrical analysis of convex “vampire” pinning features. Green line is the fluid front, where 
the hydrogel precursor was pipetted first into the region on the right, so the fluid front is bulging to the left 
at the Laplace pinning threshold.  
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Figure A5. Geometrical analysis of concave “cavity” pinning features when β > θ. Green line is the fluid 
front, where the hydrogel precursor was pipetted first into the region on the right, so the fluid front is bulging 
to the left at the Laplace pinning threshold.  
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Figure A6. Geometrical analysis of concave “cavity” pinning features when β < θ. The dotted green line is 
the expected fluid front, where the hydrogel precursor was pipetted first into the region on the right, so the 
fluid front is bulging to the left. However, the actual fluid front is the solid green line, which is the maximum 
Laplace pinning threshold. 
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Figure A7. 3D calculation of the free air-liquid interface of a liquid between two vertical walls with a width 
of 1.2 mm and a height of 3.5 mm. A) Isometric view of a fluid (green) within an open channel with two 
walls and no ceiling or floor. B) Closer view of the top and bottom corners of the vertical interface, showing 
the plots obtained using the Surface Evolver software. 
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Figure A8. Schematic of the fluid (green) bulging below the suspended channel walls (orange).  
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Figure A9. Top-down schematic of the fluid (green) filling the outer regions of the suspended channel 
(walls denoted in orange) before reaching the pinning features (location marked by dotted green line). After 
reaching the pinning feature, the fluid will bulge some distance ઠ along the vertical interface, with the 
bulging angle denoted as 𝜙. The surface area S (dark green) is the surface area of the bulging liquid along 
the vertical interface. 
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Figure A10. Top-down schematic of how the bulging fluid (dark green) along the vertical interface changes 
after pipetting additional volume into the suspended channel. 
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Figure A11. Tissue contractile force calculation using post deflection. Deflection of post is measured by 
initial length of tissue, L0, minus the final length of tissue, LF.  
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Figure A12. Fluorescent image of a patterned PTC stained for F-actin (green) and nuclei (blue). Scale bar 
is 1 mm.  
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Figure A13. Schematic showing process for patterning a degradable hydrogel channel wall and middle 
tissue region. The hydrogel depicted in magenta uses a sortase degradable crosslinker allowing for 
selective degradation of the channel wall with the addition of sortase. 
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B. Appendix for Chapter 3 
 
Reproduced in part from L.G. Brown*, A. J. Haack*, D. S. Kennedy, K. N. Adams, J. E. Stolarczuk, M. G. 
Takezawa, E. Berthier, S. Thongpang, F. Y. Lim, D. Chaussabel#, M. Garand#, and A. B. Theberge#, “At-
home blood collection and stabilization in high temperature climates using homeRNA” Frontiers in 
Digital Health, 2022, 4, 903153. 
*Equal contribution 
#Co-corresponding author 
 
Table B1: Experimental timeline and external temperature conditions for Doha, Qatar pilot study 

Time (h) Event / Procedure 
External 
Temperature 
(℃) 

Location 

0 Overnight hold at room temperature 21 Lab, Research 
27 Start in lab 21 Lab, Research 
27.25 Transport outside to car 26 Outside 
27.3 In car - A/C started 35.5 Indoor parking 
27.4 In car - A/C on 27 Indoor parking 
27.5 In car - driving with some sun exposure 33 Driving 

28 In car - A/C stopped 31 Outdoor parking - moderate sun 
exposure 

28.1 In car - A/C restarted 37 Outdoor parking - moderate sun 
exposure 

28.25 Car stopped - A/C off 30 Outdoor parking - covered 
29 Car restarted - A/C on 41 Outdoor parking - covered 
29.19 Car stopped - A/C off 32 Home parking - covered 
29.42 Car restarted - A/C on 40 Home parking - covered 
29.49 Car stopped - A/C off - Walking to Lab 32 Indoor parking 
29.54 Enter building 36 Research 
29.56 Office 32 Office, Research 

30 Transferring blood from stabilizer tube 
to store 21 Lab, Research 

30.3 Storing sample -80 Lab, Research 
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Figure B1. Electropherograms of isolated RNA from stabilized homeRNA samples in Doha, Qatar. 
Electropherograms were obtained as raw data using a RNA 6000 Nano Kit on an Agilent 2100 bioanalyzer, 
which uses fluorescence to detect the marker (~25 nt), 18S rRNA fragments (~1900 nt), and 28S rRNA 
fragments (~3900 nt). The RIN algorithm then uses these peaks to assign a RIN value to the corresponding 
sample. The electropherograms are used to generate a gel image, as seen in Figure 3.2B. Samples 1 and 2A 
in the red box correspond to control samples. 
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Figure B2. Yield of isolated RNA from stabilized homeRNA samples in Doha, Qatar. Reported yields 
were obtained from bioanalyzer measurements by taking the reported concentration from the first 50 μL 
elution. For the two samples (from participant 6 and 8) that did not have scorable RIN values, yields were 
not included on the graph since their concentrations were below the lower limit of the qualitative range of 
the RNA 6000 Nano kit (5 ng/μL). However, for reference, the bioanalyzer reported 4 ng/μL for participants 
6 and 8. While concentrations from the Agilent 2100 Bioanalyzer are not typically used for obtaining yield, 
a threshold value of 200-500 ng total yield is typically needed for downstream analysis such as RNA 
sequencing. Therefore, an exact value is less important and the bioanalyzer can be used to obtain 
approximate RNA concentration ranges. 
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Figure B3. Electropherograms of isolated RNA from stabilized homeRNA samples in the Western 
and South Central USA. Electropherograms were obtained as raw data using a RNA 6000 Pico Kit for 
samples 1-8 and a RNA 6000 Nano Kit for samples 9-11 on an Agilent 2100 bioanalyzer. For samples 1-8, 
the RNA 6000 Pico kit uses fluorescence to detect the marker (~25 nt), 5S rRNA fragments (~150 nt), 18S 
rRNA fragments (~1900 nt), and 28S rRNA fragments (~3900 nt). The RNA 6000 Nano kit detects the 
same peaks with the exception of the 5S rRNA fragment peaks. The RIN algorithm then uses these peaks 
to assign a RIN value to the corresponding sample. The electropherograms are used to generate a gel image, 
as seen in Figure 3.3A.  
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Figure B4. Total yield of isolated RNA from stabilized homeRNA samples collected, stabilized, and 
shipped at high temperatures in Western and South Central USA. Reported total yields were obtained 
by measuring both 50 μL elutions from the RNA isolation protocol (see Methods and Materials) on Cytation 
5 Multi-Mode Reader and adding them together to obtain a total yield. Each total yield is reported with the 
corresponding A) indoor ambient temperature at the time of collection and B) reported outdoor temperature 
high on the pickup day.  
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Figure B5. RNA quality and quantity versus temperature, combining data from the present study 
(summer 2021) from our previous pilot study (summer 2020, Haack, Lim, et al. 2021) [1]. A) RIN 
values versus i) indoor temperature and ii) outdoor high on pickup day. B) Total RNA yield versus i) indoor 
temperature and ii) outdoor high on pickup day. 
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Figure B6. Reported blood level volumes. Study participants for both the Qatar and Western and South 
Central USA groups were asked to report the approximate volume with each blood collection with the 
Tasso-SST™ based on this picture provided in the survey that they completed with sampling. Image was 
reprinted with permission from Haack, Lim, et al. homeRNA: A Self-Sampling Kit for the Collection of 
Peripheral Blood and Stabilization of RNA. Anal. Chem. 2021, 93, 39, 13196–13203. Copyright 2021 
American Chemical Society. [1] 
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Figure B7. Instructions for use for homeRNA 
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C. Appendix for Chapter 4 

Reproduced in part from F. Stefanovic*, L.G. Brown*, J. MacDonald, T. Bammler, D. Rinchai, S. 
Nguyen, Y. Zeng, V. Shinkawa, K. Adams, D. Chaussabel, E. Berthier, A.J. Haack#, and A.B. Theberge#, 
``AYour Blood is Out for Delivery: Considerations of Shipping Time and Temperature on Degradation of 
RNA from Stabilized Whole Blood.'' Anal Chem. 2025 Jan 28;97(3):1635-1644. 
* Equal contribution 
#Co-corresponding authors 
 
Table C1: Summary of temperature probe data 
Location RUCA Time (h) Tavg (℃) Tmed (℃) Tmax (℃) Tsd (℃) Hours above 30℃ 

AZ 1 168 26.8 26.9 40 4.2 38.3 

CA 1 72 26.5 25.4 44.4 4.9 11.1 

CO 4 96 24.3 24.1 39.5 4.4 7.6 

GA 1 72 24.8 24.3 41.9 4.4 7.4 

HI 4 193 26.1 25.5 38.5 3.7 22.8 

IL 1 72 23.7 22.6 38 1.9 4.5 

In-Lab 1 200 25.5 25.5 25.7 0.4 0 

KS 1 71 25.8 24.0 43.3 4.9 10.4 

MA 1 72 26.4 26.5 40.9 3.5 8.2 

ME 5 72 24.0 23.4 35.4 3.2 3.8 

MN 1 71 25.4 23.3 39.3 5.6 14.4 

NC 5 72 27.7 28 38.8 4.1 18 

NE 10 168 28.5 27.2 45.1 5.5 55 

NM 1 72 26.4 26.1 39.3 3.9 9.5 

WA 1 71 23.8 23.1 36.6 3.1 3.7 
Table C1. Summary of temperature probe data. This table summarizes the shipping conditions of each 
state where samples were shipped. The Rural-Urban Commuting Area (RUCA) codes are designations 
made by the United States Department of Agriculture to quantify how rural or urban a location is. A RUCA 
value of 1 represents the most urban area where a value of 10 represents the most rural area. The time and 
temperature values are all calculated from the data measured by the Elitech RC-5+ continuous temperature 
probes. Here, we report the average (Tavg), median (Tmed), maximum (Tmax), and standard deviation 
(Tsd) of temperatures experienced by the samples sent to each location. We also calculate the total number 
of hours the samples spent above a temperature of 30ºC, which we classify as “elevated” or “high” 
temperature conditions. 
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Figure C1. Shipping experiment continuous temperature probe setup. (A) Each homeRNA-stabilized 
sample is placed in a 50 mL conical tube with a custom insert to prevent excessive movement in the shipping 
process. Three such replicates are taped together, and a temperature monitor (indicated by black arrows) is 
attached directly to this construct. (B) The samples are sealed in a biohazard bag and are then placed in the 
homeRNA box. Another temperature probe is placed inside of the box as a backup. (C) Then an additional 
temperature probe is attached to the outside as a final backup; the entire box is placed into a UPS LabPak 
and shipped to the participants. These samples are kept indoors overnight at which point a pre-printed return 
label (in a label pouch on the outside of the LabPak) is attached. The LabPak is placed on the volunteers’ 
front porch or mailroom and picked up by UPS to be returned to the lab.  
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Figure C2. (A) Visual summary of temperature probe data from each location. The shipping locations are 
states within the United States. Before the packages were picked up by the courier service and shipped to 
the participant, all packages were placed in a UPS box. During this time in the UPS box, the temperature 
monitors in the packages showed a peak, with an average maximum temperature of 38.6℃ (over 14 
temperature probes) and reaching up to 41.9℃ (one temperature probe).  B) Temperature probe data from 
the In-Lab sample kept in a 25°C incubator until last shipped sample (Hawaii, 8 days) was returned to lab. 
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Figure C3. Effects of freeze-thaw on RNA integrity in homeRNA-stabilized blood samples. The resulting 
RINs are plotted here where each column represents the condition, with the gray crossbars indicating 
average values for each replicate. Overall, the data did not suggest that there were any adverse effects on 
RNA integrity as a result of a freeze-thaw cycle of homeRNA-stabilized blood samples.  
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Figure C4: Analysis of Interferon Modules Enrichment Scores of Subjects Pre- and Post- Vaccination. The 
dot plots show the enrichment scores for six interferon response modules (M8.3, M10.1, M13.17, M15.64, 
M15.86, and M15.127) for the current study (UW) and at different days before and after administration of 
COVID-19 mRNA vaccine (COVAX study – day 0 = pre-vaccination sample). Following the UW 
(shipping) samples, the y-axis represents days of sampling from the COVAX study. 
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Supplementary discussion of Figure C5 

In addition to the BloodGen3 analysis, we also fit a model that includes the time spent above a temperature 
of 30°C, RIN, and 4 surrogate variables (generated using the Bioconductor sva package) to account for any 
unobserved technical variability [1]. After fitting this model, we selected genes with a false discovery rate 
(FDR) of <0.05, which estimates the maximum number of false positives in a set of significant results, as 
well as requiring at least a 1% change in expression. This resulted in only two genes (MMP9 and ADGRG3) 
that had a decrease in expression as a function of time spent at 30°C or higher (Figure S5). While both 
genes appear to be affected by storage at high temperatures, they also exhibit a notable amount of noise 
mainly due to the small sample size. Moreover, linear regression is not resistant to outliers; in our data, we 
propose that there are some (3 for MMP9 and 4 for ADGRG3) high-leverage points that are multiple orders 
of magnitude greater than the rest of the points and are not representative of the rest of the samples. This 
suggests that the two genes MMP9 and ADGRG3 potentially could be affected by shipping conditions, but 
future work with more sensitive methods could potentially capture differences in the transcriptome not 
detected here. 

1. Leek, J. T. & Storey, J. D. Capturing Heterogeneity in Gene Expression Studies by Surrogate 
Variable Analysis. PLOS Genetics 3, e161 (2007). 

 
 
Figure C5. Expression levels of MMP9 and ADGRG3 as a function of time in excess of 30°C. The slope 
for both genes correspond to an approximate 34% reduction in transcript for each 10 hours > 30°C. 
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Supplementary discussion of Figures C6 and C7 

 
Further, we fit linear regressions with “time in transit” or “time above 30°C” against RIN scores to better 
understand the effects these variables have on RNA degradation (Figures C6 and C7). All samples that 
spent below 100 hours in transit had RIN scores at or above 7. The samples that were in transit the longest 
were AZ (168 h), HI (193 h), and NE (168 h) and had mean RINs of 6.1, 6.2, and 5.5. Here, the data show 
that the time in transit alone is not representative of RIN since HI had a higher RIN score than NE even 
though it was in transit for longer. If we consider time spent over 30°C, AZ was exposed to temperatures 
above 30°C for only 38.3 hours, HI was exposed for 22.8 hours, while NE was exposed for a total of 55 
hours. When the time spent above 30°C is considered, the corresponding RIN scores seem to follow a more 
sensible pattern with longer exposures leading to lower RIN values.  
 

 
Figure C6. Effects of transit time on RNA integrity in homeRNA-stabilized blood samples. Mean RIN 
scores for each location are plotted against the times in transit for each location which are extrapolated from 
the temperature probe data visualized above. Though a trend of lower RINs with longer times in transit is 
observed, the R2 value is only 0.57, indicating that there is not a strong correlation between the two variables 
suggesting that increased time in transit minimally affects the RNA integrity of homeRNA-stabilized blood 
samples. Despite this trend, all RIN values are well within the acceptable range for 3’ mRNA sequencing.  
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Figure C7. Effects of time spent above 30°C on RNA integrity in homeRNA-stabilized blood samples. 
Mean RIN scores for each location are plotted against the number of hours a sample experienced a 
temperature of 30°C or higher. Longer times spent at or above 30°C correspond to lower mean RIN values, 
however, there is not a strong correlation between the two variables (R2= 0.60), suggesting that longer times 
spent above 30°C minimally affect the RNA integrity of homeRNA-stabilized blood samples. 
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Figure C8. 
Electropherograms of isolated 
RNA from RNAlater-
stabilized blood samples 
shipped to 14 different US 
states. Electropherograms 
were obtained as raw data 
using a RNA 6000 Nano Kit 
on an Agilent 2100 
bioanalyzer, which uses 
fluorescence to detect the 
marker (~25 nt), 18S rRNA 
fragments (~1900 nt), and 28S 
rRNA fragments (~3900 nt). 
The RIN algorithm then uses 
these peaks to assign a RIN 
value to the corresponding 
sample. Each state was 
shipped blood samples in 
triplicate (left, middle, and 
right columns are replicates 1, 
2, and 3, respectively). 
Samples from the third 
replicate (right column) were 
sequenced with 3’mRNA-seq. 
All three replicates from the 
Control and Nebraska (NE) 
samples were also sequenced 
with 3’mRNA-seq.
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D. Appendix for Chapter 5 

Reproduced in part from Lauren G. Brown, Xiaofu Wei, Laura A. Milton, M. Yunos Alizai, James W. 
MacDonald, Theo K. Bammler, Yuting Zeng, Ingrid H. Robertson, Karen N. Adams, Damien Chaussabel, 
Erwin Berthier, Amanda J. Haack#, and Ashleigh B. Theberge#, “From Home to Transcriptome: 
Comparing the transcriptomic profile of induced immune response via lipopolysaccharide stimulation in 
homeRNA and venous blood” In preparation.  
#Co-corresponding authors 
 

 

 
Figure D1. Differentially expressed genes (DEGs) in downstream MAPK and NF-kB pathways initiated 
by LPS stimulation in homeRNA-collected and -stabilized samples. A) All up- and down-regulated DEGs 
(n=26 DEGs) in the NF-kB signaling pathway (KEGG: 04064) ranked based on their absolute value of log2 
fold change. B) All up- and down-regulated DEGs (n=26 DEGs) in the mitogen-activated protein kinase 
(MAPK) pathway (KEGG: 04010) ranked based on their absolute value of log2 fold change. Up-regulated 
genes are shown in red; down-regulated genes are shown in blue. The box and whisker plot on the left 
summarizes the distribution of all DEGs in this pathway with outliers represented by circles. 
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Supplementary discussion of Figures D2, D3, and D4 

In addition to LPS stimulation, we compared the baseline gene expression profiles between 

unstimulated homeRNA-stabilized blood (capillary) and unstimulated venous blood stabilized with 

RNAlater (the same stabilization reagent used in homeRNA). We identified 1489 DEGs between 

unstimulated capillary and venous blood samples (Figure D2), with many of the up-regulated genes in the 

capillary samples being cytokines and chemokines associated with inflammatory responses (e.g., CCL2, 

CXCL2, CXCL3, and IL1A). This baseline inflammatory signature in capillary samples likely reflects 

methodological differences in blood collection. Specifically, the Tasso-SST blood collection tubes used for 

the homeRNA samples contain no anticoagulant, whereas the venous blood samples were collected in 

EDTA-coated vacutainers. Consequently, we observed visible coagulation in the Tasso-collected capillary 

samples immediately following blood collection but not in the venous samples. This coagulation process 

may have triggered a baseline inflammatory response in the capillary samples, accounting for the elevated 

expression of inflammatory mediators even without LPS stimulation. 

Importantly, in this study the collected blood samples were incubated for six hours prior to 

stabilization so that they could serve as controls for LPS, which were stimulated for six hours. However, in 

typical homeRNA-based studies, collected capillary blood samples would immediately be stabilized. 

Therefore, the increased inflammatory gene expression response observed over hours would not necessarily 

translate to typical conditions used in homeRNA studies.  

Despite these differences, genome-wide analysis revealed strong concordance between collection 

methods. The gene expression profiles between unstimulated homeRNA-stabilized samples and 

unstimulated venous RNAlater-stabilized showed a high Pearson correlation of 0.95 (Figure D2), with 15% 

of detectable genes showing differential expression (Figure D2). We also performed a similar comparison 

between stabilization methods (RNAlater and PAXgene) in the venous blood samples, which showed strong 

correlation (r=0.95) with 1% of genes demonstrating differential expression (Figure D3), demonstrating 

that stabilization has minimal impact on the transcriptomic profile of venous blood. 
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While this gene expression difference in homeRNA-stabilized samples can be partially attributed 

to differences in collection methodology, we wanted to probe further if we are observing internal variance 

or between group variance in our samples. We compared technical replicates of RNAlater-stabilized venous 

blood from the same donor and these replicates showed a Pearson correlation of 0.93 with no significant 

DEGs (Figure D4). Since the correlations are similar between the unstimulated homeRNA and Venous 

RNAlater samples (r=0.95) and the technical replicates of the Venous RNAlater samples (r=0.93), there is 

limited evidence to indicate substantial differences between the capillary (homeRNA) and venous blood 

samples within the expected error of RNA-sequencing. 

These findings demonstrate that while homeRNA-stabilized samples exhibit a baseline baseline 

inflammatory signature compared to RNAlater-stabilized venous blood, the two collection methods have 

highly correlated transcriptomic profiles. Notably, despite this baseline difference, we were still able to 

detect similar levels of LPS-induced inflammatory response in the stimulated homeRNA samples compared 

to stimulated venous blood samples (Figure 5.3), suggesting that the systematic nature of these differences 

could be accounted for through appropriate normalization strategies in future transcriptomic studies with 

homeRNA (e.g., normalizing an exposure or targeted response sample with a baseline sample). Further, 

this baseline inflammatory signature could also be reduced by incorporating an anticoagulant into the Tasso 

blood collection tube, which has already been incorporated in other Tasso devices such as the Tasso+, 

which interfaces with any commercially available BD microtainer (including EDTA-coated tubes). Lastly, 

the high correlation between the unstimulated homeRNA and venous RNAlater samples observed in this 

study (r=0.95) is consistent with other comparisons on the gene and protein expression between capillary 

blood and venous blood1-5, supporting the potential of homeRNA to be used in remote transcriptomic 

studies in place of clinic-based phlebotomy draws. 
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Figure D2. Unstimulated homeRNA blood samples exhibit some baseline inflammatory signatures absent 
in unstimulated RNAlater-stabilized venous samples while still having highly correlated gene expression 
profiles. A) Volcano plot of differentially expressed genes (DEGs) between unstimulated homeRNA-
stabilized samples and venous blood stabilized with RNAlater. All DEGs (n=1489 DEGs) are represented 
by adjusted p-value on the y-axis and log2fold change on the x-axis. Red scatter dots represent up-regulated 
genes with p ≤ 0.05 and log2fold change ≥ 1.3. Blue scatter dots represent down-regulated with p ≤ 0.05 
and log2fold change ≤ -1.3. The top 10 up-regulated and top 10 down-regulated genes are labeled. B) 
Pearson correlation plot comparing gene expression profiles between homeRNA (Tasso blood stabilized 
with RNAlater) and venous RNAlater-stabilized blood in unstimulated samples. Each point represents a 
gene, with x-axis showing log counts per million (logCPM) expression in homeRNA samples and y-axis 
showing logCPM expression in venous RNAlater-stabilized samples. C) MA-plot showing differential gene 
expression between homeRNA and venous RNAlater collection methods. The x-axis represents average 
expression (logCPM) across samples, and the y-axis shows log2fold change (homeRNA vs. Venous 
RNAlater). Red points indicate significantly up-regulated genes (4%) with p ≤ 0.05; blue points indicate 
significantly down-regulated genes (11%) with p ≤ 0.05; and black points represent non-significant genes 
(85%). 
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Figure D3. Comparison of gene expression signature in unstimulated (no LPS) venous blood stabilized 
with RNAlater and PAXgene. A) Volcano plot of differentially expressed genes (DEGs) between 
unstimulated venous RNAlater-stabilized samples and venous PAXgene-stabilized samples. All DEGs 
(n=351 DEGs) are represented by adjusted p-value on the y-axis and fold change on the x-axis. Red scatter 
dots represent up-regulated genes with p ≤ 0.05 and log2fold change ≥ 1.3. Blue scatter dots represent down 
with p ≤ 0.05 and log2fold change ≤ -1.3. The top 10 up-regulated and top 10 down-regulated genes are 
labeled. B) Pearson correlation plot comparing gene expression profiles between venous blood stimulated 
with RNAlater and PAXgene in unstimulated samples. Each point represents a gene, with x-axis showing 
log counts per million (logCPM) expression in venous RNAlater-stabilized samples and y-axis showing 
logCPM expression in venous PAXgene-stabilized samples. C) MA-plot showing differential gene 
expression between RNAlater and PAXgene stabilization methods. The x-axis represents average logCPM 
across samples, and the y-axis shows log2fold change (venous RNAlater vs. venous PAXgene). Red points 
indicate significantly upregulated genes (0.3%) with p ≤ 0.05; blue points indicate significantly 
downregulated genes (0.7%) with p ≤ 0.05; black points represent non-significant genes (99%). 
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Figure D4: Technical variability in venous RNAlater-stabilized blood samples. A) Pearson correlation plot 
comparing gene expression profiles between two unstimulated technical replicates of venous RNAlater-
stabilized samples from all three donors. Each point represents a gene, with x-axis showing log counts per 
million (logCPM) expression in replicate 1 and y-axis showing logCPM expression in replicate 2. C) MA-
plot showing differential gene expression between replicates 1 and 2 in venous RNAlater-stabilized blood 
samples from the all three donor. The x-axis represents average expression (logCPM) across samples, and 
the y-axis shows log2fold change (replicate 1 vs. replicate 2). Black points represent non-significant genes 
(100%). 
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E. Appendix for Chapter 6 
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Figure E1. Blood collection volume associated with the Tasso-SST device had little effect on resulting 
RNA Integrity (RIN) values. Participant survey responses on the total time to collect blood on the upper 
arm with the Tasso-SST device (left) and the reported blood level collected (right) from A) first collected 
sample (n=58 surveys) and C) all collected samples (n=636 surveys) from 58 participants. B) Image of 
Tasso-SST blood collection device with approximate volume levels marked. Participants were asked to 
report blood level by eye after blood collection based on this image. D) Distribution of RIN values from 
reported blood collection levels (n=455 samples from the 37 participants that had samples extracted). Seven 
samples were reported to have no blood collected, so those were excluded here. RIN values are given on a 
scale from 1 to 10, with a RIN of 1 representing the most degraded RNA and a RIN of 10 representing the 
most intact RNA. 
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Figure E2. RNA stability of extracted homeRNA-stabilized samples based on each individual participant 
and participant age. A) Distribution of RNA Integrity Number (RIN) values from each participant (n=37 
participants) from which samples were extracted. B) Distribution of RIN values according to participant 
age (n=37 participants). RIN values are given on a scale from 1 to 10, with a RIN of 1 representing the 
most degraded RNA and a RIN of 10 representing the most intact RNA. 
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Figure E3. PM2.5 data for participants that were analyzed with the Nanostring Autoimmune gene panel. 
Data from participants exposed to high (left), medium (right, top), or low (right, bottom two) levels of 
wildfire smoke, plotted against the homeRNA sampling timepoints (white vertical lines with Tasso symbols 
on top), outdoor EPA sensor (black lines with data points), indoor PurpleAir sensor (grey lines with data 
points), and AQI categories as defined in Table 6.1.  
 


