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Microscopy in biological research often relies on complementary analysis across multiple imaging 

modalities to reveal complex molecular contents and their spatial organization. Selecting the most 

appropriate method for a given experiment requires balancing and assessing the need for imaging 

speed, molecular specificity, accessibility, and resolution. In general, optical microscopy offers 

strong molecular specificity and multiplexed target detection, whereas electron microscopy 

provides superior spatial resolution. This dissertation explores two challenges in improving 

multiplexed imaging strategies across fluorescence microscopy and electron microscopy. Chapter 

1 introduces the general principles of microscopy, conventional strategies for multiplexed imaging, 

and the limitations of these approaches. Chapter 2 addresses the fundamental challenge of 

improving single-shot spectral multiplexing and presents a polymer dot (Pdot)-based strategy for 



 
 

achieving 11-color imaging through a single round of labeling, excitation, and acquisition. Chapter 

3 examines current limitations in implementing labeling strategies within cryogenic electron 

microscopy (cryo-EM) workflows and introduces a live-cell delivery approach using the mild 

detergent saponin to deliver exogenous probes prior to cryofixation while potentially retaining 

ultrastructure. Together, this dissertation discusses new approaches for supporting biological 

research through powerful and accessible multiplexed imaging strategies. 
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Chapter 1 

 

Introduction 

  

1.1 Overview of microscopy techniques 

 Ever since their invention and use dating back to the 16th and 17th centuries, microscopes 

have become an indispensable tool for revealing the natural world at small scales beyond what is 

resolvable by the naked eye. As technology has advanced, more innovations have been 

incorporated into microscope design to expand their usability in various fields, from creating chips 

for supercomputers to understanding biological processes. Particularly in clinical settings, 

microscopy is highly informative for diagnosing complex diseases, determining prognoses, and 

assessing treatment efficacy in microenvironments. In biological research, microscopy is an 

invaluable tool that allows spatial visualization of specific biological markers, validation of novel 

biochemical methods, and testing of cell viability and drug response, among others. 

 

 In this chapter, I will briefly review the history and advancements of select microscopy 

techniques tailored for specific uses, along with their advantages and disadvantages, leading to the 

current state of biological multiplexed imaging. 

 

1.1.1 Important applications in research and clinical settings 

 In clinical settings, microscopy is commonly used to help diagnose patient health by 

visualizing biological samples, including blood, bone marrow, or biopsy tissue. The availability of 
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spatial information allows the identification of important phenotypes and the localization of 

biomarkers for determining disease progression and treatment response. The use of microscopy in 

modern biological research settings is even more diverse, both in the microscopy systems used and 

the chemical techniques used to extract and reveal hard-to-see biological information. In many 

cases, more complex, and more powerful hardware, is used compared to those in clinical settings, 

including, but not limited to, super-resolution, light-sheet, hyperspectral, multiphoton, and electron 

microscopy, each of which allows versatile biological probing suited to specific experimental 

purposes [1–4]. 

 

1.1.2 Comparisons between various microscopy techniques 

 Depending on its use, the field of microscopy can be divided into several subcategories 

that describe systems with varying degrees of detection capability and resolution. Broadly, 

microscopy techniques fall under two major categories: light microscopy and electron microscopy. 

Each has its own set of advantages and disadvantages, offering flexibility for users to choose the 

modality best suited to the requirements of a given experiment. For example, when examining 

larger samples (>1 mm) with multiplexed detection, light microscopy offers high throughput, ease 

of use, and the greatest tunability to match a variety of experimental conditions [5,6]. If the goal 

is to study the nanoscale spatial organization of cells in microenvironments or protein folding, then 

electron microscopy can reveal interactions down to the molecular or even atomic level [7–10]. 

Ultimately, light and electron microscopy often complement each other by balancing resolution, 

throughput, and multiplexing to provide a holistic view of biological systems. 
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Fig. 1.1 Resolution vs. Throughput vs. Multiplexing for Microscopy Modalities. 

 

1.1.2.1 Light microscopy 

 In its simplest form, microscopy originates from the use of a light source, whether a lamp, 

a candle, or the sun, to illuminate a sample under magnifying lenses and detect the resulting 

contrast-enhanced image for visualization. With the emergence of technologies to generate light 

sources and a critical understanding of how to manipulate light using varying geometries and 

refractive indices of materials, light microscopy has evolved into a versatile platform, allowing 

various configurations of illumination shape, wavelength, and sample detection. From a large-

field-of-view, lamp-illuminated widefield microscope generally used in histology to five-laser 

multiplexed fluorescence confocal and even nanometer-scale illumination (e.g., point-scan 

confocal or STED) with single-molecule detection [11], light microscopy can support diverse 

applications in both research and clinical settings. With the introduction of confocal microscopy, 
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three-dimensional z-stack analysis can be performed on volumetric samples [12]. HILO [13] and 

light-sheet techniques [14,15] allow efficient optical sectioning from cells to whole mouse organs. 

Microscopy approaches utilizing TIRF [16], STORM [17], PALM [16], STED [18,19], and even 

expansion microscopy (ExM) [20] allow tens-of-nanometer-scale single-molecule analysis. 

Additionally, the use of bandpass filters and specialized equipment allows multiplexed, high-

content imaging for imaging-based cytometry [21], transcriptomic [22,23], and live imaging 

applications [24,25] . One emerging field of microscopy analogous to light microscopy is Raman 

and stimulated Raman spectroscopy (SRS) microscopy [26]. By probing chemical content that 

offers invaluable insight that typical light microscopy techniques cannot provide, SRS can detect 

and distinguish lipids and proteins in biological samples at micron-scale resolution [27,28] based 

on their chemical compositions.  

 

1.1.2.2 Electron Microscopy 

 In comparison to light microscopy, the limitations of electron microscopy are mainly that 

target specimens, typically limited to fixed cells or sections of tissues, requires rigorous sample 

preparation pipeline that often results in a low-throughput pipeline [1,29–31]. In addition, there 

are limited imaging modalities based on the electron beam for differentiating targets from the 

surrounding environment. In spite of these limitations, electron microscopy is the ultimate tool for 

spatially resolving very small objects beyond the diffraction limit of visible light. Electron 

microscopy is well suited to revealing details typically unresolved by the wavelengths used in 

analytical methods based on visible light, X-ray, IR, and Raman spectroscopy [31], and many 

researchers use electron microscopy to investigate the nanoscale organization of cellular 

organelles, chromosomes, viral morphology, and even protein structure [30,32]. To further 
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improve the application of electron microscopy, many efforts have been focused on increasing 

sample throughput through automation of sample preparation and processing, as well as innovative 

labeling approaches using nanoparticles or uniquely shaped tags that can be resolved and 

distinguished from the surrounding environment [32–34].  

 

 

Table 1.1 Comparisons of Microscopy Modalities. 

 

1.1.3 Importance of labeling for microscopy 

 As briefly mentioned, there are important considerations in both light and electron 

microscopy and their labeling strategies for sample preparation workflows. Without labels that can 

identify analytes of interest within a complex cellular or tissue microenvironment, it is impossible 

to distinguish analytes from the background or draw comparative quantification through parallel 

detection that is important for spatially probing the biological system. It is not only important to 

“take a picture" but also to discover “what” is there. Broadly, labels or probes typically utilized in 
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microscopy consist of chromophores, small-molecule fluorophores, fluorescent proteins, 

nanoparticle fluorophores, and metal nanoparticles [24,35–37]. Using one or a combination of 

several labels is common depending on the target structure, its accessibility, the sample type, and 

the experimental goals.  

 

 

Fig. 1.2 Labeling Strategies across Imaging Modalities. Created with BioRender.com. 

 

1.1.3.1 Absorption-based and fluorescence labeling strategies 

 Transmitted light microscopy generally appears low-contrast and lacks distinguishable 

objects from the background, and often small-molecule chromophores and silver-enhanced 

nanoparticles are employed to introduce color and contrast to images, such as hematoxylin and 

eosin (H&E), melanin, azo dyes, Sudan dyes, and DAB [3,38,39]. In order to be an effective 

chromophore, a reagent must generate contrast and usually bind to some general structure, such as 

lipids, proteins, nucleic acids, and so on; in some cases, enzyme-modified binders perform the 

deposition of chromophores that lacks innate targeted affinity.  
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 The availability of fluorescent probes that can specifically label target analytes has 

transformed the field of microscopy. While chromophores provide effective multicolor contrast 

through absorption-based staining, fluorescent probes allow more sensitive and selective 

visualization of analytes with little-to-no background. This enables clear identification of target 

microenvironments and more detailed spatial localization at the molecular level. As the field has 

evolved, new variations of dyes are constantly being synthesized to target new biomarkers and 

contribute to multiplexing efforts. 

 

Small-molecule fluorophores are the bread and butter of fluorescence microscopy and can 

be divided into affinity-binding and functionalized variants: affinity-binding probes bind innately 

to a target analyte, while functionalized fluorophores require an additional targeting group to bind 

its analytes [2,37]. Some common affinity-binding probes include nucleic acid dyes (Hoechst, 

DAPI, SYBR Green), lipid dyes (DiD/DiI, BODIPY, Rhodamine), and ion-indicative dyes 

(MitoTracker, Fluo-4, SBFI) [35,40]. Affinity-binding or ion-indicative dyes are highly useful for 

specific detection of analytes and can be easily incorporated into diverse multiplexed applications 

in cells and tissues.  

 

In contrast, functionalized fluorophores are small molecules that are synthesized primarily 

for their fluorescence properties without self-affinity for biomarkers. These fluorophores are 

normally synthesized with functional handles for bioconjugation by introducing reactive groups 

away from the main fluorescent body [40]. The use of functionalized fluorophores is limited only 

by the material to which they are conjugated, typically proteins. Often, affinity-binding dyes are 
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combined with functionalized dyes for various multiplexing applications. Immunostaining is the 

most popular use of affinity-binder probes, owing to antibodies' high specificity to target 

biomarkers. Antibody-fluorophore probes are widely available commercially and are part of an 

essential workflow for most biological research and clinical laboratories when measuring analyte 

distributions within complex biological settings. Other commonly used affinity-binder-

fluorophore probes include nanobodies, lectins, aptamers, and, more recently, computationally 

designed minibinder conjugates [41–45].  

 

 For living specimens, fluorescent proteins are instead commonly used to label and track 

analytes, typically proteins [44]. Fluorescent proteins (FPs) are often incorporated into the 

genomic region where a protein is transcribed, commonly through transfection of a vector 

containing the target protein connected to an FP by a linker, or by using gene-editing tools such as 

CRISPR to introduce the genetic code into the host genome [36,46]. FPs are powerful for tracking 

native proteins in live imaging and can target most biomarkers, thereby alleviating some of the 

limitations of immunolabeling. However, because FPs requires genetic transformations, it can be 

perturbative to biological function from overexpression and adding a large sterically hindered 

moiety, and generally are poorer in signal strength and photon efficiency than organic 

fluorophores. Overall, these variations and individual constraints in probe selection motivate the 

need for multiplexed techniques that can parallelize visualization within a single sample [47,48].  
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Fig. 1.3 Fluorescence Compatible Probe Types and their Typical Cellular Targets. Dye:Target  

→ Mitotracker:Mitochondria, Lysotracker:Lysosome, Fluo-4/SBFI:Calcium/Sodium Ions, 

Phalloidin:Actin, Hoechst/DAPI:DNA/RNA, DiD/DiI/DiO:Lipid, Fluorescent 

Protein:Endogneously Expressed Protein, Lectin:Glycoprotein, Antibody:Protein. Created with 

BioRender.com. 

 

1.1.4 Multiplexing strategies 

A central limitation of modern microscopy is detecting multiple biomarkers for correlative 

analysis. Multiplexing techniques address this limitation by allowing simultaneous analysis of 

biomarker spatial localization and enabling meaningful conclusions about their organization and 

function in biological systems [49]. From investigating chromatin organization in the nucleus to 

the cytometric distribution of cell types in tissue microenvironments, utilizing even conventional 

four to five colors reveal important biological implications through spatial localization. There are 

several key factors in multiplexing strategies to effectively separate different analytes from one 

another, notably in probe selection and labeling workflow. 
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1.1.4.1 Multicolor probe selection / Physical separation of wavelengths of light 

 The first of many considerations for multiplexed imaging is choosing the right set of 

probes. It is very common to use various combinations of the probes mentioned above to achieve 

multiplexed detection of biomarkers. Fluorescent probes contribute the most to this effort because 

their properties allow distinct excitation and emission collection of selected dyes at a  given time 

[35]. For example, each fluorescent probe has a specific wavelength range at which it is most 

effectively excited [37]. Knowing their absorbance spectra allows researchers to build workflows 

in which a few dyes are excited at a time by using specific lasers or white light filtered by excitation 

filters. Similarly, each fluorophore has a different emission spectrum, which can be carefully 

separated using emission filters. The key to building a multicolor probe set or panel that is viable 

for an experiment is determining how distinctly one can excite and collect emission from one dye 

at a time. This mainly depends on how much the absorption and emission spectra overlap and on 

the types of filters used.  
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Fig. 1.4 Conventional Dyes Across the Visible and Near-Infrared Spectrum. Absorption 

(dashed) and emission (shaded) spectra of Alexa Fluor 405 (purple), Alexa Fluor 488 (blue), Alexa 

Fluor 561 (green), Alexa Fluor 647(red), and Alexa Fluor 750 (dark red). Arbitrary emission 

filters are represented as 450/60, 520/40, 590/40, 690/40, and 800/40, describing the center 

wavelength and width of each bandpass in nanometers. 

 

 Selecting appropriate sets of fluorophores can be challenging due to several considerations. 

First, the imaging modality must be considered. In fluorescence microscopy, the usable 

fluorophores depend on what excitation sources are available and how many there are. Since 

fluorophores all exhibit unique absorption spectra, each is excited most effectively by lasers at 

specific wavelengths or by white light spanning the visible spectrum [2]. In short, the greater the 

number of excitation sources, the more fluorophores can be used simultaneously.  

 

 However, the second consideration limits how many of those fluorophores are actually 

applicable for sample labeling: spectral overlap. Typical small-molecule fluorophores have 
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absorption and emission spectra with widths between 30 and 150 nm, which means there are limits 

to the number of applicable fluorophores that can simultaneously be used without significant 

overlap of their spectra [35]. Although excitation multiplexing can help differentiate fluorophores, 

in practice the broad and overlapping absorption and emission spectra present fundamental 

constraints to multiplexing. Emission filters are often used to isolate fluorescence signals during 

detection. While emission filters are primarily required to reject excitation light, their spectral 

bandpass also defines the portion of emission to be collected. Commercial filters are typically 

within the 20–60 nm range centered at a transmittance maximum, with a finite transition region 

between excitation light rejection and transmission of signals [38]. Some custom filters can go 

below 20 nm, allowing additional fluorescent probes to fit into smaller spectral gaps [50]. In 

general, increasing the number of fluorophores makes signal separation increasingly difficult, and 

multiplexed imaging in research and clinical settings is often limited to four to five probes at a 

time in a single round of labeling. Researchers have found ways to extend this limit through 

narrower filters, fluorophores with long Stokes shifts [51], cyclic labeling techniques [49], and 

fluorescence lifetime [52].  

 

 Another way to improve spectral separation is to use an optical system that reorganizes 

light using prism or grating optics. A few limitations of filters arise from the physical constraints 

of filter bandwidth and the sequential nature of the acquisition workflow. Unless multiple detectors 

are used, the fluorescence emission rejected by the filter is typically discarded. With every 

acquisition at an individual filter, repeated for each fluorophore used, fluorophores are 

photobleached, at a rate determined by their structures, excitation light intensity and wavelength, 

and chemical environment [53]. This can change fluorescence properties or simply diminish the 
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signal-to-noise ratio. In addition, a bandpass filter captures only a limited portion of each spectrum, 

losing usable signal. In contrast, prism or grating optics disperse the emission spectrum onto the 

detector, essentially reorganizing combined wavelengths of light into a spatial dimension and 

thereby allowing true simultaneous detection of all excitable fluorophores in one sample [53,54]. 

Using this process in spectral imaging, the full emission spectrum is collected, maximizing the 

photon budget and preventing repeated excitation of the same fluorophore that leads to premature 

photobleaching.  

 

 Broadly, one limitation that stands out in the discussion above is the sequential nature of 

conventional multiplexed imaging techniques. In typical fluorescence microscopy, a series of 

signals are detected through stepwise acquisition using different excitation sources and emission 

filters, requiring repeated imaging of a single sample to extract spatial information across channels. 

During this process, the sample is subjected to photobleaching and signal inconsistencies. This 

raises the question whether we could utilize more than four or five fluorophores simultaneously 

with a single imaging modality, thereby significantly reducing the time needed for sequential 

acquisition. In the next section (1.2), I will go into more detail about the motivation and 

background for developing highly multiplexed spectral line-scan microscopy at a single excitation 

wavelength using polymer dots (Pdots). [ 
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Fig. 1.5 Sequential (Filter-based) vs. Spectral (Simultaneous) Acquisition. Sequential imaging 

requires mechanical switching through cycling of filter wheels, presenting several limitations in 

photon efficiency and acquisition time. Spectral imaging simultaneously collects dispersed 

emission across spectral bins, retaining most photons in single acquisition.  

 

1.1.4.2 Labeling workflow 

 There are a few rules of thumb when it comes to both cell and tissue labeling, whether for 

immunostaining, small-molecule affinity binders, or direct fluorophore conjugation to a sample. 

Preparing a sample for labeling usually involves three main steps—fixation, permeabilization, and 

blocking [38]—typically in that order, to preserve the specimen, allow transport of labeling 

reagents, and prevent nonspecific binding that contributes to background noise. Beyond those 

processes, the details of the workflow depend on the type of labeling being performed. Here, I will 

describe common labeling techniques and how they can be effectively combined to generate the 

most appropriate multicolor samples.  
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 Immunostaining or immunolabeling, as described before, is one of the most common 

methods for multiplexed imaging. At the most basic level, fluorophores conjugated to biomarker-

targeting primary antibodies allow visualization as direct immunofluorescence or, when 

conjugated to secondary antibodies targeting primary, as an indirect immunofluorescence [41,55]. 

In terms of precision, direct immunolabeling methods minimize the distance between target and 

signal; however, indirect immunolabeling offers signal amplification at a lower overall cost and 

ease of preparation [56]. For conventional microscopy, indirect immunolabeling is typically 

capable of achieving two to three imaging channels. However, if one wishes to go beyond typical 

two to three-color imaging, it becomes increasingly challenging to find combinations of primary 

and secondary antibodies that avoid unwanted cross-reactivity. Direct immunolabeling has no such 

limitation on using antibodies from the same host simultaneously, since fluorescence is measured 

directly from the primary antibodies, but the conjugation process is usually labor-intensive and 

expensive to produce at scale [56].  

 

To address this issue, a range of strategies have been employed that use antibody removal 

or fluorophore inactivation in cyclic workflows, allowing sequential rounds of biomarker labeling 

and visualization of ~3 markers at a time to build up to 10-100 total channels [57]. Instead of 

antibody conjugates, oligonucleotide-conjugated antibodies are also commonly explored for cyclic 

immunolabeling, combining oligonucleotide hybridization with immunostaining, where 

fluorophores are instead conjugated to the 5′ end of oligonucleotides [58,59]. Using these cyclic 

immunostaining techniques, researchers can achieve greater than 65-color images [60], limited 

mainly by sample retention, processing time, and the number of available markers.  
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1.1.4.3 Finding the balance between highly multiplexed images and fast turnaround time 

 By implementing combinations of these multiplexed techniques, researchers can ideally 

achieve more than enough colors for meaningful biological interpretation in both clinical and 

research settings for both diagnosis and hypothesis testing [61]. Highly multiplexed imaging 

beyond the typical number of channels in a single round of labeling can inform the important tumor 

microenvironments and the response to immunotherapy [62] and describe structural organization 

at single-cell resolution of vital organs to categorize and describe local and global relationships 

that define their function [63,64].  

 

With combinatorial tactics in which barcodes are introduced, the number of unique signals can, in 

principle, be extended to extremely high levels [65–67]. For example, approaches using 

fluorescent proteins or DNA-based barcodes enable robust identification of cell-level information 

for live imaging and transcriptomics, while emerging techniques such as laser particles suggest the 

possibility of identifying 105-106 unique optical signatures. However, despite these advancements, 

there still remains a practical balance between the number of multiplexed targets and the time 

required for analysis. Often, it is more important to process a sample quickly for rapid diagnosis 

than to spend days to weeks generating highly multiplexed images [61,68,69]. So how do we 

achieve optimal multiplexed imaging within a short time while still drawing meaningful 

conclusions? The answer will clearly vary depending on the type of sample, the goal of the study, 

and our understanding of the relationships between biomarkers and biological implications.  
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Table 1.2 Comparisons between Multiplexed Strategies. 

 

1.2 Highly multiplexed spectral line-scan microscopy at single-excitation wavelength 

 

1.2.1 Limitations of widely conventional sequential labeling and imaging technique 

 Multiplexed techniques center around the idea of maximizing the number of usable 

fluorescence signals while minimizing crosstalk and sample degradation related to warping, 

cell/antigen loss, and bleaching [69]. For this reason, the process of multiplexed imaging is 

inherently sequential, from sample preparation, such as cyclic immunostaining, to signal 

separation, such as filter-based imaging. Specifically, the three main motivations for improving 

multiplexed techniques with spectral imaging are reducing time to label, reducing time to image, 

and improving the quality of the resulting signal.  

 

 Cyclic labeling methods to achieve beyond five-color imaging require additional time spent 

deactivating or quenching existing fluorophores or removing antibodies and relabeling with new 
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colored probes. During this time, it is common to observe feature distortion, biomarker depletion, 

and structural perturbation following cyclic labeling [69]. In addition, depending on sample size 

and thickness, the required number of reagents and diffusion time can vary greatly, with uneven 

binding characteristics from the surface to the interior of the sample. 

 

 Time to image is largely dependent on the microscope and software available on a given 

system, but conceptually the acquisition is also performed sequentially, with mechanical switching 

between lasers, dichroic mirrors, and filter options. As expected, each fluorescent probe requires 

a unique combination of these optical controls, which adds time to the acquisition program [1]. In 

addition, if imaging at multiple positions is required, then stage movement time is increased 

accordingly. These mechanical constraints can sometimes be addressed through efficient filter 

sequencing to find a system-dependent optimal pattern; however, sequential imaging affects not 

only acquisition time but also the images themselves. At each imaging step, filter-rejected 

emissions are effectively discarded, leading to inefficient utilization of the photon budget. 

 

 

Fig. 1.7 Bottlenecks for Conventional Sequential Workflow. 
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 Both times to label and image are important factors when designing a multiplexed imaging 

pipeline. There are multiple strategies aimed at resolving fluorophore emission overlap and 

mechanical switching. Here, I will discuss two specific techniques that I use in combination to 

improve multiplexed imaging by enabling simultaneous fluorophore detection, eliminating 

mechanical switching, and reducing photobleaching.  

 

1.2.2 Leveraging emergence of polymer dots 

 Polymer dots, or Pdots, are semiconducting nanoparticles composed of semiconducting 

polymers sequestered into a compact “ball” with sizes typically ranging from 5 to 20 nm [70]. The 

unique composition of Pdots allows them to be bright, owing to their large absorption cross-

section, and have long Stokes shifts that can be spectrally tuned from 20 to 400 nm from the 

absorption maximum. Some small molecule fluorophores are available with a long Stokes shift, 

but these tend to have a very large emission spectral width that hinders efforts at multiplexing [71–

73]. Tandem dyes are also sometimes used as probes for creating a large Stokes shift without a 

significantly broadened fluorescence bandwidth, such as Astral Leap, NovaFluor, or ATTO LS 

dyes [74,75]. These dyes are great strategies for retaining high quantum yield and generating dyes 

with spectrally tunable Stokes shifts; however, they usually display broad absorption spectra, 

which is disadvantageous for excitation multiplexing, and often suffer inconsistencies between lots 

from variability in conjugation. Quantum dots, or Qdots, are also considered as options for 

multiplexed probe panels because of their narrow emissions and large Stokes shifts [76]; however, 

due to their inorganic composition, their absorption spectra tend to broadly span the UV-to-visible 

region, making excitation multiplexing extremely difficult because of cross-excitation, along with 

lower-than-typical absorption efficiency at a single wavelength. In contrast to both tandem dyes 
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and Qdots, Pdots are usually brighter and can be designed to be simultaneously excited at a single 

wavelength by incorporating absorber molecules tuned for specific excitation wavelengths. By 

leveraging this probe design, multiple Pdot series that simultaneously excite differently emitting 

molecules at various wavelengths can be synthesized. For example, in the 405 nm excitation series 

used in this work, there are eleven possible Pdots with unique, narrow emission profiles across the 

visible and near-infrared spectrum (400-800 nm).  

 

 

Fig. 1.8 Fluorescence Excitation (dashed) and Emission (shaded) Spectra for  AF561, Qdot 565, 

and Pdot 570. All probes have a similar emission bandwidth (25-45nm).  

1.3 Live-cell labeling for cryogenic electron microscopy 

 

1.3.1 Limitations of heavy-metal labeling technique  

As the name suggests, electron microscopy utilizes electrons to visualize the absorbance, 

scattering, and transmittance of materials within biological samples. Conventionally, electron 
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microscopy utilizes heavy-metal labels such as uranyl acetate, osmium tetroxide, lead citrate, and 

potassium permanganate for transmission electron microscopy (TEM) to enhance sample contrast 

by creating electron-dense areas for additional scattering or absorption during imaging [31]. 

Similar to immunofluorescence in fluorescence microscopy, immunogold techniques using 

colloidal gold or nanogold [77] are commonly employed to perform targeted labeling in biological 

samples, where contrast is specified at localized regions or analytes of interest.  

 

Normally, intracellular labeling methods for electron microscopy are only compatible with 

chemically fixed and embedded samples due to the necessary cell membrane permeabilization 

step. However, perturbations induced by chemical fixation and detergent permeabilization often 

disrupt the native nanoenvironment, destroying structural integrity and distorting morphology [78–

80]. Cryogenic electron microscopy (Cryo-EM) is superior to chemical fixation and embedding 

methods because it can retain native structures by flash-freezing samples below the melting point 

of ethane and capturing structural states in vitreous ice [81]. However, because of this workflow, 

it is difficult to perform deep, penetrative labeling after cryofixation without significant effort, as 

with cryo-freeze substitution, for intracellular applications [82,83]. As such, multiplexed imaging 

for Cryo-EM with heavy-metal labeling has remained largely limited to surface-level targets. 

 

1.3.2 Motivation for live-cell delivery of exogenous probes 

 Labeling cryofixed samples through approaches like cryo-freeze substitution that involve 

technically demanding workflows that involve long processing times, low throughput, and the 

potential risk of structural alterations. One alternative way to introduce exogenous probes while 

alleviating these limitations is live-cell delivery. Live-cell delivery strategies have long been 
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investigated for endogenous expression and engineering of proteins and DNA, drug delivery, as 

well as labeling [84–88], but generally they require specialized instrumentation incompatible with 

EM workflows using cultured cells on EM grids, or they have extremely low throughput. 

Therefore, to realize live-cell delivery for EM applications, another strategy must be devised that 

allows direct delivery to cells on EM grids while enabling rapid recovery prior to cryofixation to 

retain native structures.  

 

 To this end, I devised a method, along with UW Bioengineering and Biochemistry groups 

(Gao, Baker, Kollman, King), to introduce exogenous labels to live cells prior to the Cryo-EM 

workflow. By utilizing a mild chemical detergent called saponin, I can transiently permeabilize 

the cell membrane to introduce fluorophore-nanogold dual-labeled antibody probes, then recover 

the membrane prior to cryofixation. The entire permeabilization, labeling, and fixation pipeline 

occurs within 30 minutes, labeling intracellular targets while retaining live-cell morphology. I will 

discuss this in more detail in Section 3 of this dissertation. 

 

1.4 Summary 

 Multiplexed imaging is currently at the forefront of biological research and clinical 

applications for understanding complex tissue and cellular environments and aiding diagnosis in 

medical science. By investigating and streamlining emerging techniques discussed here, such as 

11-channel spectral imaging and live-cell delivery of exogenous labels for Cryo-EM, we can 

advance the use of existing instruments toward the next generation of multiplexed applications. 

There are many considerations involved in these techniques, including imaging systems, optics, 
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fluorescent probe selection, and image analysis, which I will discuss in detail in the following 

chapters.  
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Chapter 2 

 

11-Channel Fluorescence Microscopy Imaging with a Single Excitation Wavelength Using 

Polymer Dots with Spectral Line-scan Microscopy 

 

 

Work represented in this chapter was contributed by Hwanhee C. Kim, Wenhui Xie, Eunjin Jo, 

Valentino Browning, and Jiangbo Yu. HCK led the project in experimental design, system setup, 

software development, sample preparation, image acquisition, and image processing. WX co-

developed the custom hardware-control script for the SLiM setup. EJ prepared samples and 

acquired images on SLiM for the 11-channel dataset. VB performed benchmarking analyses to 

evaluate spectral unmixing algorithms. JY performed Pdot conjugation to antibodies used in the 

11-channel panel. Daniel T. Chiu coordinated the sourcing of Pdots used in this work, and Joshua 

C. Vaughan supervised the work. 

 

2.1 Abstract 

 Conventional fluorescence microscopy is a powerful tool in biological research and clinical 

diagnostics for identifying multiple biomarkers within cells and tissues. However, multiplexed 

imaging is routinely performed with only three or four colors due to broad emission widths and 

small Stokes shifts, which leads to spectral overlaps and complicate signal separation. Increasing 

number of detectable targets often requires iterative labeling, sequential imaging, and specialized 

microscope or fluidics. Here, we demonstrate a single-excitation hyperspectral imaging system 
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using polymer dots (Pdots) that resolve up to eleven biomarkers concurrently from a single 405 

nm illumination. By integrating line-scan spectral imaging with custom hardware synchronization, 

we simultaneously capture the full emission spectrum and perform pixel-level spectral unmixing 

in tissue. This approach provides a practical and scalable hyperspectral imaging framework that 

can be readily adapted to other fluorescence microscopy platforms, enabling high-throughput, 

high-content multicolor imaging of complex biological system.  

 

2.2 Introduction 

In current biomedical research, fluorescence microscopy has become an indispensable tool 

owing to its capacity to provide spatially resolved detection of biomarkers in a complex biological 

environment with great sensitivity and specificity [1]. Techniques such as FLARE [2] and Pan-

ExM [3] provide global structure context through direct covalent labeling abundant biomolecules 

(e.g., carbohydrates, proteins, DNA), whereas fluorophore-conjugated antibodies enable targeted 

detection and quantification of specific proteins [4]. Routinely, these multiplexed fluorescence 

microscopy techniques achieve three or four channels due to the broad (30-60 nm) emission 

spectra of organic fluorophores and small Stokes shifts (20-30 nm), which results in substantial 

spectral overlap [1]. To overcome this number of channels limitation, multiplexing strategies based 

on sequential labeling and imaging have been developed [5–7]. These approaches rely on iterative 

cycles of multistep labeling, imaging, and antibody/fluorophore removal (e.g., antibody stripping, 

fluorophore inactivation), enabling highly multiplexed imaging (>60-plex) from a single 

biological specimen. However, these workflows are time-intensive, and often require fluidic 

control and specialized instruments, restricting their scalability and routine use in tissues imaging 

applications [8,9]. In addition, repeated excitation increases unwanted photobleaching, while 
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subsequent acquisitions introduce challenges with image registration and signal consistency [10]. 

Hyperspectral microscopy provides an alternative approach by capturing the full emission 

spectrum at each pixel by dispersing the emission spectrum with a prism or diffraction grating. 

Through spectral binning and computational unmixing, hyperspectral techniques have achieved 

multiplexing ranging from 6-8 channels to > 100-plex combinatorial implementations [9,11,12].  

 

 A similar shift has transformed the field of fluorescence-based flow cytometry, where 

spectral analysis expanded multiplexing by collecting fluorescence across an array of detector 

channels rather than assigning each marker to individual bandpass filter channel. In this setup, 

fluorophores with partially overlapping emission spectra can be densely packed within the 

available spectral space and computationally resolved through spectral unmixing. However, the 

number of simultaneously detectable channels and the effectiveness of spectral unmixing still 

depends largely on the spectral properties of fluorophores themselves. While specialized 

fluorophores, such as long-Stokes-shifts dyes (60-200 nm) and tandem dyes, can expand the 

accessible spectral space, they often suffer reduced brightness, increased spectral broadening, and 

variability in performance [13–15]. Quantum dots offer narrow emission spectra and larger Stokes 

shifts [10,16], making them attractive for multiplexed detection. However, the broad absorption 

profile spanning the UV to visible range complicates selective excitation. More recently, polymer 

dots (Pdots) have emerged as a promising probe for multiplexed imaging [17–19]. By engineering 

their absorption and emission properties, these bright fluorescent semiconducting polymer 

nanoparticles offer tunable Stokes shifts and high brightness, enabling excitation-multiplexed 

imaging up to ~21 channels in sequential imaging workflows [18,20].  
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 Here, we present a highly multiplexed approach that adapts the spectral unmixing concept 

commonly used in flow cytometry to fluorescence microscopy. By combining a spectrally dense 

panel of 405 nm excitable Pdots with hyperspectral line-scan detection, this strategy packs Pdot 

emission profiles across visible and near-infrared spectrum and resolve them computationally 

using pixel-level spectral unmixing. Rather than relying on discrete filter channels, this system 

acquires spectrally resolved images across large tissue with synchronized hardware control (Fig. 

2.1). Using a single round of labeling and imaging, we resolve 11 distinct biomarkers in kidney 

tissue (50 µm) with minimal signal crosstalk, demonstrating a practical method towards high-

throughput multiplexed tissue imaging. 

 

 

Fig. 2.1 System Overview and Imaging Processing Workflow. (a) Schematic of the line-scan 

hyperspectral imaging system. A 405 nm laser beam is shaped into a line focus at the sample plane 

through introduction of a cylindrical lens in the beam path.  Sample fluorescence from the 

illuminated line is collected through the emission path, passed through a long pass filter and an 
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adjustable slit, dispersed by a prism, and imaged onto the detector. Laser modulation, stage 

movement, and camera triggering are synchronized through custom control software. (b) Image-

processing workflow after spectral acquisition. Each acquired frame contains one spatial 

dimension and one spectral dimension. Spectral unmixing is performed using the measured 

calibration matrix, followed by image reconstruction to generate registered multicolor images.  

2.3 Methods 

2.3.1 System design 

In our line-scan hyperspectral system, a collimated 405 nm laser is focused to a line 

illumination at the sample plane by introducing a cylindrical Lens into the excitation path 

(Thorlabs; LJ1653RM-A; f = 200.0 mm, Ø1", N-BK7 mounted, ARC 350–700). Fluorescence 

emitted from the specimen was recorded such that one camera axis corresponded to the spatial 

position along the illuminated line and the perpendicular camera axis corresponded to the dispersed 

spectral dimension (Fig. 2.1b). Emitted fluorescence is passed through an adjustable mechanical 

slit (Thorlabs; VA100) set at approximately 280 µm at the intermediate image plane to avoid 

clipping the in-focus signal while providing partial rejection of out-of-focus fluorescence before 

spectral dispersion. We spectrally dispersed the fluorescence emission using a wedge prism 

(Thorlabs; PS812-A; 6° beam deviation, AR coating: 350–700 nm) located at the Fourier plane of 

a two-lens telescope constructed from a pair of anti-reflection-coated doublet lenses (400–700 nm, 

f = 100 mm; Thorlabs; AC254-100-A-ML). Images were recorded on a scientific camera 

(Hamamatsu; C13440-20CU).  
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Custom software was written in Python to coordinate operation of  the 405nm laser, 

camera, and stage). The software utilized a multifunctional data acquisition card (National 

Instruments; PCI-6229) to initiate laser excitation through direct analog voltage control, to drive 

continuous motion of the sample stage (ASI; PZ-2500), and to generate camera trigger waveforms 

at appropriate intervals. This synchronization produced evenly spaced line acquisition across the 

sample during continuous stage scanning.  

 

2.3.2 Detection parameter and calibration 

 Camera frames were acquired at approximately 40 Hz using the full 2048 × 2048-pixel 

detector area of the camera. Post-acquisition, images were cropped to a 1000 × 57-pixel region, 

where 1000-pixel axis corresponded to the spatial dimension and the 57-pixel axis corresponded 

to the dispersed spectral dimension (Fig. 2.1b). In this configuration, the 57-pixel spectral axis 

covered an emission range of approximately 440-800 nm, corresponding to an average dispersion 

of 6.7 nm/pixel. For tissue imaging, each scan covered a 4000 µm range in the scan direction. 

Large tissue regions were acquired by tiling adjacent scans with a 700 µm range. With a 4× Nikon 

CFI60 Plan Apochromat Lambda D (Nikon; MRD70040), the line spacing was set to 1.62 µm.  

 

 Calibration spectra were measured from a ~2 µL of a diluted solution of Pdot-antibody 

conjugates in a flow channel. The flow channel was constructed by sandwiching two pieces of 

double-sided tape (~100 µm thickness) between a #1.5 cover glass and a microscope slide to create 

a narrow channel into which the Pdot solution was pipetted. 
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2.3.3 Spectral unmixing 

 Pixel-by-pixel spectral unmixing was required to separate the emissions from densely 

overlapping Pdot spectra. To select an appropriate unmixing approach, we benchmarked several 

spectral unmixing algorithms using synthetic image generated from calibration spectra and known 

ground-truth abundance with added Poisson noise (Fig. 2.2a). The tested methods include non-

negative least-squares (NNLS), phasor-based unmixing [21], Nonnegative Matrix Factorization 

(NMF) [22], Nonnegative Matrix Factorization-Kullback-Leibler Divergence (NMF-KL) [23], 

and PICASSO (Process of ultra-multiplexed Imaging of biomoleCules viA the unmixing of the 

Signals of Spectrally Overlapping fluorophores) [24], and Richardson-Lucy spectral unmixing 

algorithm (RLSU) [25]. Among these algorithms, RLSU showed strong quantitative performance 

in synthetic comparisons, producing correlative unmixed images to ground-truth image. The mean 

root-mean square error (RMSE) value was calculated across all channels, and per-channel RMSE 

was used to assess wavelength-dependent differences in unmixing performance (Fig. 2.2b). To 

further evaluate unmixing specificity, the spectral crosstalk was quantified by applying unmixing 

workflow to individual calibration spectra to measure the fraction of recovered signals assigned to 

non-corresponding Pdot channels. 

 

RLSU had previously been adapted from iterative Richardson-Lucy deconvolution for uses 

in spectral unmixing. In this implementation, the measured spectrum at each pixel was treated as 

a combination of non-negative abundance of each reference spectra from the calibration panel. 

Starting from an initial estimate, RLSU iteratively updates the channel weights (i.e., abundance) 

using a multiplicative correction term based on the ratio between the measured spectrum and 
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predicted spectrum. Iterations were continued until the relative change between channel weights 

reached a stopping point (e.g., 1E-6) or the maximum iteration number.  
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Fig. 2.2 Comparisons of spectral unmixing algorithm performance. (a) Representative synthetic 

11-channel images showing the ground-truth input with added Poisson noise and unmixed outputs 

for NNLS, RLSU, phasor-based, PICASSO, NMF, and NMF-KL unmixing. Each column 

represents one Pdot channel, and residual signal in non-corresponding channels reflect channel 

leakage. (b) Quantitative comparison of unmixing performance. The top plot summarizes the 

average RMSE for RLSU, NNLS, PICASSO, phasor analysis, NMF, and NMF-KL, where lower 

RMSE indicate closer correspondence in abundance to ground-truth. Lower matrices represents 

single-channel crosstalk analysis comparing unmixed outputs against calibration spectra as 

individual inputs. Each matrix reports the fraction of predicted signals assigned to each unmixed 

channel after unmixing one Pdot spectrum at a time. Strong diagonal signal indicates correct 

channel predictions, while off-diagonal signal indicates spectral crosstalk between channels. 

RLSU = Richardson-Lucy spectral unmixing; NNLS = Non-negative least-square; PICASSO = 

Process of ultra-multiplexed Imaging of biomoleCules viA the unmixing of the Signals of Spectrally 

Overlapping fluorophores; NMF = Nonnegative Matrix Factorization; NMF-KL = Nonnegative 

Matrix Factorization-Kullback-Leibler Divergence 

  

2.3.4 Sample preparation 

Primary antibody and lectin probes were conjugated to Pdots as previously reported  using 

1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDC) coupling [18]. The probe panel included 

rabbit anti-LRP2 (Invitrogen; PA5-92032), goat anti-podxl (R&D Systems; AF1556), rabbit anti-

parvalbumin (Novus Biologicals; NB120-11427), rabbit anti-collagen IV (Abcam; ab6586), goat 

anti-podoplanin (R&D Systems; AF3244), mouse IgG2a anti-α-SMA (Millipore Sigma; A5228-
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200UL), rat anti-mouse CD31 StarBright Violet 760 (Bio-Rad Laboratories; MCA2388SBV760), 

wheat germ agglutinin (Vector Labs; L-1020-25), and LEL (Vector Labs; L-1170-2).  

 

6-month-old mouse kidney was perfused with 4% paraformaldehyde, harvested, and 

sectioned at 50 µm thickness using a vibratome. Tissue sections were stored in 1× phosphate-

buffered saline (PBS) with azide until immunostaining. Individual sections were transferred to µ-

Slide 8-well chambers (Ibidi; 80826) and incubated in blocking/permeabilization buffer containing 

4% bovine serum albumin (BSA) and 0.01% Triton X-100 for 1 hour at room temperature. 

Antibody and lectin probes were diluted in blocking buffer at final concentrations of 0.25–50 

µg/mL and incubated with tissue sections overnight at 4 °C.  After three 10-minute washes with 

blocking buffer at room temperature, samples were stained with phalloidin CruzFluor™ 405 

conjugate (Santa Cruz Biotechnology; sc-363790) at 1× working concentration for 10 minutes at 

room temperature. Samples were then washed three times with PBS-azide for 10 minutes at room 

temperature, mounted onto microscope slides (Fisher Scientific; 12-550D), and covered with 

rectangular cover glasses (Fisher Scientific; 12-541-033) before imaging.  

 

2.4 Results 

 We first identified a fluorophore panel excitable with 405nm light but with emission peaks 

separated by at least 15 nm under 405 nm excitation. The panel included compatible Pdot probes 

and one small-molecule dye, with emission spectra either measured in-house using a fluorescence 

spectrophotometer (Edinburgh Instruments; FS5 Spectrofluorometer) or obtained from 

manufacturer-provided datasheets (Fig. 2.3a). We then measured each fluorophore individually 

using the line-scan hyperspectral system to generate system-specific emission profiles for the 11-
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channel panel. These measurements confirmed that each fluorophore produced sufficient signal 

and spectral separation for computational unmixing. Because the prism dispersion is non-linear, 

the effective wavelength spacing varied across the detector. In addition, it is likely that the 

wavelength-dependent transmission efficiency of the microscope emission path and detection 

efficiency of the camera impart some distortions of the spectral shape. All things considered, in 

the red and far-red regions, emissions centered at 710, 760, and 790 nm were separated by 

approximately 2–3 pixels, corresponding to ~13–20 nm in wavelength separation. This separation 

is comparable to the practical spectral resolution reported for many fluorescence hyperspectral 

imaging systems [25,26].  

 

 

Fig. 2.3 11-channel dye panel characterization and four-channel tissue unmixing. (a) The top 

plot shows reference spectra from manufacturer-provided data for commercially available probes 
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and fluorometer measurements for Pdot probes. Bottom plot shows the corresponding spectral 

measured through hyperspectral microscope. The bottom x-axis shows the spectral distribution in 

the pixel axis, and the top x-axis shows the wavelength calibration estimated from measured peak 

positions. (b) Four-channel validation of tissue imaging and spectral unmixing in mouse kidney. 

The panel shows individual unmixed channel and the merged image for phalloidin: CruzFluor 

405, Podxl: 510em, LEL: 670em, and SMA: 790em. 

 

In an initial test of our system, we sought to resolve a four-channel imaging panel with 405 

nm excitation. We stained mouse kidney tissue with four probes whose emission maxima centered 

at 440, 510, 610, and 670 nm. These wavelengths were selected to approximate the fluorescence 

emission of small-molecule fluorophores commonly used with standard 405, 488, 561, and 647 

nm excitation on commercial epifluorescence or confocal microscopes. After RLSU unmixing, the 

four-channel data showed spatially distinct physiological features corresponding with four probes 

with minimal overlap between channels (Fig. 2.3b). Phalloidin labeled actin-rich structures, LEL 

labeled N-acetylglucosamine (GlcNAc) oligomers, podocalyxin (podxl) labeled podocytes, and 

SMA labeled vascular smooth muscle cells in kidney tissue. This experiment served as an initial 

validation to demonstrate the feasibility of multiplexing with Pdots using hyperspectral system, 

before extending the application to full 11-channels.  

 

 To further evaluate the unmixing specificity of RLSU, we stained mouse kidney tissue 

with a 4-fluorophore subset selected from the full 11-channel panel and then unmixed using the 

full 11-channel calibration matrix (Fig. 2.4). The signals were predominantly assigned to the four 

expected fluorophore channels, with low levels of signal evident mainly in the spectrally adjacent 
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absent channels. The individual unmixed images showed staining patterns consistent with the 

expected biomarker distribution, supporting the specificity of RLSU when samples contain only a 

subset of the full calibration panel.   

 

 

Fig. 2.4 Subset labeling and unmixing. Mouse kidney tissue was stained with a 4-fluorophore 

subset panel comprising phalloidin (CF405), podxl (510em), LEL (670em), 𝛼-SMA (790em). 

These probes were selected to span a broad portion of the spectral range and to label spatially 

distinct tissue features. The sample was unmixed using the full 11-channel calibration matrix. 

Panels labeled “True” indicate the expected fluorophores present in the sample, while the 

remaining panels correspond to absent channels. Signals were recovered primarily in the expected 

channels with minimal crosstalk into absent channels.  

 

To demonstrate the central capability of our system for single-excitation multiplexed 

imaging, we stained mouse kidney tissue with an 11-channel probe panel and imaged using a single 

405 nm excitation source (Fig. 2.5). After RLSU unmixing, individual channels showed distinct 



53 
 

staining patterns consistent with the expected distribution for each probe, and the merged image 

preserved clear channel-specific features. Using programmable scanning and tiling parameters, we 

further acquired a larger composite image spanning the entire tissue section beyond a single field 

of view (Fig. 2.6).  

 

Fig. 2.5 11-channel mouse kidney tissue imaging and spectral unmixing. Multiplexed imaging 

of 50 µm-thick mouse kidney tissue using 11-channel probe panel and single 405 nm excitation. 

Each grayscale image shows individual unmixed channel after RLSU spectral unmixing. Labels 

indicate the targeted structure or biomarker and the corresponding fluorophore channel: 

phalloidin (CF405), LRP2 = megalin/low density lipoprotein-related protein 2 (480em), podxl = 

podocalyxin (510em), PV = parvalbumin (540em), WGA = wheat germ agglutinin (570em), 

Collagen IV (610em), CD45 (SB645), LEL = lycopersicon esculentum lectin (670em), PDPN = 

podoplanin (710em), CD31 (SBV760), SMA = alpha-smooth muscle actin (790em), .  
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Fig. 2.6 Large area 11-channel multiplexed imaging of mouse kidney tissue. Mouse kidney tissue 

was labeled with 11-probe panel and was imaged using hyperspectral line-scan tiling, and 

reconstructed after image stitching and spectral unmixing. The full-tissue image display 

representative 7-color merge showing phalloidin, Podxl, PV, WGA, collagen IV, LEL, and 𝛼-SMA 
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to visualize the tissue environment across larger area extending beyond a single field of view. The 

yellow dashed line indicate the ROI expanded below. Zoomed ROI panels show grouped merged 

and individual unmixed images of 11-biomarker panel, demonstrating the capability to recover 

biomarker-specific tissue structures from the large-region dataset. Scale bar for zoomed ROI, 100 

µm. 

 

Eleven-channel multiplexed imaging of a mouse kidney tissue section acquired by tiling and 

reconstructed after image stitching. The merged image represent seven of eleven channels, 

showing phalloidin, Podxl, PV, WGA, collagen IV, LEL, and 𝛼-SMA channels across a tissue 

region extending a single field of view. 

 

2.5 Conclusions and discussion 

 In this work, we demonstrated that a line-scan hyperspectral imaging system can 

concurrently detect and separate eleven spectrally distinct biomarkers using a single 405 nm 

excitation source. By integrating line-scan spectral detection with synchronized hardware control, 

the system enables automated acquisition across large tissue regions. Using an adapted RLSU 

algorithm, we unmixed fluorophores with closely spaced emission maxima and recovered distinct 

biomarker staining patterns with minimal crosstalk. We also verified the system’s compatibility 

with a commercial small-molecule probe, supporting broader applicability beyond Pdot-based 

labeling.  

 

A major future direction is extending this method to slit-confocal volumetric multiplexed 

imaging. Because the system already includes an adjustable detection slit, the optical design can 
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be adapted towards slit-confocal sectioning by optimizing the line illumination width, slit aperture, 

and axial scanning. This would allow Pdot signals to be acquired across tissue depth while reducing 

out-of-focus background, which is critical for imaging 3D tissue environments. A second direction 

is to add excitation multiplexing using 488, 561, and 647 nm wavelengths. Implementing 

additional excitation imaging rounds could enable integration of other excitation-multiplexed 

polymer dot series [20,27] and compatible small-molecule dyes, potentially increasing the number 

of detectable biomarkers in a single round of labeling and imaging to more than 30 channels. 

 

Although RLSU showed strong unmixing performance in analysis of our synthetic data, 

different algorithms exhibited varying performance across individual channels. This suggests that 

future implementations of spectral unmixing algorithms could benefit from more flexible strategies 

that consider both accuracy and computational speed. For example, faster methods such as NNLS 

and phasor-based unmixing could provide initial estimates and images for review and quality 

control, while more rigorous methods such as RLSU could be prioritized for unmixing 

fluorophores with greater spectral overlap. An ensemble approach, where algorithm selection or 

weighting is informed by per-channel RMSE, may improve channel-specific unmixing 

performance without uniformly applying the most computationally intensive algorithms across all 

channels. 

 

Beyond image reconstruction, this multiplexed hyperspectral imaging approach may be 

useful for spatial cytometry in tissue, where cell-surface biomarkers, including cluster of 

differentiation (CD) proteins, could be profiled while preserving their spatial organization within 

the tissue microenvironment. Similar capabilities have been demonstrated in other imaging 
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cytometry techniques, such as CODEX and mass cytometry [6,28]. For broader use in tissue 

cytometry, however, autofluorescence remains an additional challenge due to high levels of 

endogenous tissue fluorescence that can obscure or distort fluorophore spectra during unmixing. 

Future work could incorporate autofluorescence reference spectra empirically or by combining 

spectral signatures from known tissue components, such as NADH/NADPH and lipids [29]. 

Separating this background component could improve spectral unmixing while also retaining 

autofluorescence-derived structural context. 
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Chapter 3 

 

Live-cell Delivery of Nanogold-conjugated Exogenous Probes for Cryo-EM Labeling and 

Detection 

 
 

Work represented in this chapter was contributed by Hwanhee C. Kim, Yuka Kurasaka, Ziyu Guo, 

Joel Quispe, and Wentao Jiang. HCK led the project in workflow optimization, sample 

preparation, and EM imaging coordination. YK prepared samples and coordinated imaging with 

JQ and WJ. ZG contributed to the optimization of saponin-induced live-cell delivery of antibody 

probes. JQ and WJ cryofixed samples and performed electron microscopy imaging. Justin M. 

Kollman provided access to the electron microscope, and Joshua C. Vaughan supervised the work. 

This work was supported by funding from the W. M. Keck Foundation. 

 

3.1 Abstract 

Investigating nanoscale organization in biological models often requires specialized 

instruments that are both highly sensitive and specific, whether the goal is to probe chromatin 

composition using sequencing or to reveal the spatial context of biological structures through 

microscopy. Electron microscopy, in particular, can offer near-atomic-level resolution compared 

to optical methods through electron scattering and absorption. However, electron microscopy is 

often limited in its ability to label specific structures beyond general macromolecular contrast 

provided by heavy-metal labeling strategies. Labeling becomes even more challenging for 

cryogenic electron microscopy (cryo-EM), which offers superior sample preservation through 



61 
 

cryofixation but restricts access for exogenous metal-rich probes without extensive procedures 

such as freeze substitution. To address this shortcoming, I devised a workflow for live-cell delivery 

of exogenous labels through transient cell membrane permeabilization using saponin to introduce 

doubly labeled antibody probes prior to cryofixation. I verified the presence of both fluorophore 

and metal labels through fluorescence microscopy and silver-enhancement-assisted light 

microscopy. I also confirmed that the cell membrane recovers after a short recovery period in 

growth medium while the exogenous label remains intracellularly bound to the target structure. 

With future validation of nanogold labeling in electron microscopy, this chapter presents an 

ongoing effort to extend multiplexing strategies to cryo-EM applications for specific detection of 

target proteins within low-contrast environments.  

 

3.2 Introduction 

 The chemistry driving biological change exists at the interface of molecular interactions, 

whether in chromatin reorganization, signaling cascades, or cytoskeletal branching. Although 

biochemical techniques such as small-molecule pull-down assays and sequencing-based methods 

such as ChIP-seq [1], Hi-C [2], or DNA O-MAP [3] can investigate molecular proximity, these 

approaches are limited to inferred adjacency through chemical linkage or population-averaged 

contact frequency and do not explicitly define the spatial localization of components relative to 

one another. Microscopy remains one of the most effective approaches for probing the spatial 

architecture of biological systems; however, the resolution of traditional light microscopy is 

limited by diffraction, making it difficult to resolve structures smaller than approximately 250 nm. 

While technical advances have enabled super-resolution microscopy to achieve nanoscale 

resolution, electron microscopy often provides a complementary, higher-resolution view of 
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biological ultrastructure by directly converting electron scattering and absorption into image 

contrast.  

  

 However, there are costs associated with this gain in resolution, particularly in sample 

contrast. Despite its superior resolution, electron microscopy of biological samples often has 

limited intrinsic contrast, making it difficult to distinguish specific macromolecules from the 

surrounding ultrastructure. Heavy-metal reagents such as osmium tetroxide, uranyl acetate, and 

lead citrate are commonly used to enhance contrast by increasing electron density within biological 

samples [4]. Specific labeling strategies, including immunogold labeling [5] a genetically encoded 

or molecular shape-tags [6], have also been developed to improve molecular identification in 

electron microscopy. Although powerful, these approaches can be difficult to implement in 

cryogenic workflows. Cryogenic electron microscopy (cryo-EM), for example, can preserve 

biological structures in a near-native vitrified state and avoids many perturbative artifacts 

associated with dehydration, embedding, or chemical fixation used in many conventional EM 

workflows [7]. However, vitrification restricts further sample manipulation, making it challenging 

to deliver exogenous labels without extensive additional processing in an already low-throughput 

pipeline.  

 

 To devise an accessible labeling method that can be incorporated into current cryo-EM 

workflows without substantially increasing processing time, I investigated live-cell delivery of 

exogenous labels using the transient membrane-permeabilizing properties of saponin, a mild 

detergent. Saponin-based reversible permeabilization has been used to extract intracellular proteins 

or introduce large particles such as quantum dots into cells  [8,9]. The transient nature of mild 
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detergents such as saponin allows the cell membrane to recover, preserving the cell’s ability to 

perform cellular processes such as proliferation (Fig. 3.2). In the rest of this chapter, I describe the 

optimized workflow for cell culture on EM grids, live-cell delivery of antibody probes, 

cryofixation, and imaging. The goal of this workflow is to introduce specific, electron-dense labels 

before cryofixation, so that the target macromolecules are localized in preserved cellular 

ultrastructure. This approach may help reveal spatial organization of targets in a low-contrast cryo-

EM environment while minimizing additional processing after vitrification.  

 

3.3 Results 

3.3.1 Saponin-induced live-cell delivery of cytoskeleton and organelle targeting antibody 

probes 

To prepare samples for electron microscopy imaging, cells must be cultured on grids coated 

with appropriate materials that reduce background and provide suitable regions for cell adhesion 

and imaging. Unlike other live-cell delivery methods that rely on biological mechanisms such as 

endocytosis or require dedicated instruments or specialized sample-preparation formats [10–14], 

mild detergents such as diluted Triton X-100 or saponin can be adapted to a wide range of sample 

configurations. Based on prior evidence that saponin creates holes in the membrane large enough 

for Qdot-sized macromolecules (~10–15 nm) [9], I optimized a saponin concentration of 0.1 

mg/mL to permeabilize the cell membrane sufficiently for intracellular antibody delivery while 

limiting cell death (Fig. 3.1). Under these conditions, high concentrations of primary anti-tubulin 

antibody and fluorophore-conjugated secondary antibody (350 nM) were successfully introduced 

into live cells and labeled intracellular microtubule structures. Similar delivery results were 
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observed for TOM20 and lamin A/C antibodies, which produced labeling patterns consistent with 

mitochondria and the nuclear envelope, respectively.  

 

 

Fig. 3.1 Cells Treated with Saponin followed by Fluorophore-conjugated Antibody Probe 

Delivery. (a) Cells treated with 0.1 mg/mL saponin show healthy general morphology. (b) 

Fluorescent probes against microtubules were delivered to cells treated with saponin. Scale bars 

= 20 µm. (c,d) Probes against TOM20 and nuclear lamin A were delivered to cells treated with 

saponin to show mitochondria and nuclear lamina structures respectively. Scale bars = 10 µm. 

Samples were fixed after live-cell delivery protocol. Fixed samples were imaged at 60x 

magnification using brightfield microscopy or spinning disk confocal fluorescence microscopy. 
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3.3.2 Verifying cell membrane recovery 

 To determine whether saponin-induced membrane permeability was reversible, I used 

propidium iodide, a cell-impermeable DNA-targeting fluorescent small molecule, to assess 

membrane integrity. In saponin-treated cells, propidium iodide produced intracellular 

fluorescence, confirming membrane permeabilization. After a recovery sequence consisting of 30 

minutes of incubation in growth medium at 37 °C, propidium iodide was no longer detected inside 

the cells, indicating recovery of membrane integrity (Fig. 3.2a). Antibody probes delivered during 

saponin treatment remained intracellular after recovery and continued to label their target 

structures (Fig. 3.3c). 
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Fig. 3.2 Cell Membrane Recovers after a Prolonged Exposure to Saponin.(a) After 30 minutes 

of incubation in complete growth media, cells become completely impermeable to bulky, charged 

nuclear stains (Propidium Iodide; PI) compared to a positive control with chemical induced 

membrane permeabilization. PI stain after recovery was imaged at the same brightness but no 

signal was detected; even at 160x brightness, no cells evidently remain permeabilized. (b) 

Membrane-recovered cells display healthy morphology and are capable of proliferating as 

indicated by the white circle. Live samples were imaged at 20x magnification. (c) Labeled 

mitochondria imaged after delivery and following recovery sequence. In both cases, similar 

labeling is observed to immunolabeled positive control. Scale bars = 10 µm 

 

3.3.3 Validation of Nanogold probe conjugation and delivery 

 Although saponin-induced live-cell delivery was successful using fluorophore-conjugated 

antibody probes, nanogold-conjugated probes could introduce additional challenges due to their 

larger size and metal-label composition. To test whether this workflow could accommodate 

nanogold probes, I prepared fluorophore-nanogold dual-labeled secondary antibodies. The small-

molecule fluorophore Atto647N and 5 nm nanogold were conjugated to donkey anti-rat and 

donkey anti-mouse secondary antibodies, and the resulting products were characterized using UV-

Vis spectrophotometry (Fig. 3.3a). After confirming fluorophore and nanogold absorbance and 

optimizing dye-to-protein and nanogold-to-protein ratios, I delivered the dual-labeled probes 

intracellularly and observed fluorescence at expected target structures, including microtubules and 

the nuclear lamina. Silver enhancement was then used to amplify the nanogold signal for light 

microscopy visualization, confirming that the metal label was retained on the delivered probes and 

localized to the same target structures (Fig. 3.3b).   
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Fig. 3.3 Nanogold Conjugation to Antibody Probes and Detection by Optical and Electron 

Microscopy. (a) UV-vis absorbance spectrum of donkey anti-Rabbit secondary (DxRb) conjugated 

to Atto647N (green) and both Atto647N/Nanogold (red). Nanogold particles have a broad 

absorbance. Wavelengths used for calculation of antibody, Nanogold, and Atto647N are noted 

accordingly. (b) Phase contrast and fluorescence micrographs of DxRb Atto647N-NG delivered 

cells are overlaid to portray colocalization of silver-enhanced Nanogold and Atto647N. (c) 

Primary and multimodal secondary antibody probes are delivered to cells seeded on Quantifoil R 

2/2 grid. Yellow box outlines a region of the mesh on the grid where the imaging is performed. 

Samples were fixed after live-cell delivery protocol. Fixed samples were imaged at 60x 

magnification. Scale bars = 20 µm. (d) Cryo-TEM image of 5 nm Nanogold (white arrow) on 

Quantifoil grid. 
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3.3.4 Preparation for electron microscopy applications 

 Cell culture on EM-compatible grids is well established, however to minimize reagent use, 

I devised a delivery method using a parafilm sheet with small dimples that could hold 

approximately 35 µL of saponin, primary antibody, and secondary antibody solution directly over 

cells adhered to EM grids. After delivery and chemical fixation in initial tests, both fluorescence 

and silver-enhanced signals were observed at the expected microtubule and nuclear lamina 

structures (Fig. 3.3c). These results demonstrate that the saponin-based delivery workflow can be 

adapted to cells cultured on EM-compatible grids while preserving targeted labeling. Ongoing 

work by Yuka Kurasaka in the Vaughan group will extend this workflow to electron microscopy 

imaging, evaluate high-resolution localization of the labeled structures, and adapt the protocol for 

cryo-EM applications.  

 

3.4 Methods 

3.4.1 Transient cell membrane permeabilization and recovery 

 COS-7 cells were cultured in 8-well plates at a density of 300,000 cells per well 24 hours 

before delivery. Growth medium was removed from each well, and the cells were briefly washed 

with water. Saponin was added at 0.1 mg/mL to induce cell membrane permeabilization. 

Propidium iodide was added to one well of permeabilized cells at a final working concentration of 

500 nM as a positive permeabilization control. After 10 minutes of incubation at room temperature, 

cells were washed with 1× PBS (Thermo Fisher; 70011069) and fixed with either 3.5% 
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paraformaldehyde (PFA) and 0.5% glutaraldehyde (GA) in PEM buffer or 4% PFA for 10 minutes 

at room temperature. Cells were then washed with 1× PBS-azide for storage.  

 

For the recovery condition, cells without propidium iodide were incubated in growth 

medium at 37 °C in a cell culture incubator. Following recovery, propidium iodide was added at 

the same working concentration to a separate well that had not been used for the positive control. 

Cells were incubated for 10 minutes at room temperature, washed and fixed as described above, 

and stored in 1× PBS-azide. Propidium iodide signal was imaged using 647 nm excitation. 

 

3.4.2 Live-cell delivery of exogenous probes workflow 

 COS-7 cells were cultured in 8-well plates at a density of 300,000 cells per well 24 hours 

before delivery. Growth medium was removed from each well, and the cells were briefly washed 

with the appropriate incubation buffer for each antibody target: 1× PEM buffer containing 100 

mM PIPES, 1 mM EGTA, and 1 mM MgCl₂ in water for anti-tubulin labeling, or water for anti-

lamin A/C labeling. Cells were incubated with 0.1 mg/mL saponin for 10 minutes at room 

temperature to induce membrane permeabilization and then washed once with the corresponding 

incubation buffer.  

 

 Primary anti-tubulin antibody (Thermo Fisher; MA1-80017) or anti-lamin A/C antibody 

(Santa Cruz Biotechnology; sc-376248) was prepared at 350 nM in the respective incubation 

buffer. Saponin-permeabilized cells were incubated with primary antibody solution for 5 minutes 

at room temperature and then washed once with incubation buffer to remove unbound primary 

antibody. Atto488-conjugated donkey anti-rat antibody (Millipore Sigma; 41698-1MG-F) or 
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Alexa Fluor 647-conjugated donkey anti-mouse antibody (Lumiprobe; 26820) was prepared at 350 

nM and incubated with the cells for 5 minutes at room temperature, followed by one wash with 

incubation buffer. 

 

 Cells were then fixed with either 3.5% paraformaldehyde (PFA) and 0.5% glutaraldehyde 

(GA) in PEM buffer or 4% PFA for 10 minutes at room temperature. After fixation, cells were 

washed with 1× PBS-azide and stored in 1× PBS-azide. Labeled cells were imaged using a 

spinning-disk confocal fluorescence microscope equipped with a 60×, 1.27 numerical aperture 

water-immersion objective.  

 

3.4.3 Conjugation of fluorophore-Nanogold dual-labeled antibody probe  

 To prepare Atto647N-conjugated secondary antibodies, 12 µg of 1 mg/mL Atto647N-NHS 

ester in DMSO (Sigma-Aldrich; 18373-1MG-F) was incubated with 200 µL of 1.3 mg/mL donkey 

anti-rat antibody or donkey anti-mouse antibody, together with 50 µL of 1 M sodium bicarbonate 

(VWR Scientific; 470302-440). Donkey anti-rat antibody (Jackson ImmunoResearch; 715-005-

153) and donkey anti-mouse antibody (Jackson ImmunoResearch; 715-005-151) were used for 

conjugation. Fluorophore-conjugated antibodies were separated from free dye using Amicon 

Ultra-4 centrifugal filter units with a 30 kDa molecular weight cutoff (MWCO; Millipore Sigma; 

UFC803024) and characterized for dye-to-protein ratio using a UV-Vis spectrophotometer 

(DeNovix DS-11+ Spectrophotometer).  

 

The fluorophore-conjugated secondary antibodies were then conjugated to 5 nm nanogold 

(Nanoprobes Inc.; 2225A-5X1NMOL) according to the manufacturer’s instructions. Free 
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nanogold was not removed after conjugation, and protein concentration was approximated based 

on the initial reagent amounts. 

 

3.4.4 Cryo-EM 

 Quantifoil R 2/2 Au EM grids (Ted Pella Inc.; 657-200-AU) used for cell culture were 

plasma-cleaned for 1 minute and sterilized with 70% isopropyl alcohol. The grids were incubated 

with a 50× dilution of poly-L-lysine in water for 15 minutes at room temperature and then washed 

with water. Grids were transferred to a 35 mm micro-imaging dish, placed on the cover glass with 

poly-L-lysine droplets, and allowed to dry. Suspended COS-7 cells were plated onto the dish at a 

density of 200,000 cells/cm² one day before the experiment.  

 

Live-cell delivery was performed directly on cell culture grids by inverting each grid onto 

droplets of the appropriate reagents. Probe-delivered cells were cryopreserved using liquid ethane 

and a custom grid plunge freezer. Cryo-electron tomography (cryo-ET) was performed using a 

Thermo Fisher Titan Krios G3 equipped with a Gatan BioQuantum Energy Filter and Gatan K3 

Direct Electron Detector camera. Focused ion beam (FIB) milling was performed using a Thermo 

Fisher Aquilos II. 

 

3.5 Conclusion and discussion 

 The work outlined in Chapter 3, which focuses on live-cell delivery of exogenous probes 

for cryo-EM labeling, remains ongoing. Although the main workflow from cell culture to 

cryofixation has been established, several challenges remain. The most prominent bottleneck is 
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the long turnaround time required for electron microscopy validation, which arises from both 

instrument operation and image-processing demands. Electron microscopy generally requires 

complex instrumentation, extensive user training, and access to limited shared resources. In 

addition, each image-acquisition session can span several days, substantially longer than a typical 

light-microscopy workflow for cell imaging. When combined with downstream image processing 

using specialized software, each experimental iteration can extend from weeks to months. This 

challenge is not specific to this project but reflects a broader limitation in electron microscopy 

research. With additional optimization and dedicated effort, the EM pipeline for this workflow 

could be further streamlined through continued iteration.  

 

In conclusion, much of the live-cell delivery workflow has been established, with only 

minor additional optimization remaining. The next phase of this work will depend heavily on 

validation by electron microscopy. Key outstanding challenges include confirming nanogold 

detectability within complex biological backgrounds, quantifying labeling density at nanoscale 

resolution, and demonstrating clear, target-specific nanogold labeling following live-cell delivery 

in cryo-EM. Despite these challenges, this approach shows strong potential as a generalizable 

strategy for introducing targeted exogenous probes prior to cryofixation. With further optimization 

of delivery consistency, probe design, including smaller binders such as minibinders [15], and 

integration with other emerging EM labeling strategies, this method could provide a practical 

pathway toward targeted, multiplexed imaging in cryo-EM. 

 

 A few outstanding questions remain for this workflow and can be grouped into two major 

areas: robust and consistent live-cell delivery, and detection of nanogold labels by electron 
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microscopy. First, although saponin-induced membrane permeabilization shows strong and 

scalable potential for intracellular antibody delivery, delivery efficiency remains highly variable 

depending on cell-culture conditions, incubation buffers, and the physical technique used to 

transfer reagents to cells. Because the goal is to keep cells viable long enough for membrane 

integrity to recover during post-delivery incubation in growth medium, delivery efficiency must 

account not only for labeling of the target structure but also for cell survival after permeabilization.  

 

Across many iterations of this experiment, a substantial fraction of cells grown in 8-well 

plates, frequently more than 80%, was lost during the delivery and wash steps, with only cells near 

the edges remaining adhered to the tissue-culture-treated glass bottom. Possible causes include 

differences in shear stress from pipetting at the center versus the edges of the well, as well as 

variability in user handling. Similar cell loss was observed for cells cultured on EM grids. Because 

grids are transferred directly to and from reagent droplets, this format introduces additional 

handling considerations, including shear stress as the grid is placed onto or removed from droplets. 

Saponin may also weaken membrane integrity enough to increase cell detachment from the 

substrate. Consistent with this possibility, lower saponin concentrations improved cell retention 

but reduced labeling efficiency, with approximately 50–80% labeling observed at 0.1 mg/mL and 

less than 20% labeling observed at 0.01 mg/mL. Therefore, further optimization is needed to 

balance saponin concentration, labeling efficiency, cell viability, and substrate-specific handling 

conditions. 

 

 The second, and more fundamental, question underlying this work is the detectability of 

nanogold in electron microscopy. Both 1.4 nm and 5 nm nanogold particles commercially available 
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from Nanoprobes Inc. have been validated for TEM detection, and we have verified that our 

instruments are capable of detecting nanogold by cryo-TEM. However, these tests were performed 

primarily using isolated nanogold in solution, without the obscuring background of biological 

samples. Although immunogold labeling of cells has been demonstrated in TEM, detection can be 

challenging and often appears most clearly in regions with concentrated labeling or nonspecific 

accumulation.  

In this work, microtubules and the nuclear lamina were selected as target structures because 

they have recognizable ultrastructural features in TEM. The goal is to visualize sufficient nanogold 

labeling along these structures, as suggested by the fluorescence and silver-enhanced transmitted-

light microscopy results. However, it is difficult to predict whether the labeling density observed 

by light microscopy is sufficient for nanogold detection by electron microscopy because of the 

diffraction-limited resolution of optical imaging. Labels spaced hundreds of nanometers apart 

could appear continuous by light microscopy while remaining sparse at the nanoscale resolution 

required for EM detection. Further evaluation of labeling density will therefore require multiple 

iterations of electron microscopy experiments and will remain constrained by the long turnaround 

time discussed above. More accessible super-resolution approaches, such as STORM or expansion 

microscopy, may help bridge this gap by providing an accessible assessment of labeling density 

before committing samples to electron microscopy.  
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Chapter 4 

 

Future Directions 

4.1 Overview 

 As presented in this dissertation, I developed two multiplexed imaging strategies for 

spectral fluorescence microscopy and electron microscopy that could provide complementary 

visualization of biological systems. In Chapter 2, I introduced a rapid and accessible spectral 

imaging method that concurrently detects 11 biomarkers with single excitation and acquisition. 

In Chapter 3, I discussed the optimization of a workflow involving saponin-induced transient cell 

membrane permeabilization and live-cell delivery of antibody probes for cryo-EM workflows. In 

this chapter, I will briefly discuss broader future directions for both strategies to improve their 

capabilities and applications.  

 

4.2 Future directions for SLiM 

 Multiplexed biomarker detection is highly desirable in both research and clinical settings 

because it can reduce the number of experimental iterations needed to evaluate spatial 

relationships and colocalization profiles. Increasing the number of simultaneously detectable 

targets from the previously achievable six to eight channels to eleven channels reduces the 

number of experiments needed to probe pairwise relationships among eleven biomarkers by 

approximately 3- to 6-fold. In addition, reduced acquisition time and workflow automation for 

image processing and spectral unmixing could support adoption into day-to-day pathology 

workflows by improving turnaround time from biopsy to diagnosis. Therefore, future work 
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should test the feasibility of adapting the SLiM system to platforms more comparable to 

commercially available instruments used in pathology. To support this translation, the sensitivity 

of the SLiM system should be further investigated with additional probe panels, including small-

molecule fluorophores and quantum dots, as well as tissue samples more commonly used in 

clinical settings.  

 Extending the SLiM concept through careful calibration of the existing adjustable slit 

could also provide an opportunity for multiplexed volumetric imaging. Currently, the slit 

opening is set at approximately 280 µm. With custom or commercial slits capable of producing 

smaller openings, SLiM may be adapted for confocal imaging through thicker tissue volumes. 

Because the SLiM control software already determines scan positions automatically based on 

initial imaging parameters, and because the system includes a piezo Z-axis stage, the current 

configuration could be extended toward rapid, multiplexed volumetric imaging with minimal 

switching of optical components or recalibration. 

 

4.3 Future directions for live-cell delivery and cryo-EM labeling 

 The biggest advantage of the live-cell delivery workflow introduced in Chapter 3 is its 

simplicity and accessibility, which could allow it to be adapted to other existing protocols 

without incorporating extensive or time-consuming additional steps. The use of saponin for live-

cell delivery does not require specialized equipment, and the permeabilization can be reversed to 

support recovery of cell function, such as proliferation. First and foremost, the most direct future 

application of this workflow is its continued development for cryo-EM workflows, where 

labeling strategies remain limited and often require multiple reagent exchanges. Another 

potential application is live-cell or in vitro labeling and imaging, where reversible 
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permeabilization may reduce perturbation of vesicles, the nuclear membrane, or other 

membrane-bound structures while enabling delivery of probes against macromolecular targets 

that are difficult to access using other delivery techniques.  

  

 Another direction for extending this live-cell delivery workflow is to introduce 

multiplexed probe sets, where two or more probe types are delivered and labeled in the same 

round to test their feasibility. Furthermore, this workflow could potentially be used to introduce 

materials other than fluorescent antibody probes, such as labeled tubulin, CRISPR-associated 

reagents, or drug-conjugated proteins, to evaluate its broader utility beyond diagnostic imaging 

applications.  


