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Hemichordates are marine acorn worms and a sister group to the echinoderms. Acorn
worms share numerous developmental features with the chordates that the echinoderms do not
share, suggesting that the common ancestor of the deuterostome clade was likely more similar to
hemichordates than to echinoderms. Hemichordates possess pharyngeal gill slits that are
homologous to chordate gill slits, a Hox specified anterior-posterior body plan, an endostyle, and
a post-anal tail in some species. The hemichordate, Ptychodera flava, progresses from a pelagic,
feeding tornaria larva to a tripartite, benthic worm with an anterior head or proboscis, a middle
collar region, and a long posterior trunk. The collar houses a hollow, dorsal neural tube in
ptychoderid hemichordates and numerous chordate genes involved in brain and spinal cord
development are expressed in a similar anterior—posterior spatial arrangement along the
hemichordate body axis. Remarkably, P. flava regenerates all structures, including their dorsal
neural tube. This work investigates the morphological and genetic mechanisms underlying this
fascinating trait

I examined anterior regeneration in the hemichordate Ptychodera flava and detailed the
spatial and temporal morphological changes that occur. Additionally, we sequenced, assembled,
and analyzed the transcriptome for eight stages of regenerating P. flava, and revealed significant

differential gene expression between regenerating and control animals. Importantly, we



uncovered developmental steps that are regeneration-specific and do not strictly follow the
embryonic program.

We also showed that P. flava larvae are capable of robust regeneration after bisection
through the sagittal, coronal, and axial planes. We used antibody staining to show that the
anterior apical region, including the eyespots and larval brain, regenerates a rich, serotonin
positive complex of cells within two weeks after amputation. Cells labeled with EAU (5-ethynyl-
2'-deoxyuridine) confirmed that regeneration is occurring through epimorphic processes as new
cells are added at the cut site and throughout the regenerating tissue. This study verified that P.
flava larvae can be used for future functional studies aimed at identifying the genetic and

morphological mechanisms controlling CNS regeneration in a stem deuterostome.
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Chapter 1 - Genomic and Evolutionary Insights into Chordate Origins
This chapter was published as Luttrell, S.M. and Swalla, B.J. (2014). Genomic and
Evolutionary Insights into Chordate Origins. In “Principles of Developmental Genetics”, 2nd
edition. Sally Moody, ed. (Elsevier, San Diego.) pp. 116-126.

Section 1: Summary

* Hemichordates are the sister group to echinoderms, not chordates, so shared characters with
chordates would have been present in the deuterostome ancestor.

* Hox genes are expressed in an anterior to posterior manner in hemichordates and chordates.
Tunicates have lost the middle Hox genes and show different tissue expression patterns.
Echinoderms have a rearranged Hox cluster and show limited co-linearity of expression
in the somatapleura.

* Pharyngeal gill slits in hemichordates and chordates are homologous. Pharyngeal gill bars
develop similarly in hemichordates and lancelets, but differ from vertebrates in that they
are acellular and endodermal in origin.

* Post-anal tails and endostyles in hemichordates and chordates are likely to be homologous.

Chordates specify neural and non-neural ectoderm, while all ectoderm is neural in
hemichordates. Hemichordates make a dorsal neural tube in their neck region.

» Recent data suggest the stomochord may be the notochord homolog in hemichordates.

* Tunicates contain migratory cells that develop into pigment cells, so may contain neural crest

cells. Tunicates also have sensory placodes, and form a secondary anus after

metamorphosis, so the excurrent siphon develops from the otic placode.



Section 2: Introduction

History of Hypotheses of Chordate Origins

Vertebrates share several distinct morphological characters with three invertebrate
groups: hemichordates (Figure 1A), tunicates (Figure 1B), and lancelets (Figure 1C). Tunicates,
lancelets and vertebrates are a monophyletic group, the chordates (Swalla and Smith, 2008),
which share five morphological features: a notochord, a dorsal neural tube, an endostyle, a
muscular post-anal tail and pharyngeal gill slits (Swalla, 2007). Hemichordates share some of
these chordate features; the pharyngeal gill slits (Figure 1), an endostyle, dorsal neural tube and a
post-anal tail (Swalla, 2007; Brown et al., 2008). Developmental genetics and genomics have
allowed re-examination of the question of chordate origins by comparing developmental gene
expression in embryos of different phyla. This powerful approach has allowed new insights into
the molecular mechanisms underlying morphological changes. However, as we illuminate here,
comparing the correct developmental stages are critical to interpretation of the data. Genomics
has allowed investigations into the phylogenetic relationships of the chordates and their
invertebrate relatives, and comparison of the shared genetic pathways in related embryos. We
review current research and show that our view of the chordate ancestor has changed in the past
15 years. The chordate ancestor, for years, had been considered to be a filter-feeding, tunicate-
like animal with a tiny chordate tadpole larva (Figure 2). However, recent evidence from our lab
and others has shown that the chordate ancestor is more likely a benthic worm, with a mouth and
pharyngeal gill slits, supported by cartilaginous gill bars (Cameron et al., 2000; Gerhart et al.,
2005; Rychel et al., 2006; Gillis et al., 2012). Further research in developmental genetics and
genomics will be fruitful in solving some of the remaining homologies between hemichordates

and chordates.



Three disparate hypotheses of chordate origins are shown in Figure 2 (Garstang, 1928;
Romer, 1967; Jetferies, 1986; Jollie, 1973; Gee, 1996; Gerhart et al., 2005; Brown et al., 2008).
One early scenario of chordate origins, which was quite popular, is the Garstang view of
chordate origins, first hypothesized near the turn of the 20th century (Figure 2-1; Garstang,
1928). This theory espouses the notion that the echinoderm and hemichordate larvae “evolved”
into the ascidian tadpole larvae, and the adults of echinoderms, hemichordates and tunicates
developed independently. However, developmental gene expression data show that
hemichordates and chordates share adult features, not larval (Swalla, 2006; Brown et al., 2008).
These results would favor the evolution of chordates from a direct developing hemichordate
(Gerhart et al., 2005; Rychel et al., 2006), not from a hemichordate tornaria larvae. Further
comments on Garstang’s theory, and genetic evidence against it, are nicely summarized in
Lacalli (2005).

Some textbooks still carry the scenario that all deuterostomes evolved from a colonial
hemichordate, a pterobranch, first published by Romer in 1967 (Figure 2-2). This theory was
popularized because the fossil record has an abundance of colonial hemichordates, called
graptolites, and because lophophorates were considered related to deuterostomes (Romer, 1967,
Gee, 1996). Molecular phylogenetics has shown that the lophophorates are part of a large group
of animals called the lophotrochozoa (Halanych, 2004), and that the colonial pterobranchs are
derived hemichordates (Cameron et al., 2000). Collectively, these new data brought into question
the widely held view of deuterostome evolution popularized by Romer.

We published a new hypothesis based on our molecular phylogenies and developmental
gene expression patterns in 2000 (Figure 2-3; Cameron et al., 2000). In this scenario, the

deuterostome ancestor is worm-like with gill slits, and the larvae of hemichordates and
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echinoderms developed independent of ascidian tadpole larvae. In the ensuing years,
developmental gene expression data have continued to favor a worm-like deuterostome ancestor
(Lowe et al., 2003; Gerhart et al., 2005; Rychel et al., 2006; Delsuc et al., 2006; Bourlat et al.,
2006). Developmental genomics and genetics can provide key pieces of evidence to
understanding chordate origins. Genomic information is available for at least a single member of
each of the deuterostome monophyletic groups — echinoderms (the purple sea urchin
Stronglyocentrotus purpuratus; Sodergren et al., 2006), hemichordates (an acorn worm,
Saccoglossus kowalevskii; Freeman et al., 2008), tunicates (solitary ascidians Ciona intestinalis,
Dehal et al., 2002; C. savignyi, Vinson et al., 2005), and the pelagic appendicularian Oikopleura
dioica (Denoeud et al., 2010), cephalochordates (the lancelet Branchistoma floridae; Putnam et
al., 2008), and many vertebrate species (Fong et al., 2013). Deuterostomes share many of the
developmental genetic networks during early embryonic and larval development (Davidson and
Erwin, 2006; Swalla, 2006). Developmental genetics can be highly informative by illuminating
how these similar genetic pathways are expressed in different times and places to elaborate the
final morphology of the larvae and the adults (Swalla, 2006). We next review the latest findings
of molecular phylogenetics and genomic analyses, examine developmental gene expression in
different deuterostome phyla, and discuss the origin of the vertebrates in light of new data

published in the past 15 years.
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Hemichordate A -4 Tunicate Lancelet

Figure 1.1 Three Distinct Invertebrate Body Plans (A) An adult enteropneust hemichordate,
Saccoglossus kowalevskii, (B) a tunicate molgulid ascidian, Molgula provisionalis and (C) a
lancelet, Branchistoma viriginae, showing the dramatic differences in their adult body plans. (A)
The mouth of the enteropneust hemichordate is hidden in the collar region, directly behind the
anterior proboscis, on the ventral side. Central nervous system and gill slits are dorsal, but the
mouth is ventral. (B) The mouth of the tunicate is moved upwards at metamorphosis, shown here
as the siphon to the top left, while the anus empties into the buccal siphon, shown to the top
right. (C) The lancelet mouth has been modified for filter-feeding, as shown by the cirri at the
anterior, ventral side to the left. Central nervous system is dorsal, gill slits and mouth are ventral.
All animals were collected and photographed at SMS at Fort Pierce, FL.
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Figure 1.2. Theories of Chordate Origins: Which ones fit the available data? Several
possible theories of chordate origins are depicted here. (A) Theory 1 was first proposed by
Garstang (1928), and espouses the notion that the nonfeeding ascidian tadpole larva evolved
from echinoderm-like and hemichordate-like larvae. However, developmental gene expression
patterns in the different larvae show echinoderm larvae and hemichordate tornaria larvae are
very similar, but both differ markedly from chordate expression patterns (Swalla, 2006). (B)
Theory 2 was popularized by Romer (1967) and depicts the deuterostomes evolving from a
pterobranch hemichordate. Phylogenetic and fossil evidence suggest that this is an unlikely
scenario, since chordate, hemichordates and echinoderms all appear in the early Cambrian. (C)
Theory 3 is a compilation of all available phylogenetic, fossil and gene expression data, first
published in 2000 (Cameron et al. 2000). Parts of this theory were put first put forth by Jollie
(1973) who considered Garstang’s (Figure 1) and Romer’s (Figure 2) theories extremely
unlikely. The molecular evidence suggests that the chordate tadpole larva had an independent
origin from an ancestor with a feeding dipleurulid larva. In this scenario, the chordate body plan
would have evolved de novo in a direct-developing soft-bodied worm-like ancestor. The
notochord would have evolved in the chordates from the co-option of genes used for other
functions in the ancestor, or the notochord has been lost in hemichordates and echinoderms. We
consider either scenario likely and are continuing to investigate it.
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Molecular Phylogenetics of Deuterostomes

Phylogenetic relationships within the deuterostomes are critical to understanding
evolutionary changes that have occurred during chordate and vertebrate evolution (Figure 2-3;
Swalla and Smith, 2008). Deuterostome phylogenetic relationships have been reviewed
extensively elsewhere (Swalla and Smith, 2008), so they will be briefly summarized here.
Schaeffer (1987) examined morphological and phylogenetic evidence and concluded that the
deuterostomes, the group of animals that contains the vertebrates, were monophyletic. Later, in
1994, two papers examined deuterostome relationships using 18S rDNA for the first time. Wada
and Satoh (1994) showed that deuterostomes were monophyletic, presented evidence that
chaetognaths were not deuterostomes, and showed echinoderms and hemichordates as sister
groups, albeit with low bootstrap support. Turbeville et al. (1994) increased the deuterostome
18S rDNA data set and used the notochord as a morphological marker to place ascidians as
chordates. Later, Cameron et al. (2000) greatly increased the number of tunicates and
hemichordates in the deuterostome 18S rDNA database, and showed that echinoderms and
hemichordates are sister groups with high bootstrap support. Morphological and molecular data
since that time have continued to confirm the sister group relationship of echinoderms and
hemichordates (Halanych, 2004; Smith et al., 2004; Bourlat et al., 2006; Swalla and Smith,
2008).

The tunicates, while monophyletic (Swalla et al., 2000; Tsagkogeorga et al., 2009) are
difficult to place within the deuterostomes with 18S and 28S combined ribosomal sequence
analysis (Swalla and Smith, 2008). Recent genome phylogenies constructed with hundreds of
genes have suggested that tunicates are more closely related to vertebrates than lancelets are

(Blair and Hedges, 2005; Bourlat et al., 2006; Delsuc et al., 2006). Many of the developmental
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programs and gene networks that are activated in ascidian embryos for specific tissues are quite
similar to vertebrate development (Swalla, 2004; Passamaneck and Di Gregorio, 2005).
Ascidians have a number of important transcription factors localized in the egg cytoplasm that
are necessary for some tissue development, and thus have been described as having mosaic
development (Nishida, 2005). In addition, ascidians have some unique features of tissue
specification, such as cellulose production by the adult ectoderm, that are not found in
vertebrates (Matthysse et al., 2004; Nakashima et al., 2008). These unique characteristics of
ascidian development are thoroughly reviewed in Passamaneck and Di Gregorio (2005).
Examination of the timing and spatial expression of homologous genes during development can
be informative in understanding which morphological structures are homologous in animals with
very different body plans (Gerhart et al., 2005; Rychel et al., 2006; Swalla, 2006). In the
following sections, the expression of homologous genes in different deuterostomes groups is

discussed in the context of what these results tell us about the evolution of the vertebrates.

Section 3: Hox Gene Cluster Organization and Expression in Deuterostomes:

Anterior-Posterior Axis Development

The Hox gene complex has shed light on both deuterostome relationships and the
anterior-posterior homologies between body plans of the different phyla (Figure 3; Aronowicz et
al., 2006, Swalla, 2006; Brown et al. 2008; Freeman et al., 2012; Pascual-Anaya et al., 2013).
The Hox gene complex is a group of genes that are arranged from 3’ to 5° co-linearly on the
chromosome, and are also expressed from anterior to posterior during embryonic development.
Invertebrate deuterostomes have a single Hox cluster, while vertebrates have multiple copies

(Swalla, 2006). The sea urchin Hox cluster has been mapped and has undergone an inversion so

15



that the most posterior gene, Hox 11/13c is next to Hox 3 (Cameron et al., 2006). Hemichordates
and sea urchins share motifs in their three posterior Hox genes, called Hox 11/13a, 11/13b, and
11/13c, suggesting that these two groups had posterior gene duplications independent of the
chordate lineage (Peterson, 2004; Cameron et al., 2006; Freeman et al., 2012; Pascual-Anaya et
al., 2013).

Hox developmental gene expression provides evidence for anterior-posterior homologies
between echinoderms, hemichordates, vertebrates and lancelets (Lowe et al., 2003; Swalla, 2006;
Pascual-Anaya et al., 2013). Developing hemichordates express their Hox genes in a co-linear
fashion from anterior to posterior, but instead of expression only in the dorsal neural tube,
expression is seen in the entire ectoderm of hemichordates (Lowe et al., 2003). These expression
patterns reflect that the hemichordate ectoderm has neural potential throughout the ectoderm,
such as is seen in insects (Lowe et al., 2003). In echinoderms, co-linear expression has been
reported in the developing adult somatapleura (Cameron et al., 2006), and in the adult nerve ring
(Morris and Byrne, 2005). In contrast, tunicates show widely differing expression patterns of
Hox genes, depending if the gene is expressed during the larval or adult stage (Spagnuolo et al.,

2003; Passamaneck and D1 Gregorio, 2005; Swalla, 2006).
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Figure 1.3. Hox Gene Expression in the Deuterostomes. An Ecdysozoa (fruit fly,Drosophila
melanogaster) and a Lophotrochozoa (polychaete annelid, Nereis virens) are shown as outgroup
protostome taxa. Hox clusters are shown here with all available hemichordate data and major
chordate clades in 2008 (Brown et al. 2008). The two sequenced tunicates, Oikopleura dioica
and Ciona intestinalis are shown with a cephalochordate, Branchistoma floridae and a couple of
representative vertebrates. Humans have four duplicate clusters, as do all vertebrates, except
teleost fishes, (Danio rerio), that had a second gene duplication event, resulting in eight clusters.
Lines through the boxes depict that the genome has been completed, and the organization of the
cluster is known. Slashes indicate genomic breaks in the clusters. Note the unusual inversion
seen in sea urchins (top row). References for figure updated from an earlier review (Brown et al.
2008) (Aronowicz and Lowe, 2006; Cameron et al., 2006; Méndez et al., 2000; Mito and Endo,
2000; Passamaneck and Di Gregario, 2005; Peterson, 2004; Swalla, 2006).
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Section 4: Pharyngeal Gills and Gill Bar Development

Pax 1/9 Expression and Hox Expression in Deuterostome Gill Slits

Pharyngeal gill slits in hemichordates were originally used as a morphological character
uniting the hemichordate enteropneust worms with chordates (Figure 1; Romer, 1967; Schaeffer,
1987; Rychel et al., 2006; Gillis et al., 2012). Structures are considered to be homologous if they
have similar morphology and similar function. The clear homology of pharyngeal gill slit
structures is what causes the hemichordates to fall between the echinoderms and chordates by
morphological analysis (Figure 2-1; Schaeffer, 1987). The pharyngeal clefts and surrounding
collagen skeleton of hemichordates, cephalochordates, and vertebrates are remarkably similar in
form and function (Schaeffer, 1987; Rychel et al., 2006), making it most likely that this is the
ancestral morphology. In contrast, tunicates lack any cartilage skeleton in their pharyngeal
structures, suggesting that they have been lost evolutionarily (Figure 1). Developmental genetics
allows the comparison of morphological structures at a new level — the level of genetic pathways
expressed during development of the structure. Recent work has shown that the pharyngeal slits
in vertebrates, lancelets and tunicates are elaborated after the expression of specific Pax genes.
The single gene called Pax 1/9 in invertebrate deuterostomes has been duplicated in vertebrates
to two genes, Pax-1 and Pax-9 (Neubiiser et al., 1995; Holland and Holland, 1995; Ogasawara et
al. 1999; Ogasawara et al. 2000a).

Expression of the paired box transcription factors Pax-/ and Pax-9 has been shown in the
endodermal pharyngeal pouches during vertebrate development (Neubiiser et al., 1995; Wallin et
al., 1996; Peters et al., 1998; Ogasawara et al., 2000a). Furthermore, these transcription factors
are necessary for proper development of the pharyngeal pouches and surrounding endodermal

derivatives, such as the thymus, as seen by their absence in mice lacking either Pax I or Pax 9
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(Wallin et al., 1996; Peters et al., 1998). In both chordates and hemichordates, Pax 1/9 is
expressed in endoderm of the pharynx and later in the pharyngeal slits. Notably, in ascidians, no
expression was detected during embryogenesis. The first sign of Pax 1/9 expression was in
swimming tadpole larvae that were about to begin metamorphosis (Ogasawara et al., 1999).
Likewise, expression in hemichordate adults was found to be highest in the gill endoderm
(Ogasawara et al., 1999; Gillis et al., 2012). Not only was Pax 1/9 expressed, but also the
downstream genes eya and six 1 (Gillis et al., 2012). These results suggest that the morphological
and functional similarity between the pharyngeal gill slits in hemichordates (Ogasawara et al.,
1999; Gillis et al., 2012), ascidians (Ogasawara et al., 1999), cephalochordates (Holland and
Holland, 1995) and vertebrates (Neubiiser et al., 1995; Wallin et al., 1996; Peters et al., 1998;
Ogasawara et al., 2000a) is a reflection of similar genetic programs activated in pharyngeal
endoderm at the time of differentiation by the Pax 1/9 or Pax I and Pax 9 transcription factors.
In light of these results and the deuterostome phylogeny, the most parsimonious hypothesis is
that the deuterostome ancestor had endodermally derived gill slits and these were subsequently
lost in the echinoderm lineage (Figure 2-3). The mitrate carpoids, echinoderms from the
Devonian era do appear to have gill slits (Jefferies, 1986; Gee, 1996, Smith et al., 2004).
Therefore, early echinoderms may have had pharyngeal gills and then lost them (Smith et al.,
2004; Rychel et al.,, 2006; Swalla and Smith, 2008). Further examination of Cambrian
echinoderms for evidence of pharyngeal gills will be informative, as will the cloning and
characterization of the expression of Pax 1/9 in echinoderms. No expression data for Pax 1/9
have been reported in echinoderms to date, but it will be interesting to see if this gene has

expression reminiscent of gill slits or has been co-opted for other functions in echinoderms.
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Not only do hemichordate pharyngeal gill slits share conserved transcription factors for
their development as described above with vertebrates, they also share localization along the
anterior-posterior axis. For example, in vertebrates, Hox [ is first expressed at the level between
the first and second pharyngeal pouch (Lowe et al., 2003). When Hox gene expression was
examined in hemichordates, Hox I was expressed between the first and second pharyngeal
pouch, suggesting that the location of the pharyngeal gills along the anterior-posterior axis is
homologous between hemichordates, lancelets and vertebrates (Lowe et al. 2003, Freeman et al.,

2012).

Pharyngeal Gill Cartilage in Hemichordates and Lancelets is Acellular

The pharyngeal gill slits themselves are homologous between hemichordates and
chordates, but what about the cartilaginous gill bars that lie between the gill openings? The
morphology and development of the gill bars in hemichordates is similar to lancelets (Figure
1)(Schaeffer, 1987; Ruppert, 2005; Rychel et al., 2006). The bars appear as a thickening of the
basal lamina between the pharyngeal endoderm, as first reported by Libbie Hyman (1959), but
also recently shown by in situ hybridization of Sox and fibrillar collagen (Rychel and Swalla,
2007). The cartilaginous bars of hemichordates stain with alcian blue (Smith et al., 2003) and are
acellular (Rychel et al., 2007), while the gill bars of lamprey are made by neural crest cells and
are cellular (Zhang et al., 2006). The development of gill bars in hemichordates and lancelets
needs to be examined in more detail, but it appears that the ancestral cartilage may have been
acellular and was secreted by the endoderm (Rychel and Swalla, 2007). Later in evolution,
neural crest cells in vertebrates may have migrated into those areas and replaced the acellular

cartilage with cellular cartilage. More information on the development of gill bar cartilage is
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needed before any questions of homology between hemichordate and lancelet gill bars can be

answered.

Section 5: The Post-Anal Tail and the Endostyle of Hemichordates: Gene

Expression Studies

It is not clear how significant the post-anal tail is as a defining chordate feature.
Ascidians do not have an open gut as larva, and thus do not have an anus, but both lancelets and
vertebrates have a post-anal tail (Gerhart et al., 2005). The vertebrate and lancelet posterior Hox
genes are expressed in the tissues of the post-anal tail. Phylogenetic analysis of hemichordate
enteropneust worms show that they fall into two separate monophyletic groups, those that have
feeding larvae similar to echinoderms and those that are direct developers (Cameron et al.,
2000). The direct developing saccoglossids have post-anal tails that express the posterior Hox
genes (Lowe et al., 2003; Freeman et al., 2012), whereas the ptychoderids lack a larval post-anal
tail (Swalla, 2006). Instead, ptychoderid worms form an anus at the vegetal pole of the larvae
that becomes the anus of the adult (Urata and Yamaguchi, 2004; Swalla, 2006; Rottinger and
Lowe, 2012). These results could be interpreted as evidence that the vertebrates evolved from a
direct developing hemichordate ancestor, as they are the only group of hemichordates that show
a post-anal tail. However, since the hemichordates would have diverged from a chordate ancestor
long before the Cambrian era (Blair and Hedges, 2005), there has been plenty of time for the
independent evolution of a post-anal tail in both groups.

The endostyle present in lancelets and tunicates is thought to have homology to the
vertebrate thyroid. For this reason, endostyle-specific genes have been isolated in an effort to

examine this question with gene expression (Mazet, 2002; Ogasawara et al., 2000b; Sasaki et al.,
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2003). One of these genes is the homeobox gene TTF-1 (thyroid transcription factor 1), which
regulates thyroid peroxidase, the enzyme that iodinates thyroglobulin (Mazet, 2002; Ogasawara
et al., 2000b; Sasaki et al., 2003). In lancelets, TTF-I is expressed throughout the six
morphological zones of the endostyle (Mazet, 2002), whereas in tunicates expression is limited
to particular zones (Sasaki et al., 2003). Both the tunicate and lancelet endostyles also bind
iodine, so their endostyles are considered to be homologous to vertebrate thyroid gland (Sasaki et
al., 2003; Ruppert, 2005). When the hemichordate 77F-1 was cloned and gene expression was
characterized, there was expression seen in the pharyngeal endoderm, stomochord and hindgut
(Takacs et al., 2002). The pharyngeal endoderm of hemichordates also binds iodine throughout,
even in the regions that do not morphologically resemble an endostyle (Ruppert, 2005). These
results could be interpreted that the entire hemichordate pharynx fulfills endostyle function
(Rychel et al., 2006) or that the hemichordate endostyle is not homologous to the tunicate and
lancelet endostyle (Ruppert, 2005). Further developmental and functional studies will be

necessary to distinguish between these two hypotheses.

Section 6: Central Nervous System and the Dorsal-Ventral Inversion

Hypothesis

Doral-ventral axis specification relies on some of the same signaling molecules in both
vertebrates and invertebrates, however, there are differences in either the location or timing of
expression of these molecules. Currently, there are two main hypotheses that explain these
differences. In the first hypothesis, the signaling molecules directing axis specification are the
same, but there is an inversion of expression localities, the Dorsal-Ventral Inversion hypothesis

(Ruppert et al., 1999; Lowe et al., 2006). Bone morphogenetic proteins (BMPs) are expressed on
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the dorsal side of invertebrates, whereas chordate BMPs are expressed on the ventral side of the
embryo (Lowe et al., 2006). However, later in vertebrate development, BMP expression is seen
in the dorsal midline, following neural tube closure (Figure 4A). Our interpretation is that the
dorsal midline BMP expression seen in hemichordates (Figure 4B) is identical to the vertebrate
midline BMP expression, not the earlier vertebrate ventral expression (Figure 4A). Evidence
supporting axis inversion in chordates is seen in nodal expression analysis. Nodal is a gene
involved in left-right axis symmetry in chordates and the gene is expressed on the right side of
the chordate embryo. Conversely, nodal is expressed on the left side of sea urchins (Swalla and
Smith, 2008). Collectively, this evidence supports the hypothesis that BMP expression was first
expanded on the ventral side of a worm-like chordate ancestor. These changes in the chordate
ancestor resulted in an animal with inverted dorsal-ventral and left-right axis symmetries
compared to other invertebrate deuterostomes. This hypothesis assumes that the chordate
ancestor did not possess a central nervous system, but merely a nerve net.

An alternative hypothesis to the inversion claim is supported by BMP expression studies
and outlined in figure 4. This hypothesis suggests that BMP expression is not inverted, but is
exactly the same in hemichordates and chordates, in the dorsal midline, following neurulation.
The timing of expression differs among developmental stages within and between chordates and
hemichordates (Marti, E., 2000; Lowe et al., 2006). During chick embryogenesis, expression of
BMP is found in a strip down the dorsal midline, just after neurulation (Figure 4; Marti, E.,
2000). Juvenile hemichordates also express BMP in a strip down the dorsal midline (Figure 4;
Lowe et al., 2006). The similar expression of BMP in a dorsal strip after neurulation appears to
have a role in directing neural tube differentiation in both hemichordates and chordates. This

hypothesis assumes that the dorsal neural tube in hemichordates is homologous to the neural tube
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Chordate Hemichordate
(chick embryogenesis) (hatched juvenile)

Figure 1.4. BMP Expressed in Dorsal Midline During Early Development. Illustrations
showing the expression of BMP in green. (A) Dorsal view of chick embryogenesis after
neurulation showing BMP expression in the putative ventral region and one dorsal strip in the
midline of the neural tube. (B) Dorsal view of a juvenile hemichordate showing BMP expressed
in the dorsal midline, just after neurulation. Drawings made according to published photographs
of BMP expression in the chordate chick (Marti E., 2000) and hemichordate (Lowe et al., 2006).
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in chordates (Luttrell et al., 2012; Miyamoto and Wada, 2013).

The nervous system of larval ptychoderid hemichordates develops in a similar manner to
chordates (Figure 5; Luttrell et al., 2012; Miyamoto and Wada, 2013). In both groups, the neural
tube develops along the dorsal midline in an anterior to posterior fashion (Figure 4, dorsal views
and Figure 5, cross-sections), however in hemichordates, the neural tube is found only in the
collar region (Figure 4B; Kaul and Stach, 2010; Luttrell et al., 2012). The chordate CNS forms
by invaginating ectoderm that rolls up the neural tube dorsal to the notochord (Figure 5A). In
hemichordates, collar ectoderm invaginates and rolls up to form the neural tube, after the
development of the dorsal vessel (Figure 5B; Luttrell et al., 2012). Signaling molecules emanate
from the notochord in chordates to induce neural tube formation (Figure 5C). The notochord also
serves as structural support for the neural tube (Figure 5A). The notochord is dorsal to the dorsal
vessel in chordates (Figure 5; Luttrell et al., 2012; Miyamoto and Wada, 2013). Hemichordates
lack a notochord, so signaling molecules emanate from the dorsal vessel and the endoderm to
induce neural tube formation (Figure 5D; Miyamoto and Wada, 2013). These results have always
been interpreted as the chordates gaining a notochord, but evolutionarily, it is equally likely that
the hemichordate ancestor lost their notochord. In the latter scenario, then the deuterostome
ancestor may actually have been a chordate, with major losses in the echinoderm and tunicate

lineages.
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Figure 1.5. BMP and Sonic Hedgehog Expression During Neurulation. Diagrams of cross-
sections of a hemichordate and a vertebrate. In all pictures, dorsal is to the top and ventral is to
the bottom. The upper two illustrations show specific tissues and structures, while the bottom
two illustrations show BMP (green) and Sonic hedgehog (purple) expression. In the diagram of
the developing chick embryo (A), the vertebrate neural tube (orange) develops above the
notochord (pink). Somites (red) surround the neural tube and notochord. The dorsal vessel (red)
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is ventral to the notochord and dorsal to the endoderm (yellow). In diagram (B), the
metamorphosing hemichordate neural tube (orange) develops above the dorsal vessel (red). The
endoderm (yellow) is directly ventral to the dorsal vessel. Blue represents ectoderm in all
images. The bottom two diagrams, show that BMP (green) is expressed in the dorsal ectoderm
(blue) of both hemichordates (Lowe et al., 2006) and the chordate chick (Marti E., 2000). BMP
molecules are also expressed in the dorsal vessel (DV) of vertebrates (Rickman et al., 1985;
Schneider et al., 1999; Young et al., 2004). Sonic hedgehog is expressed in the ventral central
nervous system (CNS) and the notochord (NOTO) in vertebrates (Bardet et al., 2010) and
expressed in the endoderm (ENDO) of hemichordates (Pani et al, 2012).

Section 7: Evidence for the Hemichordate Stomochord Homology to Chordate

Notochord

Ultrastructural studies of the hemichordate stomochord suggested that this structure could
be the homolog of the chordate notochord (Balser and Ruppert, 1990). Gene expression studies
of notochord-specific genes were expected to confirm this hypothesis. Brachyury is a T box
transcription factor, first isolated during mesoderm formation in vertebrates (Wilkinson et al.,
1990; Holland et al., 1995) that is expressed exclusively in the ascidian notochord (Yasuo and
Satoh, 1993; Swalla, 2006). When Brachyury T was cloned and described in echinoderms and
hemichordates, it was expressed at the site of gastrulation at the vegetal pole, which later
becomes the larval anus (Peterson et al., 1999; Swalla, 2006). These results suggest that the
ancestral function of Brachyury as a transcription factor was in promoting gastrulation and
formation of the three germ layers, and that the gene was later co-opted into notochord
development (Swalla, 2006). However, recent results of Miyamoto and Wada (2013) show that
the presumptive stomochord endoderm expresses sonic hedgehog, and may induce neurulation in
the hemichordate neural tube. Therefore, these researchers present evidence that the stomochord
is the notochord homolog in hemichordates. Candidate gene expression studies so far do not
suggest any other hemichordate structure as a candidate for the notochord homolog (Gerhart et

al., 2005), but more research will be very interesting to investigate this intriguing possibility.
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Section 8: Evolution of Placodes and Neural Crest in Chordates

Neural crest has been widely touted as a vertebrate innovation that allowed the
development of complicated sensory structures in the anterior head and the development of the
skull and pharyngeal bars (Gans and Northcutt, 1983; Theveneau and Mayor, 2014). Therefore,
it has long been assumed that tunicates and lancelets lack neural crest and cranial sensory
placodes.

However, in recent years, using a combination of genetic and developmental techniques,
there have been a number of reports of neural crest and placodes in tunicates, but not in lancelets
(reviewed in Hall and Gillis, 2013). The sister group relationship of tunicates and vertebrates that
has been reported for phylogenomic analyses supports the hypothesis that tunicates may contain
neural crest and placodes (Bourlat et al., 2006; Delsuc et al., 2006). It is interesting that of 615
“neural crest genes”, 91% of these genes are found in invertebrates that do not contain neural
crest, suggesting that these genes were co-opted into neural crest cells in vertebrates (Hall and
Gillis, 2013). There are migratory and pigmented cells discovered in adult tunicates that develop
from near the neural tube of the larvae and have been suggested to be neural crest by virtue of
sharing parts of the neural crest gene network (Jeffery et al., 2008; Abitua et al., 2012). Recent
work shows a cephalic melanocyte lineage in Ciona intestinalis larvae that can be reprogrammed
into migrating cells by over-expression of the transcription factor Twist (Abitua et al., 2012).
These results suggest that the gene network for neural crest is present in tunicates and that the
mesenchymal property of the neural crest was most recently evolved in vertebrates (Abitua et al.,
2012). However, more work remains to be done to study the exact nature and potential of these
“neural crest” cells in tunicates (Hall and Gillis, 2013).

There is excellent evidence from gene expression and morphological studies that
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tunicates have well-developed sensory placodes and lateral placodes (Manni et al., 2004;
Bassham and Postlewait, 2005; Mazet et al., 2005). The buccal cavity and palps at the anterior of
tunicates express Six 1/2, Six 3/6, Eya and Pitx, suggesting a homology to the hypophyseal and
olfactory placodes of vertebrates (Manni et al., 2004; Bassham and Postlewait, 2005; Mazet et
al., 2005). These results suggest that the common ancestor of vertebrates and tunicates had
placodes, and that their anterior ends have homologous structures. A rather startling result is that
the excurrent buccal opening in tunicates early on expresses Six 1/2, Six 4/5, Eya, and Fox I,
which are vertebrate markers for otic placodes, lateral line, and epibranchial placodes (Manni et
al., 2004; Bassham and Postlewait, 2005; Mazet et al., 2005; Moody and Saint-Jeannet, 2014).
As mentioned before, tunicate larvae do not have an open gut, so do not have an anus during
larval life. After metamorphosis, the gut is emptied out of the excurrent buccal siphon, after the
tail has retracted, and the mouth forms at the anterior of the larvae. This would suggest that the

adult tunicate is defecating out of its ear, an odd symmetry twist for a chordate.

Section 9: Stem Cells and Regeneration in Hemichordates

Regeneration is a fascinating, yet common occurrence among the metazoans. The
majority of animal phyla have some species that reliably regenerate certain tissues and structures
(Sanchez Alvarado, 2000). All groups within the deuterostomes, with the possible exception of
cephalochordates and xenoturbella, have at least some species with regenerative capabilities.
Echinoderms have been shown to have a remarkable capacity for regeneration (Candia
Carnevali, 2006). Every extant class within the Echinoderm lineage have been reported to
regenerate to some degree (Candia Carnevali at al., 2009; D’Ancona Lunetta, 2009). Certain

species of hemichordates, which are a sister group to the echinoderms, are capable of
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regenerating all body structures (Rychel and Swalla, 2008; Humphreys et al., 2010; Urata et al.,
2012). Some species of both solitary and colonial tunicates have been shown to regenerate either
by budding or re-growing missing or damaged structures (Sanchez Alvarado, 2000; Brown et al.,
2009; Jeffery, 2012). Chordates possess numerous species with some regenerative powers,
including humans, which are able to regenerate bone and liver tissue (Sanchez Alvarado, 2000).
While the overall understanding of regeneration in some species has improved, many of the key
cellular and genetic processes controlling regeneration are still unknown.

Thomas H. Morgan classified two basic types of regeneration in metazoans. In the first
mode, regeneration occurs by remodeling existing tissue without any active cell proliferation,
termed morphallaxis. The second mode does require active cell proliferation and is known as
epimorphosis (Morgan 1898; Morgan 1901; Sanchez Alvarado, 2000). Depending on the
organism, regeneration may employ both epimorphosis and morphallaxis. Agata et al. (2007)
coined the terms distalization and intercalation in order to clarify the steps in regenerating new
tissue. Wound healing is often the first step in regeneration. This allows new tissue, whether in
the presence of a blastema or not, to be patterned on the correct axis. The process of wound
healing is termed distalization. Intercalation is the second step of regeneration and it is
characterized by the replacement of missing or damaged tissue. This process can occur by
morphallaxis or epimorphosis. Regeneration can be categorized further by examining the final
condition of the animal and the amputated tissue. If both regenerate completely to form two new
individuals, then regeneration is considered to be bi-directional and essentially asexual
reproduction. If, on the other hand, only one half of the animal regenerates to form a complete
individual, regeneration is said to be unidirectional.

Ptychodera flava, a solitary enteropneust hemichordate, regenerates in a bidirectional
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fashion and employs both morphallaxis and epimorphosis to regenerate missing structures when
bisected (Rychel and Swalla, 2008; Humphreys et al., 2010). Glandiceps hacksi has also been
shown to regenerate with a combination of morphallaxis and epimorphosis (Urata et al., 2012).
Because hemichordates are basal deuterostomes and employ both forms of regeneration, they
present an exciting model to study the cellular and molecular mechanisms of regeneration. This
ability to regenerate all structures in the body includes the central nervous system, hepatic sacs,
heart, renal gland, and gonads (Rychel and Swalla, 2008).

The first step in hemichordate regeneration, as is seen in most animals, is wound healing.
Rychel and Swalla documented that endoderm and ectoderm grow together to close the wound
within 2 days post amputation. Regeneration times vary based on the temperature of the seawater
and overall health of the animal, with regeneration optimized between 26°C and 30°C
(Humphreys et al., 2010). Following wound healing, a blastema forms and rapidly expands to
establish proboscis and collar rudiments by the fifth day of regeneration (Humphreys et al.,
2010). The blastema appears to be composed of multipotent stem-like cells. Rychel and Swalla
used proliferating cell nuclear antigen (PCNA) antibody staining to show actively dividing cells
present and scattered throughout the tissue at two days post amputation. By the fourth day of
regeneration, PCNA-positive cells were localized to the anterior regeneration site, where the
proboscis and collar were forming (Rychel and Swalla, 2008). Humphreys et al. (2010) used in
situ hybridization to show that the proboscis and collar rudiments of the blastema highly express
SoxB1 on day five of regeneration, while the surrounding non-regenerating tissue does not label
with this probe. SoxBI is a gene that has been shown to be vital for generating induced
pluripotent stem (iPS) cells (Takahashi et al., 2007). Additionally, the newly formed tissue is not

pigmented, suggesting the structures were formed from newly dividing cells and not remodeled
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from existing cells (Rychel and Swalla, 2008; Humphreys et al., 2010). Collectively, this
evidence supports the idea that the regeneration blastema is created by proliferating stem cells.
Although the cells appear to be mesenchymal, it is an open question whether they are de-
differentiated cells or a population of undifferentiated cells occupying an unknown stem cell
niche. Further studies will be necessary to confirm the origin and character of the blastemal cells.

By the sixth day of regeneration in P. flava, complete proboscis and collar rudiments
were formed and the mouth was opened on the ventral, posterior end of the proboscis (Rychel
and Swalla, 2008; Humphreys et al., 2010). Furthermore, internal structures were being
elaborated at this stage. Dorsal to the mouth, the stomochord develops from invaginating
ectoderm. This structure serves to support the heart/kidney complex, which was forming two
days later, by the eighth day of regeneration (Rychel and Swalla, 2008). All structures continued
to develop and increase in size until around 12 days, when the newly formed tissue
approximately matched the size of the old tissue. At this stage the regenerating animal was
capable of burrowing under sand, as they do in nature (Humphreys et al., 2010). The branchial
region forms next and appears to combine both epimorphosis and morphallaxis. Abnormally
high levels of apoptotic cells were detected approximately one cm away from the cut site in both
the ectoderm and endoderm on days two through eight of regeneration using a TUNEL assay
(Rychel and Swalla, 2008). However, the amount and location of programmed cell death varied
over the time points sampled. In general, apoptosis was elevated in the endoderm farthest away
from the cut site on day two and then progressed anteriorly towards the cut site. Additional
sampling will need to be done beyond eight days to confirm the presence of apoptotic cells
throughout the course of regeneration to confirm the extent of tissue remodeling during the

formation of new structures. A blastema also forms between the collar and trunk between day
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twelve and twenty-five. The blastema goes on to differentiate and form the new branchial section
of the animal (Humphreys et al., 2010). Complete regeneration is achieved approximately five
weeks post amputation and it may take up to another five weeks for the newly formed tissue to
achieve the same level of pigmentation as the old tissue (Humphreys et al., 2010). In conclusion,
regeneration is impressive in the basal deuterostomes. Understanding the molecular basis for this
process may yield clues to unlocking extensive regeneration in other deuterostomes, including
humans. Future studies will be directed at identifying the source of stem cells in hemichordates

and identifying the gene networks regulated during regeneration.

Section 10: Summary and conclusions

In summary, developmental genomics and genetics have allowed new insights into the
question of chordate origins (Gerhart et al., 2005; Rychel et al., 2006). Genomics and gene
expression studies have been informative in understanding the homology of various structures in
invertebrate deuterostomes with vertebrates. Developmental gene expression data allows one to
analyze the genetic pathways that are deployed to make similar structures in genetically different
organisms. Gene expression data suggest that the anterior-posterior axis of hemichordates,
lancelets and vertebrates are very similar, except that the neural genes are expressed throughout
the ectoderm of hemichordates (Lowe et al., 2003). Tunicates have lost some of the middle Hox
genes and express some of their Hox genes as larvae and some as adults, but only a few are
expressed co-linearly (Spagnuolo et al., 2003; Passamaneck and Di Gregorio, 2005; Pascual-
Anaya et al., 2013). The gill slits of hemichordates, lancelets and vertebrates are homologous
(Rychel et al., 2006, Gillis et al., 2012), but the gill bars of lancelets and hemichordates are both

acellular and endodermal in origin. In contrast, tunicates completely lack gill bars in their
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pharyngeal region, probably an adaptation that followed their acquisition of the cellulose tunic.
There is good recent evidence that tunicates have cell lineages that develop next to the neural
tube, migrate and develop into pigment cells. These have been interpreted as neural crest cells,
due to their sharing genes identified in the neural crest gene network in vertebrates. Tunicates
have been shown to have both neural and non-neural placodes, thought for many years to exist
only in the vertebrates. While tunicates are clearly chordates, they have evolved some amazing
changes in body plan, and are likely to have lost some structures evolutionarily at the time that
the tunic evolved. Hemichordates have an anterior-posterior axis similar to chordates, but their
dorsal central nervous system is restricted to the collar region (Luttrell et al., 2012; Miyamoto
and Wada, 2013). Our view of the chordate ancestor is a benthic worm with gill slits and a
mouth, which was able to filter feed, but also could ingest large particles. This ancestor also had
a central nervous system and may or may not have had a notochord. Further research on
developmental gene expression in lancelets, tunicates and hemichordates is likely to be fruitful in

continuing insights into the evolution of vertebrates.

Section 11: Clinical Relevance Summary

* Chordate Ancestor - The chordate ancestor was a worm-like animal, with a through gut and the
mouth at the anterior, anus at the posterior.

* Hemichordate Homologies — Hemichordates have homologies with all of the major chordate
features, except the notochord, and are an excellent model system for the chordate and
deuterostome ancestor.

* Tunicate Homologies — Tunicates have all of the chordate features and are an excellent model

system for understanding chordate gene networks.
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» Stem cells — Chordate ancestors had stem cell populations that could be co-opted for specific
functions.

* Regeneration - Chordate ancestors had remarkable regeneration capacities.

Section 12: Glossary

Deuterostome — literally means “second mouth” (deutero — two; stome — mouth). The blastopore
is formed first during gastrulation and the mouth is formed secondarily. This mode of
development applies to all deuterostomes except Tunicata. Echinodermata,
Hemichordata, Xenoturbellida and Chordata are considered deuterostome phyla.

Endostyle - an endodermal structure found in invertebrate chordates in the pharyngeal area. The
endostyle secretes mucus to capture small particles and increase the efficiency of filter
feeding. In lancelets and tunicates, the endostyle also accumulates iodine and is
considered homologous to the vertebrate thyroid gland.

Graptolites - These abundant Cambrian fossils have been shown to be colonial hemichordates,
or members of the hemichordate Class Pterobranchia.

Hemichordates — This phylum includes enteropneust worms and colonial pterobranchs.
Hemichordates are tripartite as adults, having three body regions. The most anterior is the
proboscis (protostome), then the collar (mesosome) and the posterior trunk (metasome).
These three regions are reduced and modified in colonial Pterobranchia.

Lancelets — The common name for cephalochordates. These animals are frequently referred to
by the incorrect term amphioxus.

Notochord — The key chordate morphological character is the notochord. The notochord forms a

stiff rod running from anterior to posterior in chordates beneath the dorsal neural tube,
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usually surrounded by a sheath of extracellular matrix. The gut is found just under the
notochord in vertebrates and lancelets, but there is only an endodermal strand in the
nonfeeding ascidian tadpole larvae. In lancelets and appendicularians, the notochord
persists in the adult, while in ascidians the notochord undergoes apoptosis before
metamorphosis and tail resorption. In vertebrates, the notochord persists as the
intervertebral discs (nucleus pulposa) as the vertebrae develop from somites (Dahia et al.,
2011; Dahia et al., 2012).

Pharyngeal — The area of the digestive system that serves as a respiratory organ and feeding
organ in hemichordates, tunicates and lancelets. The vertebrate homolog is the pharynx,
which develops into gills in early vertebrates, but is the area of the throat, including the
thyroid gland and thymus in amniotes (birds and mammals).

Pharyngeal Gill Bars — Cartilaginous elements made of extracellular matrix and located
between the pharyngeal endoderm, giving the pharynx of hemichordates, lancelets and
vertebrates structure. Pharyngeal gill bars are secreted from endoderm in hemichordates
and lancelets, but develop from neural crest cells in vertebrates.

Placodes — Area of an ectodermal thickening from which cells delaminate and eventually
achieve a cell fate that is not epidermal. There are both neurogenic and non-neurogenic
cranial placodes, which are associated with the peripheral nervous system in vertebrates.
Placodes were thought to be found only in vertebrates, but have recently been described
in tunicates, using both molecular markers and careful morphological analyses.

Pterobranch - Class Pterobranchia refers to a group of colonial hemichordates, or pterobranchs.
Colonial hemichordates reproduce both sexually and asexually and have feeding tentacles

to capture small particles for feeding. There are many fossil pterobranchs, called
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graptolites, but only two extant families, Rhabdopleuridae and Cephalodiscidae.
Stomochord — a projection of the endoderm that juts forward into the hemichordate proboscis,
against which the hemichordate heart beats. The hemichordate stomochord cells are
vacuolated and make an extracellular sheath, but there is no molecular evidence that it is
a notochord homolog.
Tunicates — A monophyletic group of animals that includes ascidians, appendicularians, and
thaliaceans. This group of animals is also sometimes called “urochordates”, but Tunicata

is the preferred term. There are over 2,800 described species of tunicates.
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Chapter 2 - Head Regeneration in Hemichordates is not a Strict

Recapitulation of Development
This chapter was published as Luttrell S.M., Gotting K., Ross E., Alvarado A.S., Swalla B.J.
(2016). Head regeneration in hemichordates is not a strict recapitulation of development. Dev
Dynamics 245: 1159-1175.

Section 1: Background

Head or anterior body part regeneration is commonly associated with protostome, but not
deuterostome invertebrates. However, it has been shown that the solitary hemichordate
Ptychodera flava possesses the remarkable capacity to regenerate their entire nervous system,
including their dorsal neural tube and their anterior head-like structure, or proboscis.
Hemichordates, also known as acorn worms, are marine invertebrate deuterostomes that have
retained chordate traits that were likely present in the deuterostome ancestor, placing these
animals in a vital position to study regeneration and chordate evolution. All acorn worms have a
tripartite body plan, with an anterior proboscis, middle collar region, and a posterior trunk. The
collar houses a hollow, dorsal neural tube in ptychoderid hemichordates and numerous chordate
genes involved in brain and spinal cord development are expressed in a similar anterior—posterior
spatial arrangement along the body axis. We have examined anterior regeneration in the
hemichordate Ptychodera flava and report the spatial and temporal morphological changes that
occur. Additionally, we have sequenced, assembled, and analyzed the transcriptome for eight
stages of regenerating P. flava, revealing significant differential gene expression between
regenerating and control animals. Importantly, we have uncovered developmental steps that are

regeneration-specific and do not strictly follow the embryonic program.
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Section 2: Introduction

Regeneration has captured the interest and imagination of people for centuries.
Popularized in myths, science fiction, and even horror movies, regeneration of missing and
damaged tissue is a common reality in the animal kingdom. Nearly every animal phyla contains
at least some species that consistently regenerate all or certain tissues and structures (Bely and
Nyberg, 2010; Somorjai et al., 2012; Giangrande and Licciano, 2014). All deuterostomes groups,
with the possible exception of Xenoturbella, have at least some species with the capacity to
regenerate (Sanchez Alvarado, 2000). Numerous chordates, including lancelets, tunicates, frogs,
fish, salamanders, and even humans are able to regenerate to some degree (Brown et al., 2009;
Bely and Nyberg, 2010; Somorjai et al., 2012; Giangrande and Licciano, 2014). Every extant
class of echinoderms have been reported to regenerate (Candia Carnevali et al., 2009), while
some species of hemichordates, which are a sister group to the echinoderms, undergo asexual
reproduction and regenerate all anterior and posterior body parts when amputated (Willey 1899;
Dawydoff 1902; Rao 1954; Rychel and Swalla, 2008; Humphreys et al., 2010; Miyamoto and
Saito, 2010). When and in what animal lineage did the ability to regenerate first evolve? Was
regeneration a stem metazoan trait that was subsequently lost or reduced in numerous taxa or has
regeneration evolved independently several times across the metazoans? Porifera (Bely and
Nyberg, 2010; Giangrande and Licciano, 2014), Cnidaria (Bosch, 2007; Dubuc et al., 2014),
Ctenophora (Ryan et al., 2013; Moroz et al., 2014), and Placozoa (Bely and Nyberg, 2010) have
extensive regenerative abilities and, as basal metazoans, these lineages suggest an ancient and
ancestral mechanism of regeneration. Comparing gene regulatory networks used during
regeneration across various animal phyla will help to elucidate common molecular mechanisms

of regeneration.

39



Understanding the morphological and genetic basis of regeneration may yield clues to
unlocking regeneration in animals with limited or no regenerative abilities, like humans. Millions
of people suffer from neurodegenerative diseases, spinal cord injuries, and limb amputations
(Brown et al.,, 2005; Ziegler-Graham et al., 2008; Mahabaleshwarkar and Khanna, 2014).
Furthermore, aging and age-related diseases will eventually affect everyone. Regeneration may
slow the aging process and stem cells present one feasible way to combat a multitude of diseases
and injuries (Rando and Wyss-Coray, 2014). If regeneration is a stem deuterostomes trait, it is
likely that humans possess many, if not all, of the genetic switches controlling regeneration, but
those switches have been modified or inactivated in some way over evolutionary time. It may,
therefore, be possible to re-activate those pathways in humans using information gained from
studying genetic models made from animals with extensive regenerative capabilities.

We are seeking to identify the morphological and genetic underpinnings controlling
regeneration in the solitary hemichordate, Ptychodera flava (Eschscholtz, 1825), which is a basal
deuterostomes and capable of regenerating all anterior and posterior structures when bisected
(Rychel and Swalla, 2008; Humphreys et al., 2010). It is critical to know when internal structures
regenerate to use genetic knock downs and knock outs, as well as overexpression, to characterize
the function of genes directing the regeneration process. Moreover, hemichordates are the only
deuterostomes known to be able to regenerate an anterior head-like structure and entire central
nervous system (CNS). Ptychodera flava progresses from a fertilized embryo to a planktonic,
feeding larva that can remain in the water column for up to 300 days (Hadfield, 1978; Lin et al.,
2016). Upon metamorphosis, the larva develops into a juvenile worm that settles to the ocean
floor to begin a benthic lifestyle. Solitary hemichordates are exclusively marine and adult

animals have a tripartite body plan with an anterior proboscis that is used for digging and
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burrowing in the sand and mud, a middle collar region with a hollow, dorsal neural tube in
ptychoderid hemichordates, a ventral mouth between the proboscis and collar, and a long
posterior trunk with pharyngeal gill slits and gonads in the anterior trunk, a hepatic region in the
mid-trunk and a terminal anus (Balser and Ruppert, 1990; Brown et el., 2008; Luttrell and
Swalla, 2014).

The hemichordate nervous system is quite interesting. Upon embryogenesis in direct
developing hemichordates and metamorphosis in indirect developers, dorsal and ventral nerve
cords develop along the full length of the trunk and nerve rings form around the base of the
collar and the base of the proboscis (Balser and Ruppert, 1990; Kaul and Stach, 2010; Miyamoto
et al., 2010; Miyamoto and Wada, 2013; Kaul-Strehlow et al., 2015). Adult echinoderms also
develop nerve cords throughout each arm and a circumferential nerve ring around the central
disc; however, it still remains to be determined whether echinoderm and hemichordate nerve
cords are homologous structures (Sly et al., 2002; Holland et al., 2013). In addition to nerve
cords, P. flava also develops a hollow, neural tube that is positioned dorsally in the collar region.
Our lab has shown this structure forms from ectoderm that invaginates and rolls up forming a
hollow tube, similar to chordate neurulation (Morgan, 1894; Luttrell et al., 2012; Miyamoto and
Wada, 2013; Luttrell and Swalla, 2014).

Lastly, hemichordates have a diffuse nerve net throughout the ectoderm, similar to the
adult tunicate, Ciona intestinalis (Balser and Ruppert, 1990; Lowe et al., 2003; Dahlberg et al.,
2009; Miyamoto et al., 2010; Kaul-Strehlow et al., 2015). The adult acorn worm, in light of these
similarities, has aspects of the different types of nervous systems that are present in the
deuterostomes. Remarkably, P. flava is able to regenerate all of these structures, making

hemichordates a model system to study nervous system evolution and regeneration in this clade
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of animals. Furthermore, as invertebrates, hemichordates lack the numerous genome duplications
events present in the vertebrates (Dehal and Boore, 2005; Hughes and Liberles, 2008), thereby
making functional studies of the regeneration genes more tractable in this animal.

Here, we report the spatial and temporal regeneration of internal body structures to
complement the previously published external morphology regeneration data (Willey, 1899; Rao,
1954; Nishikawa, 1977; Rychel and Swalla, 2008; Humphreys et al., 2010). We also include
analyses of the transcriptome from regenerating P. flava animals. In total, eight different stages
of regeneration were sequenced, assembled, and annotated to track changes in early gene
expression that direct regeneration of anterior structures. We document expression profiles and
gene ontologies of hundreds of putative genes associated with anterior head regeneration. These
data build a foundation for future experiments that may show what genes are sufficient and
necessary to start the regeneration program in P. flava. Our morphological data shows the
regenerative response to these early changes in gene expression and we document complete
anterior regeneration of the proboscis, collar, and anterior trunk. Furthermore, we uncovered
morphological differences between early development and regeneration of anterior structures,
including the neural tube. The assembled transcriptomes reported here not only complement
recent P. flava developmental transcriptomes (Shu-Hwa et al., 2014; Tagawa et al., 2014,
Simakov et al., 2015), but also open the door to systematic comparisons of embryonic processes

to regenerative events in hemichordates specifically, and deuterostomes in general.

Section 3: Experimental Procedures

Animal Collection and Management

Ptychodera flava were collected at Paiko Peninsula in Honolulu, Hawaii, in early
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November. During low tide, when the water level was approximately 3 feet deep, animals were
removed from the coral beds by snorkeling. The light sand cover was fanned by hand to expose
the underlying coral and hemichordates. Animals were collected into 50-ml tubes and carried
back to the lab with the tubes immersed in a cooler with sea water.

Animals were bisected at the level of the anterior hepatic sacs and allowed to regenerate
for various time points (Figs. 1 and 2). Regenerating worms were kept in running seawater tanks
at Kewalo Marine Laboratory at 27°C during regeneration. Some worms were collected and
shipped to the University of Washington in Seattle, Washington, and kept at 26°C while
regenerating. Animals were immersed in a 1:1 solution of sea water and 7.5% MgCl, for 15 min
to relax muscles and constrain movement and then observed with a Nikon 1000 dissecting
microscope and photographed with a Cool Snap camera. Pictures were taken daily for 15 days

and near daily thereafter until 55 days post bisection.

Histology

Regenerating animals were fixed in 4% paraformaldehyde in phosphate-buffered saline
overnight at room temperature and stored at -20°C in 100% methanol. They were placed into
100% ethanol for 20 min at room temperature and then moved to a 1:1 mixture of 100% ethanol
and polyester wax (nine parts Poly (ethylene glycol) [400] distearate and one part 1-hexadecanol,
(Polysciences, Warrington, PA) (Steedman, 1957; Norenburg and Barrett 1987) at 40°C for 1 hr.
The animals were then moved to 100% polyester wax at 40°C for 1 hr and then embedded in
fresh 100% polyester wax. Next, 7-um sections were cut on a Spencer 829 microtome and
mounted on gelatin subbed slides. Slides were deparaftinized, and processed through Milligan’s

trichrome staining, a histological stain that differentiates muscle cells, nuclei, and cartilage (Fig.
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3; Presnell and Schreibman, 1997). Slides were rinsed in 95% ethanol and treated for 5 min with
potassium dichromate HCI mordant and then rinsed in distilled water. Slides were then stained
for 5 min in acid fuchsin (Sigma, St. Louis, MO) and rinsed again in distilled water. Slides were
then stained 5 min in phosphomolybdic acid (Sigma) followed by 5 min in Orange G (Sigma)
and then rinsed in distilled water. Finally, slides were treated for 2 min in 1% glacial acetic acid
and stained 5 min with Fast Green FCF (Sigma) and then treated again for 3 min with 1% glacial
acetic acid. Slides were dehydrated with ethanol and mounted with Permount (Fisher Scientific,
Pittsburgh, PA). Sections were photographed using a Nikon Eclipse E600 microscope mounted

with a Cool Snap camera.

RNA Isolation and ¢cDNA Preparation

Following bisection, animals were allowed to regenerate for either 2 hr, 4 hr, 6 hr, 12 hr,
24 hr, 48 hr, 72 hr, or 96 hr. Between 50 and 100 mg of tissue were removed with a sterile,
feather surgical blade from the cut site of the posterior segment in four regenerating animals at
each time point (Fig. 1A—C). Four healthy, intact animals were bisected and total RNA was
isolated from the cut site of the posterior half to serve as reference controls. RNA was isolated
from the tissue using either a Promega SV Total RNA Isolation System, catalog number Z3100,
or a USB PrepEase RNA Spin Kit, part number 78766 1 KT. RNA was analyzed on a NanoDrop
ND-1000 spectrophotometer for nucleic acid concentration and purity and then stored at -80°C
until cDNA was synthesized using the SuperScript® III First-Strand Synthesis System for RT-

PCR by Invitrogen.
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c¢DNA Library Preparation and Sequencing

mRNAseq libraries for sequencing were generated from 1 to 1.5ug of high quality total
RNA, as assessed using the Agilent 2100 Bioanalyzer. RNA was purified using poly-T oligo-
attached magnetic beads. Libraries were made according to the manufacturer’s directions for the
TruSeq RNA Sample Prep Kit v2 (Illumina, RS-122-2101). Resulting short fragment libraries
were checked for quality and quantity using the Bioanalyzer. Equal molar libraries were pooled,
requantified and sequenced as 100 bp paired read on the Illumina HiSeq, 2000 instrument using
HiSeq Control Software 1.5.15. Following sequencing, [llumina Primary Analysis version RTA
1.13.48 and Secondary Analysis version CASAVA-1.8.2 were run to demultiplex reads for all

libraries and generate FASTQ files.

Transcriptome Assembly and Annotation

To create a reference for expression analysis, paired end sequence files from all P. flava
experimental time points were pooled (605,821,125 pairs totaling 122,164,225,000 bp) and
assembled using Trinity, version 12013-02-25, (Grabherr et al., 2011), with default parameters.
We vector clipped and contaminate filtered the resulting assembly with SeqClean, version, 2011-
02-22, (Seq-Clean, 2011). The resulting transcriptome reference contained 527,715 sequences,
with an average length of 1,022, and N50 of 1,961, 208,773 of these sequences contain an ORF
of at least 60 amino acids. All sequences were used for expression analysis with sequences from
the same Trinity “component,” roughly equal to a gene, treated as a single gene.

To maximize the utility of this transcriptome assembly, sequences were annotated with
the best BLASTx (Camacho et al., 2008) hit to Swissprot (UniProt, 2015) and NCBI’s NR

database, using an e-value cutoff of 0.001. We also identified PFAM (Finn et al., 2014) domains
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present in P. flava transcripts using hmmscan, version 3.1b1, from the HMMER package (Eddy,
2011) with an e-value cutoff of 0.01. In addition, we annotated these transcripts with tmhmm,
version 2.0c, (Krogh et al., 2001) signal version 4.1 (Petersen et al., 2011), and ncoils (Lupas et
al., 1991). We identified putative transcription factors based on PFAM domain hits using a list
from transcriptionfactor.org. For transcripts with multiple isoforms, annotations were collapsed

to the gene level as determined by Trinity.

Differential Expression Analysis

To identify differentially expressed genes, single end reads from each time point were
aligned to the transcriptome using Bowtie2 (Langmead and Salzberg, 2012) with default
parameters. Alignments were quantified using Samtools (Li et al., 2009). Isoform counts were
summed to generate a “per gene” count. Differential expression analysis and normalization was
performed using the R package DESeq2 (Love et al., 2014). All time points were contrasted with
the zero hour (0 hr) time point. Data used for the gene expression analysis have been deposited in

the Gene Expression Omnibus (GEO) under accession number GSE70295.

Hierarchical Clustering and Heatmaps

To select genes of interest for clustering, differentially expressed genes (P < le-5),
having an expression level log2 fold change greater than one or less than negative one, for one or
more timepoints, and having a hit to the Swissprot protein database were identified. These genes
were hierarchically clustered on the distances of the Pearson correlation of the log2 fold change,
using the complete linkage method to find similar clusters (Figs. 5 and 6, 7, 8). Significantly

differentially expressed genes (P < le-5) that had transcription factor domains were clustered on
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the distances of the Pearson correlation of the log2 fold change, using Ward’s minimum variance
method to find similar clusters (Fig. 9). All heatmaps were created using the R package

pheatmap (Kolde, 2013).

Gene Ontology Analysis

Gene Ontology (GO) (Gene Ontology, 2015) terms were assigned to each P. flava gene
based upon homologous PFAM domains and significant Swissprot hits. These terms were used
to impute functional categories of differentially expressed genes and calculate categorical
enrichment. The GO slim terms used were from the generic GO slim terms list available at the
Gene Ontology Web site. GO term enrichment was performed using the R package topGO
(Alexa and Rahnenfuhrer, 2010). To examine higher-level GO terms, significantly enriched (P <
0.01) GO terms were mapped to select higher-level GO terms using GO.db. These select GO

terms were then mapped to the significantly differentially expressed genes (P < le-5) (Fig. 10).

Section 4: Results

Regeneration of External and Internal Anterior Features in P. flava

Intact, healthy, adult worms (Fig. 1A) were bisected in the trunk between the branchial
region and the hepatic sacs (Fig. 1B) and the posterior piece was monitored for regeneration
signs at the cut site (Fig. 1C). The first observable change in tissue composition in Ptychodera
flava 1s wound healing. This process is relatively rapid and takes place within the first 2 days
following amputation at 26°C. Wound healing culminates in ectoderm covering and sealing the
open cut site (Fig. 1D-F). Over the next 3 days, a regeneration blastema forms at the anterior end

(Fig. 1G,H). Cells accumulate and proliferate in the blastema to yield a new, rudimentary
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Figure 2.1. Regenerating anterior structures on Ptychodera flava. A: An intact, live animal.
Anterior is to the left. The arrow indicates where the animal will be bisected. a = anterior, p =
posterior. B: A bisected animal. AA, anterior end of the anterior half; PA, posterior end of the
anterior half; AP, anterior end of the posterior half; PP, posterior end of the posterior half. C: The
posterior half of the animal. The boxed area is the site of regeneration. D: The cut site of the
posterior half of the animal. E-H: One day (1d) through 4 days (4d) postcut, showing the open
wound has healed and a regeneration blastema has formed in two different animals. The arrow in
(G) marks the blastema. I,J: At 5 days post bisection (5d), the blastema has formed a rudimentary
proboscis (PR) and the mouth (MO) is open on the ventral side. K-T: Six days (6d) through 15
days (15d) show the proboscis (PR) the collar (CO) regenerating around the proboscis stalk in a
ventral to dorsal manner. All views are dorsal and anterior is to the top except I, J, which are
ventral views. Scale bars = 1 mm.
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anterior head, or proboscis (Fig. 11). Between days 4 and 5 post bisection, the mouth has opened
on the ventral side (Figs. 1J, 3D1-3).

Over the next several days, cells continue to proliferate enlarging the proboscis and the
collar begins to wrap around the base of the proboscis (Fig. 1K-T). The collar regenerates in the
ventral and lateral positions first (Fig. 1K—P). Gill slits and gill bars start to form in the anterior
most region of the trunk after 10 to 12 days, before the collar ectoderm completely regenerates
and closes on the dorsal side (Fig. 1Q-T). At 13 days post bisection, the ventral and lateral collar
ectoderm has fully regenerated (Fig. 2). The dorsal most region of the collar has not yet formed,
but will continue to regenerate and finally close forming a continuous ring around the neck
region after approximately 2 weeks of regeneration. The epibranchial nerve ring that that wraps
around the posterior collar is visible in the newly regenerated tissue and forms as the collar
regrows and not after the collar has fully shaped (Fig. 2).

The internal regeneration morphology of P. flava is striking after the first day the animal
is bisected. Both ectoderm and endoderm of the trunk region come together at the cut site and
form a near continuous layer (Fig. 3A1). The folds of pre-existing endoderm are still present and
the neural net is maintained below the ectoderm (Fig. 3A1). Existing muscle fibers of the trunk
are still obvious at the anterior end where the wound has sealed (Fig. 3A1). Hepatic collagen is
visible below the ectoderm at the cut site, denoting endoderm of the existing hepatic sacculations
are taking part in wound healing (Fig. 3A1). On day 2 of regeneration, the wound has completely
healed and the ectoderm epithelium is smooth and continuous (Fig. 3B1,B2). Dorsal and ventral
blood vessels run the length of the animal, allowing blood cells to circulate. Blood is visible in
the dorsal and ventral endoderm of the cut site, indicating that both blood vessels are likely

supplying blood to this region (Fig. 3B2).
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Figure 2.2. Regenerating collar on Ptychodera flava at 13 days (13d) postamputation. A: An
illustration showing the cut site in the trunk between the genital wings and the hepatic sacs. B:
Dorsal view showing the collar has not completely closed and regeneration is incomplete. Three
gill slits have formed in the anterior trunk. C: Ventral view of the collar on the same animal
showing complete closure and regeneration of the ectoderm. Arrows indicate the dorsal nerve
cord in the trunk in (B) and the ventral nerve cord in (C). The arrowheads indicate the
epibranchial nerve ring formed at the base of the collar. Scale bars are Imm.
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Hepatic collagen is still visible in the dorsal endoderm, suggesting that at least parts of
this tissue have not undergone apoptosis or have been remodeled at this stage. By day 3 of
regeneration, the blastema has formed a rudimentary proboscis (Fig. 3C1-4). A nerve net is
present below the ectoderm in this region, at least partially originating from the existing trunk
tissue and not wholly regenerated de novo (Fig. 3C1-4). At this stage, a structure resembling the
presumptive stomochord appears posterior to the rudimentary proboscis and also appears to be
derived from endodermal tissue (Fig. 3 C3,C4). The hepatic sacculations are clearly visible in the
existing trunk denoting the dorsal side and a thick nerve net is still present on the ventral side
below the ectoderm posterior to the cut site (Fig. 3C1-C4).

As the proboscis grows, anterior internal tissues continue to be elaborated.
Hemichordates are tricoelomates, having separate coeloms in the proboscis, collar, and trunk
regions. The proboscis coelom is fully formed after 4 days of regeneration (Fig. 3D1-3). The
dorsal blood vessel flows anteriorly from the trunk, through the collar, ultimately forming the
heart in the posterior proboscis (Benito and Pardos, 1997). The dorsal vessel has regenerated into
the proboscis, filling the coelom with blood at 4 days postamputation (Fig. 3D1-3). The mouth,
which was visible in the external morphology at day 5, is clearly open in sagittal sections at day
4 (Fig. 3D1-3). The stomochord is a stiff, rod-like structure in the posterior proboscis and
provides structural support for the superimposing heart/kidney complex (Balser and Ruppert,
1990; Rychel and Swalla, 2008; Miyamoto and Wada, 2013). The stomochord is apparent in
sections after 5 days of regeneration (Fig. 3E2—4). At this stage, the stomochord forms between
the boundary where ectoderm and endoderm meet. At this time, the heartkidney complex

regenerates in the lateral and dorsal positions around the stomochord (Fig. 3E1-4). The dorsal
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Figure 2.3. A1-F4: Sagittal sections of Ptychodera flava anterior regeneration days 1-6 (A-
F). Sections were made through the mid-sagittal area showing the internal morphology of
proboscis and early collar regeneration. cc, collar coelom; dv, dorsal vessel; E, ectoderm; En,
endoderm; hc, hepatic collagen; hs, hepatic sacculations; m, muscle; mo, mouth; nn, nerve net; p,
proboscis; pc, proboscis coelom; pst, presumptive stomochord; st, stomochord; vv, ventral
vessel. Scale bars = 1 mm and all sections are at the same magnification. All sections are anterior
up and dorsal to the right and ventral to the left. All sections are stained with Milligan’s
trichrome stain. Collagen = green; nuclei, muscle = magenta.

52



blood vessel is obvious at this stage, flowing into the proboscis just above the stomochord where
the heart/kidney complex is regenerating (Fig. 3E1-4). The ventral blood vessel is supplying
blood and cells to the presumptive ventral collar coelom as well (Fig. 3E1-4). One day later, the
regenerated collar coeloms can be seen in the dorsal and ventral regions (Fig. 3F1-4). The
proboscis skeleton provides structure and support for the collar and overlying dorsal blood vessel
and neural tube (Luttrell et al., 2012). The proboscis skeleton regenerates from endoderm in the
collar region and is visible in endodermal inpocketing at 13 days postamputation (Fig. 4P). The
hollow, dorsal neural tube, which is found only in the collar region in ptychoderid
hemichordates, begins to form in the posterior collar as the ectoderm closes on the dorsal side at
13 days postbisection (Fig. 4T). These morphological regenerative events are summarized in

Table 1.

Dynamic and Discrete Cohorts of Gene Expression Patterns Are Observed During Early
Stages of Head Regeneration

Regeneration of these morphological structures is driven by a significant change in gene
expression as evidenced by the transcriptomes data. A line graph was constructed to show
clusters of upregulated, putative genes showing similar expression profiles along all time points
sampled (Fig. 5A). Nearly all genes in cluster A are significantly up-regulated 2 hr after the
animal is bisected; however, the expression level of these genes steadily and drastically declines
beginning 6 hr into the regeneration process. A heatmap of cluster A identifies the individual,

putative genes and their expression profile across all time points (Fig. 5B). Heatmaps of the
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Figure 2.4. Cross-sections of Ptychodera flava anterior regeneration days 9-15. All sections
are stained with Milligan’s trichrome at four different stages of regeneration: 9 days, 11 days, 13
days, and 15 days postamputation. A: Diagram of P. flava showing approximate locations of
sections. Row (1) is taken through the posterior proboscis in all four regeneration stages. Row
(2) 1s taken through the anterior collar. Row (3) is taken through the mid collar. Row (4) is taken
through the posterior collar. dv, dorsal vessel; E, ectoderm; En, endoderm; h-k, heart-kidney
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complex; Nt, neural tube; ps, proboscis skeleton; st, stomochord. Scale bars = 1 mm in B-E; 0.1
mm in F-U. B-U: Dorsal views with anterior to the right in (B— E) and dorsal to the top in (F—
U). Collagen = green; nuclei, muscle = magenta.

Table 2.1

Ptychodera flava Anterior Regeneration Timetable at 26°C

Regeneration Events Days of Regeneration
1-2 3-4 5-6 7-8 | 9-10 | 11-12 | 13-15

Wound healing

PCNA positive cells
(Rychel and Swalla, 2008)

Nerve net

Blastema

Proboscis
Proboscis coelom

Dorsal vessel

Mouth

Stomochord

Collar coelom

Ventral and lateral collar

XX |X|X|X|X]| X
X
X

X
X
X

XX | X | XX

Heart/kidney complex
Proboscis skeleton X
Gill slits X
Dorsal collar
Neural tube

X | X | X | X
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genes in cluster B shows overall expression is near baseline values at the 2-hr time point, but
then expression increases significantly after 6 hr and is elevated approximately 8-fold higher
than control animals after 4 days of regeneration (Fig. 5C). Heatmaps of the cluster C and cluster
D genes show similar expression profiles, both being only slightly elevated after 2 hr of
regeneration and then progressively increasing until the 24-hr time point, at which time both
clusters begin to show decreased expression levels, with cluster C displaying the most dramatic
decrease (Fig. 5D,E). However, expression of putative genes in both clusters still remain over
two log fold change higher than controls after 4 days of regeneration.

Down-regulated, putative genes were also identified and grouped into clusters of similar
expression domains. A line graph shows four clusters of predicted genes with very different
expression profiles (Fig. 6A). Heatmaps of cluster A show overall expression levels slightly
below baseline values between 2 and 6 hr of regeneration and then expression gradually
decreases with a steep decline between 3 and 4 days of regeneration. A detailed listing of these
putative genes is included in Figure 7. Cluster B genes also start off at near baseline values and
expression steadily decreases; however, this group of genes reverses at the 48-hr time point and
expression levels begin to increase, although overall expression of this cluster remains
significantly down-regulated at the 96-hr time point compared with control animals (Fig. 8).

Predicted genes in cluster C show an interesting expression pattern along all sampled
time points. Expression is initially significantly reduced by over three log fold compared with
control animals at the 2-hr time point and then expression sharply increases over the next 2 hr,
only to abruptly decrease again to nearly an 8-fold change from control animals at the 6-hr time
point. Expression levels then steadily elevate again over the next 18 hr, at which point expression

sharply declines again between 24 and 48 hr of regeneration, with expression values greater than
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Figure 2.5. Up-regulated gene cluster expression patterns in regenerating Ptycodera flava.

A: The line graph shows all putative genes that are initially up-regulated and cluster together in
their expression profiles along all time points sampled. Red, cluster A genes; green, cluster B
genes; blue, cluster C genes; and purple, cluster D genes. The X-axis is time of regeneration and
the Y-axis is the log2 fold change in gene expression compared with control animals. B-E:
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Heatmaps showing the individual genes identified in clusters A, B, C, D, respectively.

58



A

Mean(Log2(FoldChange))

—

o

©

Downregulated Gene Cluster Expression Patterns

Cluster

w= Down Cluster A
=== Down Cluster B
=== Down Cluster C

e Down Cluster D

Oh.2h Oh.4h

Cluster C: 40 Genes

4ziyo
urivo
49'40

uzZiiuo
urziyo

3

49640

Oh.6h Oh.12h 0Oh.24h Oh.48h
Timepoint
i lated Pol in from 297
FAD i domai protein 2.4

Caspase-7.1
Membrane-spanning 4-domains subfamily A member 4D [Mus musculus]
1 i it 1

Sodium-dependent phosphate transport protein 2C
Cell number regulator 4
o

dat-36 [C

elegans)

Alpha-tocopherol transfer protein-like [Mus musculus]

ATP-binding cassette sub-family C member 9
cAMP-regulated D2 protein

| S-crystaliin 3
ATP-binding cassette sub-family C member 9.1
ATP-binding cassette sub-family C member 9.2
ATP-binding cassette sub-family C member 9.3
Y+L amino acid transporter 2
Low-density lipoprotein receptor-related protein 5

| Angiotensin-converting enzyme
Arylsulfatase D
Acidic phospholipase A2 1

~ Non-specific lipid-transfer protein
Autocrine proliferation repressor protein A.1
StAR-related lipid transfer protein 5

| SEC14-like protein 2
Very long-chain acyl-CoA synthetase
Elongation of very long chain fatty acids protein 6.1
SEC14-like protein 2.1

Probable GTP-binding protein EngB (C:

0h.72h

subsp.

0h.96h

is MB4)

Antigen KI-67 [Homo sapiens]
Nephrin

Nuclear receptor ROR-alpha
Organic solute transporter subunit alpha
Neutral and basic amino acid transport protein rBAT

Sodium-

d

hloride GABA

Aminopeptidase N.2

Y+L amino acid transporter 2.1

Nose resistant to fluoxetine protein 6.1

Phospholipid scramblase 2

V-set and immunoglobulin domain-containing protein 1.1

Cluster D: 7 Genes

ugiuo .

uz'yo
yz1:yo

uviuo

uvziyo

ugpiuo

- Arginine-binding periplasmic protein.1

yz2:yo

~ Ankyrin-1
Insulin-like growth factor-binding protein-like 1
Homeobox protein DLL homolog [Branchiostoma floridae]

496:4y0

Fucolectin-5
 Extracellular matrix protein 3

Netrin receptor UNC5C

59

Tyrosine-protein kinase transforming protein SEA [Avian erythroblastosis virus (strain $13)].1



Figure 2.6. Down-regulated gene cluster expression patterns in regenerating Ptycodera
flava. A: The line graph shows all putative genes that are initially down-regulated and cluster
together in their expression profiles along all time points sampled. Red, cluster A genes; green,
cluster B genes; blue, cluster C genes; and purple, cluster D genes. The X-axis is time of
regeneration and the Y-axis is the log2 fold change in gene expression compared with control
animals. B,C: Heatmaps showing the individual genes in clusters C and D, respectively.
Heatmaps and identities of genes in clusters A and B are included in Figures 7 and 8,
respectively.
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Figure 2.7. Down-regulated gene cluster A expression patterns in regenerating P. flava. The
heatmap shows the individual genes in cluster A of Figure 6 and their expression profile along all
time points sampled compared with control animals.
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Figure 2.8. Down-regulated gene cluster B expression patterns in regenerating P. flava. The
heatmap shows the individual genes in cluster B of Figure 6 and their expression profile along all
time points sampled compared with control animals.
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8-fold lower than control animals. Expression then rebounds over the next 48 hr and returns to
around the same levels measured at the 2-hr time point, which is still nearly four log fold lower
than expression in control animals (Fig. 6B). Cluster D genes are initially down-regulated after 2
hr of regeneration, but are significantly up-regulated from baseline levels at the 96-hr time point
(Fig. 6C). Additionally, a heatmap was constructed for putative transcription factors and their

relative expression compared with control animals over all time points (Fig. 9).

Gene Activity Associated With Cell Proliferation and Metabolic Changes is Prominently
Detected in the Early Stages of P. flava Head Regeneration

Gene ontology (GO) analysis was completed to categorize the function of differentially
expressed putative genes. We display the number of genes per significantly enriched GO term
for 72 hr and 96 hr and no other time points because there was no enrichment for the other time
points. Over half of the significantly enriched genes for which we have GO annotations play a
role in cell proliferation and differentiation, as well as organ morphogenesis (Fig. 10A).
Approximately 12% of the significantly enriched genes for which we have GO annotations are
involved with cell signaling (Fig. 10A). Predicted orthologs of highly conserved developmental
pathways were detected, including members of the Wnt signaling pathway, the fibroblast growth
factor signaling pathway, and the Notch signaling pathway (Fig. 10A).

We further classified the amount of both up and downregulated genes at the 72-hr time
point and 96-hr time point into biological processes, molecular function, and cellular component
categories (Fig. 10B). The vast majority of up-regulated genes at the 3- and 4-day time points are
involved with extracellular space and matrix roles (Fig. 10B). At 72 hr post bisection, hundreds

of genes are up-regulated for biological processes, such as cell adhesion and lipid metabolism
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Figure 2.9. Differential gene expression of putative transcription factors in regenerating P.
flava. A heatmap showing the identity and expression profile of all transcription factors that
were both up and down-regulated across all time points sampled compared with control animals.
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on the Y-axis. B: The X-axis is the number of genes that were grouped into each gene ontology
term on the Y-axis.
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(Fig. 10B). Genes regulating small molecule and single organism metabolic processes on the
other hand are down-regulated after 72 hr of regeneration, as well as numerous genes involved
with oxidoreductase activity (Fig. 10B). Biological process genes aligned with aging,
extracellular structure organization and matrix organization are down-regulated at the 96-hr time
point (Fig. 10B). The cellular component categories of extracellular space and region part, as
well as oxidoreductase activity in the molecular function category are also down-regulated at 96

hr post bisection (Fig. 10B).

Section 5: Discussion

External Regeneration Morphology

Ptychoderid hemichordate regeneration is a remarkable process that results in external
structures regenerating in an anterior to posterior manner patterned off the existing body axis.
This is similar to juvenile worm development in P. flava and another ptychoderid hemichordate,
Balanoglossus simodensis, when the proboscis forms first during metamorphosis (Miyamoto et
al., 2010; Lin et al., 2016). The collar and trunk then differentiate and the trunk elongates. One
difference between development and regeneration, however, is that gill slits start to regenerate
before the collar has fully formed, unlike early development in direct developing hemichordates
when gill slits form after the collar and trunk have delineated from one another (Kaul-Strehlow
and Stach, 2013; Kaul-Strehlow et al., 2015).

Furthermore, during direct development, the neural tube also starts to invaginate from
dorsal, collar ectoderm in the posterior region of the collar before the first gill slit formation
(Kaul-Strehlow and Stach, 2013); however, we show in this study that the first gill slit

regenerates at least 2 days before the neural tube begins to form in the indirect developing P.
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flava. Few studies directly compare development or regeneration of the neural tube and gill slits
in ptychoderid worms, but two studies state that the collar develops or regenerates before the
branchial region (Nielsen and Hay-Schmidt, 2007: Humphreys et al., 2010). This is not evidence
that the neural tube specifically has developed at this point and future studies will need to
confirm the timing of development of the neural tube compared with development of the
branchial region in P. flava. These differences, however, do show a potential temporal plasticity
during regeneration of anterior structures in P. flava.

During regeneration, cells proliferate and accumulate to form a blastema at the cut site,
which then differentiate to replace missing or damaged tissue. The question remains whether
these proliferating cells are bona fide stem cells occupying an unknown niche that are recruited
to the cut site or are these somatic cells that have undergone de-differentiation and returned to a
progenitor cell state and then assigned new fates in the regenerating tissue? Numerous genes in
P. flava are both up- and downregulated beginning just 2 hr after the animal is bisected.
Differential gene expression increases rapidly during the early time points sampled in this study
resulting in wound healing and may drive regeneration through the recruitment of stem cells to
the cut site forming the regeneration blastema within 3 to 4 days postamputation. Rychel and
Swalla (2008) showed that proliferating cell nuclear antigen positive cells are found in scattered
mesenchyme cells throughout the tissue near the cut site by day 2 of regeneration at 28°C in P.
flava. There is some slight variation in wound healing and blastema growth times between the
results reported by Rychel and Swalla (2008) and here, but the overall results are consistent. Our
lab is currently working to determine the origin and molecular profile of these proliferating cells
to verify whether these are stem cells or de-differentiated somatic cells. We are using stem cell

markers in regenerating and nonregenerating animals to detect molecular signatures consistent
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with known stem cell lines.

Internal Regeneration Morphology

While epidermal tissue regenerates anterior to posterior, internal structures appear to
regenerate based on need and function. The mouth, which is critical to feeding and thereby
supports the high metabolic cost of regeneration, forms and opens after just 4 days. The worm
does not burrow and ingest sand to deposit feed at this point; however, they are likely taking in
organic nutrients suspended in the water column. Regenerating worms start to burrow in sand
around 10 days postbisection. Blood vessels and mechanical support elements for vital organs
and tissues also seem to be essential as these are among the first internal structures in the new
tissue.

The stomochord in the posterior proboscis is vacuolated and acts as a hydrostatic
skeleton, providing support for the heart-kidney complex (Miyamoto and Wada, 2013). Several
studies have shown that, in both direct and indirect developing acorn worms, the stomochord is
elaborated from endoderm during juvenile worm development (Kaul-Strehlow and Stach, 2013;
Miyamoto and Wada, 2013; Satoh et al., 2014). At 3 days postbisection, we show what may be
the presumptive stomochord regenerating from endoderm; however, the identity of this structure
is not clear. At this stage, it is not positioned directly below the future heart/kidney complex in
the proboscis as the stomochord should be, but rather it is more internal in the presumptive collar
region. This structure could also be the hydropore, which is a rounded tube, but that is also not in
the correct position, as the hydropore is in the dorsal proboscis/collar ectoderm region and expels
circulating waste from the proboscis coelom to the environment (Rottinger and Martindale,

2011). It may be that the angle of the sections is not exactly sagittal, at which point internal
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structures may appear skewed. It may also be that regenerating structures look out of place
during the early stages. Future studies will be needed using molecular markers to confirm the
identity of this structure.

This study does clearly show, however, that the stomochord is elaborated from tissue at
the ectoderm/endoderm boundary at 5 days postbisection. Tracing the anterior proboscis
ectoderm to the anterior stomochord shows that ectoderm is definitely connected to this
structure. Conversely, tracing the endodermal tissue to the posterior stomochord also shows that
it 1s definitely connected to this tissue. So the question remains; at what point does endoderm
become ectoderm? Our lab is using endodermal and ectodermal molecular markers to answer
this provocative question and determine from what tissue type the stomochord regenerates.

The proboscis skeleton is cartilaginous and provides a rigid framework to protect the
collar and overlying dorsal blood vessel and neural tube. The proboscis skeleton regenerates
from endoderm, similar to early development (Luttrell et al., 2012; Miyamoto and Wada, 2013).
A key difference is that the proboscis skeleton and dorsal vessel regenerate before neural tube
regeneration. During normal development this process is reversed and the dorsal vessel and
neural tube develop before the proboscis skeleton (Luttrell et al., 2012). Another major
difference is the way the neural tube regenerates. During normal development, dorsal collar
ectoderm invaginates, rolls up forming a hollow tube. During regeneration, the neural tube
begins to form at day 13 as the collar ectoderm nears closure on the dorsal side. It is the closure
of this ectoderm that actually forms the tube and not from invaginating ectoderm after the collar
fully regenerates and closes.

This study shows that regeneration in P. flava does not strictly follow the developmental

program and there are morphological steps that are regeneration specific. Furthermore, Arimoto
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and Tagawa (2015) showed that the hedgehog gene, which is highly conserved in the metazoans
(Adamska et al., 2007) and involved with both morphogenesis and regeneration (Huangfu and
Anderson, 2006; Rink et al., 2009), is expressed in both the pharyngeal endoderm and anterior
tip of P. flava larvae, however, it is only expressed in the pharyngeal region during regeneration
in P. flava. The regenerating proboscis tip does not express hedgehog and this evidence suggests
there are different gene expression patterns that are regeneration specific in P. flava as well.

In the vertebrates, the notochord and dorsal vessel secrete signaling molecules to partially
pattern the neural tube and peripheral nervous system, respectively. The notochord secretes sonic
hedgehog, signaling the overlying ectoderm to become neural, invaginate and roll up forming the
neural tube, while the dorsal blood vessel secretes bone morphogenetic protein molecules that
signal neural crest cells to become peripheral neurons (Rickmann et al., 1985; Altaba et al.,
1995; Briscoe et al., 1999; Schneider et al. 1999; Young et al., 2004). Hemichordates lack a
notochord; therefore, the dorsal vessel may play a pivotal role in guiding CNS formation in the
collar region during early development. The dorsal vessel may still be directing this process
during regeneration as this structure is formed and has regenerated into the proboscis by day 4.
The tissue directly above the dorsal vessel in the collar region is thickened with a rich nerve net
by 9 days postbisection and this tissue will become the ventral part of the neural tube. It is likely
that signals directing a neural tube fate are coming on early during collar regeneration, before the
dorsal, collar ectoderm being present, and these signals may be emanating from the dorsal vessel.

Regeneration of the branchial region starts to occur before the collar closes dorsally and
the neural tube forms. Between days 10 and 12, the first gill slit appears directly between the
regenerating collar and the existing hepatic sacs. The regenerating branchial region in P. flava

contains both pigmented and unpigmented cells. The anterior most branchial region closest to the

70



collar is clear to white, while the posterior regenerating branchial region closest to the original
cut site contains pigmented cells. Rychel and Swalla (2008) used a TUNEL (terminal
deoxynucleotidyl transferase—mediated deoxyuridinetriphosphate nick end-labeling) assay to
show numerous apoptotic cells in the endoderm of the hepatic sacs near the cut site 8 days after
amputation. This suggests that, while the anterior most branchial tissue is likely elaborated from
newly generated, unpigmented proliferating cells, the cells in the tissue closest to the cut site
undergo apoptosis and the tissue is remodeled from the existing cells in the hepatic region. This
hypothesis remains to be confirmed, but it will be exciting if internal structures regenerate using
both stem cells and somatic cells in P. flava because it will provide a model to study two

different modes of regenerating tissue in a stem deuterostome.

Expression of Putative Vertebrate Anterior Head Genes

Understanding the genetic and morphological basis of regeneration in hemichordates is
vital to unlocking more extensive neural regeneration in humans. No vertebrate has been shown
to be able to regenerate an anterior head or an entire CNS. Vertebrates that are capable of
regenerating a small part of their CNS, like fish and amphibians (Slack et al., 2008; Sirbulescu
and Zupanc, 2010; Kroehne et al., 2011; Lau et al., 2013), possess numerous copies of single
genes due to whole genome duplication events (Dehal and Boore, 2005; Hughes and Liberles,
2008). This genetic redundancy complicates functional studies of key genes controlling the
regeneration process. Hemichordates not only lack whole genome duplications, but consistently
regenerate their anterior head and complete CNS and, therefore, present a remarkable model
system to study and uncover key genetic switches directing regeneration of anterior structures in

the deuterostomes.
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Several studies have detailed expression of genes involved with chordate brain and spinal
cord development in the direct developing hemichordate, Saccoglossus kowalevskii (Lowe et al.,
2003; Pani et al., 2012: Rottinger and Lowe, 2012). These orthologous genes show a similar
spatial distribution of chordate patterning along the anterior—posterior body axis in S.
kowalevskii. Numerous chordate forebrain genes are expressed in the developing hemichordate
proboscis region while chordate midbrain genes are expressed in the hemichordate collar region
and chordate hindbrain and spinal cord genes are expressed in the hemichordate trunk region
(Lowe et al., 2003; Pani et al., 2012; Rottinger and Lowe, 2012). These overlapping similarities
suggest that at least parts of the gene regulatory networks that pattern the chordate CNS were
likely present in the common ancestor of the deuterostomes and the hemichordate proboscis and
collar could be considered an early representation of the chordate head. No chordate has been
shown to regenerate an anterior head or CNS after complete amputation and, therefore,
hemichordates are vital to revealing gene networks regulating CNS regeneration in the
deuterostomes.

We compared regeneration in P. flava and identified several putative orthologs of
chordate CNS patterning genes that are upregulated after 3 and 4 days of regeneration. The
regeneration blastema has formed at these time points, and cells continue to proliferate to
generate a rudimentary proboscis at 3 to 4 days postbisection of the animal. Sine oculis
homeobox 3 (six3), distal-less (dll), paired box homeobox 6 (pax6), and frizzled-5 are all
significantly up-regulated at the 96-hr time point, which is just as the proboscis begins to form.
Six3, Pax6, and dll are transcription factors that are involved with patterning the chordate
forebrain (Echevarria et al., 2003; Wilson and Houart, 2004; Paek et al., 2009). Frizzled-related

Wnt antagonists have been shown to be necessary and sufficient to establish the telencephalon
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region of the chordate brain (Houart et al., 2002; Paek et al., 2009). Of the 26 putative
transcription factors identified as being differentially expressed in this study, 7 of them are
known to be involved in head and neural development and they are all significantly up-regulated
3 and 4 days into regeneration as the rudimentary proboscis is beginning to form. It is likely that
other chordate head genes are up-regulated during anterior regeneration in P. flava, but they are
possibly expressed at later time points as the proboscis continues to regenerate and the collar
begins to form. Future studies will be aimed at identifying these transcripts and their expression

domains.

Section 6: Conclusions

We have shown that Ptychodera flava regeneration is not strictly a morphological
recapitulation of development. There is extensive temporal plasticity during regeneration, as well
as different modes of acquiring the same anterior structures. Putative orthologs of chordate head
genes are also significantly up-regulated just before anterior proboscis regeneration. It will be
interesting and informative to discover whether additional head genes are expressed as the
proboscis and collar undergo regeneration and we will then use in situ hybridization to localize
gene expression in regenerating tissues.

The origin of blastemal cells in P. flava still remains to be determined. Our lab is
currently working to determine whether this animal uses genuine stem cells or dedifferentiated
somatic cells to propagate missing tissue. In humans, when a cell differentiates into a particular
cell type, the cell fate assignment normally cannot be reversed or transformed. If hemichordates
are using dedifferentiated cells to elaborate new tissue, this may reveal cell signaling pathways

necessary for the gain and loss of cell fates in the deuterostomes.
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Chapter 3 - Getting a Head with Ptychodera flava Larval Regeneration

Section 1: Abstract

Severe injury to the central nervous system (CNS) of chordates often results in permanent
and irreversible mental and physical challenges. While some chordates are able to repair and/or
regenerate portions of their nervous system, no chordate has been shown to be able to regenerate
all regions of their CNS after catastrophic injury or amputation. In contrast, some hemichordates,
on the other hand, are able to efficiently regenerate all neural structures, including their dorsal,
hollow neural tube after complete ablation. Hemichordates are marine acorn worms and a sister
group to the echinoderms. Acorn worms share numerous developmental features with the
chordates that the echinoderms do not share, suggesting that the common ancestor of the
deuterostome clade was likely more similar to hemichordates than to echinoderms. The
hemichordate, Ptychodera flava, progresses from a pelagic, feeding tornaria larva to a tripartite,
benthic worm with an anterior head or proboscis, a middle collar region, and a long posterior
trunk. The adult worm regenerates all anterior and posterior body parts when bisected in the
trunk. It is an open question whether P. flava regenerates during the larval stage or whether the
regeneration program becomes active post metamorphosis. We show that P. flava larvae are
capable of robust regeneration after bisection through the sagittal, coronal, and axial planes. We
also use antibody staining to show that the anterior apical region, including the eyespots and
larval brain, regenerates a rich, serotonin positive complex of cells within two weeks after
amputation. Cells labeled with EAU (5-ethynyl-2'-deoxyuridine) confirm that regeneration is
occurring through epimorphic processes as new cells are added at the cut site and throughout the
regenerating tissue. This study verifies that P. flava larvae can be used for future functional

studies aimed at identifying the genetic and morphological mechanisms controlling CNS
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regeneration in a stem deuterostome.

Section 2: Introduction

One of the great marvels in biology is the ability to regenerate a fully functional nervous
system after damage from disease or injury. Scientists have studied this remarkable process for
decades, but it is still largely a mystery how some animals accomplish this incredible feat.
Humans have limited regenerative abilities, particularly in the central nervous system (CNS;
Chernoff et al., 2002; Stocum, 2006; Poss, 2010). Some peripheral neurons can regenerate to a
certain degree however, damage to the brain or spinal cord usually results in permanent,
catastrophic impediments that are not corrected though regenerative mechanisms (Yannas IV,
2001). Animal models that are capable of extensive and complete nervous system regeneration
are needed to effectively make strides in understanding the molecular mechanisms underlying
this trait. Moreover, models that are closely related to humans will likely provide greater insight
to achieving extensive mammalian CNS regeneration as many of the same genes, gene networks,
and developmental programs are shared between the deuterostomes (Davidson and Erwin, 2006;
Swalla, 2006).

The ability to regenerate neural tissue is widespread among numerous animal lineages,
like Ctenophora, Cnidaria, Playhelminthes, Annelida, and Nemertea to name a few (Bely and
Nyberg, 2010; Brown et al., 2009; Giangrande and Licciano, 2014; Alvarado A.S., 2000;
Somorjai et al., 2012). Within the deuterostome clade (Figure 1), however, few animals are
capable of complete nervous system regeneration after total neural ablation. Echinoderms (sea
stars, sea urchins, sand dollars, sea cucumbers, and sea lilies) have impressive regenerative

abilities. Every class in this group of animals has members that are able to regenerate certain
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Figure 3.1. Deuterostome Nervous Systems. Echinoderms and hemichordates are sister groups
and together form the Ambulacraria clade. Members of these groups have larval nervous systems
consisting of ciliary bands, shown in blue, that wrap around the animal. Serotonin positive cells,
shown in red, are grouped together in a cluster at the apical tuft, around the mouth, and
throughout the ciliary bands. Upon metamorphosis to the adult body plan, echinoderms develop
nerve cords in the arms and around the central disk. Hemichordates develop nerve cords along
the dorsal and ventral trunk and circumferential nerve rings around the posterior collar and
posterior proboscis. Some ptychoderid hemichordates also develop a hollow, dorsal neural tube
in the collar region only. Hemichordates also possess a diffuse nerve net throughout the
ectoderm. The chordates, consisting of lancelets, ascidians, and vertebrates, develop a dorsal,
hollow neural tube. The neural tube of ascidian tadpole larvae undergoes apoptosis at
metamorphosis and only the anterior-most region of the tube remains and becomes a neural
gland between the two siphons. The adult ascidian also develops a nerve net throughout the
ectoderm. Neural tissue shown in blue. Serotonin positive cells shown in red in the
Ambulacraria.
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tissues and structures in the larval and adult life stages, including nerve cords, innervated guts
and even the central disk, or radial nerve cord (Carnevali et al., 2009; Mashanov and Heinzeller,
2008; Vickery et al., 2002; Vickery and McClintock, 1998). The echinoderm nervous system and
body plan, however, is highly derived, with radial symmetry, lacking many features consistent
with vertebrate body plans (Figure 1). Echinoderms develop their adult nerve cords post
metamorphosis and they do not develop a neural tube in either the larval or adult stages of their
life cycle (Garner et al., 2016; Mashanov et al., 2007). Furthermore, echinoderms lack an
anterior head and instead possess a radial, oral-aboral body axis as opposed to the anterior-
posterior body axis of chordates (Minsuk et al., 2005; Wygoda et al., 2014).

Cephalochordates also display robust regenerative capabilities within specific regions of
the body. The caudal tail regenerates with high fidelity (Somorjai et al., 2012). The anterior most
region of the animal also exhibits regenerative abilities with the notochord, fin, mouth, neural
structures, and buccal cilia regenerating to some degree, but as the amputation plane moves
toward the pharynx region, the regenerative abilities decline and are completely absent in the
pharynx (Somorjai et al., 2012). Bisection within this region results in death for both halves of
the animal. The cephalochordate model may provide great insight into some mechanisms
underlying tissue regeneration, however these animals still have unknown barriers that block
complete CNS regeneration.

Some chordate ascidians, which are sister group to the vertebrates (Bourlat et al., 2006;
Delsuc et al., 2006), undergo whole-body regeneration, including their nervous system (Brown et
al., 2009; Jeffery W., 2014; Kassmer et al., 2016; Rinkevich et al., 2010; Schultze LS., 1899;

Zondag et al., 2016). Unfortunately, ascidian tadpole larvae, which possess several vertebrate
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features, including a dorsal, hollow neural tube, do not regenerate during this early life stage
(Jeffery, 2014). The remarkable regenerative abilities of ascidians appear to be activated post
metamorphosis. When ascidians metamorphose from their tadpole larval stage and are competent
for whole-body regeneration, the majority of their neural tube undergoes apoptosis and the
anterior most part of the larval neural tube remains and becomes a neural gland situated between
the incurrent and excurrent siphon of the adult (Horie et al., 2011; Manni et al., 2005). The adult
ascidian also forms a rich nerve net throughout the ectoderm, but they lack a head, neural tube,
and centralized nervous system similar to the vertebrates (Figure 1; Sasakura et al., 2012).

There are several groups of animals within the vertebrates that are capable of CNS
regeneration, but these models also have unknown barriers preventing complete CNS
regeneration after catastrophic injury. Teleost fish, newts, salamanders, lizards, and tadpole
larval, anuran amphibians can regenerate portions of their spinal cord, but this is generally
restricted to the caudal end of the spinal cord found in the tail of the animal (Beattie et al., 1990,
Chernoff 1996; Duffy et al., 1992; Ghosh and Hui, 2016; Kizil et al., 2012; Sirbulescua and
Zupanca, 2011; Singer et al., 1979). The closer the spinal cord injury is to midline or the anterior
head end of the animal, the less likely the injury will be corrected through regenerative
mechanisms resulting in a fully functional animal. Furthermore, bisection of the animal in the
transverse plane results in death and no vertebrate has been shown to regenerate an entire body
half or head region. Humans do not have tails and therefore, these models may not be as
informative for human CNS regeneration as models capable of robust regeneration throughout
the entire CNS. Hemichordates are one deuterostome with remarkable CNS regenerative abilities
that may provide insight into achieving more extensive neural regeneration in humans.

Hemichordates, also known as acorn worms, are marine invertebrates and sister group to
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the echinoderms (Figure 1; Cameron et al., 2000; Wada and Satoh, 1994). Hemichordates share
numerous developmental and morphological traits with the chordates, such are pharyngeal gill
slits, a Hox specified anterior-posterior body plan, an endostyle, and a post-anal tail (Aronowicz
and Lowe, 2006; Brown et al., 2008; Luttrell and Swalla, 2014). Acorn worms begin life as
planktonic, feeding, tornaria larva that can remain in the water column for up to three hundred
days (Hadfield, 1978). The larva progresses through various developmental stages throughout
the long planktonic phase, progressing from a newly hatched Heider stage larva, to a
Metchnikoff, Krohn, Spengel, and lastly Agassiz stage larva, or what is commonly known as the
swimming head larva (Lin et al., 2016; Nakajima et al., 2004; Nishikawa, 1977; Rao, 1954;
Tagawa et al., 1998). The nervous system of the larva consists of ciliary bands that wrap around
the animal and move the larva through the water column (Figure 1). The ciliary bands contain
serotonin positive cells and also stain positive for 1E11, an antibody raised against sea urchin
synaptotagmin protein (Burke et al., 2006; Byrne et al., 2007; Nakajima et al., 2004).
Synaptotagmin is a calcium-binding factor of synaptic vesicles and is expressed exclusively in
neurons in some invertebrates (Augustine, 2001; Bai et al., 2002; Katsuyama et al., 2002;
Littleton et al., 1993; Nonet et al., 1993). The apical organ, or brain of the larva, is found at the
anterior end below the eyespots and contains a rich complex of serotonin and 1E11 positive cells
(Burke et al., 2006; Byrne et al., 2007; Nakajima et al., 2004). The ciliary bands connect at the
four corners of the apical organ (Figure 2).

The larva becomes competent for metamorphosis during the Spengel stage of
development and transforms to a juvenile worm during the Agassiz stage (Lin et al., 2016). The
tripartite body plan of the worm becomes apparent and the metamorphosing larva settles to the

benthos for the remainder of its life span. The tripartite worm is composed of an anterior
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Figure 3.2. Sagittal, coronal, apical and axial cut Krohn stage Ptychodera flava larvae. A.
Dorsal view of uncut Krohn stage larva B. Krohn stage larva with sagittal cut bisecting the left
(L) and right (R) halves. C. Krohn stage larva cut through the coronal plane bisecting the ventral
(V) and dorsal (D) halves. D. Krohn stage larva with apical cut separating the anterior (A) and
posterior (P) halves E. Krohn stage larva with axial cut separating the anterior (A) and posterior
(P) halves. F. Percent of larval halves showing complete regeneration after 28 days. N = 25 for
each plane of bisection. A = anterior; an = anus; ao = apical organ; cb = ciliary band; D = dorsal,
g = gut; L = left; mo = mouth; P = posterior; R = right; tt = telotroch; V = ventral.
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proboscis, or head, a middle collar region and a long posterior trunk (Luttrell et al., 2016).
Interestingly, the solitary hemichordate Ptychodera flava has a hollow, dorsal neural tube in the
collar region that we, and others, have shown develops in a similar fashion to the chordate neural
tube (Luttrell et al., 2012; Miyamoto and Wada, 2013). Even more striking, P. flava reliably
regenerates all body structures, including their complete neural tube after total ablation and their
anterior head region (Humphreys et al., 2010; Rychel and Swalla, 2008; Luttrell et al., 2016). It
remains to be determined, however, at what point during development this regeneration program
is activated. It may be that regeneration is initiated after the animal undergoes metamorphosis
from a planktonic larva into a juvenile worm or it may be that the regeneration program becomes
active at some point before metamorphosis. Does the metamorphosis program somehow initiate
regeneration or is this capacity active at all stages of development in P. flava, similar to the
regeneration program in some echinoderm larvae and adults? If P. flava larvae are capable of
regeneration, do all regions of the larva regenerate with the same efficiency?

The present study shows that Krohn stage Ptychodera flava tornaria larvae are capable of
robust regeneration in the sagittal, coronal, and axial planes (Figures 2, 3, and 4). We found that
proliferating cells are abundant at the cut site in P. flava larvae and throughout the regenerating
tissue. We also show that bisected larvae fully regenerate their nervous system and are
indistinguishable from healthy, intact larvae, but they revert to an earlier developmental larval
stage during regeneration. Though P. flava larvae do not possess a neural tube pre-
metamorphosis, the regeneration program is likely the same for both larvae and adults.
Functional studies aimed at uncovering the genetic and molecular mechanisms controlling the
regeneration process may, in certain cases, be more tractable in the larvae due to their small size,

transparency, and relatively simple body plan and tissues compared to adults acorn wormes.
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Figure 3.3. Coronal and Sagittal Regeneration in Ptychodera flava Krohn larvae. Each
column shows day zero through day twenty-eight of regeneration for the left and right halves of
sagitally cut larvae and the dorsal and ventral halves of coronally cut larvae. All day zero and
day 2 time points are lateral, cut site views. Day seven through day twenty-eight are lateral views
with the mouth on the left side showing the gut and the anus is at the posterior end. Anterior is to
the top in all views. Scales bars are 1mm for all images. A = anterior; an = anus; cb = ciliary
band; cs = cut site; g = gut; mo = mouth; P = posterior; tt = telotroch.
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Section 3: Materials and Methods

Animal Collection and Management

Ptychodera flava larvae were obtained from Dr. Yi-Hsien Su’s lab at Academia Sinica in
Taiwan, where they spawned gravid, adult worms and reared the embryos through hatching.
Larvae were transported in a container of seawater from Taipei, Taiwan to the University of
Washington, Friday Harbor Laboratories in Friday Harbor, Washington. Larvae were contained
in 2 liter Erlenmeyer flasks filled with 0.2 um filtered seawater (FSW) and kept at room
temperature. Air was continuously bubbled into each flask and the water was changed every 4
days with fresh FSW. Larvae were fed after each water change with Rhodomonas sp. and

Isochrysis galbana algae.

Larval Regeneration

Healthy, intact Krohn stage larvae were bisected through the midline in either the sagittal,
coronal, or axial planes with a sterile micro-surgical blade (Figures 2, 3, and 4). A total of
twenty-five larvae were bisected through each plane and allowed to regenerate at room
temperature in 6-well plates filled with FSW. Left and right halves, dorsal and ventral halves,
and anterior and posterior halves were separated into individual wells. Each well contained no
more than 10 larval halves and all were fed starting from day one post bisection with one drop
each of concentrated Rhodomonas sp. and Isochrysis galbana algae. FSW and algae was
changed every two days during regeneration over the course of twenty-eight days.

In a second set of experiments we removed the anterior apical region in healthy Krohn
stage larvae with a micro-surgical blade to determine the time required for larval brain

regeneration. Both anterior and posterior pieces were incubated in EQU and fixed after two, five,
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Figure 3.4. Axial Regeneration in Ptychodera flava Krohn Stage Larvae. Each column shows
day zero through day twenty-eight of regeneration for the anterior and posterior halves of axially
cut larvae. Day zero and day 2 anterior half time points are lateral, cut site views. Day zero and
day 2 posterior half time points are top down, cut site views. All day seven through day twenty-
eight time points are lateral views with the mouth on the left side and the anterior is to the top.
Scales bars are 1mm for all images. A = anterior; an = anus; cs = cut site; g = gut; mo = mouth; P
= posterior; tt = telotroch.
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eight, and fifteen days post amputation. Fixed pieces were labeled with a Click-iT® reaction
mixture, followed by anti-serotonin antibody staining. All live, regenerating larval pieces were
photographed on a Nikon SMZ 1500 dissecting microscope and photographed with a QImaging

MicroPublisher RTV camera.

EdU labeling

The apical region of Krohn stage larvae was removed and both pieces were allowed to
regenerate at room temperature, approximately 24°C. After two, five, eight, and fifteen days, the
regenerating larvae were immersed in 10 uM EdU in filtered seawater for 30 minutes at room
temperature (RT). Larvae were then fixed in 3.2% paraformaldehyde in PBS for 1 hour at RT
and then washed three times in PBST (PBS with 1% tween) for 15 minutes each. Larvae were
then blocked for 30 minutes in 5% goat serum in PBST on a rocker at RT. Larvae were
incubated for 2 hours in Click-iT® reaction mixture per the manufacturers guidelines at RT on a
rocker and then washed three times in PBST for 10 minutes each. Larvae were subsequently
stained with antibodies and mounted onto slides in Vectashield with DAPI (Vector Laboratories,
Burlingame, CA), and photographed on a Nikon Eclipse E800 or a Zeiss LSM 800 confocal

microscope.

Immunocytochemistry

Following EdU staining, larvae were incubated overnight (or in some cases up to two
days) with 1:1000 rabbit polyclonal anti-serotonin (Sigma-Aldrich, St. Louis, MO). The
following day larvae were washed five times in PBST for 30 minutes each and then incubated

overnight in a 1:1000 dilution of Alexa Fluor 568 goat anti-rabbit IgG antibody (Invitrogen,
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Eugene, OR). Larvae were then washed again five times for thirty minutes each in PBST and

then mounted onto slides in Vectashield with DAPI (Vector Laboratories, Burlingame, CA).

Section 4: Results

Sagittal, Coronal and Axial regeneration

We defined complete regeneration as having a complete gut and feeding, normal
morphology, and normal swimming behavior. Larvae that were cut through the sagittal plane
into left and right halves displayed the most robust regeneration (Figure 2). In total, twenty-five
krohn stage larvae were bisected and 74% of the halves regenerated normal larval morphology,
were feeding, and swimming normally after twenty-eight days (Figures 2 and 3). There was a
slight difference between the overall numbers of fully regenerated halves, with the right half
outperforming the left. The right half of the bisected larvae experienced an 88% regeneration
rate, with twenty-two of the twenty-five halves regenerating a complete gut and feeding within
two weeks (Figures 2 and 3). Normal morphology and swimming was acquired for some of the
larval halves within three weeks, but the final count was assessed after twenty-eight days
because some halves were feeding, but had not yet acquired normal morphology. The left half
displayed a 60% regeneration rate with fifteen of the twenty-five halves meeting fully
regenerated benchmarks at 28 days (Figures 2 and 3). Nearly all of the larvae that achieved
complete regeneration were feeding by two weeks post cut.

Larvae that were cut through the coronal plane separating dorsal and ventral halves
displayed dramatically different regeneration rates between the two halves. The overall rate for
this cut was 44% with the ventral half drastically outperforming the dorsal half (Figure 2). The

ventral half of the animal regenerated normal morphology, feeding, and behavior in seventeen of

90



the twenty-five halves, or 68% of the cut larvae (Figures 2 and 3). This is a stark contrast to the
dorsal half, which achieved a 20% regeneration rate and only five of the twenty-five halves
regenerated a complete gut and began feeding to achieve normal morphology within twenty-
eight days (Figures 2 and 3). Interestingly, all of the cut larval halves that fully regenerated,
regardless of the plane of bisection, displayed morphology of the previous developmental larval
stage. At the end of twenty-eight days, all regenerated Krohn stage larvae lacked tentacular buds
on the ciliary bands. Collar and trunk coeloms that were present in the uncut animals were
notably absent. All regenerated larval halves exhibited the morphological characteristics
consistent with the Metschnikoff stage (Figures 3 and 5).

Axially cut larvae, separating the anterior and posterior halves displayed the lowest total
regeneration rate at 40%, largely in part to a near lack of regeneration in the anterior half
(Figures 2 and 4). Posterior halves completely regenerate a gut, feed, form eyespots, and develop
normal swimming behavior 72% of the time. Eighteen of the twenty-five halves appeared normal
after 28 days and some had regenerated eyespots at the apical tuft after only 17 days post cut
(data not shown). This is in stark contrast to the anterior half that only fully regenerated in 8% of
the cuts. Only two out of twenty-five anterior halves regenerated a complete gut and telotroch, or
ciliated band at the posterior end of the animal (Figure 4). All of the remaining halves, twenty-
three out of twenty-five, healed at the cut wound site and persisted through 2-4 weeks, but never
regained complete guts and eventually shrank in size to small balls of cilia and degraded.

Wound healing for nearly all bisected larvae occurred within the first two days after
amputation (Figures 3 and 4). It is worth noting that the tissue at the cut site was pinched
together during bisection for some samples. In these cases, the larva was completely bisected,

however, the wound at the cut site for one or both halves was sealed together and it did not
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Figure 3.5. Ptychodera flava Metschnikoff stage and Krohn Stage Larva. A. Uncut
Metschnikoff stage larva. Lateral view with the mouth to the left. B. Uncut Krohn stage larva.
Ventral view with the mouth to the center. All scale bars are I1mm. cb = ciliary band, tb =
tentacular bud on ciliary band, coe = coelom.
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appear to re-open. It was not possible to accurately determine wound healing time in these cases
as there was no open wound after cutting. The majority of animals, however, had open wounds
that healed within two days, including larval halves that ultimately did not regenerate. This
indicates that the wound healing program is different than the regeneration program in

Ptychodera flava.

Apical Organ Regeneration

Apical regeneration closely resembled axial regeneration, however the anterior apical
piece did not regenerate to a fully functional animal in any of the cut larvae. The apical organ did
not die after the initial cut and persisted through wound healing and in a few samples up to 25
days post cut, depending on the original size of the fragment (Figure 6). The overall size of the
apical tissue gradually shrinks over time and eventually becomes a small ball of ciliated cells
typically after 2-3 weeks post amputation. Serotonin positive cells were found in the apical tuft
after fifteen days and did not appear to undergo apoptosis and degrade although the tissue itself
diminished in size throughout the time points (Figure 6). Proliferating cells labeled with EdU (5-
ethynyl-2'-deoxyuridine) were detected throughout all time points, but the number of dividing
cells declines over time and is severely reduced by day fifteen post amputation (Figure 6).

Regeneration from the posterior site was markedly different from the anterior piece.
Significant cell proliferation was detected throughout the tissue at the cut site after two days post
amputation, indicating that active cell division is contributing to wound healing and promoting
regeneration (Figure 7). These dividing cells coalesced toward the center of the posterior piece
where new tissue was replacing structures lost in amputation (Figure 7). Cell proliferation

increased significantly at the 15 day time point after eyespots formed in the anterior apical end of
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Figure 3.6. Regeneration in the amputated apical organ from Krohn stage Ptychodera flava
larvae. Columns show day two, day five, day eight, and day fifteen of regeneration post
amputation of the anterior apical organ from Krohn stage larvae. Live animal images are all cut
site views. Serotonin, or 5-hydroxytryptamine (SHT), shows staining of neurons in the apical
organ and surrounding tissue at all time points. EAU, or 5-ethynyl-2’-deoxyuridine, shows
staining of proliferating cells at all time points. Dapi stains cell nuclei. All staining images are
lateral views with anterior to the top. Scales bars are Imm for all images. Blue = dapi; green =
EdU; red = serotonin. ao = apical organ; cs = cut site; es = eyespots; pao = presumptive apical
organ.
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the animal (Figure 7). Serotonin positive cells were detected at two and five days post cut in the
portions of ciliary bands that remained in the posterior pieces after amputation (Figure 7). Two
distinct populations of serotonin positive cells were found near the midline in the regenerating
presumptive apical organ at eight days post cut and these populations of cells likely merged at

fifteen days post cut and formed a condensed, serotonin-rich apical organ (Figures 7 and 8).

Section 5: Discussion

This study shows that the regeneration program is active in Ptychodera flava pre-
metamorphosis during the larval stage. This is consistent with the regeneration program in some
echinoderm larvae. Certain species of sea urchin, sand dollar, and sea star larvae fully regenerate
after bisection through the axial plane (Vickery and McClintock, 1998; Vickery et al., 2002).
Both the anterior and posterior halves completely regenerate with no mortality within 12-14 days
in the sea stars Luidia foliolata and Pisaster ochraceus and the sea urchin, Lytechinus variegatus
(Vickery and McClintock, 1998; Vickery et al., 2002). The sand dollar, Dendraster excentricus
also regenerates after bisection through the axial plane, but the anterior half experiences reduced
regeneration compared to the posterior half, similar to axial regeneration observed in this study
(Vickery et al., 2002). The regeneration time scale and overall capacity is comparable between
echinoderm larvae and P. flava larvae, indicating that regeneration was probably an ancestral
character in the Ambulacraria clade (Figure 1) and could possibly extend beyond to the common
ancestor of the deuterostomes in general.

We also provide evidence that neurons in the apical sensory organ, or brain of the larvae,
regenerate from posterior pieces after complete ablation. This confirms that the larval brain is not

required for larval regeneration. Serotonin positive cells are absent in the center of the posterior
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piece two days post amputation of the apical organ, but are shown to reform near the apical
midline after only eight days of regeneration. A rich serotonin positive complex of cells is
grouped together in the apical organ of the posterior piece after two weeks post amputation.
Eyespots are visible in the apical region above the serotonin rich complex and indicate that
sensory structures reliably regenerate from posterior halves of the larvae. While the functionality
of these structures was not tested experimentally, the larvae displayed normal swimming
behavior and motility through coordinated ciliary action.

We also show that the amputated apical organ does not die after removal from the larva
and serotonin positive cells persist throughout all time points in this study. The apical tissue does
not regenerate to form a complete animal, however, and over time the amputated apical organ
shrinks in size and disintegrates. This indicates that neurons in the apical organ alone are not

enough to promote regeneration and suggests that either some population of cells in the tissue

96



merge & '

Figure 3.7. Anterior regeneration in Krohn stage Ptychodera flava larvae. Columns show
day two, day five, day eight, and day fifteen of regeneration post amputation of the posterior
piece from Krohn stage larvae. Live animal image of day two is a top down view showing the
healed cut site. Live animal images of day five, day eight, and day fifteen are lateral views with
the mouth on the left and anterior to the top. Serotonin, or 5-hydroxytryptamine (SHT), shows
staining of neurons in the telotroch, ciliary bands and regenerating apical organ at all time points.
EdU, or 5-ethynyl-2’-deoxyuridine, shows staining of proliferating cells at all time points. Dapi
stains cell nuclei. All day two, day five, and day eight stains are top down views and day fifteen
stains are lateral views with anterior to the top. Scales bars are Imm for all images. Blue = dapi;
green = EdU; red = serotonin. Scales bars are Imm for all images. A = anterior; ao = apical
organ; es = eyespots; g = gut; mo = mouth; P = posterior; pao = presumptive apical organ; tt =
telotroch.
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Figure 3.8. Regenerated serotonin positive cells in the apical organ. The top row shows the
apical organ in an uncut Krohn stage larva stained with serotonin (SHT) and dapi marking cell
nuclei. The bottom row shows serotonin positive cells in the regenerated apical organ fifteen
days post amputation.
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below the apical organ is required for regeneration or there is not enough energy stored in the
amount of tissue remaining in the apical organ to support full posterior regeneration. Once the
apical organ is removed from the larva, it does not have a mouth to feed and take in nutrients to

provide energy to fuel the regeneration process. Proliferating cells are detected by EdU staining
in the apical tissue from two days through fifteen days post amputation, but the amount of cell

division diminishes over time. This implies that regenerative mechanisms may be activated on
amputation, but as the tissue is not feeding, there is no compensation for the energetic
requirements of regeneration and growth and these processes halt over time.

We also show that certain regions of the larva regenerate more efficiently than others.
The dorsal half of the larva experiences reduced regeneration rates compared to the ventral half.
The percentage of dorsal larval halves that regenerate a complete gut and begin feeding is nearly
three fold less than ventral halves. This may indicate that having a mouth facilitates regeneration
by allowing the animal to bring food into the body cavity at earlier times than the dorsal half of
the larva. The gut is full of algae at seven days post bisection in some of the ventral halves of the
larvae, while the dorsal half is feeding after two weeks. It is possible that bisection of the halves
was not completely equal on the midline, conferring an advantage to the half with more tissue
and likely, more gut present, resulting in less regeneration time to feeding. It is more likely,
however, that the ventral half, by morphology (Figure 2C), has more gut tissue present than the
dorsal half and therefore, requires less time to regenerate a complete gut. This results in earlier
feeding times and supports the hypothesis that feeding facilitates regeneration by supplying
energy to supplement the high metabolic cost of regeneration. Further support for this hypothesis

can be seen in axially cut larvae.
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Larvae that were bisected in the axial plane displayed the most disparate regeneration
rates. Eighteen of the twenty-five posterior halves of the animal completely regenerated to form
a normal, feeding larva. Many were feeding within one week and all were feeding within two
weeks post amputation. All eighteen posterior halves regenerated eye spots in their apical region
and displayed normal swimming behavior by twenty-eight days with most reaching this
benchmark by three weeks. Posterior halves of the larvae retain the majority of the gut at
bisection. They possess the mid and posterior gut and anus and, barring slight deviations from
the midline during cutting, need only regenerate the anterior most part of their tripartite gut and
mouth. The anterior half, on the other hand, must regenerate the mid gut, hindgut and anus in
order to maximize the full benefit of feeding. Only two of the anterior halves out of twenty-five
animals regenerated completely, acquiring normal morphology at the end of twenty-eight days.
These two anterior halves were able to bring food into their incomplete guts at two weeks post
bisection (Figure 5), which may have aided them in achieving complete regeneration. The
remaining anterior halves did not feed and slowly diminished in size over time, resembling
anterior apical cut tissue. While feeding seems to support robust regeneration in P. flava larvae,
there may be other factors contributing to regeneration success.

The low regeneration rate observed in anterior halves and lack of regeneration in anterior
apical fragments may also be due to the cellular composition of the tissue. We show through
EdU staining that substantial cell proliferation occurs at the cut site of bisected larvae,
particularly in the posterior piece. Rychel and Swalla (2008) showed that significant cell
proliferation also occurs in adult Ptychodera flava acorn worms during anterior regeneration. It
i1s an open question whether these dividing cells are originating from de-differentiated somatic

cells that are returning to a progenitor cell state and then acquiring new cell fates in the newly
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regenerated tissue or whether dividing cells are bona fide stem cells occupying an unknown
niche. If the latter is true, then it is possible the larvae also possess an unknown stem cell niche,
which would likely be in the posterior region of the larvae. This hypothesis would explain why
anterior pieces of apical cut larvae do not regenerate and only a small fraction of the anterior
pieces of axial cut larvae regenerate. It is possible that those cuts were made off center and each
anterior piece retained a small portion of the posterior stem cell niche. Current work in our lab is
aimed at using stem cell markers to answer this intriguing question.

Finally, we show that Krohn stage larvae display positional memory deficits during
regeneration as all regenerated halves acquired morphological features of the previous
developmental stage. All Krohn stage larvae completed regeneration resembling a Metchnikoff
stage larva, lacking tentacular buds on the ciliary bands. Collar and trunk coeloms were absent at
the end of twenty-eight days. They retained the protocoel, though not well developed in many
specimens. Also, the final regeneration size of every larva was significantly smaller than the
animal prior to cutting. This size difference can be explained by a lack of feeding during the
early stages of regeneration. Adult acorn worms display the same size disparity after
regeneration and this was attributed to a lack of feeding during the first week of regeneration
after the anterior region, including the mouth and anterior gut was amputated (Luttrell et al,

2016).

Section 6: Conclusions

Krohn stage Ptychodera flava larvae regenerate all structures, including their nervous
system, eyespots, gut, mouth, and ciliary bands. This study provides a framework for future

research aimed at uncovering the cell types and genetic mechanisms underlying the regeneration
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program in this basal deuterostome. Adult P. flava acorn worms also regenerate, however their
large size and opacity makes them difficult to use in a variety of molecular assays. Sectioning is
required to detail internal molecular markers and even then it is difficult to gain a clear picture of
what is happening throughout all tissues. These obstacles can now be overcome by using the
larvae to investigate regenerative mechanisms. Their tiny size means a smaller amount of
reagents can be used resulting in lower experimental cost. More importantly, the larvae are
transparent and easy to image using confocal microscopy. In situ hybridization protocols and
many other techniques have been published for the larvae and the signal is easy to detect because
of their clear tissues. Drug trials aimed at inhibiting regeneration to detect required genetic
pathways are more feasible with the larvae as they require considerably less volume to
submerge. Culturing techniques have been established for the larvae and therefore, they can
easily be kept healthy and maintained in a small area of the lab for the duration of the larval
stage. Methods to induce metamorphosis have proven highly successful and therefore, the larvae
provide a system to study regeneration through all life stages in the lab. The P. flava model has
the potential to reveal key molecular and genetic mechanisms underlying regeneration in the
deuterostomes. The relatively simple body plan and tissue architecture of the larva compared to

the adult will undoubtedly simplify future regeneration studies.
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