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Plasmodium falciparum, the parasite responsible for the deadliest form of malaria, has a 

complex lifecycle involving various host cell environments in both human and mosquito 

hosts. The parasite must tightly regulate the expression of each of its ~5500 genes at 

each stage in order to adapt to its current environment while continuing development. 

Roughly half of these genes are essential to the asexual blood stage, making it 

challenging to study gene function and regulation in subsequent stages. Thus, I 

established a multi-stage transcriptomic dataset that encompasses the complete 

lifecycle of the parasite. This allows for the comparison of genes across each of the 

lifecycle stages, helping to generate new hypotheses. To better validate stage-specific 

phenotypes, I adapted a dimerizable Cre recombinase system using loxP-flanked stop 

elements for leak-free controllable over-expression and Cas9-directed knockouts. Using 

a high-fidelity Cas9 under this inducible system, we were able to conditionally perform 

genome editing by homology-directed repair, editing at specific timepoints and lifecycle 

stages. I further improved the versatility of this system by establishing a scalable cloning 

approach for pairing synthesized gRNA-donor sequences. Expanding this system to 

recently developed Plasmodium CRISPRa and CRISPRi systems, stable and scalable 

CRISPR screens can be generated for over- and under-expression of numerous genes. I 



 

 
 

generated two conditional knockouts of uncharacterized genes, identifying blood and 

gametocyte phenotypes. I then explored the ability to screen for transcriptional 

regulators of parasite development and artemisinin resistance using small-scale CRISPRa 

and CRISPRi screens. I envision these novel approaches will aid in further characterizing 

the parasite genome across its lifecycle, and ultimately help in developing new 

antimalarials and vaccines. 
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Chapter 1 – Introduction 

 

1.1 Global Burden of Malaria 

Malaria is a life-threatening vector-borne disease that has had an enormous global 

health burden in humans throughout history [1]. The disease, primarily caused by the 

apicomplexan parasite, Plasmodium falciparum, is responsible for over 600,000 deaths 

and 200 million cases globally per year [2]. The disease is endemic to over 80 countries, 

particularly Sub-Saharan Africa where cases and mortality are greatest [3]. This has 

continued to greatly affect countries in low and middle-income countries, where 

antimalarial controls, treatment, and vaccines are least accessible. Since the beginning of 

the COVID-19 pandemic in 2020, progress towards reducing the burden of malaria has 

halted, with many efforts and interventions being disrupted by the pandemic [4]. This has 

led cases and mortality to increase from 2019, pushing the goal of eradication even 

further away.  

 

1.2 The P. falciparum Lifecycle 

The P. falciparum parasite has a complex lifecycle split between an Anopheles 

mosquito vector and a mammalian host [Figure 1.1]. Starting with an infectious mosqusito 

bite, sporozoites are injected into the dermis of a mammalian host (i.e., humans) before 

moving to the bloodstream [5]. From there, the parasites are able to access the liver, 

where they invade hepatocytes and initiate the liver stage of infection [6]. The parasites 

begin to develop within the hepatocytes over the course of seven days, replicating to form 

over tens of thousands of merozoites per infected hepatocyte, before finally rupturing 

the hepatocyte and being released into the bloodstream [7]. Merozoites that are released 

from the liver go on to infect erythrocytes, initiating the blood stage of infection. Parasites 

begin developing into ring-shaped trophozoites (ring stage), mature trophozoites as 

parasites grow in size and become more metabolically active (trophozoite stage), and 
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then begin rapid nuclear division to form many individual merozoites (schizont stage) [8]. 

At the end of the cycle (~48 hours), the merozoites rupture their host red blood cell and 

go on to invade a new red blood cell. Parasites can continuously infect, replicate, and lyse 

red blood cells, ultimately reaching a high parasitemia over 5% and leading to anemia in 

its host [9].  

During the blood stage, a subset of parasites break from their asexual cycle, and 

begin differentiation into a sexual gametocyte form (gametocyte stage) [10]. These 

immature gametocytes are sequestered to the bone marrow and spleen, where they can 

also infect and develop in erythroblasts [11, 12]. These gametocytes continue to develop 

over 9-12 days into either a distinct ‘male’ form or a ‘female’ form, before releasing back 

Figure 1.1 The Plasmodium falciparum lifecycle 
The parasite lifecycle of P. falciparum consists of four general stages: the Liver Stage, the Asexual Blood Stage, the 
Sexual Gametocyte Stage, and the Mosquito Stage.  Adapted from Chahine & Roche, 2022. 
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into the bloodstream. These mature forms are then ingested by the mosquito upon blood 

feeding on the human host, initiating the sexual phase of the lifecycle [13]. While in the 

mosquito midgut, environmental changes such as pH and temperature trigger 

gametogenesis. Male gametocytes begin dividing into eight microgametes carrying 

flagella, while female gametocytes create a single macrogamete. The macrogamete is 

fertilized by a microgamete forming a diploid zygote, beginning meiosis and 

differentiation into motile ookinetes. Ookinetes cross the midgut epithelia to establish as 

oocysts that will begin rapid replication into hacploid sporozoites. The oocysts rupture 

and thousands of sporozoites migrate to the mosquito salivary gland, allowing for 

transmission upon subsequent mosquito bite, thus completing the parasite lifecycle [5].  

 

1.3 Antimalarial Controls 

Bed nets and antimalarial drugs have been the primary means of controlling malaria 

in endemic regions [14]. Insecticide-treated bed nets (ITNs) have had a tremendous 

impact in reducing mortality and the spread of malaria, as well as helping control vector 

populations [15]. ITNs have been shown to decrease malaria mortality by up to 20% and 

cases of malaria by up to 50%, providing one of the most cost-effective global health 

interventions [16]. However, despite widespread ITN use in endemic regions, millions of 

malaria cases persist. Malaria treatment involves a combination of antimalarials. 

Chloroquine, artemisinin, and various partner drugs have had a tremendous impact in 

treating malaria and decreasing the burden of disease [17]. While chloroquine has been 

used globally since the early 1900’s, it has been phased out of many regimens due to 

widespread chloroquine resistance throughout both Southeast Asia and Africa. Most 

current treatments rely on a combination of an artemisinin-based drug paired with one 

or more partner drugs [18]. These regimens are known as artemisinin-based combination 

therapies (ACTs). Artemisinin was discovered in the 1960s, and offered effective, fast-

acting, and safe treatment for malaria [19]. While artemisinin derivatives are highly 
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effective, they have short half-lives and are eliminated from the body much faster than 

other classes of antimalarials [20]. To ensure complete clearance of malaria parasites, 

ideal partner drugs have longer half-lives and a separate mechanism of action from 

artemisinins. 

However, as ACTs became widely used to treat P. falciparum, the parasite has 

continued to evolve and develop resistance to these antimalarials [21]. In Southeast Asia, 

drug resistance to artemisinin and respective partner drugs has become widespread. It is 

thought that resistance is largely conferred through mutations to Kelch13, mdr1, 

plasmepsin 2-3, and crt, and a combination of other genes [22–26]. The exact mechanisms 

for resistance are still poorly understood, particularly where there is resistance to both 

partner drugs in ACTs [27]. Furthermore, there are large genomic differences between 

Southeast Asian parasites and African parasites, with many parasite mutations found in 

resistant Southeast Asian parasites having little to no effect in parasites from Africa. A 

better understanding of the mechanisms of resistance, as well as the compensatory 

mutations that are necessary for resistance to arise, is essential in combating widespread 

antimalarial resistance. A combination of modern bioinformatics and genetic approaches 

will be key to helping elucidate these questions. 

 

1.4 Vaccines 

Only recently have vaccines, such as RTS-S and R21, begun to be distributed in Sub-

Saharan Africa [28]. These vaccines are composed of recombinant circumsporozoite 

protein (CSP), an abundant parasite protein found on the surface of sporozoites, fused to 

a surface antigen from HepB virus [29]. CSP is necessary for binding and invasion of 

hepatocytes by the sporozoite and has high immunogenicity in mammalian hosts, making 

for a strong vaccine target antigen [30]. Although RTS-S and R21 show promise in reducing 

cases and mortality, the efficacy of these vaccines has been mixed, particularly over the 

years following vaccination [31–34]. An alternative approach to malaria vaccine 
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development involves attenuating whole parasites by irradiation or knocking out genes 

essential for liver stage development [35]. These attenuated vaccines have had mixed 

success in clinical trials of their own but may be the key to creating a highly efficacious, 

long-lasting malaria vaccine [36, 37]. The design of genetically attenuated vaccines is 

particularly challenging, however, as liver stage-specific genes must be knocked out 

without disrupting function up until the liver stage [38]. Identification of these genes has 

been primarily through bioinformatic analyses of RNA or protein expression to identify 

those abundantly expressed solely in the liver stage [39]. This approach has identified 

several strong candidates for attenuation. Another vaccine approach is to immunize 

people to proteins expressed in gametocytes to block transmission upon uptake by the 

mosquito [40–42]. These vaccines are known as transmission-blocking vaccines. However, 

as above, the main limitation is identifying genes predominantly expressed in 

gametocytes and are specifically involved in transmission to the mosquito. Vaccine 

development is yet another area where novel approaches to genetic modification and 

genetic screening could rapidly advance the field. 

 

1.5 Characterization of Proteins in P. falciparum and Current Limitations 

Both vaccine and drug development are highly dependent on identifying essential 

parasite proteins. In order to study the gametocyte stage, mosquito stage, or liver stage 

in the laboratory setting, one must start from asexual blood stage cultures and proceed 

through the lifecycle until the stage of interest. Disruption of genes essential to the blood 

stage precludes advancement to any subsequent stages, and thus prohibiting functional 

characterization in those stages. Consequently, almost all characterization of gene 

expression and essentiality has focused on the asexual blood stage [43]. Another major 

challenge comes from the AT-rich genome of P. falciparum, with 82% of DNA being A’s 

and T’s, complicating molecular genetics [44]. 
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Many labs choose to study mouse malaria strains, such as P. yoelii and P. berghei as 

models for P. falciparum. However, there is relatively low genetic conservation between 

these species, and protein functions are not necessarily conserved [45]. Another key 

limitation, particularly in P. falciparum, is that genetic manipulation depends on 

transfection of plasmid, and transfection efficiencies are low, often requiring 20+ days to 

recover to visible parasitemias following drug selection [46, 47]. For a plasmid to reach 

the parasite nucleus and be maintained, the plasmid must overcome multiple membranes 

and barriers from the host RBC and the parasite. These inefficiencies make genome-wide 

screens prohibitively expensive and challenging. Additionally, Plasmodium lacks the 

pathways necessary for many other forms of gene editing and gene perturbations, such 

as the Dicer and RISC components needed for RNAi [48, 49]. 

 

1.6 Genetic Tools 

   Genetic manipulation in Plasmodium has been critical to a better understanding of 

parasite biology. Only in the mid-1990’s did the field establish plasmid transfections as a 

means of editing the parasite genome [50]. Prior to this, malaria genetic crosses were a 

key tool in matching phenotypes to genotypes and understanding gene function [51]. A 

number of recombinant progeny can be produced by crossing two parasite lines with a 

divergent phenotype of interest (i.e., drug susceptibility). Then by measuring the 

phenotype of each progeny, these phenotypes can be mapped to genotypes and 

narrowed down to a specific locus. The first genetic cross was performed using the 

parasite lines HB3 and 3D7, helping to identify the gene responsible for pyrimethamine 

resistance, pfhdhfr-ts [52–54]. Another genetic cross was performed between the 

parasite lines HB3 and Dd2, linking chloroquine resistance to a vacuole membrane protein 

that was then aptly named chloroquine resistance transporter (pfcrt) [55, 56]. A number 

of other genes and polymorphisms involved in drug resistance, RBC invasion, and 

mosquito infection have been identified by genetic crosses, such as the genes pfmdr1, 
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pfRh5, and pfs47 respectively [51, 57–59]. Genetic crosses in malaria were extremely 

tedious to perform, as they required completing the entire parasite lifecycle with the use 

of non-human primates. This was an expensive, time-consuming, and technically 

challenging process, and so only a small number of genetic crosses have been performed 

to date. Recently however, a humanized mouse model using transplanted human 

hepatocytes and red blood cells has simplified the process tremendously [60, 61]. There 

have now been more P. falciparum genetic crosses performed in the mouse model than 

in non-human primates [62–65]. A primary limitation for genetic crosses is the inability to 

measure beyond the genes and polymorphisms of the two parental lines. Additionally, 

phenotypes are often the result of more than one specific mutation, and genetic crosses 

require a very large number of distinct recombinant progeny to identify secondary or 

tertiary loci [65]. However, genetic crosses still fill an important gap in identifying new 

genotype-phenotype relationships and have often helped to identify phenotypes beyond 

their original intent. 

   While genetic crosses provide a genome-wide screening tool, specific targeted 

mutations have been introduced through homologous recombination. With the ability to 

transfect plasmids, one could create a specific mutation in a gene of interest [e.g., 

knockouts (KOs), single nucleotide polymorphisms (SNPs), etc.] and using a selectable 

marker, select for parasites that integrate the new sequence and the drug cassette from 

homologous regions [66]. This was typically performed after building strong evidence that 

the mutation would have the predicted effect, as from a genetic cross or genome-wide 

association studies (GWAS) data. This method was eventually replaced with the 

development of CRISPR/Cas9 technology [67]. 

    Until recently, there had been no genome-wide screens to identify essential genes 

in Plasmodium. This is in large part due to the challenges in designing such a system and 

the limitations inherent in Plasmodium biology. However, in 2017, a genome-wide 

knockout screen targeting 2,578 genes in P. berghei was performed, demonstrating that 
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~45% of genes were essential for blood stage growth, while an additional 18% resulted in 

slowed growth [68]. In comparison to other organisms, 45% is a high percentage of 

essential genes, particularly since the measured essentiality only represents one stage of 

the parasite lifecycle. To further understand essentiality across the lifecycle, the ~1300 

blood stage viable clones generated in the prior screen were fed to mosquitos to identify 

gametocyte and mosquito essential genes, and parasites were allowed to reinfect mice 

by mosquito bite to identify liver stage essential genes [69]. The majority of the genes 

tested were in fact dispensable throughout the entire lifecycle, while a small subset 

resulted in slow-growth or were essential to mosquito or liver stage development. 

However, these were inherently all genes that were dispensable to blood stage growth.  

Subsequently, a PiggyBac transposase screen was performed in P. falciparum using 

over 9,000 individual transfections to establish >38,000 unique transposon insertions 

Sthroughout the genome [Figure 1.2] [70]. Assuming random integration, this would be 

sufficient for saturation of the genome. However, only parasites that recover over the 10+ 

days following selection can be isolated and the integration sites identified by sequencing. 

Insertions in coding sequences should produce functional gene knockouts, which if 

essential, would not survive and thus not be sequenced. By measuring which insertions 

survive, the essential genes can be deduced from their absence. Roughly ~60% of genes 

were found to be essential to blood stage growth. This was the first genome-wide screen 

for essentiality in P. falciparum, offering numerous insights and further validating the 

findings of the P. berghei screen. However, there is a bias in transposon screens for 

preferential insertion in non-coding regions, increasing the likelihood of false positives 

[71, 72]. 

 Much work has been done using the existing genetic approaches. However, the 

introduction of CRISPR/Cas9 to the malaria field has rapidly improved the field’s ability to 

better characterize the parasite’s genome.  
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1.7 CRISPR/Cas9 System for Genetic Editing 

   CRISPR/Cas9 is a technology based upon a bacterial acquired immune system that 

mediates resistance to bacteriophage infection [73, 74]. The key elements of this system 

include a DNA double strand endonuclease, a CRISPR-associated protein (typically Cas9), 

that is guided to specific DNA sequences by a complexed guideRNA (gRNA). The gRNA 

consists of two components: a CRISPR RNA (crRNA) encoding a specific 20-base pair 

sequence (protospacer), which anneals or is fused with the trans-activating CRISPR RNA 

(tracrRNA) [Figure 1.3]. The tracrRNA sequence helps bind to the Cas9 protein, forming a 

ribonucleoprotein, while the variable protospacer dictates the specific site to cut. For 

simpler design, the crRNA and crRNA can be expressed as a single gRNA, or sgRNA, using 

a PolIII promoter such as the U6 promoter [75]. Although a number of bacterial species 

carry Cas9 proteins, the most widely used for gene editing purposes is the Streptococcus 

pyogenes Cas9 (SpCas9). The only requirement for the DNA cleavage site is the presence 

Figure 1.2 PiggyBac transposon screen in P. falciparum 
The piggyBac transposon screen contained >38,000 identified transposon insertion sites.  The frequency of 
insertions for each gene are used to measure essentiality, with insertion-free genes most likely to essential.  62% of 
genes were determined to be essential, with 38% dispensable.  Adapted from Zhang et al, 2018. 
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of a protospacer-adjacent motif (PAM) following the protospacer sequence in the target 

genome. In the case of SpCas9, the PAM sequence is “NGG”, where N is any nucleotide 

and G is a guanine. The absence of a correct PAM precludes Cas9 cutting at the specific 

gRNA site. 

Following the initial description of the bacterial CRISPR/Cas9 system, it was 

immediately recognized that this system could be harnessed to provide site-specific 

endonuclease activity at any desired genomic location by simply generating a gRNA (or 

sgRNA) encoding that sequence [76, 77]. In most organisms, the resulting double strand 

cleavage triggers the activation of cellular non-homologous end-joining pathways (NHEJ), 

frequently generating insertions or deletions (indels) [78]. Alternatively, if a donor DNA 

template encoding a desired sequence flanked by regions that are homologous to either 

side of the cleavage site is included, the cell may utilize homology-directed repair (HDR) 

pathways to introduce the desired sequence into the site. While most organisms 

preferentially repair double-strand breaks through the highly efficient NHEJ pathway, 

Plasmodium lacks this repair pathway and thus does not generate indels following the 

initial cut [44, 49]. Thus, a repair template must be included to allow for HDR of the double 

strand break. Although the absence of NHEJ hinders our ability to generate knockouts by 

indel-mediated frameshift mutations, HDR editing is often highly efficient (up to ~100%) 

in Plasmodium [79]. This method of genetic modification has become standard for 

generating insertions, deletions, and mutations in the Plasmodium genome.  

   Although Cas9 is frequently used for generating mutations by double-strand DNA 

cleavage, the protein can also be modified to simply direct effectors to a specific genomic 

site [80]. Point mutations D10A and H840A in SpCas9 are sufficient for completely 

inhibiting endonuclease activity, creating an endonuclease-dead Cas9 (dCas9). dCas9 can 

then be fused with various effector domains or proteins, allowing for a variety of 

epigenetic modifications [81–83]. Fusion of dCas9 to transcriptional activator domains 

would allow for over-expression (CRISPRa), while fusion to transcriptional repressor 
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domains would allow for inhibition of expression (CRISPRi). Even the binding of dCas9 

alone can be sufficient for knockdown of gene expression through steric hindrance and 

interference with the RNA polymerase [84]. A number of dCas9 fusions have been 

established for mammalian systems, plant systems, as well as for P. falciparum [85–88]. 

Unlike Cas9-mediated gene editing, CRISPRa and CRISPRi do not depend on any DNA 

repair, and thus only need to be provided with a gRNA targeting the gene of interest. This 

provides an accessible, scalable system for gene perturbation.  

   Other prominent gene editing tools have been built based on the Cas9 system 

[Figure 1.3]. Base-editing is one approach that relies on a modified Cas9 that generates 

single-strand DNA breaks (“nickase”) fused to a cytidine deaminase [89, 90]. The gRNA 

can be targeted to specific sequences to direct the cytidine deaminase to create cytidine-

to-uridine mutations within the gRNA-targeted sequence. The corresponding nick triggers 

repair of the uridine through mismatch repair pathways, resulting in a C-to-T mutation. 

This approach offers the ability to mutate specific bases and amino acids using only the 

specified gRNA with no donor repair template. In addition to certain amino-acid 

substitutions, C-to-T mutations are also able to create stop codons for gene disruption 

[91]. Four codon changes can result in a stop codon if edited by cytidine deaminase: CAA, 

CAG, CGA, and TGG (via reverse strand). This would provide an alternative means of 

generating premature stop codons using gRNAs, allowing for scalable knockout screens. 

Similarly, prime-editing is another approach in which a nicking Cas9 is fused to a 

reverse transcriptase, and paired with an sgRNA with extended sequence corresponding 

to one’s desired mutations [92, 93]. The extended sgRNA acts as a priming sequence for 

the reverse transcriptase, causing the DNA to be repaired to this newly specified 

sequence. Prime-editing allows for specific insertions and deletions (<50 bp in size) to be 

made, while only needing an extended gRNA in combination with the nicking Cas9 to be  
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provided. This system offers more versatility in the types of mutations that can be 

introduced, while still not depending on double stranded breaks, an additional donor 

repair template, or homology directed repair. 

Although the number of gene editing tools entering the field of molecular biology 

is rapidly growing, there has yet to be widespread adoption of many of these tools in 

malaria research. However, one group developed a CRISPRa- and CRISPRi-based system 

by fusion of dCas9 to a histone acetyltransferase domain (GCN5) or a histone deacetylase 

domain (Sir2a) respectively [88]. These fusions allowed for specific over- and under-

expression of malaria genes via gRNA, providing a means of scalably perturbing multiple 

genes in parallel. CRISPRa and CRISPRi screens have become a core tool for identifying 

new gene functions, both through gain-of-function screens and loss-of-function screens 

[94]. 

Figure 1.3 CRISPR-based technologies  
Many CRISPR-based tools have been developed for various purposes.  Cas nucleases, such as Cas9, allow for 
targeted double-strand breaks, prompting repair by the cell.  Base editors and prime editors use modified Cas9-
nickases and fusions to mutate proximal bases.  Cas13 nuclease allows for RNA editing, binding and cleaving RNA 
instead of DNA.  CRISPRa/i (activision / inhibition) are able to modulate expression through effectors and histone 
acetylation without permanent DNA editing. 
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1.8 Conditional Gene Expression Systems 

Even with the implementation of CRISPR/Cas9 tools, there are still a number of 

challenges in understanding gene function across the lifecycle. In particular, genes that 

are essential for blood stage survival and development cannot be studied in subsequent 

stages of development, as any knockout would be lethal to the parasite, not allowing the 

parasite to reach the stage of interest. Essential genes constitute roughly 60% of the 

parasite genome [70]. To better understand the role of these blood stage-essential genes, 

conditional genetic systems are necessary. 

 Several conditional systems have been developed for molecular biology. The 

Cre/loxP system has been used for decades, largely for mouse studies and mammalian 

cell lines [95, 96]. This system derived from the bacteriophage P1, involves Cre, a 

recombinase, that specifically mediates recombination between pairs of loxP sites, 

resulting in deletion of sequences flanked by the sites. By expressing Cre under the control 

of cell type-specific promoters, the deletion of loxP-flanked sequences can be restricted 

to the cell type of interest. Additionally, this system is one-directional—once the loxP-

flanked DNA has been excised, it cannot be reversed. This system can also be employed 

to turn on gene expression (rather than turning it off) by inserting loxP-flanked stop 

elements (lox-STOP-lox, or LSL) in the 5’-untranslated regions of genes, which will prevent 

gene expression until Cre expression excises the loxP-flanked STOP element [97]. This 

approach has been used for inducible control of the gametocyte-regulating transcription 

factor, AP2G, allowing for controllable gametocyte induction [98]. 

Common systems used for conditional expression are the Tet-Off and Tet-On 

inducible systems [99]. These systems are tunable with the addition of tetracycline or a 

tetracycline derivative such as doxycycline. The Tet-Off system relies on a tetracycline-

dependent transactivator protein which allows for repression at a Tet-responsive element 

upstream the gene of interest when drug is present [100]. In the case of Tet-On, the 

system uses a reverse transactivator which only binds in the presence of the drug [101]. 
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These systems have been used for inducible expression of transgenes, as well as inducible 

over and underexpression [99].  

   Most of these systems retain some amount of expression and are considered to be 

“leaky” [102–104]. Incomplete knockdown is not necessarily bad, however. Complete 

knockout of an essential gene may cause immediate cell death and prohibit further study 

of the phenotype. Incomplete knockdowns may still allow for identification of phenotypes 

while preventing some deleterious effects that might obscure the phenotype [105]. 

However, some applications for conditional expression depend on leak-free expression, 

such as Cas9 expression, where even a small amount of Cas9 could lead to a permanent 

genomic change. 

Given the numerous ways in which Cas9 can be used to perturb a gene (knockout, 

overexpression, underexpression, introduction of specific mutations, etc.), there is great 

value in establishing a controllable system for Cas9, dCas9, and various effectors [106, 

107]. In cases where temporal control of knockouts is required, such as in the case of 

differentiated cells, an inducible system may be necessary. A conditional Cas9 system 

enables phenotyping across different stages and cell types. 

An early design involved splitting Cas9 into two individually expressed proteins that 

could be chemically dimerized into a functional Cas9 [108]. This relied on fusing the N-

terminal Cas9 fragment to an FRB domain and fusing the C-terminal Cas9 fragment to an 

FKBP domain. These domains rapidly dimerize in the presence of rapamycin, allowing for 

quick induction of Cas9 activity. However, leakiness due to auto-dimerization poses a 

problem for preventing mutations and editing prematurely [109]. 

Another system utilized the autoinhibition mechanism of a BH3 peptide and the 

BCL-xL protein, each fused to Cas9 [110, 111]. The interaction of the BH3 and BCL-xL 

domains of the fusion protein block Cas9 activity. However, in the presence of the BCL-xL 

inhibitor, A115, the BH3:BCL-xL interaction is disrupted, recovering Cas9’s enzymatic 

activity. This allows for controllable Cas9 activity within minutes of A115 addition, as well 
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as tunable activity by A115 concentration. This system has been expanded to a number 

of effector functions, including CRISPRa, CRISPRi, base-editing, and prime-editing [112].  

Rather than relying on direct control of the Cas9 protein’s activity, an alternative 

approach is to control the expression of Cas9 [113, 114]. The simplest system would be 

one in which Cas9 is only expressed in the cell type of interest. This would only require a 

cell type-specific promoter to drive Cas9 expression, at the expense of versatility. If one 

is only interested in a specific stage or cell type, this approach would be sufficient. 

Alternatively, chemically-inducible promoters can be used. Tet-inducible Cas9 has been 

established in mammalian cells and is widely available [115, 116]. The Tet-inducible Cas9 

relies on the Tet-operon and activation through doxycycline. TetR has also been used for 

activating sgRNA RNA expression, allowing for inducible sgRNAs. Similarly, Cre/loxP 

strategies can be used with an interfering gene and terminator to irreversibly turn on Cas9 

[117, 118]. The disadvantage of expression-based systems for Cas9 is the temporal delay 

in Cas9 activity. Turning on expression is not immediate, and production of protein can 

be delayed by hours. 

There are now numerous genetic tools to explore, each with their own advantages 

and disadvantages. Applying these tools to malaria will help fill a large gap in the field’s 

current technologies for characterizing the genome. 

 

1.9 Bioinformatics Approaches for Malaria Research 

   Bioinformatics has been an essential component in identifying drug resistance, 

gene function, and even in the design of new vaccines [39, 69, 119–124]. In the case of 

examining drug resistance, genetic crosses involving two parental lines with divergent 

phenotypes depended on quantitative trait locus analysis to identify specific loci that 

might confer the phenotype of interest [51, 125]. This classical approach led to the 

identification of mutations in the chloroquine resistance transporter gene, pfcrt, as well 

as a number of other critically important SNPs [126–130]. Similarly, genome-wide 
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association studies using patient isolates helped to identify a number of genes associated 

with drug susceptibility [131–133]. With advancements to genome sequencing, entire 

genomes can now be sequenced inexpensively and compared, as well as entire 

transcriptomes [44, 134, 135]. Microarray datasets were pivotal in identifying genes 

involved in blood stage development and gametocyte development, though RNA-seq has 

since overtaken microarray as the primary means of transcriptomic analysis [136–138]. 

Analysis of differential gene expression has become standard practice now, helping 

identify subtle differences between stages of development, different strains, and 

knockout lines [139–141]. This has only expanded with advancements in single-cell RNA-

sequencing, which provides for transcriptomic profiles for singular cells [142, 143]. A 

handful of single-cell transcriptomic datasets have been established, producing a “Malaria 

Cell Atlas” from blood stage up to mosquito stages of development [123, 144–146]. As 

our ability to generate extensive genomic, transcriptomic, and proteomic datasets 

increases, so does the need for computational tools to help analyze these complex data. 

Despite Plasmodium only having ~5500 genes, most of these genes have yet to be 

characterized. Much of our current knowledge and gene annotations are derived from 

orthologs in other organisms such as yeast, plants, and mammalian cell lines [147–149]. 

This relies on the assumption that genes that have shared ancestry retain their function. 

Gene ontology-based annotation attributes gene identities and functions across species, 

offering a means of annotating P. falciparum genes in silico. However, Plasmodium has 

diverged considerably from any well-characterized organism [44]. For instance, 

Toxoplasma gondii, another apicomplexan parasite, is evolutionarily separated from 

Plasmodium by hundreds of millions of years [150–152]. Even within the same genus 

(Plasmodium), only ~80% of genes are shared between P. falciparum and P. berghei [153, 

154]. Furthermore, gene sequence similarity between P. falciparum and P. berghei 

orthologs is ~75%. Due to these limitations, orthology and gene ontology are only able to 
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provide us with strong gene candidates to pursue experimentally, rather than providing 

conclusive gene functions. 

With the rapid adaptation of transcriptomics, there are hundreds of unique 

transcriptomic datasets now available [149]. One dataset consisted of over 1,000 

microarray transcriptomic profiles generated from unique P. falciparum clinical isolates 

from patients across Africa and Southeast Asia [155]. Comparative genomics paired with 

parasite clearance for each isolate provided valuable insights into specific transcriptional 

features associated with artemisinin susceptibility, and identified genes involved in the 

unfolded protein response as a possible mediator for artemisinin resistance.  

Further work has been done to identify transcriptomic patterns associated with 

artemisinin resistance, including the development of a gene regulatory network (GRN) 

model built on the prior microarray dataset [Figure 1.4] [156–159]. By taking advantage 

of the heterogeneity that exists between patient isolates, gene co-expression was 

identified and clustered together. Then, expression of these clusters can be attributed to 

a selection of genes predicted to be transcriptional regulators (TRs) using regularized 

regression methods. The produced GRN model attributes weights to genes predicted to 

be regulated by a given TR. When expression of a TR is changed, its targets change by the 

given weight. The GRN model was able to accurately predict gene expression in 4000-

4500 genes using just the expression data of the TRs. The model accurately predicted 

expression for both clinical isolates and in vitro samples. As the only GRN model in 

Plasmodium, this model provides novel insights into how Plasmodium regulates its 

genome. Additionally, by combining established knowledge of drug susceptibility, 

parasite development, and gene function with predictions from the GRN model, we can 

generate novel hypotheses on how genes might influence parasite biology. 
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1.10 Applications of Bioinformatics and Molecular Tools in P. falciparum 

In Plasmodium, limitations of genetic manipulation and transfection have hindered 

the field’s progress in designing new therapies and vaccines. Although the existing 

systems allow for study of essentiality at different stages of the lifecycle, numerous 

challenges exist in implementing these. For example, in order to introduce loxP sites for 

Cre-mediated knockout, one would have to clone a gRNA and donor sequence, potentially 

for both the 5’ and 3’ loxP insertion. This may involve multiple PCRs, ligations or 

assemblies, and sequencing before the plasmids are ready for transfection. Transfection 

then would take roughly 30 days before parasites fully recover from drug selection, and 

then these parasites would need to be cloned. This process from beginning to end can 

take many months and may not work. To alleviate many of these problems, conditional 

Cas9 systems relying solely on a gRNA would provide a means of perturbing genes at scale 

and with stage-specificity.  

In the following chapters, I describe efforts to further elucidate gene function 

through both computational and molecular approaches. First, utilizing the vast amount 

of transcriptomic data available, I sought to create a compiled transcriptomic profile for 

the main stages of development in P. falciparum to better predict essentiality across the 

lifecycle. These analyses complement our findings from our gene regulatory network 

model, presenting novel hypotheses to be pursued. Second, building on available tools, I 

constructed a scalable system for conditional Cas9 gene editing. In this system, Cas9 can 

be induced in the blood stage as well as the gametocyte stage, allowing for gene knockout 

or the introduction of specific mutations. Lastly, I present the development and 

application of an accessible system for medium-throughput CRISPRa and CRISPRi screens. 

These screens can be applied to any number of phenotypes, allowing for expansive 

identification of gene-phenotype relationships. Ultimately, the goal of this work is to 

establish new approaches for rapidly and accessibly identifying gene function and 

essentiality across the lifecycle. 
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Chapter 2 – Exploring P. falciparum Transcriptomics for Characterization Across All 

Stages of The Lifecycle 

 

2.1 Introduction 

   Numerous transcriptomic datasets from Plasmodium have been established to 

date, largely focusing on the asexual blood stage [149]. Although single-cell RNAseq has 

provided insight into the heterogeneity between cells across the lifecycle, the lack of read 

depth and the inherent sparsity of the data make quantifying lowly expressed genes a 

challenge [123, 143, 145]. However, bulk RNA-seq is able to capture many more 

transcripts at low abundance and has now been performed on all stages of the P. 

falciparum lifecycle [149, 160]. These datasets offer a glimpse into the expression profiles 

across the entire lifecycle, allowing for comparative analyses to better understand gene 

regulation and gene function. However, these datasets have been generated in different 

labs, with different protocols, and most importantly, in dramatically different cellular 

stages, complicating efforts to compare across these timepoints. Given the value that 

transcriptomics offers, there is a need for better comparative tools that can provide new 

hypotheses for Plasmodium research. 

I first sought to compile a complete bulk RNA-seq transcriptomics dataset covering 

all of the major stages of the parasite lifecycle. This compiled dataset would provide a 

complete transcriptomic picture of the parasite lifecycle, while highlighting differences 

between each of the stages and timepoints. Building on these data and the gene 

regulatory network model our lab developed, I explored gene features that could be 

predictive of gene function and essentiality across the lifecycle. This work provides a 

better understanding of the complete parasite lifecycle, as well as key regulators 

throughout, that can be used to guide future directions. 

 

 



 

20 
 

2.2 RNA-seq Transcriptome Analysis Across the P. falciparum Lifecycle 

   I first compiled as many high quality datasets as possible for each respective stage 

of the parasite lifecycle [43, 149, 161–178]. Efforts have been made to do this for the 

asexual and sexual stages, but none have included bulk RNAseq data from the mosquito 

and liver stages [179]. I began by taking the existing published asexual and sexual 

datasets, resulting in ~25 individual transcriptomic datasets (Table 2.1). To remove 

heterogeneity, I filtered out samples from patient isolates and less frequently used 

parasite lines. The P. falciparum liver stage transcriptome has only been fully quantified 

in one dataset covering sporozoites, day 4, day 5, and day 6 of liver stage [160]. Together, 

these datasets are representative of all the major stages of the P. falciparum parasite 

cycle. 

Table 2.1 RNA-seq transcriptomic datasets for P. falciparum 

Stages Contributor Brief Citation Year 

BS Karine LeRoch Bunnik et al. 2013 

BS Gwladys I. Bertin Kamaliddin et al 2021 

BS Zbynek Bozdech Kucharski and Tripathi et al. 2020 

BS + MS Victor G. Corces Gomez-Diaz 2017 

BS Chris I. Newbold Otto et al. 2011 

BS Joseph L DeRisi Caro et al. 2014 

BS Manuel Llinas Chappell et al. 2020 2020 

MS Stephen L. Hoffman Eappen et al. 2022 2022 

BS + GS Xin-zhuan Su Lopez-Barragan et al. 2011 

BS Wieteke Hoeijmakers Hoeijmakers et al. 2014 

BS Arnab Pain Subudhi et al. 2020 2020 

BS Chris I. Newbold Otto et al. 2010 

BS Michael F. Duffy Josling et al 2015 2015 

BS Henk Stunnenberg Bartfai et al. 2010 

GS Richard Bartfai Lasonder et al. 2016 

BS Michael F. Duffy Tonkin-Hill et al 2018 2018 

BS Aubrey Cunnington Lee et al. 2018 

BS + MS Artur Scherf Zanghi et al. 2017 

BS Michael F.Duffy Tang et al. 2020 2020 

MS Stefan Kappe Lindner et al. 2019 

BS + MS Stephen L. Hoffman Hoffmann et al. 2013 

BS + GS Xin-zhuan Su Lopez-Barragan et al. 2011 

BS John Adams Zhang et al. 2021 2021 

BS Richard Bartfai Toenhake et al. 2018 

BS Tim W Gilberger Wichers et al. 2019 2019 

MS + LS Stefan Kappe Zhangi et al. 2024 2024 

GS John Adams Chawla et al. 2023 2023 
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In order for these datasets to be compared, I explored several methods for 

normalization. Under ideal circumstances, every RNA-seq sample would contain a spike-

in control, be carried out together, and be performed using the same methodology [180, 

181]. Unfortunately, none of those conditions are met when comparing the existing 

publicly available datasets. Furthermore, due to the complex biological differences that 

exist across the lifecycle, direct comparisons of expression are inherently flawed. For 

instance, if one normalizes by total reads or counts per million (CPM), in cases where 

parasites have globally low levels of expression, such as in early rings, or comparing 

between highly divergent transcriptomes, differential expression analysis may miss real 

signals while picking up noise. As for simply leaving the data untransformed, this has a 

tendency to dramatically over- or under-estimate the extremes and would ignore read 

depths especially comparing new and old datasets. Ultimately, there is no perfect method 

for differential expression that can be applied to these datasets without violating key 

assumptions, thus I pursued a balanced approach that uses class-specific quantile 

normalization, which would retain many of the features distinct to each stage while 

accounting for read depth [182, 183]. 

As a means of simplifying comparisons between stages, I chose broad timepoints 

that encompassed all development within that stage. This led to 3 blood stage timepoints 

(Ring, Troph, Schizont), 3 sexual stage timepoints (Early Gametocyte, Male Gametocyte, 

Female Gametocyte), 2 mosquito timepoints (Oocyst, Sporozoite), and 3 liver stage 

timepoints (Day 4 LS, Day 5 LS, Day 6 LS). Each dataset was then quantile normalized by 

class (i.e., Stage timepoint) and the mean was taken for each timepoint across the 

Figure 2.1 Example of compiled transcriptomics across the P. falciparum lifecycle  
Genes and their normalized transcripts for each stage of development are sortable and viewable as a heatmap. 
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datasets. The averages for each timepoint were compiled into a unified dataset of mean 

expression values across the parasite lifecycle [Figure 2.1].  

   To identify genes differentially expressed in any stage, fold change between each 

stage was calculated for every gene. The fold change was further sorted to identify genes 

primarily expressed in one stage, setting a threshold of >3-fold above the next highest 

stage. Male gametocytes contain the highest number of genes primarily expressed in only 

that stage, with 313 genes >3 fold higher than the next highest stage. 

These stage timepoints can be further consolidated into the four distinct stages: 

Blood Stage (BS), Gametocyte Stage (GS), Mosquito Stage (MS), and Liver Stage (LS). 

Rather than use the average, the maximum level of expression from each sub-stage was 

used. The above analysis was repeated with these four consolidated stages, classifying 

~1950 genes as broadly stage-specific [Figure 2.2]. 484 genes were primarily expressed 

(>3-fold) in MS, 239 in LS, 776 in GS, and 424 in BS.  

These subsets can be further analyzed by Gene Ontology (GO) enrichment analysis 

for biological pathways and molecular function [184]. In LS-exclusive genes, pathways 

involved in biotin metabolism and pyruvate metabolism are most enriched, while the 

most enriched LS molecular functions are fatty acid synthesis and oxidoreductase activity. 

These results are in agreement with findings that Plasmodium parasites rely on fatty acid 

metabolism for development in late liver stage infection, as well as help explain the 

interactions between lipid peroxidation and the parasite [69, 185–187].  

Figure 2.2 Example of consolidated stage-specific gene expression 
The gene expression for each broad stage of the P. falciparum lifecycle, showing blood stage essentiality and fold-
change of the most expressed stage expression compared to the next highest stage. 
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Using K-means clustering of the expression from each timepoint from the lifecycle, 

7 distinct clusters were generated [Figure 2.3]. Cluster 1 contains genes primarily 

expressed in sporozoites through the end of liver stage. Cluster 3 contains genes 

expressed exclusively in human host environments and not in the mosquito, while Cluster 

5 consists of MS-specific genes not expressed in the human host. Cluster 6 is largely 

specific to the late sexual stages and the oocyst, likely involved in sexual biology.  

The blood and gametocyte stages were most correlated with each other, with the 

mosquito stage being most distinct [Figure 2.3B]. The liver stage was moderately 

correlated with blood and gametocyte. Given the non-mammalian host setting, as well as 

the unique sexual biology occurring, it was expected that the mosquito stages would be 

least correlated with the other stages. 
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Figure 2.3 Patterns of expression across all stages of the P. falciparum lifecycle 

A) Clustered heatmap of gene expression for each stage of development.   

B) Correlation matrix of gene expression for all stages of development. 
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2.3 Predicting Gene Essentiality from Bioinformatics Data 

Given the number of challenges with experimentally validating essentiality 

throughout the parasite lifecycle, I sought to identify gene features that could be 

predictive of essentiality. Gene features such as gene expression and proteomics can be 

specific to the stage of development, while other features apply to all stages, as in 

orthology or non-synonymous to synonymous SNP ratios. I first started by comparing the 

gene expression of essential and dispensable genes in the blood stage, where essentiality 

has been tested by a PiggyBac screen [Figure 2.4A].  

The mean expression level for peak expression in blood stage was 19.51 for 

essential genes and 12.55 for dispensable genes (p<0.001). This pattern was most 

apparent at the highest levels of expression. In the 250 most expressed genes in BS, 84% 

are BS essential. Inversely, BS essential genes have lower levels of non-synonymous SNP 

frequencies from field data [Figure 2.4B]. In LS, BS, and GS, the 250 most abundantly 

expressed genes are all more likely to be essential in the BS (84%, 74%, 87% respectively), 

which is not true for the MS (54%) [Figure 2.4C]. On average, only 25% of the top 250 

genes were shared, predominantly made up of housekeeping genes like histones. This 

would suggest that BS gene essentiality is not independent across the lifecycle and is 

indicative of functions critical to survival within the human host, but not the mosquito 

host.  

To better understand what features are most predictive of essentiality, I trained a 

random forest classifier using the following features: expression data, proteomics data, 

non-synonymous SNPs, SNPs with stop codons, total SNPs, and orthology. The model is 

able to correctly classify BS essentiality with 71% accuracy and 73% precision [Figure 

2.4D]. However, the model performs best at the extreme ends, suggesting that these 

features are predictive of BS essentiality once beyond a threshold. The top feature for 

prediction was expression, followed by non-synonymous SNPs, agreeing with previous 

observations. Although each stage contains its own unique biology, it is likely that the 
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evolutionary pressures that have led to these differences act on each stage of 

development, allowing these features to be used to generate predictions on essentiality 

across the lifecycle [188–190]. 

 

  

 Development of genetically attenuated Plasmodium vaccines requires 

identification of genes that are necessary for liver stage development. This poses a major 

challenge, as any knockout generated must be grown into gametocytes, fed to mosquitos, 

and finally infect a humanized mouse by mosquito bite or dissected sporozoites. Further, 

Figure 2.4 Predictors of blood stage gene essentiality 

A) Blood stage expression (log2) in essential genes and dispensable genes (p < 0.001). 

B) Frequencies of non-synonymous SNPs in essential genes or dispensable from field isolates (p < 0.001). 

C) The frequency of blood stage-essential genes in the top 250 expressed genes for all four main stages of 

the parasite lifecycle. 

D) Results from a random forest classifier to predict essentiality using available gene features, including 

transcriptomics, proteomics, non-synonymous SNPs, SNPs with stop codons, total SNPs, and orthology. 
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if the gene is essential for any stage other than liver stage, it would be impossible to 

produce any attenuated sporozoites for vaccination. By using available essentiality data 

in addition to our compiled transcriptomic dataset, we can select ideal candidates that 

are least likely to have a phenotype outside of the liver stage. Following the assumption 

that higher expression is indicative of necessity, I sorted all genes by liver stage 

expression. These genes can be further filtered by removing all previously putative BS-

essential genes by PiggyBac screen. Of the BS-dispensable genes, there are 80 LS genes 

with expression >3 any other stage. These genes are ideal candidates for genetically 

attenuated sporozoites, and should be a high priority for future vaccine development.  

 

2.4 Gene Regulatory Network Analysis for Uncovering Regulators of Parasite Biology 

   Gene regulatory networks are part of many genetic pathways and often are found 

at the center of developmental regulation [191–193]. Gene regulatory network models 

seek to use these generated transcriptomic datasets to better understand the underlying 

regulators of gene expression. These models often are built from large transcriptomic 

datasets. However, despite the availability of numerous transcriptomic datasets, no GRN 

models had been established in Plasmodium. Using over 1,000 microarray transcriptomes 

from patient isolates, our lab created a GRN model able to accurately predict genome-

wide transcriptomics [Figure 2.5A] [159]. 

   The GRN model is able to accurately predict both blood stage and gametocyte 

stage expression data, despite being trained on parasites isolated from blood samples 

[Figure 2.5B]. It is important to note that despite circulating blood samples primarily 

consisting of asexual stage parasites, gametocytes can still be found at low levels in 

circulating blood. Ultimately, late stage gametocytes must be present in the blood for it 

to pass to its mosquito host. Further, the GRN model can accurately predict targets of 

transcriptomic regulators, allowing for artificial gene “perturbations” (over-expression or 

under-expression) to measure the effects on its targets [Figure 2.5C]. I sought to test the 
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model’s ability to predict TR targets in gametocytes using the AP2-G gene, a master 

regulator of gametocyte induction and development [Figure 2.6A], identifying 44 putative 

targets of AP2-G. Numerous labs have explored the effects of AP2-G perturbation and 

have generated transcriptomic datasets from over-expression and knockout of AP2-G 

[194–197]. Among the genes found to be differentially expressed following AP2-G over-

expression, 30 are found to be targets of AP2-G by the GRN model [Figure 2.6B]. Despite 

not having complete overlap, there is significant enrichment (p<0.001).  

The differences can be partially attributed to the artificial induction of AP2-G, as 

well as the unique environment of in vitro parasites. It is important to note that the GRN 

model is trained on in vivo patient isolates which have yet to be lab adapted and surely 

encounter other environmental signals not found in vitro. These findings highlight the 

power of the GRN model in not just accurately predicting blood stage transcriptomes, but 

Figure 2.5 Outline of the EGRIN gene regulatory network model for P. falciparum  
A) 1,043 microarray field isolate datasets were used to create the model.  258 putative transcriptional regulators 
are assigned predicted weights for each gene target.   
B) The model is highly predictive of expression (R = 0.97) and can predict transcriptomes with high accuracy. 
C) An example of artificially “perturbing” a TR by over-expression. 
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gametocyte transcriptomes as well. Additionally, the model is able to accurately predict 

targets of transcriptional regulators for both blood stage and gametocyte stage.  

   While exploring gene expression patterns of artemisinin resistance, we observed 

an interesting subset of slow-clearing patient isolates following drug treatment. Slow- 

clearing parasites were more likely to have a wider, more diverse transcriptome, and 

there was greater heterogeneity between slow-clearing parasites. Using the GRN model, 

these diverse transcriptomes can be traced back to predicted transcriptional regulators 

that may be acting to create heterogeneous transcriptomic profiles. We identified three 

subsets of transcriptional regulators based on the GRN model’s target predictions. One 

subset consists of TRs that are predicted to regulate hundreds or thousands of genes, 

which we refer to as ‘Hub Regulators’. Another subset consists of TRs that correlate with 

high amounts of heterogeneity, which we call ‘Variability Inducers’, and inversely, some 

TRs which contain very narrow transcriptomes which we call ‘Variability Suppressors’ 

[Table 2.2]. However, without experimental validation, it is impossible to say these TRs 

Figure 2.6 Predicted AP2-G Targets from the EGRIN gene regulatory network model 
A) AP2-G is predicted by the EGRIN gene regulatory network model to positively regulate 44 genes. 
B) Comparison of differentially expressed genes following AP2-G overexpression and genes predicted by the EGRIN 

GRN model.  There is overlap of 30 genes (68% of the model’s predictions) between the model’s predicted genes 

and differentially expressed genes 
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are completely causative, or simply correlative, with these patterns. In subsequent 

chapters, I will discuss efforts to experimentally perturb these putative transcriptional 

regulators and explore the effects of these perturbations. 

Table 2.2 A subset of putative transcriptional regulators for hubs, variability-promoters, and variability-

suppressors 

Putative Transcriptional Hub Regulators 

Gene ID Description 

PF3D7_1239300 Conserved Plasmodium protein, unknown function 

PF3D7_0621000 Conserved Plasmodium protein, unknown function 

PF3D7_1326700 Conserved Apicomplexan protein, unknown function 

PF3D7_0501800 Chromatin assembly factor 1 subunit A 

 

Putative Transcriptional Variability-Promoter 

Gene ID Description 

PF3D7_0809900 JmjC domain-containing protein 1 

PF3D7_1449300 Transcription factor IIIb subunit, putative 

PF3D7_0522200 Transcription initiation factor TFIID subunit 10, putative 

PF3D7_1239300 Conserved Apicomplexan protein, unknown function 

 

Putative Transcriptional Variability-Suppressor 

Gene ID Description 

PF3D7_1433300 Histone-binding protein RBBP7 

PF3D7_0525000 Zinc finger protein, putative 

PF3D7_021600 DEAD/DEAH box helicase, putative 

PF3D7_0519500 CCR4 domain-containing protein 1, putative 

 

2.5 Discussion 

   I explored the transcriptomic profiles of all stages of the P. falciparum lifecycle. By 

combining datasets from across the lifecycle, comparisons between each stage can be 

made for the first time. A small subset of LS-expressed genes are strictly unique to the LS, 

while the majority are expressed across the lifecycle. There are also a number of genes 

abundantly expressed in all of the human host environments, implying shared biology 

between these stages. The most enriched set of LS genes are involved in fatty acid 

metabolism and acyl-CoA pathways, agreeing with prior findings in Plasmodium liver 

stage biology [185, 187, 198].  

Given the importance of essential genes in drug and vaccine development, I 

investigated patterns of essentiality using established BS essentiality data. Numerous 
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features offer predictive power for identifying essentiality, including abundant gene 

expression and SNP frequencies from field isolates. By applying these findings to other 

parasite stages of development, we may better predict essentiality across the lifecycle.  

I have presented a novel multi-stage dataset that can be used for further functional 

genomics analysis. These results offer new insights into parasite biology and gene 

function across the lifecycle. As improvements in informatics and transcriptomics are 

made, these approaches will become more valuable. The EGRIN gene regulatory network 

model offers a number of meaningful insights into transcriptional regulation, both in the 

blood stage and gametocyte stage. This model can be paired with known transcriptomic 

data and biology to generate new hypotheses. Ultimately however, experimental 

validation of all of these findings will be necessary. 

 

2.6 Materials & Methods 

Transcriptomic Dataset Handling 

All RNA-seq datasets were acquired from PlasmoDB, NCBI, or directly from the 

original lab. For analysis, only datasets containing transcriptomes derived from the NF54 

lineage, including NF54, 3D7, or any genetically modified parasites from that lineage were 

used. Reads were aligned using HISAT2 to the reference genome of NF54, generating 

transcriptomes for 5499 unique gene transcripts [199]. Samples and datasets were 

normalized by class-specific quantile normalization and merged into a single dataset. All 

further data transformations were done in Excel or Prism.  

Transcriptomics Analysis 

Fold change between stages was done in Excel. Gene Ontology enrichment analysis 

was performed using ShinyGo 0.81 [200]. Heatmaps were generated using Morpheus 

(https://software.broadinstitute.org/morpheus/). Clustering was performed using 

Morpheus or Weka [201, 202]. All statistical analyses were performed in GraphPad Prism 

8 (GraphPad Software) using an unpaired t-test. Datasets for training predictive models 

https://software.broadinstitute.org/morpheus/
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were acquired from PlasmoDB. Random forest modeling was performed using scikit-learn 

in Python or using Weka [203].  
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Chapter 3 – Development and Application of a Conditional Cas9 System for Homology-

Directed Gene Editing Across the P. falciparum Lifecycle 

A version of this chapter has been submitted for publication. 

Sean T. Windle, Maxwell L. Neal, Fred D. Mast, Stefan H. I. Kappe, and John D. Aitchison  

 

3.1 Introduction 

CRISPR/Cas9 has transformed the entire field of biological research, greatly 

simplifying both genetic manipulation and the use of genetic screens [51, 67, 79, 204]. 

Cas9 is a powerful tool for targeted editing of a desired locus, allowing for the creation of 

indel-mediated knockouts as well as larger edits via homology-directed repair. As an 

endonuclease, Cas9 works by creating a double-stranded break at a target site specified 

by a 20-bp guide RNA sequence proximal to a short recognition sequence (PAM). In some 

cases, double-stranded breaks can occur in other locations in the genome, leading to 

deleterious off-target effects [205, 206]. A number of efforts have been made to improve 

the efficiency of various aspects of Cas9 editing, including: improved indel rates, improved 

HDR rates, lower off-target effects, expanded PAM recognition, and a number of Cas9-

effector fusions with their own unique functions [207–210]. Despite the rapid 

advancements in the field of molecular biology, the malaria field has lagged in adopting 

these tools. And yet, many of these tools would provide great value to the malaria field 

due to the many limitations and challenges inherent in current approaches to genetic 

manipulation in malaria research. 

Cas9 editing has become the default approach for editing the Plasmodium genome. 

Plasmodium’s lack of NHEJ pathways is a mixed blessing for editing in the parasite. 

Although the creation of simple indel knockouts is unavailable, HDR editing is highly 

efficient in this organism and allows for large gene insertions, deletions, or replacements 

using a donor sequence with homology arms [49]. This means, however, that even 

creating simple gene knockouts requires multiple steps of plasmid cloning. The sgRNA 
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encoding the unique 20bp gRNA sequence must be inserted into the plasmid, as well as a 

donor sequence containing both a 5’ and 3’ homology arm of 50bp or greater in length. 

For gene knockouts, it is common to use the 5’ and 3’ UTRs as homology arms, omitting 

the coding sequence of the gene. However, due to the AT-rich genome, these UTRs are 

typically 85% AT-rich and are appreciably more challenging to amplify and clone than 

most DNA. Although Gibson assembly cloning methods can simplify this process by 

including 20-30bp of homology on the primers and cloning in one step, mutations and 

inefficiency still pose a major problem [211]. Nevertheless, generating a gene knockout 

in Plasmodium from beginning to end can take many months and is not a trivial 

undertaking. 

Another layer of difficulty is added by the extremely low efficiencies of 

electroporation and plasmid uptake by P. falciparum [212]. Although other Plasmodium 

species have considerably higher rates of plasmid uptake by transfection, P. falciparum’s 

is sufficiently low that an unsuccessful transfection is considered normal. This can lead to 

confounding results when trying to knockout a gene, as there is no way of differentiating 

between a knockout that has a deleterious phenotype and a failed transfection. A solution 

to this problem was the development of conditional expression systems. A number have 

been developed for P. falciparum and P. berghei, including the TetR-DOZI aptamer 

system, the glmS ribozyme system, and the dimerizable Cre system [213–215]. Although 

each has their advantages and disadvantages, they are all commonly used for exploring 

knockout phenotypes in the blood stage, as well as other stages of the lifecycle. However, 

in all cases, generating these mutants requires a large amount of work and can lead to 

confounding results due to the limitations of the systems. There is still a pressing need to 

establish an accessible and effective system for studying phenotypes across the lifecycle. 

I tested multiple inducible systems for Cas9 with the goal of creating a tool for 

inducible control of Cas9 activity and gene editing across the parasite lifecycle. The most 

successful strategy utilizes a dimerizable Cre recombinase and lox-STOP-lox (LSL) cassette 
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inserted into the Cas9 5’-UTR region. I further modified this system to allow for paired 

gRNA-donor sequences that could be commercially synthesized. Finally, I tested two 

candidates predicted by bioinformatics analyses to be essential to gametocyte 

development. This platform offers an accessible means of generating mutations in blood 

and gametocyte stages that can be used for gene knockouts followed by phenotyping. 

 

3.2 Exploring Inducible Systems for the Conditional Expression of Cas9 

   A number of inducible Cas9 systems are now available for use in mammalian 

systems [106–108, 110, 111]. Presumably, many of these systems could be adapted for 

use in Plasmodium research. Inducible promoters have been around for many years and 

have been applied to thousands of different applications, including Cas9 systems. 

Unfortunately, the majority of these inducible promoters are incompatible with 

Plasmodium. However, the TetR-DOZI system, which involves addition of degradation 

aptamers to the 3’ and/or 5’ end, is well established, and efforts have been made to 

minimize the aptamers’ tendency to recombine, reducing background expression. My 

initial approach involved using this system to create a controllable Cas9.  

   To easily measure expression of Cas9, I created a Cas9-GFP fusion. Building upon 

an established TetR-DOZI plasmid, I replaced the existing aptamer-controlled coding 

sequence with Cas9-GFP, and also added a U6 promoter driving expression of a donor 

sequence for a validated gene knockout [Figure 3.1A]. Following transfection, the GFP 

signal was examined by fluorescence microscopy. However, even in the absence of 

anhydrotetracycline, GFP signal was clearly visible and sequencing of the target gene 

showed complete gene knockout [Figure 3.1B]. Sequencing of the aptamers showed no 

recombination, so it is likely that the background expression of Cas9 is simply too high for 

inducible activation. 

   An alternative approach to inducibly controlling Cas9 is through direct interactions 

on the actual Cas9 protein. The benefit of this approach is that there is little delay 
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between chemical induction and protein activity. One such system is the ciCas9, or 

chemically inducible Cas9 [Figure 3.1C] [110, 111]. This system relies on an interaction 

between Bcl-xL and a BH3 peptide that are fused to separate ends of Cas9. In the absence 

of the Bcl-xL inhibitor A115, Bcl-xL and BH3 bind tightly, thereby disrupting Cas9 activity. 

When A115 is added, the inhibiting interaction is broken and Cas9 becomes catalytically 

active. An added benefit is that this interaction is tunable and highly responsive to A115 

and requires only a small modification to the Cas9 expression vector, i.e. replacement of 

the SpCas9 coding sequence with ciCas9 sequence in our one plasmid system.  

I therefore created a ciCas9 plasmid encoding the same gRNA as in the previous 

experiment. Following transfection, I tested six concentrations of A115, ranging from 0.1 

uM to 10 uM with a 24h exposure. However, all six concentrations had an immediate 

effect on parasite growth, and at 10 uM resulted in near complete parasite killing [Figure 

3.1D]. This was particularly interesting as Plasmodium contains no Bcl-xL orthologs or 

proteins containing similar structures. A recent finding, however, identified Bcl-xL as an 

essential host protein for P. falciparum survival in red blood cells, and a previous finding 
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identified Bcl-xL inhibitors that prohibit Plasmodium liver stage infection [216–218]. Thus, 

the ciCas9 approach to inducible Cas9 was abandoned.  

   I explored using the dimerizable Cre recombinase approach as a means of 

controlling Cas9 expression. Building upon the design used for inducible AP2-G activation, 

I sought to create a DiCre rapamycin-inducible Cas9 system by inserting the loxP-hDHFR-

TERM-loxP cassette upstream of Cas9 [196]. Concurrently, another group developed an 

inducible CRISPRa and CRISPRi system that utilized DiCre to turn on dCas9 [219]. 

Coincidentally, they had also tested the TetR aptamer system and similarly concluded that 

background expression was too high.  

Figure 3.1 TetR-DOZI-inducible Cas9 and BCL-xL chemically inducible Cas9 systems 

A) Design containing U6 promoter driving gRNA and hsp86 promoter driving Cas9-GFP with and without aTc.  

Without aTc, Cas9-GFP mRNA is degraded.  With aTc present, TetR-DOZI stops degrading mRNA, allowing Cas9 to 

become active. 

B) GFP visible in both -aTc and +aTc treated cells. 

C) Schematic showing BCL-xL/BH3 interaction blocking Cas9 activity.  Addition of BCL-xL inhibitor A115 disrupts the 

BCL-xL interaction, activating Cas9. 

D) Parasite growth relative to control in presence of varying concentrations of A115. 
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Rather than redesign a plasmid, I adopted their recently published system which 

utilized GFP and the hsp86 terminator flanked by loxP sites located upstream of dCas9. In 

this system, the hsp86 promoter drives expression of GFP until rapamycin-mediated Cre 

excises the GFP and terminator, allowing expression of dCas9. I first began by replacing 

dCas9 with catalytically active high fidelity Cas9, SpCas9-HF. To better visualize changes 

in activity, I replaced GFP with a codon optimized mNeonGreen (mNG). I then moved to 

the hsp86-gfp-Cas9 cassette to a plasmid containing the U6 promoter while removing 

Esp3I restriction sites needed for gRNA cloning, creating the DCL3-Cas9 plasmid [Figure 

3.2A].  

Initial testing of this system in an NF54-DiCre parasite line showed highly effective 

control of Cas9 induction and excision of the GFP [Figure 3.2B]. Rapamycin was most 

effective at 50nM for 6h while showing no toxicity. Complete loss of the mNeonGreen 

signal often required until the next red blood cell cycle, as mNG is highly stable. Within 

48 hours from initial treatment, roughly 70% of parasites had lost mNG signal [Figure 

3.2C]. By 96 hours, 96% of parasites showed no mNG signal. Despite washing rapamycin 

off at hour 6, it is possible that residual rapamycin persists, continuing to convert parasites 

from mNG+ to mNG-. As it is not ideal to leave rapamycin for longer than necessary, this 

was a welcomed feature. Cas9 expression by qRT-PCR increased 239-fold over 96h 

following rapamycin treatment, suggesting near leak-free control of Cas9 [Figure 3.2D]. 

As a proof of concept to test inducible HDR, I added a validated gRNA and donor 

sequence targeting Circumsporozoite Protein (CSP), a protein dispensable for both blood 

and gametocyte stages. This donor consists of ~1050bp encoding ~525bp of the CSP 5’UTR 

and ~525bp of the 3’UTR but omitting the CSP coding sequence. Addition of rapamycin 

should remove mNG while turning on Cas9, allowing for Cas9 to cut at the CSP gRNA site 

and forcing repair through the HDR donor sequence [Figure 3.3A]. The donor specifically 
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does not contain any sequence from the gRNA, preventing continuous cutting once 

repaired. If parasites do not repair with the donor, the double-strand break will eventually 

lead to cell death. However, Plasmodium parasites do not appear to have another form 

of efficient repair, likely leading to much higher HDR rates than in mammalian systems 

[49].  

Figure 3.2 A DiCre-inducible system for Cas9 expression 

A) Schematic showing the DiCre-inducible Cas9 system.  The Hsp86 promoter is followed by a loxP-flanked mNeonGreen 

and Hsp86 terminator, creating a loxP-STOP-loxP cassette upstream of a high-fidelity Cas9.  When used in the NF54DiCre 

parasite line, addition of rapamycin activates DiCre, excising the STOP element between the two loxP sites and activating 

expression of Cas9.  The plasmid also contains a U6 promoter driving gRNA expression, allowing for targeted cleavage by 

Cas9, and an HDR donor template that allows for repair of the cleaved DNA.   

B) Fluorescent microscopy of representative trophozoites before and after addition of rapamycin, showing that mNG 

expression has been extinguished.  Bar – 10 µm. 

C) Percent of mNG-positive parasites at 0h, 48h, and 96h following addition of 50nM rapamycin.  Parasites were tightly 

synchronized to early ring stage before rapamycin addition.  Data shown represents the means of three replicates ± SEM.  

D) Fold-induction of Cas9 relative to uninduced at 0h, 48h, and 96h following addition of 50nM rapamycin.  Expression 

was measured by SYBR Green RT-qPCR assay for Cas9 mRNA at respective timepoints. 
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   Synchronized ring-stage parasites were induced for 6h at 50nM Rapamycin before 

washing. Parasites were sequenced each cycle (48h) to determine the rate of editing over 

time. At day 0 (uninduced), there was minimal editing from WT sequence to KO. By day 

2, ~20% of parasites were edited. By day 4, parasites had converted to ~85% KO 

sequences [Figure 3.3B]. This temporal delay may be in part due to the inducible system, 

as well as the activity of parasite repair pathways.  

Figure 3.3 DiCre-inducible CSP editing in blood stage parasites 

A) Rapamycin activates DiCre, which in turn activates Cas9 expression and gRNA-directed cleavage at the 3’ end of 

the CSP gene.  A donor template with homology to the 5’ and 3’ UTRs of CSP but lacking the coding sequences is 

used for repair, creating a CSP knockout.  Two external primers are used for amplification of the unedited (~2500 

bp) or edited (~1100  bp) CSP locus, allowing for quantification of editing rates following induction. 

B) Inducible editing rates at 0h, 48h, and 96h after adding 50nM rapamycin or DMSO.  Correctly edited alleles 

contain the intended CSP deletion, while unedited alleles are WT CSP.  Data shown represents the means from 

three experimental replicates ± SEM.  (* p < 0.05).  

C) Growth rates following addition of either 50nM rapamycin or 0nM (untreated) to tightly synchronized ring stage 

parasites at 1% starting parasitemia.  Untreated plasmid-free parasites were included as a control.  Data shown 

represent the means from three or more replicates ± SEM. 

D) Diagram showing the binary outcomes following Cas9-induced double strand breaks in the genome.  Parasites 

that repair the break using the donor template survive, while parasites that fail to repair die.   
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In this system, DiCre must first be activated, allowing for binding and cleavage of 

loxP sites, removing the mNG-terminator. This in turn shifts expression from mNG to 

Cas9. Cas9 must then localize to the gRNA site and create a double-strand break. Only 

then can the parasite repair this break using the donor sequence and HDR.  

   Although there was no immediately recognizable toxicity, I was interested in 

whether Cas9 activity had any effect on growth or cell death. At 48h, there was no 

significant difference in parasitemia or morphology. At 96h, a ~35% decrease in 

parasitemia was observed, indicating some amount of toxicity or growth defects due to 

Cas9 [Figure 3.3C]. As the double-strand break repair must occur before replication, 

parasites may not survive or replicate in cases where Cas9 cleavage occurs before or 

during replication [Figure 3.3D]. This is particularly relevant, as HDR machinery is most 

active in stages of active replication. It is possible that parasites must sacrifice growth or 

replication for repair of the cut DNA.  

These high editing efficiencies showed promise for conditional editing in other 

stages of the parasite. I next wanted to test whether inducible editing could occur in 

gametocytes. Rapamycin was added to committed gametocytes at 3 timepoints (D1, D5, 

D7) and measured until Day 10 [Figure 3.4A]. Gametocyte cultures were treated with 

Figure 3.4 DiCre-inducible CSP editing in gametocytes 

A) Timeline for inducible Cas9 editing in gametocytes.  50nM rapamycin or DMSO (No Rap) was added on Day 1, Day 

5, or Day 7 following gametocyte induction.  DNA was isolated from parasites on Day 10 and sequenced.   

B) Efficiency of CSP editing to the KO allele in gametocytes at Day 1, Day 5, or Day 7 after addition of rapamycin or 

DMSO, as measured on Day 10. Data shown represents the means from three or more replicates ± SEM. (* p < 0.05) 
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GlcNAc for 5 days beginning on day 0 to selectively kill BS parasites. Gametocytes retain 

some of their HDR capabilities despite not actively dividing. By Day 10, up to 80% of 

gametocytes were successfully edited to CSP KO [Figure 3.4B]. Although a small amount 

of background may be present from residual BS parasites, the majority of gametocytes 

are able to perform HDR and appear morphologically normal.  

However, there are some limitations with this system. As it relies on an episomal 

plasmid, drug selection must be continued to ensure the plasmid is maintained. 

Additionally, it was observed that long periods (70+ days) in culture led to higher 

uninduced editing. These edited parasites still retained mNG expression, as flow sorted 

mNG parasites had the same background editing rate. One possible explanation for this 

is that the plasmids are being maintained as complex concatemeric forms. It has been 

shown that plasmids maintained episomally form large concatemers, effectively 

containing multiple copies [220]. With stronger concentrations of BSD selection, parasites 

had higher plasmid copy numbers. As this system depends on maintaining the plasmid 

until induction, it is mandatory to continuously select for parasites carrying the plasmid. 

This may allow for the creation of larger and more complex concatemers that could 

unpredictably recombine or erroneously express the Cas9. However, induction of the 

remaining unedited parasites is still effective, and if the mutation were deleterious, it 

would be selected against. As CSP is dispensable for the BS, there is little to no selection 

against these background mutations. 

Despite these limitations, these results show that the DiCre-inducible Cas9 is a 

promising system for stage-specific gene disruption. Although this approach requires no 

more additional work than normal Cas9 HDR knockouts would, it is still impractical to 

design Cas9 editing plasmids at large scale. 

  

3.3 Improving the Accessibility and Scalability of the Inducible Cas9 System 



 

43 
 

To improve the scalability of the system, we sought to overcome the limitations 

associated with cloning individual gRNAs and inserting two fragments encoding the donor 

sequence’s homology arms, a process that requires multiple rounds of PCRs, ligations, 

and sequencing for each target site and can take weeks to complete.  

 Recent CRISPR-based approaches in S. cerevisiae and T. gondii utilized short 

(<300bp) gene fragments to perform HDR screens [221]. This strategy allows one to 

synthesize the 20bp gRNA as well as its respective HDR donor, pairing the synthesis and 

cloning steps. However, in these studies, very short (30-75bp) homology arms were 

required in order to fit into the <300bp fragments. Advances in DNA synthesis now allow 

for the affordable synthesis of 500–1000 bp DNA fragments, overcoming this limitation. 

To adapt this approach, we modified the DiCre-inducible Cas9 plasmid by removing the 

85 bp tracrRNA originally following the gRNA sequence (Figure 3.5A). This modification 

was necessary for contiguous pairing the gRNA and donor sequences without intervening 

sequences between the U6 promoter, the gRNA, and the tracrRNA. The tracrRNA can then 

either be included with the gRNA-donor synthesis, or cloned separately using Type IIS 

restriction enzymes.  

Given the affordability of DNA synthesis, we opted to include the tracrRNA in all 

synthesized gRNA-donor pairs. An additional benefit of this approach is the potential for 

generating gRNA-donor libraries targeting tens or hundreds of genes simultaneously, 

providing a scalable and efficient alternative for high-throughput genome editing. We 

assessed the efficiency of HDR-mediated gene deletion using the same gRNA and CSP 

donor, but varying homology arm lengths (~80bp, ~200bp, or ~500bp for each arm) 

(Figure 3.5B). At 96h, all 3 donor sizes had significant increases in editing efficiency with 

knockout rates at 15%, 49%, and 80% respectively. Notably, the 80bp homology arms 

resulted in significantly lower editing efficiency compared to 200bp or 500bp. It is typical 

that reduced homology arm length results in reduced HDR in other systems, and in this 



 

44 
 

case, this reduced efficiency may also be compounded by a limited accessibility of the 

episomal repair template for HDR, particularly when homology arms are short [222–224]. 

Although donor DNA synthesis is an affordable choice, the highly AT-rich nature of 

P. falciparum’s genome presents a challenge in synthesis, often restricting homology arm 

lengths to ~100bp. Despite this constraint, commercial synthesis streamlines molecular 

cloning, and facilitates the development of pooled or arrayed screens. Altogether, these 

results demonstrate that DiCre-inducible Cas9 is a robust and scalable system that can be 

used for efficient editing even with small donor templates. 

 

 

Figure 3.5 Adaptations to the DiCre-inducible Cas9 system for scalable approaches 

A) The DiCre-Cas9 plasmid has had the tracrRNA removed, allowing for insertion of a complete gRNA-tracrRNA-

donor template oligo by Gibson assembly.  Each synthesized oligo contains 25-30bp homology arms (5’ and 3’) for 

cloning by Gibson assembly, a specific 20bp gRNA, an 82bp universal tracrRNA, and a variable-length donor template.  

gRNA-tracrRNA-donor oligos can be synthesized individually, in oligo pools, or in arrays.   

B) Testing CSP editing efficiencies using donor homology arms of varying lengths.  Three donor templates with 

homology arm lengths of 80bp, 200bp, or 500bp were used to delete the open reading frame of CSP.  Tightly 

synchronized rings were treated with 50nM rapamycin or DMSO and sequenced 96h later.  Data shown represent 

the means from three replicates ± SEM. (* p < 0.05)  
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3.4 Measuring the Phenotype of Gene Candidates in Blood and Gametocyte Stage 

using DiCre-inducible Cas9 

Using transcriptomics datasets and a gene regulatory network model we 

developed, we identified two previously uncharacterized genes, PF3D7_1454900 and 

PF3D7_1316300, that are highly expressed in gametocytes with expression higher in 

female gametocytes (Figure 3.6A) [179]. Both genes were putatively found to be 

putatively indispensable in a previous PiggyBac transposon screen [70]. PF3D7_1454900 

encodes a 154 amino acid residue protein, while PF3D7_1316300 encodes a 104 amino 

acid residue protein. Both genes are moderately conserved among Plasmodium species, 

with at least 50% sequence similarity between their P. berghei and P. yoelii orthologs.  

Taking advantage of the accessibility of paired gRNA-donor synthesis, we designed 

gRNAs paired with the longest HDR donor possible for DNA synthesis (400bp for 

PF3D7_1454900, and 250bp for PF3D7_1316300) (Figure 3.6B). Rather than whole gene 

deletion, we engineered donor sequences to generate a small 8bp deletion and frameshift 

mutation, while simultaneously disrupting the gRNA site. To assess editing efficiency in 

blood stage parasites, we induced Cas9 with rapamycin in 0-3h synchronized ring stage 

parasites and measured parasitemia and editing efficiencies at 96h (Figure 3.6C). If the 

frameshift is not deleterious, even low efficiency editing should eventually result in a 

largely pure population of edited parasites. By 96h post-rapamycin, parasites appeared 

morphologically normal for both PF3D7_1454900 and PF3D7_1316300. However, in both 

cases, the parasitemia was significantly reduced, with decreases of 73% and 65%, 

respectively (Figure 3.6D). As observed with CSP, parasites continued to grow normally 

until the following cycle, at which point they either arrested in growth or stalled in 

development. The proportion of edited parasites in both PF3D7_1454900 and 

PF3D7_1316300 was 15.7% and 22.3% respectively, suggesting some amount of negative 

selection may be acting on the mutants (Figure 3.6E). Considering that both conditional 
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knockouts appeared morphologically unaffected, there may be some impairment in the 

ability for merozoites to invade, leading to a more sizeable decrease in parasitemia.  

To assess gametocyte phenotypes, gametocyte commitment was induced by 

overgrowth, and a pure gametocyte population was selected for using 50mM GlcNAc. 

Parasites were treated with rapamycin at Day 5 following removal of GlcNAc and analyzed 

Figure 3.6 Measuring blood stage essentiality of two gene candidates using DiCre-inducible Cas9 

A) Normalized gene expression over the parasite lifecycle from compiled transcriptomic datasets for 

PF3D7_1454900 and PF3D7_1316300.   We used 11 broad timepoints, with 3 timepoints in the blood stage, 3 

timepoints in the gametocyte stage, 2 timepoints in mosquitos, and 3 timepoints in the liver stage.  Both genes 

were putatively essential by PiggyBac transposon screen (7). 

B) Synthesized gRNA-donor pairs for gene candidates PF3D7_1454900 and PF3D7_1316300.  The synthesized oligo 

for PF3D7_1454900 used a 400bp donor template (200bp for 5’, 200bp for 3’), with a total length of 557bp.  The 

synthesized oligo for PF3D7_1316300 used a 250bp donor template (141bp for 5’, 109bp for 3’), with a total 

length of 407bp.   

C) Timeline for testing blood stage phenotypes.  Each transfection was first tightly synchronized to early ring stage 

parasites before treatment with 50nM rapamycin.  Cultures were maintained for 96h (2 cycles), at which time 

parasitemia was assessed and sequencing was performed to quantify successful editing. 

D) Parasitemia following rapamycin-induced targeting of  PF3D7_1454900 and PF3D7_1316300 at 96h post 

treatment. Data shown represent the means from three replicates ± SEM. (* p < 0.05) 

E) Efficiency of PF3D7_1454900 and PF3D7_1316300 editing to generate the KO alleles in blood stage parasites 

96h post rapamycin treatment, or no rapamycin treatment. Data shown represent the means from three 

replicates ± SEM. (* p < 0.05) 
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at Day 14, prior to peak expression (Figure 3.7A). For both genes, rapamycin treatment 

significantly reduced the number of viable gametocytes (Figure 3.7B). While some loss 

may be due to gRNA inefficiencies, a higher proportion of surviving gametocytes would 

be expected if this were the primary factor. Morphologically, many parasites resembled 

dying gametocytes in late stages (Stages 4 to 5) of gametocyte development, with the 

most pronounced effect in female gametocytes for both genes. These findings suggest 

essentiality of PF3D7_1316300 and PF3D7_1454900 in mid-to-late gametocytes, 

particularly in female gametocytes. 

Figure 3.7 Measuring gametocyte-stage phenotypes in parasites with knockouts of two gene candidates using 

DiCre-inducible Cas9 

A) Timeline for rapamycin treatment and sequencing to measure gametocyte phenotypes.  Induced gametocytes 

were treated with 50mM GlcNAc for 5 days.  On Day 5, 50nM of rapamycin was added and gametocytes were 

cultured as normal until Day 14, at which point gametocytes were counted by Giemsa staining. 

B) Proportion of starting (Day 5) gametocytes with or without rapamycin induction, counted on Day 14.  Live 

gametocytes retained normal morphology, whereas dead gametocytes began to break apart, condense, or display 

abnormal morphologies. Data shown represent the means from three replicates ± SEM. (* p < 0.05)  
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3.5 Discussion 

The development of conditional systems for genetic manipulation in P. falciparum 

has expanded functional gene characterization across its lifecycle. We sought to improve 

upon these strategies by developing a conditional Cas9 system that enables introduction 

of any desired mutation in an accessible and scalable manner. Rather than requiring 

multiple independent cloning steps, both the gRNA and its respective donor can be 

commercially synthesized and cloned in a single step. Using the absence of mNeonGreen 

signal as an indirect marker of Cas9 expression, parasite phenotypes can be measured by 

fluorescence microscopy or flow cytometry, as well as sorted by FACS. This system 

enables inducible editing in both blood and gametocyte stage parasites, can be applied 

using small homology arms for Cas9 donor templates, and can be readily scaled up using 

a paired gRNA-donor approach. We confirmed that the DiCre-Cas9 system facilitates 

conditional knockout of genes and provides measurable phenotypes in both blood and 

gametocyte stages. Furthermore, we identified stage-specific essentiality phenotypes in 

two previously uncharacterized P. falciparum genes, PF3D7_1316300 and 

PF3D7_1454900.  

Both conditional knockouts exhibited modest blood stage phenotypes, but had 

stronger defects in gametocyte stages. These results are in agreement with 

transcriptomic data, showing peak expression in mid to late gametocytes, particularly in 

female gametocytes, where we observed the most severe phenotype. Notably, a recent 

study identified the P. yoelii ortholog of PF3D7_1454900 (PY17X_1322400) as a putative 

apical polar ring (APR) partner protein using TurboID labeling of APR2 and ARA1 [225]. 

These proteins localize to the apical polar ring in P. yoelii ookinetes, suggesting a role in 

microtubule structure and regulation. PY17X_1322400 knockout parasites displayed 

decreased ookinete motility and near complete deficiency in oocyst development in the 

mosquito midgut.  
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While the genes appeared dispensable in blood and gametocyte stages in P. yoelii, 

this may be due to inherent differences in parasite biology between P. falciparum and P. 

yoelii. For instance, gametocytes in P. falciparum require an additional 7 to 9 days to 

mature, and undergo more distinct morphological development than P. yoelii. 

Additionally, P. falciparum gametocytes form a complete inner membrane complex with 

elongated microtubules whereas P. yoelii forms incomplete inner membrane complexes 

during gametocyte development [226, 227]. Based on the available evidence, 

PF3D7_1454900 may be involved in microtubule formation during brief periods of 

merozoite invasion and throughout gametocyte development, consistent with the 

observed phenotypes. However, more thorough study of both PF3D7_1316300 and 

PF3D7_1454900, is needed to elucidate their precise functions. 

This study also evaluated the efficiency of different homology arm lengths for 

homology-directed repair and editing. CSP editing was least efficient with 80 bp homology 

arms and most efficient with 500 bp arms, consistent with findings from P. berghei and 

mammalian Cas9 editing systems [223, 224]. Although the donor templates are provided 

as episomal plasmids, they likely form concatemeric structures with unknown copy 

numbers [220]. While P. falciparum lacks non-homologous end joining pathways and 

preferentially repairs double-strand breaks via HDR, its efficiency remains lower than that 

of S. cerevisiae, where near-complete editing can be achieved with just 50 bp homology 

arms [222, 228]. A limitation of this system is the inability to completely distinguish poor 

repair efficiency from deleterious phenotypes when using donor templates with shorter 

homology arms, an issue also observed in S. cerevisiae [229]. This can be partially 

addressed by examining additional timepoints and continuing rapamycin treatment, 

while measuring parasitemia and active growth. Editing efficiency may also be improved 

by implementing a dual-gRNA strategy, allowing for the complete deletion of the target 

sequence and subsequent repair by HDR (i.e., 5’ and 3’ ends) [230, 231]. 
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Currently, the DiCre Cas9 system is limited to parasite lines already expressing 

DiCre, which has only been established in NF54 / 3D7 lines [232–234]. Due to the large 

size of the DiCre cassette, incorporating it into our plasmid would likely be impractical. 

However, sequential transfections – first introducing a plasmid carrying the DiCre 

cassette, followed by the DiCre Cas9 plasmid, with dual selection – could potentially 

increase its applicability.  

There is great value in a tool capable of conditionally editing the parasite genome 

across the entire lifecycle. However, extending this system to the mosquito and liver 

stages would require genomic integration to ensure efficient passage through the 

mosquito vector. One potential approach is to use Bxb1 integrase with attP/attB sites to 

stably integrate the plasmid, including the gRNA and donor template. However, the only 

established DiCre-attB parasite line at this time is deficient in gametocyte development, 

prohibiting study of any stages outside of the blood stage [235, 236].  

A recently published approach introduced a barcoded loxP intron into the start of 

an open reading frame to generate a frameshift mutation, disrupting the open reading 

frame upon DiCre induction [237]. This system also utilized commercial DNA synthesis , 

allowing for scalable genetic screens coupled to barcode sequencing. However, this 

system is inherently limited to frameshift knockouts and still requires generating the 

initial parasite lines before conducting experiments. Additionally, the introduction of the 

loxP-intron-loxP may alter function or be deleterious in certain genes. Nevertheless, this 

method provides a complementary approach that allows for scalable phenotyping of 

essential genes across the parasite lifecycle. 

 Our system represents the first the inducible Cas9-HDR genome editing tool 

for P. falciparum. Beyond gene deletions, this system is also amenable to precise genome 

modifications, including the introduction of SNPs, for functional analysis of resistance 

mutations. This system could also be adapted for genetic screens, either in a pooled or an 

arrayed format, to edit multiple genes or sites simultaneously.  
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3.6 Methods 

Plasmid construction 

The DiCre-Cas9 plasmid was assembled by cloning using Gibson assembly, 

combining the BSD cassette and loxP-GFP-loxP-dCas9 cassette with the backbone 

containing a U6 promoter and ampicillin resistance cassette. The BSD and loxP-GFP-loxP-

dCas9 cassettes were amplified from the DiCre-dCas9-effector plasmids, kindly gifted by 

Jun Miao [219]. The U6-amp backbone was amplified from the Linker3 plasmid, kindly 

gifted by Ashley Vaughan [238]. Both amplicons contained at least 20-bp of homology to 

each other. dCas9 was then replaced with a high-fidelity Cas9 using Gibson assembly. The 

HF-Cas9 was amplified from the VP12 plasmid, kindly gifted by Keith Joung [239]. A codon-

optimized mNeonGreen was amplified from a plasmid kindly gifted by Ashley Vaughan. 

GFP was replaced with the mNeonGreen by Gibson assembly, using at least 20-bp of 

homology to each other.  

For gRNA cloning of single guides, two complementary oligos were designed, with 

a 5’ TATT overhang and a 3’ CTGC overhang, allowing for insertion into Esp3I-digested 

plasmids. Oligos were first annealed by mixing 1uL of 10x NEB T4 ligase buffer and 1uL 

100uM of each primer in a 10uL reaction using following conditions: 95C for 5 minutes, 

gradual decrease to 25C at a rate of 0.1C per second. Annealed oligos were then diluted 

1:200 with water. At least 50 ng of Esp3I-digested plasmid was used with 1uL of diluted 

annealed oligos, mixed with 0.5uL of NEB Quick Ligase, 5uL of 2x Quick Ligation mix, 

remainder water for a 10uL reaction. The reaction was left at room temperature for 5-30 

minutes before transformation. 2uL of ligation mix was used for transformations. 

For donor sequence cloning, the 5’ HDR homology arms and 3’ HDR homology arms 

were amplified from NF54 genomic DNA, with overhangs for Gibson assembly. Plasmids 

were either digested by a single-cutter enzyme or amplified with respective overhangs 

for Gibson assembly. The three components were mixed with 2x Gibson assembly Master 
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mix or 2x NEBuilder Master mix with a ratio of 1 vector: 5 insert 1: 5 insert 2, using a 

minimum of 50ng of linear vector. 1-3uL of mix was used for transformations. 

For combined gRNA-donor cloning, the paired gRNA and donor were synthesized 

by commercial DNA synthesis (Twist Biosciences or GenScript), containing at least 20 

basepairs of Gibson homology arms, the gRNA, tracrRNA, and respective donor sequence. 

An Esp3I-digested DCL3 plasmid with the tracrRNA removed was used for Gibson 

assembly, with a minimum of 50ng of linear vector and 5x of the synthesized oligo. 1-3uL 

of mix was used for transformations. 

Parasite culture 

P. falciparum parasites were maintained in complete medium consisting of RPMI-

1640, 25mM HEPES, 2.4mM sodium bicarbonate, 1% Albumax II, and 2% gentamicin, as 

previously described [240]. Parasites were kept at 37C in a 90% N, 5% CO2, 5% O2 

environment. Hematocrit was maintained between 4-5% using washed O+ human donor 

red blood cells. Synchronizations were performed using 5% sorbitol to achieve 0-3h 

synchronization, as previously described [241]. Parasitemia and morphology were 

checked by Giemsa stain. For routine culture, an NF54 parasite line that was passed 

through the complete parasite lifecycle was used to ensure viability at each stage of 

development. For all DiCre experiments, an NF54-DiCre line capable of mosquito 

transmission was used [233]. The NF54-DiCre line was kindly gifted by Moritz Treeck. 

Gametocytes were induced starting with tightly synchronized ring stage parasites 

at 1% parasitemia at 5% hematocrit. Cultures were kept at 37C in a 90% N, 5% CO2, 5% 

O2 environment, using a slide warmer during media changes. Media consisted of RPMI-

1640, 25mM HEPES, 2.4mM sodium bicarbonate, and 10% human sera. Media was 

changed daily for 14 days, adding pre-warmed media and ensuring not to disrupt the 

settled cells. For pure gametocyte cultures, 50mM of GlcNAc was added to culture for 5 

days before being removed. 
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For induction of Cas9, 50nM of rapamycin was added to cultures before being 

removed 6h later and replaced with complete media. 

Transfection 

Transfections were performed by ring-stage electroporation using a Bio-Rad Gene-

Pulser II Electroporator set to 0.31kV and 950 μF capacitance, as previously described 

[50]. 50-100ug of total plasmid DNA was used per transfection, mixed with cytomix (120 

mM KCl, 0.15 mM CaCl2, 2mM EGTA, 5 mM MgCl2, 10 mM K2HPO4/KH2PO4 25 mM 

HEPES, pH 7.6). Parasites were synchronized by sorbitol to attain approximately 5% 

parasitemia at ring-stage. The following day, parasites were pelleted, washed with 

cytomix, and mixed 1:1 with the plasmid-cytomix solution. Parasites were transferred to 

a 0.2cm electroporation cuvette before being electroporated. Electroporated parasites 

were immediately moved to pre-warmed flasks with 6mL CM and 125uL fresh packed 

RBCs. The flask was then gassed with 90N/5O/5CO2 mixture before being placed in an 

incubator. 

Media was changed for two days (one complete parasite cycle) before drug was 

added. For original L3 plasmids, 2.5 nM WR99210 was used and maintained in media for 

5 days. For all other plasmid transfections, 2.5 μg/mL Blasticidin was used and maintained 

in media for 6 days. Parasites were maintained with media changes every other day after 

until visible by Giemsa smear. For DCL3 transfections, if no mNeonGreen signal could be 

detected using fluorescence microscopy after parasite recovery, Blasticidin was returned 

to media until fluorescent parasites were pure. 

DNA Extractions 

Genomic DNA from parasites was isolated using GeneJET Whole Blood Genomic 

DNA Purification Kits (Thermo Fisher). Prior to isolating, a minimum of 250uL packed 

infected red blood cells were spun down and resuspended with 1x PBS + 0.015% saponin, 

set at room temperature for 5-10 minutes, and then pelleted. The supernatant was 

discarded and the remaining parasite pellet was used following the manufacturer’s 
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protocol. For the final elution, 50uL of warm (37-50C) water was used in place the 

provided elution buffer, incubating for 5 minutes at room temperature before spinning 

at 13,000 x g for 1.5 minutes. The purified DNA was then quantified by Nanodrop. 

DNA Sequencing 

Plasmids and transfected parasites were amplified using PrimeStar or PrimeStar 

Max polymerase. To measure genomic editing, 50ng of isolated genomic DNA and 

primers external to the repaired DNA were used. PCR products were purified by column 

purification or gel extraction followed by column purification.  

All sequencing was done by Plasmidsaurus. For plasmid cloning, whole plasmid 

sequencing was used. For PCR sequencing, linear amplicon sequencing was used, 

allowing for quantification of the editing and non-edited DNA from the raw reads. Edits 

were quantified by by counting the total number of occurrences of the edited and 

unedited DNA in raw reads. 

RT-qPCR 

RT-qPCR for quantification of Cas9 expression was performed using the Sigma-

Aldrich One-Step SYBR Green Quantitative RT-qPCR Kit. 100pg of genomic DNA was 

used. Two validated primers internal to Cas9 were used, with final concentrations of 200 

nM, following the manufacturer’s protocol. 

Fluorescent Microscopy 

Infected red blood cells were stained in PBS with 10 μM Hoechst 33342 and 

incubated at 37C for 10 minutes before washing twice and being resuspended in 

complete media. Cells were then moved to a slide and a coverslip was added. The cells 

were viewed using a Nikon Eclipse fluorescent microscope at 400-1000x total 

magnification. For Hoechst detection, the UV filter was used and for GFP or mNeonGreen 

detection, the blue filter was used. Parasitemias were quantified from the presence or 

absence of Hoechst and mNeonGreen, depending on the application. 

 



 

55 
 

Chapter 4 – Development and Application of a Conditional CRISPRa and CRISPRi 

System for Scalable Genetic Screens 

A version of this chapter is in preparation for publication. 

Sean T. Windle, Maxwell L. Neal, Fred D. Mast, Alexis Kaushansky, Stefan H. I. Kappe, and John 

D. Aitchison  

 

 4.1 Introduction 

Although CRISPR/Cas9 in Plasmodium has become a routine tool for gene 

characterization, no large-scale CRISPR screens have been conducted to date. With the 

parasite containing no NHEJ pathways, traditional CRISPR indel screens are inaccessible 

in Plasmodium [49, 73]. Although the DiCre-inducible Cas9 alleviates many of these 

limitations in Plasmodium, there is still no way of perturbing gene expression in a scalable 

system. Further, despite the wide use of CRISPRa and CRISPRi strategies in mammalian 

fields, few groups have made use of them in Plasmodium.  

Figure 4.1 CRISPRi pilot experiments using characterized genes 

A) Plasmodium CRISPRi relies on a dCas9-Sir2a fusion for targeted knockdowns.  Two gRNAs were designed for 

each of the three genes, AP2-G, MDR1, and CRT.  AP2-G is known to be dispensable in blood stage, while MDR1 

and CRT are essential. 

B) The recovered parasites were sequenced.  AP2 gRNAs were enriched, while MDR1 and CRT gRNAs were 

depleted. 
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   The majority of CRISPR screens are genome-wide, often using the same established 

libraries [242–244]. Many of these available libraries have been validated and are 

iterations of the early genome-wide libraries following the rise of CRISPR/Cas9 

technologies. In the case of human CRISPR screens, there are tens of thousands of unique 

gRNAs, with many gRNAs targeting different regions of the same gene. This increases 

confidence that a given gene perturbation is having an effect on the phenotype of 

interest, at the cost of large library size [75, 242]. CRISPR screens have been applied to 

numerous biological questions, ranging from cancer biology to agriculture [87, 107, 207]. 

They have also been further adapted for single-cell experiments, as in Perturb-seq and 

Crop-seq [245, 246].  

The quality of a validated gRNA from an established library is much higher than if 

one were to choose a random gRNA, as these gRNAs have already gone through initial 

testing [242, 244]. Despite the versatility of CRISPR gRNAs, the vast majority of gRNAs are 

ineffective [73, 74, 80, 175]. This is in part due to secondary structure in the RNA 

molecules and the unique features of a given gRNA site in the genome [73, 247, 248]. For 

instance, open chromatin may increase efficiency, while methylated DNA could decrease 

efficiency [249]. While there have been numerous machine learning approaches to 

predicting gRNA efficiency, they tend not to be generalizable across species or even cell 

types [250–252]. Thus, it is always advisable to include multiple gRNAs per gene since it 

is never guaranteed that any individual gRNA will lead to efficient Cas9 function at the 

desired locus. 

   The choice of gRNA is further complicated by the type of CRISPR screen being 

performed. For indel KO screens, ideal targets sit between ~20-50% through the coding 

sequence and outside of any introns [253]. In the case of CRISPRa and CRISPRi screens, 

gRNAs are most effective when directed to regions upstream of the start codon or near 

the transcription start site [254–256]. However, an effective CRISPRi gRNA may not be an 
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effective CRISPRa gRNA, and vice versa. Ultimately, it is not uncommon for any given 

gRNA to be unsuccessful.  

   To explore the feasibility of CRISPRa and CRISPRi screens in Plasmodium, I first 

tested a small pool of gRNAs with CRISPRi. We identified a number of putative 

transcriptional regulators that may be involved in artemisinin resistance and parasite 

development. These targets are ideal candidates for overexpression and underexpression 

screens. Using DiCre-inducible CRISPRa and CRISPRi systems, I generated a stable small-

scale screen that could be used to identify mediators of drug resistance and growth 

phenotypes. 

 

 4.2 Establishing Scalable CRISPRa and CRISPRi Systems in P. falciparum 

CRISPRi and CRISPRa allow for targeted underexpression and overexpression. The 

Plasmodium-adapted systems rely on histone deacetylase (Sir2a) and histone 

acetyltransferase (GCN5) domains, respectively, to modulate expression of genes 

targeted by Cas9 binding [88, 257, 258]. However, the likelihood (or propensity) of these 

perturbations to be selected for has not been quantified. Using well-characterized genes, 

I tested CRISPRi’s capabilities for knockdown through pooled plasmids [24, 26, 57, 70, 

126, 130, 133, 162]. I targeted two essential genes MDR1 and CRT, as well as AP2-G (a 

non-essential gene), with two gRNAs each targeting near the predicted transcription start 

site, and then measured the frequency of each gRNA following recovery from transfection 

[Figure 4.1A]. If the knockdown on the genes is deleterious, these gRNAs should be 

selected against. I hypothesized that gRNAs for MDR1 and CRT, as essential genes, would 

be underrepresented while AP2-G would be overrepresented. Five out of the six gRNAs 

were detectable by sequencing [Figure 4.1B]. gRNAs targeting AP2-G were the most 

abundant, with MDR1 gRNAs only making up 7.6% of the total reads and CRT gRNAs 

having 25% of the reads. Although CRT’s relative abundance was higher than expected, it 
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is not surprising to see a gRNA have no effect. As a preliminary test for CRISPRi screening, 

this provided preliminary evidence that essential genes could be selected against. 

A shortcoming of these original experiments was that the system employed two 

plasmids, one encoding the gRNA and the other encoding the dCas9-fusion protein. In the 

case of pooled transfections, it is important that all parasites receive the dCas9 plasmid 

while only receiving one gRNA per parasite. This is impossible to achieve without 

performing consecutive transfections (i.e., first dCas9 plasmid, followed by gRNA 

plasmids). To simplify the system, I moved both the dCas9-fusions from CRISPRa and 

CRISPRi to my established DiCre-inducible Cas9 plasmid, replacing SpCas9-HF. I refer to 

these plasmids as DCL3-CRISPRa and DCL3-CRISPRi. As in the DiCre-inducible Cas9 system, 

Figure 4.2 DiCre inducible CRISPRa and CRISPRi screen design 

A) DiCre-mediated induction of CRISPRa or CRISPRi using a loxP-flanked mNeonGreen and terminator, which block 

expression of the dCas9-fusion until addition of rapamycin. 

B) gRNA selection criteria.  gRNAs are chosen anywhere between -3kb (upstream) and +100 (downstream) of the 

start codon.  At least one gRNA is chosen near the transcription start site. gRNAs have a minimum of 0.4 efficiency 

score, and a maximum AT-richness of 80%. 

C) Gibson assembly strategy for pooled cloning of gRNA oligo pools. 

D) Outline of transfections.  Synchronized schizonts are purified by magnetic column until completely mature.  

Mature schizonts are then electroporated by Lonza 4D. 
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here the dCas9-fusions can be induced by the addition of rapamycin. This system could 

now be applied to perform scalable CRISPR screens. 

 

 4.3 Design of Inducible CRISPRa and CRISPRi Screens for Perturbing Transcriptional 

Regulators 

   Transcriptional regulators (TRs), as identified by the GRN model, are ideal 

candidates for CRISPRa and CRISPRi screens [94, 259]. Many of these identified regulators 

tightly control development throughout the parasite lifecycle [197, 260, 261]. Some of 

these regulators appear to be involved in control of genes important for drug resistance 

[63, 156, 157, 262]. We hypothesized that a number of these TRs are involved in large 

developmental checkpoints controlling many genes (hub regulators), while others may be 

providing a means for parasites to survive drug exposure. One subset of identified TRs 

correlates with increased transcriptional variability, potentially offering a means to 

survive drug through heterogeneity. This “bet-hedging” strategy can be found in many 

biological systems, including in Plasmodium [263–268]. For example, gametocyte 

induction can also potentially be seen as a bet-hedging strategy, where a small subset of 

parasites commit to differentiation in response to biological triggers. 

   We selected a set of 44 total putative TRs, including all 27 known AP2-family 

transcription factors, 14 TRs of unknown function, and 3 well-characterized 

transcriptional regulators. By applying inducible CRISPRa and CRISPRi screens to these 

TRs, we can examine the effects of perturbing transcriptional regulators both for basic 

parasite development and on the response to antimalarial treatments [Figure 4.2A]. 

Although the optimal gRNA candidate for CRISPRa and CRISPRi is often near the 

transcription start site, this is not always the case. To ensure I selected at least one 

successful gRNA, five gRNAs were selected per gene, spread between -3000bp upstream 

to +100bp downstream of the start codon [Figure 4.2B]. gRNAs were only chosen if they 

exceeded a total efficiency score (combined score from CRISPRater and the Doench 
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model) of 0.40 or higher [256, 269]. Similarly, only gRNAs with AT-composition of 80% or 

lower were selected. Lastly, 5 non-targeting (nowhere in the genome) scrambled control 

gRNAs were selected. In total, there were 225 unique gRNAs. These gRNAs were then 

commercially synthesized and cloned into my DCL3-CRISPRa and DCL3-CRISPRi plasmids 

by assembly cloning, establishing a library of 225 unique plasmids [Figure 4.2C]. 

   I next explored the optimal transfection approach for transfecting a pooled 

plasmid library. An ideal transfection would result in every gRNA being represented 

equally and individually in the parasite pool. However, the limitations of P. falciparum 

transfection complicate this. One group had identified schizont transfection as the 

optimal method for preventing multiple plasmids from being taken up, while ring-stage 

transfection led to multiplicity [270]. Another group successfully transfected hundreds of 

pooled plasmids using similar schizont transfection protocols [271]. I tested the efficiency 

of schizont transfection using both the Lonza 4D nucleofector and the BioRad 

electroporator. In both cases, I tightly synchronized parasites to 0-3h rings by sorbitol, 

before isolating mature schizonts by magnetic column. Schizonts were allowed to grow 

until complete maturity before transfection. The Lonza 4D resulted in faster recovery by 

~2 days, signifying a roughly 3-4x increase in uptake efficiency. Thus, I moved forward 

with the Lonza 4D nucleofector approach for pooled transfections. 

Using prior transfections as an estimate of efficiency, I calculated the average 

number of unique plasmid uptakes by the time needed to recover from a transfection. 

Given a known rate of growth (3.7x every 48 hours for NF54-DiCre), the number can be 

calculated from the number of starting parasites, the growth rate, and the number of 

cycles needed to recover from transfection. Based on this calculation, ~170 unique 

plasmids are taken up per transfection. Thus, in order to have representation of every 

gRNA, at least 3 transfections would need to be performed.  

To establish the parasite library pool, I performed 3 separate transfections of 

100ug of total plasmid DNA into mature purified schizonts using the Lonza 4D for both 



 

61 
 

the DCL3-CRISPRa and DCL3-CRISPRi plasmid pools [Figure 4.2D]. Transfections took on 

average 15 days for parasites to be detected by Giemsa smear. In order to have complete 

coverage of gRNAs, I pooled each of the three transfections to create one parasite pool 

for both CRISPRa and CRISPRi. I then sequenced gRNAs from the two populations to 

measure the frequency of each gRNA. The CRISPRa pool had ~85% representation of the 

total gRNA pool, while CRISPRi had ~88%. As each gene was represented on average 4.25 

gRNAs, this coverage was deemed sufficient for proceeding with screens [Figure 4.3A]. 

However, after 60 days of in vitro growth, the plasmid population had shifted 

significantly, with many gRNAs dropping out [Figure 4.3B]. With only ~50% of gRNAs 

detectable and the majority of reads attributable to the top 5% of gRNAs, this pool 

seemed insufficient for genetic screening. One possible explanation for this loss of guide 

RNAs is that plasmids are not inherently stable as episomes. Transfected parasites can 

also contain very large concatemeric plasmid structures. As these plasmids must be 

maintained by continued drug selection, it is possible there is some selective pressure for 

maintaining the most stable, most resistant concatemeric plasmid structures. The 

concatemers may also increase the amount of heterogeneity within the population, as 

some may have higher dCas9 and gRNA expression than others. 

To establish a stable plasmid pool, I explored approaches that could help maintain 

the plasmids as stable single copies. I first tested a centromere-containing plasmid, which 

Figure 4.3 Coverage of gRNAs from episomal CRISPRa and CRISPRi plasmid pools 

A) Distribution of gRNAs for CRISPRa and CRISPRi pools following 3 pooled transfections and drug selection. 

B) Distribution of gRNAs for CRISPRi after 30 additional days in culture. 
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includes a 1.5kb fragment of the P. falciparum Chr5 centromere. This approach has been 

used previously to create parasites stably maintaining large foreign DNA episomally. I 

added this centromere sequence to my DCL3-CRISPRa and DCL3-CRISPRi plasmids. 

However, the centromere sequence is very AT-rich (95%) and not highly stable for growth 

in E. coli. Ligation and Gibson assembly approaches for cloning the gRNA pool into the 

centromere plasmid led to largely recombined plasmids, with at best ~15% of the reads 

containing the full plasmid and cloned gRNA. Ultimately, this was deemed too low for 

pooled P. falciparum transfections.  

I next pursued integration approaches that have been established in P. falciparum. 

Bxb1 integrase relies on the presence of attB and attP sequences, with one being on a 

genome landing site and the other found on the plasmid [Figure 4.4A] [272]. By adding a 

Bxb1-expressing plasmid (pINT) to transfections, attP plasmids can be stably integrated 

into the attB landing site, forming attL and attR sites that can no longer recombine. This 

strategy has the added benefit of increasing parasite recovery from transfections, likely 

Figure 4.4 Integration approach for stably integrating CRISPRa and CRISPRi plasmids 

A) Bxb1 integrase strategy.  Plasmids carrying attP can be stably integrated into the attB landing site in a 

dispensable locus via Bxb1 integrase. 

B) Pre-loading of the pINT Bxb1 expression plasmid into an NF54-DiCre-attB line, with DiCre located in the Pfs47 

locus and attB located in the Clag6 locus.   

C) pINT pre-loaded NF54-DiCre-attB parasites were transfected with CRISPR plasmids carrying attP, allowing for 

rapid integration into the genome.  This was done three times and pooled to establish CRISPRa and CRISPRi 

integrated libraries. 
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due to the stability of the drug cassette. Fortunately, a NF54-DiCre-attB parasite line was 

recently developed, which includes both the DiCre cassette stably integrated into the 

Pfs47 locus, and attB stably integrated into the Clag6 locus [236]. This line would allow us 

to integrate the plasmids, while still being able to utilize DiCre for the inducible element.  

To ensure rapid integration of the plasmid library, I first established an NF54-DiCre-

attB line that expressed Bxb1 episomally by transfecting the pINT plasmid by itself. I then 

added attP sites to both the DCL3-CRISPRa and DCL3-CRISPRi plasmids and recreated 

gRNA pools in these plasmids. Now, as soon as any plasmid carrying attP reaches the 

nucleus from transfection, it will be immediately integrated into the attB landing site. This 

strategy solves multiple problems. First, this ensures a single-copy integration event, 

preventing multiple gRNAs from potentially being expressed in a single cell and reducing 

heterogeneity. Second, this maintains the plasmid sequence stably, without the risk of 

loss after initial drug selection, eliminating the need for continued selection. Lastly, this 

approach increases the efficiency of transfections for plasmid uptake into the parasite. 

To test this approach with the CRISPR pools, I transfected the DCL3-attP-CRISPR 

pools into NF54-DiCre-attB parasites pre-loaded with pINT in triplicate. Parasites were 

even more rapidly recovered, with parasites being visible by Giemsa smear by up to day 

12. The three transfections were then pooled and sequenced. With episomal CRISPRi 

plasmids, only 83% of gRNAs were represented by Day 45, with many gRNAs only being 

identified in single-digit reads [Figure 4.5A]. With the integrated CRISPRi library, the entire 

gRNA library was fully represented [Figure 4.5B]. This distribution was maintained, even 

after 20 days of growth, indicating improved stability. A small number of gRNAs were still 

greatly over-represented. It is possible that these are simply episomal plasmids that are 

being maintained as multiple copies, in addition to the stably integrated plasmid. 

Targeted sequencing of the integration site revealed that all parasites in the pool 

contained an integrated plasmid. These parasite pools can now be induced and applied 

to genetic screens for any phenotypes of interest. 
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4.4 Identifying Essential Genes by CRISPR Screening 

Now that an integrated CRISPRi pool has been established, I sought to identify 

genes that are essential to BS growth. By knocking down expression of an essential gene, 

parasite growth may be impacted, resulting in dropout of gRNAs targeting those genes in 

the sequenced pools. Although essentiality of BS genes has been determined by the 

PiggyBac screen, this screen has been shown to occasionally have false positives and false 

negatives. However, our screen is inducible and can directly measure the effects of the 

perturbation, unlike the PiggyBac screen which depends on saturation of the genome and 

dropouts to identify essentiality. Using the integrated CRISPRi pool, I induced dCas9-Sir2a 

expression by adding rapamycin to highly synchronized parasites before washing 48h 

later. I cultured these induced parasites normally for 6 additional days (3 cycles) and 

Figure 4.5. gRNA Coverage of CRISPRi Screens 
A) Day 45 gRNA distribution from transfected episomal CRISPRi plasmids. 
B) Day 45 gRNA distribution from transfected and Bxb1 integrated CRISPRi plasmids. 
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sequenced ring-stage parasites. The sequencing results were then compared to the 

uninduced pool to identify gRNAs that are enriched or depleted [Figure 4.6A].  

The scrambled gRNA controls had no effect on growth, with an average of 0.99-

fold relative abundance before normalization [Figure 4.6B]. However, for each of the 

targeted genes, there was considerable variation in sequence abundance between each 

Figure 4.6 Essentiality screen of transcriptional regulators using an induced CRISPRi pool 

A) Timeline for induction of CRISPRi.  Parasites are tightly synchronized to 0-3h rings by sorbitol before adding 

50nM rapamycin for 6h.  Parasites are sequenced on day 8. 

B) Distribution of gRNAs normalized to the mean gRNA scramble control reads, then as a ratio of induced and 

uninduced.  piggyBac-essential genes are marked in red and dispensable genes in blue.   

C) The gRNA distribution sorted by average relative abundance, with blue indicating depletion and red 

enrichment. Each point represents a single gRNA. 

D) A volcano plot of Day 8 CRISPRi gRNAs with log-fold-change on the x-axis and log-p-value on the y-axis.  

Significantly depleted or enriched gRNAs are indicated by blue (depleted) or red (enriched), p < 0.05. 
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of the five gRNAs, with some gRNAs having no change and others having large decreases 

or increases in abundance. This may simply be the result of how the gRNAs were selected, 

e.g., gRNAs that were closer to the transcription start site might have been more likely to 

have an effect, while more distant gRNAs may have had little or no effect. Many genes 

overlap or sit directly adjacent to other genes in the P. falciparum genome.  

Table 4.1 CRISPRi essentiality and neighboring gene proximity 

Genes St rand R at io Ess. 5'  N eighbor 5'  D ist . Ess. 3 '  N eighbor 3 '  D ist . Ess.

PF3D7_0216000 Forward 0.954 Disp. PF3D7_0215900 930 Disp. PF3D7_0216100 71 Ess.

PF3D7_0404100 Reverse 0.959 Disp. PF3D7_0404200 609 Ess. PF3D7_0404000 415 Ess.

PF3D7_0420300 Forward 0.697 Ess. PF3D7_0420200 3776 Ess. PF3D7_0420400 570 Ess.

PF3D7_0501800 Forward 0.821 Ess. PF3D7_0501700 1534 Disp. PF3D7_0501900 -449 Disp.

PF3D7_0516800 Reverse 1.005 Disp. PF3D7_0516900 4105 Ess. PF3D7_0516700 514 Disp.

PF3D7_0519500 Reverse 1.123 Disp. PF3D7_0519600 1319 Ess. PF3D7_0519400 1940 Ess.

PF3D7_0522200 Forward 0.851 Disp. PF3D7_0522100 41 Ess. PF3D7_0522300 -251 Ess.

PF3D7_0525000 Forward 1.026 Disp. PF3D7_0524900 3811 Disp. PF3D7_0525100 1498 Ess.

PF3D7_0604100 Reverse 0.873 Disp. PF3D7_0604200 1622 Ess. PF3D7_0604000 413 Ess.

PF3D7_0611200 Forward 0.763 Disp. PF3D7_0611100 690 Ess. PF3D7_0611300 528 Ess.

PF3D7_0613800 Forward 0.898 Ess. PF3D7_0613700 3184 Ess. PF3D7_0613900 19 Disp.

PF3D7_0621000 Forward 0.725 Ess. PF3D7_0620700 1729 Ess. PF3D7_0621100 28 Ess.

PF3D7_0622900 Reverse 0.921 Disp. PF3D7_0623000 3339 Ess. PF3D7_0622800 -589 Ess.

PF3D7_0730300 Forward 0.721 Disp. PF3D7_0730200 7027 Ess. PF3D7_0730400 2257 Disp.

PF3D7_0802100 Reverse 0.603 Ess. PF3D7_0802200 3411 Disp. PF3D7_0802000 43 Disp.

PF3D7_0809900 Reverse 0.949 Disp. PF3D7_0810000 4523 Ess. PF3D7_0809800 788 Disp.

PF3D7_0934400 Forward 0.73 Ess. PF3D7_0934300 597 Ess. PF3D7_0934500 -144 Ess.

PF3D7_0935400 Forward 0.955 Disp. PF3D7_0935300 3403 Ess. PF3D7_0935500 18758 Ess.

PF3D7_1003300 Reverse 0.793 Ess. PF3D7_1003400 414 Disp. PF3D7_1003200 -28 Ess.

PF3D7_1007700 Reverse 0.677 Ess. PF3D7_1007800 4139 Disp. PF3D7_1007600 -725 Ess.

PF3D7_1107800 Reverse 0.892 Ess. PF3D7_1107900 7103 Disp. PF3D7_1107700 -299 Ess.

PF3D7_1115500 Forward 0.645 Ess. PF3D7_1115400 666 Disp. PF3D7_1115600 -518 Disp.

PF3D7_1139300 Reverse 1.001 Disp. PF3D7_1139500 10663 Disp. PF3D7_1139200 738 Ess.

PF3D7_1143100 Reverse 0.78 Ess. PF3D7_1143200 3666 Disp. PF3D7_1143000 33 Ess.

PF3D7_1203700 Reverse 0.817 Ess. PF3D7_1203900 4944 Ess. PF3D7_1203600 -449 Ess.

PF3D7_1222400 Forward 1.04 Disp. PF3D7_1222300 2490 Ess. PF3D7_1222500 183 Ess.

PF3D7_1222600 Forward 1.138 Disp. PF3D7_1222500 3467 Ess. PF3D7_1222700 3297 Ess.

PF3D7_1239200 Forward 0.681 Ess. PF3D7_1239100 5060 Ess. PF3D7_1239300 1984 Disp.

PF3D7_1239300 Forward 1.045 Disp. PF3D7_1239200 1984 Ess. PF3D7_1239400 329 Disp.

PF3D7_1305200 Forward 0.888 Disp. PF3D7_1305100 672 Ess. PF3D7_1305300 -131 Disp.

PF3D7_1317200 Forward 0.931 Disp. PF3D7_1317100 6211 Ess. PF3D7_1317300 -320 Disp.

PF3D7_1326700 Forward 0.637 Ess. PF3D7_1326600 2513 Disp. PF3D7_1326800 71 Ess.

PF3D7_1342900 Reverse 0.849 Disp. PF3D7_1343000 1295 Ess. PF3D7_1342800 53 Ess.

PF3D7_1350900 Reverse 0.838 Ess. PF3D7_1351000 2056 Disp. PF3D7_1350800 123 Disp.

PF3D7_1358600 Forward 0.83 Disp. PF3D7_1358500 971 Ess. PF3D7_1358700 396 Ess.

PF3D7_1408200 Reverse 1.095 Disp. PF3D7_1408300 6528 Disp. PF3D7_1408100 1478 Disp.

PF3D7_1429200 Reverse 0.871 Disp. PF3D7_1429300 1268 Disp. PF3D7_1429100 -373 Ess.

PF3D7_1433300 Forward 0.618 Ess. PF3D7_1433200 1764 Disp. PF3D7_1433400 -272 Ess.

PF3D7_1449300 Forward 0.823 Ess. PF3D7_1449200 1499 Ess. PF3D7_1449400 -207 Ess.

PF3D7_1449500 Forward 0.825 Ess. PF3D7_1449400 3850 Ess. PF3D7_1449600 841 Ess.

PF3D7_1456000 Forward 0.846 Disp. PF3D7_1455900 3409 Ess. PF3D7_1456100 -83 Disp.

PF3D7_1466200 Reverse 0.99 Disp. PF3D7_1466300 2560 Ess. PF3D7_1466100 616 Ess.

PF3D7_1466400 Reverse 0.989 Disp. PF3D7_1466500 4878 Ess. PF3D7_1466300 1007 Ess.

PF3D7_1473900 Forward 0.928 Disp. PF3D7_1473800 1591 Disp. PF3D7_1474000 596 Disp.

A verages 0 .8 6 5 2 9 8 4 79 0  
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I examined the distance between our target genes and their upstream and 

downstream neighbors [Table 4.1]. The average distance between our target gene and its 

upstream neighbor is 2984 bp, whereas the average distance from our target gene and 

its downstream neighbor is 790 bp. 15 of our target genes had a directly overlapping 

transcript with a neighboring gene. Notably, all but 5 target genes had at least one 

essential neighbor, with 19 genes having two essential neighbors.  

   The most abundant gRNA was AP2-G, whereas the most depleted gRNA was AP2-

LT [Figure 4.6C]. Roughly one fifth of the gRNAs were significantly (positively or 

negatively) changed from the uninduced population as calculated by negative binomial 

distribution [Figure 4.6D]. Only three gRNAs were significantly enriched.  

By including essentiality data from the PiggyBac screen, I compared gRNA fold-

changes between BS essential genes and BS dispensable genes. The average ratio for 

dispensable genes was 1.025-fold decreased from the uninduced, i.e., nearly completely 

neutral. A small number of gRNAs targeting dispensable genes were significantly 

depleted, while others were significantly enriched. In contrast, the relative abundance for 

essential genes decreased by ~21% following induction. The ten most depleted gRNAs 

were all essential genes, including AP2-I and five other AP2 transcription factors 

previously identified as essential. The most depleted gRNA was AP2-LT, a transcription 

factor that has been shown to interact with PfGCN5 and has been linked to late schizont 

stage genes necessary for merozoite invasion [273, 274].  

The PiggyBac screen mutagenesis index scores of the most depleted genes is very 

low (bottom 20%), indicating high likelihood of essentiality. These results from our 

CRISPRi screen strongly agree with the PiggyBac screen. However, there were some genes 

which contradicted their reported essentiality. For instance, PF3D7_0522200, or 

transcription initiation factor subunit 10, was found to be dispensable by PiggyBac screen, 

but had significantly depleted gRNAs (p<0.001). These findings complement the 

established PiggyBac screen, offering a controlled measure of essentiality. 
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4.5 Identifying Mediators of Artemisinin Resistance and Survival 

   Having established the CRISPRa and CRISPRi TR screens, I was interested in how 

perturbation of these regulators might affect survival to antimalarials. By over- and 

under-expressing these specific TRs, we are also potentially affecting the targets of these 

TRs, many of which may also be contributing to drug resistance. As these TRs were initially 

selected in part due to expression patterns indicative of artemisinin resistance, pairing 

these screens with drug selection may provide insights into genetic factors involved in 

resistance. 

   As before, I induced the dCas9 fusions by rapamycin in 0-3h synchronized rings. 

After one cycle (48h), I added 700nM of the anti-malarial drug DHA for 6h [Figure 4.7A]. 

This concentration has previously been used to differentiate between resistant and 

sensitive parasites, with 95%+ of sensitive parasites dying in response to drug [Figure 

4.7B]. Following CRISPR induction, this should better divide gene perturbations that 

contribute to resistance or hinder resistance when measuring the surviving population. 

By day 10 (8 days after DHA), parasites had recovered from DHA and were sequenced at 

majority ring stage to eliminate schizont biases.  

When DHA was added to the induced CRISPRi parasite pool, the majority of gRNAs 

were depleted relative to the non-targeting controls [Figure 4.7C]. However, the 

variability of gRNA abundance in the controls was much higher, limiting our analysis. A 

small number of genes were enriched compared to the controls following DHA treatment. 

The most depleted gRNA targeted JmjC-1, a histone demethylase [275]. Applying the DHA 

selection to the CRISPRa library, many more gRNAs were enriched, with roughly half of 

gRNAs more abundant than the scrambled gRNA controls [Figure 4.7D]. Once again, JmjC-

1 was a top hit and was enriched in the DHA-treated cells, providing additional evidence 

that JmjC-1 mediates survival to DHA. One of the other most enriched genes was AP2-HS, 

a transcription factor upregulated under stress conditions and in febrile temperatures 
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[276, 277]. Other labs, as well as our own, have also connected temperature stress to DHA 

survival [157, 176, 278, 279].  

JmjC-1 has been found to be involved in development and pathogenesis [275, 280]. 

Interestingly, JmjC-1 was found to be a variability-inducer and hub regulator of expression 

in our GRN model, where the gene is predicted to regulate over 1,000 genes. Of note, 

JmjC-1 is one of the strongest positive regulators of Pfmdr1, PfCRT, and SOD2, all of which 

have been linked to DHA resistance [176, 281–283]. Additionally, JmjC-1 has been found 

to be over-expressed in DHA-resistant parasites [156, 158]. Further, in Cambodian 

Figure 4.7 DHA selection screen of transcriptional regulators using induced CRISPRi and CRISPRa pools 

A) Timeline for CRISPRi screen with 700nM DHA for 6h.  Parasites are cultured until recovery to starting 

parasitemia, then sequenced. 

B) Parasitemia of untransfected NF54 parasites following exposure to DHA. 

C) Distribution of gRNAs normalized to the mean gRNA scramble control reads, then as a ratio of induced and 

uninduced following recovery from CRISPRi-DHA. 

D) Distribution of gRNAs normalized to the mean gRNA scramble control reads, then as a ratio of induced and 

uninduced following recovery from CRISPRa-DHA. 
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isolates, JmjC-1 mutations appear to have undergone recent population expansion or 

selection [284].  

Using gene ontology (GO) enrichment analysis, I analyzed JmjC-1’s predicted gene 

targets from the EGRIN model, identifying biological processes related to host processes, 

cell adhesion, protein import, response to external stimuli, and RNA processes. [Figure 

4.8A]. The most enriched biological processes were related to RNA processing and protein 

transport [Figure 4.8B]. These findings are in agreement with known functions of JmjC-1, 

as well as the results of the EGRIN model identifying numerous protein channels as targets 

[262, 275]. Response to external stimuli and stress was also enriched by GO analysis, 

Figure 4.8 JmjC-1 targets and parasite survival to DHA following heat stress 
A) Gene ontology enrichment analysis of JmjC-1’s predicted targets by the EGRIN gene regulatory network 

model.  Each rectangle represents a biological process, with color indicating similarity.  Size is dependent on the 

p-value of enrichment. 

B) Biological processes sorted by fold-enrichment, with color denoting p-value.  

C) Day 5 parasitemia of NF54 parasites incubated at 37C, 40C for 3 hours, or 40C for 6 hours before treatment 

with DMSO, 30nM DHA, or 700nM DHA.  Data shown represent the means from three replicates ± SEM. 

D) Day 5 parasitemia as a ratio of the 37C control.  Data shown represent the means from three replicates ± 

SEM. (* p < 0.05). 
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suggesting JmjC-1 may aid in rapidly adapting to abrupt changes, such as heat treatment 

or antimalarials, similar to AP2-HS, another top hit from the CRISPRa-DHA screen. 

To explore the relationship between elevated temperature and drug sensitivity, I 

examined parasite survival to DHA with and without heat treatment. I incubated tightly 

synchronized ring-stage NF54 parasites at 37C for 6 hours, 40C for 3 hours and 37C for 3 

hours, or 40C for 6 hours. Then I treated each culture with DMSO, 30nM DHA, or 700nM 

DHA for 6 hours after.  Parasites decreased in parasitemia in all conditions following DHA 

treatment at 30nM and 700nM DHA [Figure 4.8C]. However, parasites incubated at 40C 

first had significantly higher Day 5 parasitemia following 700nM DHA, with 6 hour 

treatment having a 4.2-fold increase in survival compared to 37C-incubated parasites 

[Figure 4.8D]. These results suggest febrile temperatures may induce a stress response, 

allowing for parasites to better survive drug pressure.  Additionally, as heat-treated 

parasites have been shown to have increased transcriptomic heterogeneity, JmjC-1 may 

be acting as a variability inducer as predicted by the EGRIN model [277]. 

 

4.6 Discussion 

These CRISPR TR screens allowed for both essentiality and drug phenotyping in the 

blood stage. This is also the first application of CRISPR screens in the malaria parasite, 

serving as a framework for future, more expansive screens. Additional characterization of 

top hits from both CRISPRa and CRISPRi screens could help elucidate the mechanisms 

behind the shown phenotypes. The relative ease of cloning pooled gRNA simplifies the 

work needed to prepare plasmid libraries that target tens, hundreds, or thousands of 

genes. This work also presents a novel strategy for efficient integration of hundreds of 

pooled plasmids, which can potentially be used for other applications. This strategy would 

likely be necessary for any efforts in creating a genome-wide CRISPR screen, as it 

overcomes many of the limitations inherent in genetic manipulation of P. falciparum.  
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The top hit from both CRISPRa and CRISPRi DHA screens was JmjC-1, a histone 

demethylase.  The second hit from the CRISPRa screen was AP2-HS, a transcription factor 

involved in regulating heat shock response.  Previous findings from other groups have 

identified relationships between heat shock and drug survival, offering a unifying theme 

[157, 176, 276]. Given how malaria parasites are very often exposed to febrile 

temperatures as part of the symptoms of malaria, the parasite may have evolved a 

mechanism of survival in these conditions.  One possibility is that parasites diversify as a 

result of heat stress, allowing for a small subset to survive otherwise lethal treatment to 

drug. This bet-hedging strategy has been proposed for numerous biological functions in 

Plasmodium, including stage development [265, 266]. Notably, most in vitro measures of 

drug susceptibility (i.e. EC50 assays) are done at 37C, and not 40-42C, the temperatures 

found in malaria patients during fever. It may be worth revising current in vitro assays to 

include additional incubation temperatures, as this may identify previously undetected 

mechanisms of drug survival. 

This screen could still be further explored to identify TRs important for processing 

specific metabolites or amino acids, or any other phenotypes of interest. Recent findings 

have also identified dormancy and recrudescence phenotypes in response to artemisinin. 

Applying these screens to measure those phenotypes may lead to further insights into 

the specific mechanism driving drug resistance. 

It is important to note that these screens are primarily designed around identifying 

hits rather than providing objective measurements on every gene. Within any given gene, 

there were gRNAs that had significant phenotypes and others that had no effect at all. 

This is to be expected, however, as none of these gRNAs have been validated. Early 

mammalian CRISPR screens suffered from a similar problem, where the majority of gRNAs 

had little to no effect. As we are not able to directly measure the rates of these 

perturbations in a pool, we cannot differentiate between a gRNA that is effective but has 

no phenotype, or a non-effective gRNA. Furthermore, as this system works by perturbing 
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genes by histone acetylation at the genomic site, there is a high possibility of polar effects, 

where nearby genes are also affected. This is particularly notable when genes are in close 

proximity to each other or possess overlapping antisense sequences, with many of these 

neighbors being essential. Given the close proximity of neighboring genes, some of the 

measured effects of perturbation may be incorrectly attributed to one gene, when it is in 

fact due to a neighboring gene. 

It is also important to note this system could only be used in a specific parasite line, 

NF54-DiCre-attB, which contains the required DiCre for induction and attB site for plasmid 

integration. Unfortunately, this line produces gametocytes inefficiently and incompletely, 

likely due to excessive continuous culture and idiosyncrasies of this specific clone. 

Additionally, this is a laboratory-grown line that has undoubtedly adapted to its in vitro 

conditions. The phenotypes in this line may therefore not be representative of parasites 

found in endemic regions.  

As these represent the first CRISPR screens in malaria, numerous limitations are to 

be expected. The scope was small, targeting only 44 different genes, and the number of 

high quality gRNAs available for any of these genes was limited. This could be solved by 

adapting Cas9 variants, such as NG-Cas9 or SpRY-Cas9, for malaria research, work that is 

currently ongoing in many labs. Future screens could alternatively be done by creating 

arrayed screens, where each well contains multiple gRNAs for one specific gene. Many 

additional improvements are likely necessary for malaria genetic screens to catch up to 

mammalian and yeast fields. Ultimately, this work serves as a pilot for future CRISPR 

screens in the malaria field. 
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4.7 Materials and Methods 

Plasmid cloning 

 To create the DCL3-CRISPRa and DCL3-CRISPRi plasmids, the DCL3-Cas9 plasmid 

was amplified to omit the HF-SpCas9, while the dCas9-GCN5 and dCas9-Sir2a were 

amplified to insert by Gibson assembly cloning. These plasmids were further modified to 

include a Bxb1 attP site, amplified from an existing plasmid. In order to create CRISPRa 

and CRISPRi libraries, gRNAs were first synthesized by IDT with 20bp homology arms to 

insert between the U6 promoter and tracrRNA found on the DCL3 plasmid. The plasmid 

was digested by Esp3I and oligos cloned in by Gibson assembly. Pools were established 

either by plating and scraping transformed colonies, or by direct inoculation of liquid 

culture following transformation. All plasmids for transfection were isolated using 

Machery-Nagel Endotoxin-Free maxipreps and then ethanol precipitated. DNA was 

resuspended to 5ug/uL in warm TE buffer. 

DNA Sequencing 

 Plasmids and transfected parasites were amplified using PrimeStar Max 

polymerase, following the following parameters: 

98C for 1 minute 

98C for 10 seconds* 

55-60C for 10 seconds* 

64C for 30-60 seconds* 

64C for 3 minutes 

* Cycled 20-35 times 

For amplifying gRNA libraries, the minimum number of cycles needed to attain 

visible PCR product by gel electrophoresis was first tested and then used for amplification 

of screens. For each parasite sample to be sequenced for pooled screens, PCRs were done 

using barcoded primers, allowing for up to 20 samples to be barcoded by PCR, then 
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pooled for sequencing. PCR products were purified by column purification or gel 

extraction followed by column purification.  

 All sequencing was performed by Plasmidsaurus. For sequencing to verify 

successful cloning, whole plasmid sequencing was used. For sequencing modified 

genomic DNA by Bxb1, amplicon sequencing was used. For sequencing gRNA screens and 

the library, Plasmidsaurus custom sequencing was used.  

Parasite culture 

P. falciparum parasites were maintained in complete medium consisting of RPMI-

1640, 25mM HEPES, 2.4mM sodium bicarbonate, 1% Albumax II, and 2% gentamicin. 

Parasites were kept at 37C in a 90% N, 5% CO2, 5% O2 environment. Hematocrit was 

maintained between 4-5% using washed O+ human donor red blood cells. 

Synchronizations were performed using 5% sorbitol to achieve 0-3h synchronization. 

Parasitemia and morphology were checked by 10% Giemsa stain. For routine culture, an 

NF54 parasite line that was passed through the complete parasite lifecycle was used to 

ensure viability at each stage of development. For initial DiCre experiments, an NF54-

DiCre line was kindly gifted by Moritz Treeck. For DiCre-attB experiments, an NF54-DiCre-

attB line was kindly gifted by Josh Beck.  

CRISPR screens were done by first synchronizing transfected parasites at 1-3% 

parasitemia to 0-3h rings using consecutive 5% sorbitol treatment.  Following 

synchronization, parasites were induced by adding DMSO or 50nM of rapamycin for 6 

hours. Parasites were then cultured as normal until the desired timepoint.  For DHA 

screens, induced parasites were treated one full cycle (48hr) following rapamycin.   

 For heat treatment of parasites, cultures were synchronized to 0-3h rings by 

consecutive 5% sorbitol treatments, and then moved to a 40C water bath to ensure even 

heat distribution. Following heat treatment, parasites were either treated with DMSO, 

30nM DHA, or 700nM DHA for 6 hours. Parasitemia was monitored by Giemsa smear. 

Transfection 
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Single-plasmid and small pool transfections were performed by ring-stage 

electroporation using a BioRad Gene-Pulser II Electoporator set to 0.31kV and 950 μF 

capacitance. 50ug of total plasmid DNA was used per transfection, mixed with cytomix 

(120 mM KCl, 0.15 mM CaCl2, 2mM EGTA, 5 mM MgCl2, 10 mM K2HPO4/KH2PO4 25 mM 

HEPES, pH 7.6). Parasites were synchronized by sorbitol to attain ~5% parasitemia at ring-

stage. The following day, parasites were pelleted, washed with cytomix, and mixed 1:1 

with the plasmid-cytomix solution. Parasites were transferred to a 0.2cm electoporation 

cuvette before being electroporated. Electroporated parasites were immediately moved 

to pre-warmed flasks with 6mL CM and 250uL fresh RBCs.  

Pooled plasmid transfections were performed by mature schizont electroporation 

using a Lonza 4D Nucleofector and Protocol FP158. 100ug total pooled plasmid DNA was 

used per transfection, resuspended into 100 µl of P3 Primary Cell 4D-Nucleofector X Kit. 

Tightly synchronized mature schizonts were isolated by first performing sorbitol 

synchronizations over two parasite cycles, then performing a magnetic column 

purification at parasite hour 45-47 to attain pure schizonts. Parasites were cultured in 

5mL CM and carefully monitored until fully mature schizonts were abundant. Parasites 

were pelleted and 10uL of pure mature schizonts were mixed with the 100uL plasmid-P3 

solution before being electroporated. Electroporated parasites were immediately moved 

to pre-warmed flasks with 6mL CM and 250uL fresh RBCs.  

Following transfection, flasks were gassed and incubated overnight. Media was 

changed for two days (one complete parasite cycle) before drug was added. For all DCL3 

transfections, 2.5 ug/mL Blasticidin was used. For pINT transfections, 250 ug/mL G418 

was used. For CRISPRi pilot pools, 2.5 ug/mL Blasticidin and 2.5 nM WR99210 was used. 

For plasmids not Bxb1 integrated, drug was maintained indefinitely to ensure plasmid 

maintenance. For Bxb1-integrated plasmids, drug was only maintained for 6 days. 

Cultures were maintained at 4-5% hematocrit. Cultures were cut by 80% every other week 
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to replenish with fresh blood. Media was changed every other day until parasites were 

visible by Giemsa smear.  

DNA Extractions 

Genomic DNA from parasites was isolated using GeneJET Whole Blood Genomic 

DNA Purification Kits (Thermo Fisher. Prior to isolating, a minimum of 250uL packed 

infected red blood cells were spun down and resuspended with 1x PBS + 0.015% saponin, 

set at room temperature for 5-10 minutes, and then pelleted. The supernatant was 

discarded and the remaining parasite pellet was used following the manufacturer’s 

protocol. For the final elution, 50uL of warm (37-50C) water was used in place the 

provided elution buffer, incubating for 5 minutes at room temperature before spinning 

at 13,000 x g for 1.5 minutes. The purified DNA was then quantified by Nanodrop. 

Fluorescent Microscopy 

Infected red blood cells were stained with 1% DAPI and incubated at 37C for 10 

minutes before washing twice and being resuspended in complete media. Cells were then 

moved to a slide and a coverslip was added. The cells were viewed using a Nikon Eclipse 

fluorescent microscope at 400-1000x total magnification. For DAPI detection, the UV filter 

was used and for GFP or mNeonGreen detection, the blue filter was used. Parasitemias 

were quantified from the presence or absence of DAPI and mNeonGreen, depending on 

application. 
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Chapter 5 – Conclusion 

5.1 Future Directions 

 Advancements in molecular tools and computational approaches have opened up 

new possibilities in all fields of biology. In the last decade, there have been thousands of 

CRISPR-based screens covering mammalian systems, plants, bacteria, yeast, and now 

Plasmodium. These approaches are distinctly important for helping expand our limited 

knowledge in malaria research. The malaria field has traditionally lagged behind research 

on mammals and yeast, but that need not always be the case. By applying the latest 

technologies to malaria research, we can greatly accelerate our mission to eradicate 

malaria, using newly found knowledge to design new antimalarials and vaccines. 

 Computational biology and bioinformatics have become increasingly important for 

malaria research, coinciding with the accessibility of generating large genomic and 

transcriptomic datasets. There are now tens of thousands of unique genomic datasets 

coming from field isolates, with many more originating from in vitro culture. The sheer 

volume of data is challenging to work with but provides that much more knowledge. 

Particularly, identifying patterns of evolution will be key to preempting the rise of 

antimalarial resistance. Many of the current SNPs thought to be conferring drug 

resistance originated in the Southeast Asian P. falciparum background, and do not 

naturally occur in African parasite populations. However, this may not always be the case. 

By carefully analyzing what changes are occurring at the genome level, the field can better 

combat drug resistance. 

 Similarly, the increased use of transcriptomics has contributed greatly to malaria 

research. In particular, the adaptation of single-cell transcriptomics to malaria has 

provided numerous insights into gene regulation at single-cell resolution. This has opened 
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the door to examining heterogeneity within a population of parasites. There are 

numerous applications to this new technology. Applying single-cell transcriptomics to 

field samples may help deconvolve the complexity of gametocyte development, drug 

resistance, and multi-strain infections by measuring both heterogeneity and 

transcriptomics. In these cases, parasites may be intentionally diversifying, as a means of 

ensuring survival of the population. Single-cell transcriptomics would be able to help zero 

in on how much heterogeneity there is, and how it might be contributing to 

differentiation, or drug resistance.  

Pairing single-cell transcriptomics with CRISPR screens, such as the CRISPRa and 

CRISPRi screens, would allow for “perturb-seq” experiments. This would involve 

perturbing a subset of genes (such as transcription factors) and measuring the 

transcriptomic output following perturbation. However, numerous challenges still exist in 

order to begin effectively performing perturb-seq experiments. Currently, even the best 

single-cell datasets in P. falciparum have limited reads per cell, and measure a limited 

number of genes expressed per cell. As a result, achieving the statistical power necessary 

to identify gene-gene interactions from the perturbations is very difficult. One would 

likely need thousands of cells per perturbation and may not ever be able to attain the 

resolution required to identify most of the gene-gene interactions. Once these challenges 

have been overcome, perturb-seq experiments could provide countless insights into what 

genes are being regulated and how. 

The CRISPR screens presented here offer a pooled, accessible means of over- and 

under-expressing tens, hundreds, or potentially thousands of different genes in parallel. 

However, in a pooled format, changes to morphology cannot be easily determined as a 

result of the CRISPR perturbation. One solution would be to apply a morphological-based 

screen to identify morphology phenotypes associated with the gene perturbation. For 

instance, applying the visual cell sorting approach to identify differentiating gametocytes, 

could help to identify gametocyte-inducing transcriptional regulators.  
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An alternative solution would be to establish an arrayed CRISPR screen for 

Plasmodium. Utilizing 96-well electroporation systems, 96 different genes (one per well) 

could be perturbed via CRISPRa, CRISPRi, or HDR KO. In yeast, a genome-wide arrayed 

gene deletion screen has been established. The establishment of these seminal screens 

led to numerous phenotype screens, including biological function screens, environmental 

stress screens, and drug screens. Although the piggyBac transposon screen has provided 

some of these features, the isolated parasites are inherently dispensable for the blood 

stage and cannot be studied further in subsequent stages. Hence, the ideal arrayed screen 

for Plasmodium would offer a means of inducibly controlling the perturbation. In such a 

system, one could measure growth or morphology phenotypes in blood stage, 

gametocyte stage, or even potentially mosquito and liver stages. Additionally, isolating 

the knockout is trivial once an interesting phenotype has been identified. An arrayed 

screen of this sort would provide great value to the field by helping prevent wasteful 

efforts in creating individual knockouts and allowing screens to be performed accessibly. 

There is a great need in adapting some of the latest molecular tools, such as prime-

editing or helicase-assisted continuous editing. These tools still rely on Cas9 for targeting, 

but do not depend on HDR to implement the mutations. These advancements may 

trivialize many of the current difficulties in targeted editing. HDR for instance, requires 

providing a gRNA and donor. In many cases, it is simply not feasible to design effective 

donor templates for DNA synthesis, and thus requires multiple cloning steps. There would 

be great value in molecular tools that could knockout or mutate specific genes using only 

a gRNA. This would allow for stronger screens, and potentially help identify resistance 

mutants that would otherwise be inaccessible.  

Similarly, improvements to the CRISPRa and CRISPRi systems in Plasmodium are 

still needed. The current iterations (dCas9-GCN5 and dCas9-Sir2a respectively) more 

closely resemble some of the early generation CRISPRa and CRISPRi tools in mammalian 

systems, which depend on single domains for acetylation or deacetylation. By adapting 
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some of the approaches used for modern mammalian CRISPRa and CRISPRi, such as the 

synergistic activation mediator (SAM) approach, stronger over- and under-expression 

effects can be done. The SAM approach utilizes a modified sgRNA stemloop to attract 

transcriptional activators to the stemloop of the gRNA, and thus the target location, for 

gene activation. Along with the various kinds of Cas9 effectors and functions, expanded 

PAM recognition would provide many more viable gRNAs to select from. This is a major 

limitation with the current system, as SpCas9 can only target NGG PAMs. This is 

particularly problematic as Plasmodium has 82% AT-rich DNA and even higher in the UTRs, 

where CRISPRa and CRISPRi must be targeted towards. Consequently, it is currently not 

uncommon to find less than 5 viable gRNAs in the 3kb region upstream of a gene. The 

current systems could be adapted to use NG-Cas9 (targeting an NG PAM) and SpRY (nearly 

PAMless targeting), or any of the newer variants. This could potentially provide 5-20x 

more gRNAs to select, helping ensure that there are effective gRNAs available. 

Applying the conditional systems to other platforms, such as piggyBac, may 

provide another avenue for establishing genome-wide knockout screens. In the case of 

an inducible transposon screen, one could put the piggyBac transposase under 

conditional expression, preventing insertions from occurring until the stage of interest, 

and using the parasite’s replication rather than successful plasmid uptakes as the means 

of increasing transposon counts. Here, one could simply transfect the inducible piggyBac, 

grow to high parasitemia, and induce in the stage of interest to immediately generate a 

completely saturated transposon screen. This would surely help in alleviating some of the 

current limitations of the piggyBac screens and reduce the number of false positives and 

false negatives. One could also better measure growth phenotypes, as sequencing can be 

done every cycle to identify fast, slow, or normal growing mutations. 

 

5.2 Concluding Remarks 
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 The implementation of computational biology, transcriptomics, and CRISPR/Cas9 

systems have helped transform the broader field of biology. These tools provide a means 

of characterizing genomes as well as identifying the basic biological processes underlying 

any phenotype. The work discussed in my dissertation involved applying some of these 

approaches to P. falciparum, where they have been largely underutilized. I compiled and 

analyzed numerous datasets on gene expression to establish a unified dataset that 

encompasses all of the stages of the parasite lifecycle. Adapting approaches from external 

fields, I developed inducible Cas9, CRISPRa, and CRISPRi toolsets that could be applied to 

identify inaccessible phenotypes in P. falciparum. I envision the work described here will 

provide a framework for future genetic screens in Plasmodium, as well as aiding in the 

design of new vaccines and antimalarials, ultimately bringing us closer to eradicating 

malaria.  
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