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Abstract

Methods to Assess Presence and Biological Impact of Engineered Nanoparticles

Charlie Corredor

Chair of the Supervisory Committee:

Bryan T. McMinn Endowed Associate Professor Jonathan D. Posner

Department of Chemical Engineering

During the past two decades, the rates of development and production of engineered nanopar-

ticles (ENPs) have rapidly increased due to their potential applications in medicine, cosmet-

ics, energy, manufacturing, catalysis, food preservation, etc. However, the environmental

fate and transport of ENPs remains poorly understood. This is partly due to the lack of

accurate, simple and affordable methodologies for ENP detection and characterization. Sci-

entists developing the new generation of nanotech-enabled consumer products have little

information on the potential life cycle implications of their designs, leading to critical data

gaps regarding possible ENPs exposures and hazards (e.g., release rates, toxicity). The limi-

tation in our current knowledge about the safety of ENPs creates tremendous uncertainty for

industrial regulations and risk management. This dissertation presents a detailed description

of methodologies aimed to (1) determine the biological impacts of ENPs on cell membranes,

and (2) to screen for the presence of engineered nanoparticles in relevant complex biological

and environmental samples.

In the first method, we use electrophysiological measurements of ENPs in suspended lipid

bilayers to provide insights into the interactions of nanoparticles with cell membranes. The

platform probes the responses of the lipid bilayer membranes to functionalized multi-walled

carbon nanotubes, quantum dots, and a control organic compound, melittin, and shows

that ENPs disrupt lipid membranes, which induces significant transmembrane current fluxes.
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These findings suggest that ENPs can insert and traverse the lipid bilayer membrane, forming

transmembrane channels that allow the transport of ions.

In the second method, we demonstrate a colorimetric detection assay that assesses the sur-

face reactivity of ENPs, which can be used to detect the presence of nanoparticles in complex

matrices. Current detection techniques require expensive and complex analytical instrumen-

tation and are challenging to implement in biological fluids and environmental samples. This

work addresses an emerging need for methodologies to accurately and quickly assess the pres-

ence and reactivity of nanoparticles in commercial, environmental, and biological samples.

Our colorimetric assay can detect ENPs at parts per billion concentration levels by a direct

measure of the ENP surface reactivity. We show that we can detect particles extracted from

commercial products and show that our measurements correlate well with cellular toxicity

responses. The development of sensitive, simple, and affordable techniques to detect ENPs

in environmental and biological samples will ultimately aid in understanding the health risk

of ENPs exposure, design of safe nanoproducts, and advancement of nanomedicine.
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Research Goals. The primary goal of this dissertation is to develop and use methodologies

to assess for the presence and biological impacts of ENPs. To accomplish this goal, I ad-

dress the following objectives: (i) understand the mechanisms, physicochemical properties,

and conditions under which ENPs interact with suspended phospholipid membranes, (ii)

examine and extract quantitative values for the interaction of ENPs - lipid membranes that

captures the ion migration effect induced by particles of different shapes and size as well

as at particle mass concentrations, (iii) employ surface catalytic redox properties of ENPs

as a surrogate approach to develop a colorimetric detection platform that evaluates the

presence or absence of nanoparticles, (iv) determine the physicochemical properties of ENPs

(i.e., radii, surface coatings, compositions, etc) that enhance or impede the colorimetric

detection in biological and environmental relevant matrices, and (v) evaluate the potential

applicability of the colorimetric assay to detect nanoparticles extracted from commercial

products as well as the correlation of ENP surface catalytic measurements with toxicity

responses in bacterial systems.

Research Impact. Successful completion of this research resulted in the development of a

sensitive, simple, and affordable methodology to accurately assess the presence/absence of

ENPs as well as improve the understanding of biological impacts of ENPs in cell membranes.

The experimental observations presented in this dissertation aid in the future design and

commercialization of new portable methodologies for detecting ENPs in medical applications

(nanomedicine), quality control technology for ENP based commercial products, toxicological

studies, and sensing of ENPs in drinking waters and food products.
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Chapter 1

Introduction

1.1 Abstract

Engineered nanoparticles (ENPs) can be found in over 1800 commercial products. Cos-

metics, pharmaceuticals, sunscreens, energy storage devices, automobile catalysts, electron-

ics, and food packaging are only few examples of products containing nano-sized particles.

Generally, the goal of adding nanoparticles to consumer goods is to improve quality, increase

durability, and reduce the manufacturing cost. Multiple research groups are developing the

next generation of nanomaterials, but the environmental and human impact of these en-

gineered materials is still unknown. Current tools to characterize ENPs are complicated,

expensive, and do not work well with environmental or biological samples, which make the

assessment of nanoparticles a challenging task. It is necessary to evaluate the hazards con-

nected with the exposure of nano-sized materials and to understand the biological impacts

of ENPs to prevent future side effects associated with the use of these materials. To im-

prove the understanding of ENPs’ potential side effects, it is necessary to develop reliable,

sensitive, and accurate methodologies specific to nanoparticles properties using low-cost and

portable instrumentation. These tools will inform human exposures assessments, monitor
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ENPs in health-based research studies, and evaluate how these nanoparticles interact with

biological systems.

1.2 Background

In 1974, the word “nanotechnology” was first used by Norio Taniguchi when he described a

semiconductor process with nanometer precision.[1] Since then, the term nanotechnology has

been employed to describe the manipulation of matter on a near atomic scale to produce new

materials and structures. Approximately ten years later, nanotechnology obtained a refined

definition that refers to the fabrication, use, manipulation, control and characterization of

structures, devices, or materials with a least one dimension in the size range of 1 - 100

nanometers.[2, 3]

Nanomaterials include nanofilms and sheets (5 - 100 nm in one dimension), nanotubes and

wires (5 - 100 nm in two dimensions) and nanoparticles (5 - 100 nm in three dimensions).[4, 5,

6, 7, 8] Nanoparticles can occur naturally (e.g., ashes, soil particles, biomolecules–including

DNA with a diameter of around 2.5 nm, viruses (10 to 60 nm) and bacteria (30 nm to 10 µm),

desert sand, oil fumes, smog, and fumes originating from volcanic activity or forest fires), be

produced unintentionally from byproducts of human activities (e.g., diesel exhaust, paper

production, mining, industrial blast furnace emissions, and welding fumes), or be intention-

ally manufactured as engineered nanoparticles (ENPs) that are specifically designed and

deliberately synthesized by humans.[9] In this dissertation, the term ENPs will be used to

describe particles having a fine nanometric-dimension structure (e.g., 1 to 100 nm), synthe-

sized intentionally with an objective of potential commercial use and manufacturing. Figure

1.1 presents a brief summary of the permutations and combinations relating to different

types of nanoparticles and their potential applications.

Due to their size, nanoparticles show different physicochemical properties compared to

their respective bulk material. These include changes in optical properties, material strength,
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Figure 1.1: Schematic demonstrating the permutations and combinations relating the types
of nanoparticles to the end applications.[10] The inner core represents the three main classifi-
cations of nanoparticles. The next wheel shows possible production schemes of nanoparticles
and the outer wheel represents some potential applications of the different classes of nanopar-
ticles.

solubility, conductivity, thermal behavior, and catalytic activity.[4, 5, 11, 12] One of the most

significant properties of nanoparticles is the high surface-to-volume ratio compared to their

bulk counterparts.[13] Since most chemical reactions take place at the surface of a material;

the greater the surface for the same volume, the greater the number of catalytically active

sites.[14] These unique properties make ENPs a potential material to improve a large number

of existing consumer and industrial products.

During the past two decades, the development of ENPs have rapidly increased due to

their applications ranging from medicine, cosmetics, energy, manufacturing, catalysis, to

food preservation, as shown in Figure 1.2A.[15, 16, 17, 18, 19, 20, 21] Research and devel-

opment of nanoscale technologies is continuously growing and it is expected that by 2025

nanotechnology applications will affect nearly every type of manufactured product, creating

an industry of $2.6 trillion dollars.[22, 23, 24] Figure 1.2B shows the number of commercially

available nano-enabled products in the market as a function of time. As more nanoproducts

reach commercialization, there is a need to anticipate, understand, and manage both poten-
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tially positive and negative side effects that might result from ENPs’ consumption, exposure,

or resale.[25, 26, 10]

Figure 1.2: Nanotechnology applications by industrial sectors (A) [27] and number of nano-
enable commercial products available in the market as a function of time (B) [28].

At the global scale, people are increasingly exposed to ENPs. For example, as ENPs enter

drinking water supplies through contamination by upstream pollution sources might create

a direct risk to humans. Similarly, unintentional ENP exposure can be attained through the

use of nanomaterials in water remediation technologies (e.g.,TiO2 photocatalyst, zerovalent

iron reductants), diesel emission sources (e.g., cerium additives in fuel), food additives (e.g.,

silver as antibacterial, silica dioxide for texture), clothing (e.g., TiO2 for self cleaning, silver

as antibacterial), medical treatments (e.g., silica or gold for drug delivery, quantum dots or

iron for imaging, gold for biosensors, zinc or TiO2 for skin protection), industrial processes

(e.g., silica for polishing processes), unplan workplace exposure, among many other potential

applications.[29, 30, 31, 32, 33, 34, 35, 36, 37, 38] ENPs can also be introduced to humans in-

travenously (usually purposefully), and through inhalation, ingestion, or absorption through

the skin, as presented in Figure 1.3. Once the internalization of ENPs takes place, the blood

can transport them throughout the circulatory system due to their small size where they can

react or accumulate.[39] With the large number of nano-enabled technologies that will exist
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in the near future, the scientific community expects that humans will be exposed to ENPs

and recognizes the need to identify and manage potential hazards. As ENP production in-

creases governmental agencies are forced to rapid develop models to understand how ENPs

interact with biological systems – if we want to prevent future exposure risk.

Figure 1.3: Schematics of human body with potential pathways of ENPs exposure, affected
organs, and associated diseases.[40]

1.3 Motivation: Engineered Nanoparticles’ Environ-

mental and Health Risks

Due to the widespread use of ENPs, it is anticipated that nanoparticles will come into

contact with humans, in manufacturing facilities (i.e., the workplace) and from consumer

products.[15, 41, 42, 43, 44] Several research groups showed toxicological correlations between

particle physicochemical properties, such as size, shape, concentration, and capping agents,

5



also thier biological responses that led to cytotoxicity.[45, 46, 29] Although some studies

suggest that ENPs can impact a wide variety of biological platforms, the toxicity of ENPs

and their effects on human health, as well as their environmental fate and impact in water and

soil, is still widely unknown.[11] Recent reports show that different types of ENPs can cause

cytotoxicity, cross cellular layers, and accumulate in tissues.[43, 47, 48, 49, 50, 51, 52, 53]

Further toxicity studies showed that fullerenes, Al, and TiO2 ENPs create stress to a wide

range of aquatic organisms (e.g., Daphnia magna, zebra fish, large mouth bass) that lead

to mortality.[54, 55, 56, 57] Table 1.1 presents a brief summary of recent ENPs toxicity

investigations showing a wide range of nanomaterials interacting with biological systems,

creating stress, and ultimately mortality.

Table 1.1: Engineered nanoparticle toxicity studies showing that ENPs interact with biolog-
ical systems.

Study ENP Type Reference

In vitro cytotoxicity of oxide nanoparticles SiO2, Fe2O3, TiO2, ZnO, Ca3(PO4)2, CeO2, ZrO2 [47]

Tissue uptake of C60 C60 [58]

Cytotoxicity of quantum dots CdSe quantum dots [59, 60]

Transport of surface modified ENPs through cell membranes peptide and amino ENP [61]

Manufactured nanomaterials induce oxidative stress in the brain of bass C60 [54]

Daphnia magna mortality when exposed to ENPs C60, TiO2 [57]

Deleterious effect of nanoparticles in adult zebrafish Ag [62]

Phytotoxicity of alumina ENPs Al [56]

Even in cases where ENPs do not show any acute toxicity, questions regarding the long

term effects, bioaccumulation and the environmental impact remain unanswered.[4] Engi-

neered nanoparticles may also affect the toxicity of other substances, since natural nanoma-

terials are known to act as vectors to common contaminants.[63, 64] For example, Zhang et

al. showed that cadmium bioaccumulation, a common toxic pollutant, is enhanced in the

presence of TiO2 nanoparticles.[65] It is crucial that we begin to understand the behavior of

ENPs in biological systems and in environmental matrices, as well as their potential toxicity

to humans.

Studies have reported that nano-sized particles (but not their macro or micro counter-

parts) can accumulate in cells and aquatic organisms and lead to stress and mortality.[66,
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67, 61, 53, 47, 48, 68, 69, 70, 71] These results highlight the need for caution during the use

and disposal of such manufactured nanomaterials to prevent unintended health and environ-

mental impacts. ENPs present new challenges to understanding, predicting, and managing

potential health risks and environmental impacts. As materials with ENPs are being devel-

oped and put on the market, scientific data on the health effects is unavailable, which leads

to a lack of governmental and industrial regulations. The risk of a certain new nanomateri-

als should be evaluated with consideration for their application, use, and final disposal. For

instance, ENPs used in coatings could be virtually non-toxic due to their composition, size

and morphology, but large customer exposures, might create unintentional hazards.[72, 73]

The limitations in our current knowledge about the environmental fate and transport of

ENPs is partly due to the lack of simple and affordable methodology for their detection and

characterization in complex samples such as waste waters, lakes, oceans, foods, biological

fluids, and tissues.

1.4 Characterization Methodologies and Limitations

To determine if ENPs or products manufactured with nanotechnology have any potential

health or environmental effects (e.g., transport, fate, interaction with living organisms) a

number of physical and chemical parameters need to be determined. These include size and

shape, state of dispersion, dissolution, concentration, catalytic activity, surface area, surface

chemistry, among other physicochemical characteristics that can provide insights on potential

health and environmental risks.[74, 75] For example, size, shape and morphology are some

characteristics that correlate with cytotoxicity responses of ENPs, such as inflammation and

tissue perforation.[76, 77] However, the way in which ENPs interact with the organisms or the

environment depends mainly on the surface area, particle reactivity, and surface chemistry,

which determine the material’s dispersion and adsorption. This indicates that both physical
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and chemical characteristics of ENPs, as well as suspension media should be considered when

it comes to determining ENP handling and disposal.[54, 75]

Nanoparticles, when released to the environment and exposed to biological medium, un-

dergo physical and chemical transformations which further complicate detection, character-

ization, and risk assessment.[78, 79, 80] Analytical techniques to characterize ENPs include

microscopy, chromatography, centrifugation, mass or light spectroscopy, electrophoretic mo-

bility measurements, and thermo analysis.[41, 36, 81, 82, 83] However, many of these current

analytical methods require highly trained personnel to operate, expensive instrumentation,

and require time consuming sample preparation and fixation that may disturb the state of

particles as they existed in the environmental and biological samples. Furthermore, existing

techniques usually measure mass concentrations and/or sizes, rather than the unique prop-

erties (e.g., catalytic, optical, surface plasmon resonance, surface area) of ENPs that are

often engineered into products, and which regulators or scientist believe might have adverse

health or environmental impacts. Unlike dissolved inorganic and organic chemicals where a

wide spectrum of analytical techniques already exist (e.g., colorimetric detection assays to

mass spectroscopy), few tiered analytical strategies are established for ENPs.

From a consumer prospective, it would be desirable to read on the product’s label if a

certain product contains ENPs or if there are any ingredients in a nano-form, especially in

the case of food, pharmaceutical, cosmetic, or personal care products. In order to disclose

on the label of commercial products the presence of ENPs, we need to address the following:

(i) how to determine the presence of ENPs inside of an end product; (ii) how to measure

the external particle size (1 - 100nm); (iii) how to determine the number size distribution

in order to apply regulatory provisions and (iv) whether or not the particle interacts with

biological systems.[9, 72] Although insufficient information exists to predict the potential

risk associated with ENPs, the scientific community is working closely to develop platforms

and protocols for these sets of materials to prevent future exposure incidents.
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Currently, a major issue with nanometrology is that multiple nanomaterials are present

in natural systems but only few are ENPs.[84] As a result, being able to differentiate en-

gineered from natural occurring nanomaterials is a current issue that requires attention.

Analytical tools are not yet capable of distinguishing ENPs from other nano-sized mate-

rials at concentrations that are expected in environmental and biological matrices. ENPs

are relatively pure in their initial form at the time of manufacture and tend to have re-

producible characteristics and physicochemical properties, including particle number size

distributions, particle shape, and surface properties, that are relatively simple to measure.

However, when ENPs are exposed to environmental or biological relevant complex samples,

they undergo transformations, oxidation and reduction reactions, dissolution, precipitation,

adsorption and desorption, combustion, abrasion, and biotransformation. Studies have tried

to understand how nanomaterials change when they are released into the environment.[73]

However, a large number of investigations are only testing pristine solutions, using irrelevant

concentrations, rare nanomaterials that are only produced in small quantities, or employ-

ing experimental procedures that only apply for a specific setting. This creates confusion

and uncertainty among the scientific community and governmental agencies intending to

establish proper safety regulations.

A number of publications have described techniques suitable for characterizing ENPs

and they are summarized in Table 1.2.[85, 86, 87, 9] Inorganic nanomaterials, such as silver,

gold, and silica nanoparticles, have the most established detection techniques. For detec-

tion purposes, numerous techniques such as flame atomic absorption spectroscopy (AAS),

surface plasmon resonance (SPR), and inductively coupled plasma technology coupled with

either mass spectrometry (ICPMS), atomic emission spectroscopy (AES), or optical emission

spectroscopy (OES) may be used. Alternatively, to examine if nanomaterials have changed

shape or have modified porosity, then electron microscopy (EM) is advantageous. Finally,

if modifications to the core material concentration or surface chemistry needs to addressed,

then other, more specific techniques are required. Unfortunately, these analytical methods
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require that ENPs be extracted from their native environment, or that the environment be

digested, destroyed, or critically altered so that the ENP is in a state that can be measured.

This introduces two issues that can compromise the value of these analytical results. Sample

preparation methods, such as alkaline digestion for nanoscale particles and matrices, are

generally not standardized across laboratories.[81] Comparing analytical results from one

laboratory to another should be done with caution. Little is known about how the various

sample preparation techniques affect acquired data on ENP characteristics.[9] It is difficult

to know whether the collected data provides a realistic representation of ENPs in their na-

tive environments or if the technique affected the outcome, which further misleads data

interpretation for determining the effects of these materials to humans and the environment.

Table 1.2: List of the physicochemical parameters and analytical techniques to characterized
ENPs.[85, 86, 87, 9]

Parameter Analytical Technique

Chemical composition UV -Vis, HPLC, GC/LC -MS, AAS, ICP-MS, FTIR, NMR, XRD

Particle size and size distribution HPLC, AUC, CPS, TEM, SEM, AFM, DLS, DMA, and centrifugation

Morphology: shape, surface area, topology, crystallinity, porosity AFM, TEM, SEM, NMR, XRD, BET

Surface chemistry: charge, coating, functionalization, catalytic activity LDE, SPM, XPS, MS, RS, FTIR, NMR, AUC, GE, SPM, LDE, SERS

Redox potential Potentiometric methods, X-ray absorption spectroscopy

Stability MS, HPLC, DLS, FTIR, NMR

UV absorption (extinction coefficient), light reflection UV-Vis

Despite the existence of many analytical methods for ENPs, no single method is capable

of fully characterizing all ENPs, especially in biological and environmental samples. Thus,

it is necessary to develop sample collection/ handling protocols, as well as new methods or

combinations of existing analytical methods in order to obtain conclusive results. The lack

of suitable analytical methods is severely limiting the ability to link toxicological, transfor-

mational, migrational, and exposure-related studies to the ultimate effects of ENPs in the

systems being studied.
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Chapter 2

Interactions of Engineered

Nanoparticles with Artificial Cell

Membranes

2.1 Abstract

In this chapter, we probe the responses of planar suspended lipid bilayer membranes,

used as model cell membranes, to functionalized multi-walled carbon nanotubes (MWCNT),

CdSe/ZnS quantum dots, and a control organic compound, melittin, using an electrophys-

iological measurement platform. An electrophysiological methodology that measure ENP-

induced ion leakage through suspended lipid bilayers can provide unique insights into the

lipid bilayer-ENPs interactions as well as to understand the mechanisms and conditions un-

der which ENPs can cause disruption of, and/or passive transport through, cell membranes.

Measurements show that ENPs in a concentration range of 1.6 to 12 ppm (µg/mL) disrupt

lipid membranes by inducing significant transmembrane current fluxes. Suggesting that

ENPs can insert and traverse the lipid bilayer membrane, forming transmembrane channels
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that allow the transport of ions. This chapter demonstrates a direct measurement of ion

migration across lipid bilayers induced by ENPs.

2.2 Background

Understanding the dynamic processes at the interface between biological membranes and

ENPs is still in its nascent stages.[88] Interactions of ENPs at the biological interface may

aid in the understanding of potential toxicity, design of safe nanoproducts, and advancement

of nanomedicine.[88, 89]

Lipid bilayers, which mimic the natural fluidity and permeability of cellular membranes,

constitute a continuous barrier between cells and their environment.[90, 91] The contact

of engineered nanoparticles with lipid bilayers is important because it is one of the first

steps towards subsequent biological effects. Our review study and previous work have at-

tempted to elucidate ENPs’ effect on lipid membrane integrity and their relevancy to cell-

ENP interaction.[48] Leroueil et al. used atomic force microscopy on a supported lipid bilayer

to detect pore formation and thinning of lipid membranes by the exposure of cationic engi-

neered nanoparticles.[92] Each cationic particle presented in their work, despite the shape,

chemical composition, size, deformability, or charge density, disrupted the lipid membranes

integrity by forming holes in the membrane. Similarly, Goodman et al. showed that pos-

itively charged gold nanoparticles (2 nm) increase the permeability of cell membranes and

lipid vesicles (i.e., liposomes) more than anionic gold nanoparticles.[93] In a similar fashion,

we have detected leakage from 100 nm unilamellar liposomes, via fluorescence spectroscopy,

upon their exposure to 10 nm metal and metal oxide ENPs with different surface function-

alities, at concentrations down to 30 ppb.[49] We found that liposome leakage increases with

the ENPs’ number density. Our data shows that leakage is mediated by electrostatic interac-

tions that are primarily governed by the ENP surface functional groups and is not dependent

on the particle core composition. We found that, on average, only one particle per liposome
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is required to disrupt membranes. We examined the lipid bilayer-water distribution of func-

tionalized gold, C60, and fullerene ENPs with the aim of developing quantitative methods

that can be used to predict the bioaccumulation, ecotoxicology (e.g., aquatic environments),

transport, and fate of these materials.[50, 51] This work showed that the adsorption of ENP

to bilayers is also largely governed by electrostatic forces.

Carbon nanotubes (CNTs) production and usage is rapidly growing.[94] There is concern

over carbonaceous nanomaterial’s toxicity and fate in the environment due to their use in

biomedicine, nanocomposites, and energy conversion.[52] Previous studies have shown that

CNTs can exert toxic effects on cells such as oxidative stress, inflammation, inhibition of cell

growth and activity, etc.[91, 95, 96, 97] Recent works by Semberova et al. and De Paoli et al.

have shown that CNTs induced aggregation of blood platelets as well as provoked an influx

of extracellular ions through cell membranes.[98, 99] These studies demonstrated the ability

of CNTs to penetrate plasma membranes without noticeable membrane damage. Similarly,

Kang et al. showed a direct correlation between physicochemical modifications of CNTs

and cytotoxic effect that this carbonaceous nanomaterial has in Escherichia coli. [100] This

work showed a higher toxic effect in bacterial systems when the nanotubes are uncapped,

debundled, short in length, and well dispersed in media. Collectively, these studies suggest

that CNTs compromise cellular membranes and induce leakage of intracellular contents or

influx of extracellular materials. Molecular simulation studies also indicate that CNTs can

penetrate lipid bilayer [101] and transport water, biomolecules as well as ions by creating

artificial biomembrane channels.[102, 103, 104, 105] However, there is no experimental evi-

dence that CNTs can disrupt lipid bilayers and modulate a bilayers natural resistance to the

flux of ions and molecules.

Electrophysiological measurements, such as patch clamp techniques, are capable of quan-

tifying small electrical currents passing through cellular membranes as well as suspended

planar lipid bilayers. The great sensitivity of electrophysiological measurements in detecting

current fluctuations on the order of picoamperes (pA) across the perturbed membranes have
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made these techniques widely employed to monitor the formation of ion channels,[106, 107]

to measure the fusion of lipid membranes via single-channel recordings,[108] and to study

electroporation.[109] These techniques have also been used to probe the interaction of ENP

with cells and lipid bilayers. Chen et al. reported that a range of cationic polymer nanoparti-

cles induced current fluxes across living human cell membranes and estimated the formation

of nanoscale hole defects ranging from 3 to 20 nm.[110] Ramachandran et al. and our group

have shown that water-soluble CdSe/ZnS quantum dots (QD) induce current flux across

planar lipid bilayer membranes (pBLMs), which are protein free phospholipid bilayers sus-

pended across a ∼150 µm diameter aperture.[111, 112] We correlated the current fluctuations

induced by QDs adsorption on pBLMs with fluorescent microscopy.[112] Our measurements

showed that electrical fluctuations occur when QDs adsorb and aggregate on fluid lipid bi-

layers. This work suggests that QD aggregates form nanoscale pore defects (∼2 nm), which

allow the passage of ions. However, there was not experimental evidence on how ENPs’

concentration affects lipid membrane disruption and quantification methods that describe

this interaction. More recently, de Planque et al.. used electrophysiological measurements

to evaluate the ENP disruption of lipid membranes on suspended planar lipid bilayers that

are formed by bringing two monolayer lipid microdroplets into contact within a microflu-

idic channel.[113] All these prior studies collectively demonstrate that there are significant

ENP-lipid bilayer interactions (e.g., adsorption, disruption, etc.) and suggest that these

interactions may be indicative of cellular responses to ENPs and toxicity effects.

In this chapter, we report on the interaction of functionalized multi-walled carbon nan-

otubes (MWCNTs) with 1,2-dioleyl-sn-3-phosphatidylcholine (DOPC) lipid bilayers as model

cell membranes using electrophysiological measurements on pBLM. We focus on MWCNTs,

because they are carbonaceous ENPs with the highest volume manufacturing worldwide

with an estimate production rate of 3400 ton/yr.[94] In this work, we use carboxyl func-

tionalized MWCNTs, which have been characterized in a wide range of toxicity assays as

part of the NIEHS NANO-GO consortium.[114, 115] Here, we compare the lipid bilayer dis-
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ruption behavior of MWCNTs with that of QDs, and melittin, a well-known pore-forming

peptide.[116, 117, 118] We quantify the current flux events resulting from lipid bilayer-ENP

interactions by calculating the fractional event interaction (FEI) and average conductance

as a function of multiple ENPs’ concentrations. The results show that the MWCNT dis-

rupt the bilayer in a different mechanism than melittin and QDs, which require aggregate

complexes to cause leakage. Our data suggest that MWCNTs insert and traverse the lipid

bilayer membrane, forming transmembrane carbon nanotubes channels that transport ions.

Current fluxes patterns, FEI, and average conductance calculations of ENPs are used to shed

light on the possible interaction mechanism of lipid membrane disruptions.

2.3 Experimental Methodology

2.3.1 Materials and Methods

We examined the interactions of ENPs with suspended planar lipid bilayers using elec-

trophysiological measurements. We used functionalized carboxyl MWCNTs obtained as a

consortium material from NIEHS NANO-GO where their fabrication and characterization

have been documented in a previous reports.[114, 115] MWCNTs have a reported outer di-

ameter of 20-25 nm, an inner diameter of 5-10 nm, and a length of 10-30 µm, as confirmed

by TEM, shown in Figure.2.1. The MWCNTs have a reported purity greater than 99%

by weight as carbon nanotubes with no metal catalyst impurity measured by thermogravi-

metric analyses.[115] The carboxyl functionalized MWCNT stock solution was prepared by

dispersing dry powder (10 mg/10 mL) in ultrapure water (18.3 MΩ-cm, Nanopure) followed

by mild sonication for 1 h (40 Hz, 2510DTH Branson, Ultrasonic Corp., Danbury, CT).

We compared the MWCNT results with carboxyl CdSe/ZnS QDs (Q21341MP - Invitrogen,

Eugene, OR) and melittin (CAS: 20449-79-0 Sigma Aldrich St. Louis, MO), a peptide well

known to disrupt lipid membranes. We dissolved 5 mg/mL of the dry melittin powder in 20

mM N-(2-hydroxyethyl)piperazine-N’-(2-ethanesulfonic acid) (HEPES) buffer (CAS: 7365-
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45-9 Sigma Aldrich St. Louis, MO) at pH = 7.4 and kept frozen at -20◦C. The melittin

sample was thawed at 23◦C prior to use.

Figure 2.1: Transmission electron micrograph of multiwall carbon nanotubes suspended in
20 mM HEPES at 20 ppm concentration.

Our suspended lipid bilayers were constituted by 1,2-dioleyl-sn-3-phosphatidylcholine

(DOPC) lipids (CAS: 4235-95-4 Avanti Polar Lipids, Alabaster, AL). 20 mM HEPES and

20 mM KCl at pH = 7.4 were used in all experiments, prepared using purified water (Milli-

Q Advantage A10 system, Millipore Corp., Billerica, MA). We chose this electrolyte to

keep the electrophysiological measurement signal-to-noise ratio as large as possible (i.e.,

higher conductivity results in larger signal-to-noise) without sacrificing particle stability (i.e.,

aggregation due to reduction in electric double layer thickness or surface charge). We did not

use any surfactants or dispersion stabilizing chemicals so as to avoid any other perturbation

of the suspended lipid membrane.

We measured the hydrodynamic size and zeta potential of the particles and lipids mem-

branes using dynamic light scattering (DLS) (NICOMP 380 ZLS, Particle Sizing Systems,

Santa Barbara, CA) over a 60 min time period, during which typical interaction experiments

were performed. The relationship between the size of particles and their Brownian motion
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is described by the Stokes-Einstein equation.[119] The zeta potentials of particles influence

their electrophoretic mobility, as describe by the Henry equation and the Smoluchowski

approximation.[120] DOPC lipids zeta potential were measured using liposomes that were

prepared using the extrusion method.[121] Briefly, dry DOPC lipid powder was dissolved in

chloroform and then dried with N2. The resulting lipid film was hydrated with the same

buffer electrolyte solution (20 mM HEPES with 20 mM KCl) under vortex mixing to form

multilamellar liposome suspensions. The suspensions were passed through polycarbonate

membrane filters with a pore size of 100 nm using a commercial extruder (LIPEX, Northern

Lipids Inc., BC, Canada) 11 times to obtain ∼100 nm unilamellar liposomes.

2.3.2 Electrophysiological Measurement Platform

We examined the interactions of ENPs with suspended lipid bilayer membranes using elec-

trophysiological measurements by continuously monitoring the current across the suspended

pBLM (Figure.2.2). 3 ml polystyrene reservoirs (i.e., cis and trans) (Warner Instruments

LLC., Hamden, CT) are separated by a 150 µm diameter aperture over which the lipid

bilayer is suspended. The reservoir chamber is mounted in a Faraday cage on a vibration

isolation table to achieve optimal shielding from spurious electromagnetic radiation and re-

duction of mechanical noise. A low-noise extracellular patch clamp amplifier (EPC8, HEKA

Instruments Inc., Bellmore, NY) with Ag/AgCl electrodes immersed into each reservoir mea-

sured the current that migrates across the bilayer. The current passing through the bilayer is

amplified, filtered with a low-pass, 8-pole Bessel filter at 1 kHz, sampled at 10 kHz (National

Instrument, PCIe-6251 DAQ board), recorded using a custom LabView script, and processed

with an in-house Matlab code (refer to Appendix). A positive ion migration flux from the

cis to the trans compartment is measured as positive current. All experiments presented in

this paper were conducted at 20◦C.

The suspended lipid bilayer was painted across the 150 µm aperture using the conven-

tional Montal-Mueller technique.[122] First, a DOPC (0.4 mL at 10 mg/mL) solution in
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Figure 2.2: Schematic of the experimental setup for electrophysiological measurements on
pBLM. The ion migration across the bilayer is monitored using a low-noise amplifier and
Ag/AgCl electrodes. A lipid bilayer is suspended across a 150 µm polystyrene aperture that
separates the cis and trans well. ENPs (shown here as MWCNT) are added to the cis-well
and disrupt the bilayer and results in an increase in the measured electrical current.

chloroform was placed in a test tube and dried by a gentle stream of pure N2 gas and left

in a desiccator overnight. The dry lipid film was reconstituted in 1 mL of decane. The

DOPC lipid solution was freshly prepared immediately prior to every use to minimize po-

tential variability in the lipid membrane permeability. Next, we primed the 150 µm aperture

with a small quantity of lipids prior to adding electrolyte. Then 3 mL HEPES-KCl buffer

electrolyte was added to each reservoir in an effort to minimize the differential hydrostatic

pressure across the reservoirs. We painted the membrane by immersing a pipette in the

DOPC lipid solution and gently spreading it on the working aperture using the Montal-

Mueller technique.[122] A true bilayer exhibits a high resistance of ∼10 GΩ and the ability

to be ruptured with a voltage pulse.[111, 112, 123] We examined the existence of proper

pBLM by applying a 500 mV voltage pulse to rupture the bilayer. This experimental step

is repeated three times to confirm of a proper bilayer membrane formation before initiating

experiments by adding nanoparticles to the cis reservoir. For the case of MWCNTs experi-

ments, we mixed the particle suspension in situ with a stirring bar for 5 s prior to recording
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the current flux, which is a standard practice in pBLM measurements when studying ion

channels.[117, 124, 125]

We performed experiments to ensure that adsorption of the particles to the bilayer and

subsequent disruption was not induced by the applied electric field. In some experiments we

reversed the field and still measured similar disruptions. We conducted experiments where

the applied voltage was set to zero for several minutes to allow the particles to interact.

When turning the voltage back up to 100 mV we observed electrical currents that were

consistent with the time that had transpired with the amplifier off. These experiments

provide confidence that the electric field generated by the amplifier does not significantly

contribute the observed ENP interaction with the bilayer.

2.3.3 Transmission Electron Microscopy

TEM images of MWCNTs were obtained using a TF20 transmission electron microscope

(TEM) (FEI) with a 200 kV accelerating voltage and a CCD camera (Gatan, Inc, CA) with a

chip that was cooled to 25.6◦C. A 400 mesh C-flatTM Holey Carbon Grid (Protochips, Inc.,

NC) that was firstly glow discharged for 20 sec at 20 mA with Pelco Easiglow Glow Discharge

Cleaning System (Ted Pella, Inc., CA). TEM samples were prepared by drop casting ∼5 µL

aliquot of MWCNT suspended in 20 mM HEPES and 20 mM KCl that was added onto a

grid at a concentration of 10 ppm, followed by solution removal with Whatman filter paper

after 2 min of exposure.

2.4 Results and Discussion

2.4.1 Lipid bilayer and ENPs Characterization

We measured the zeta potential and particle sizes every 15 minutes for a total time of

60 min period. Over this time, the measured size and charge remained relatively constant,

suggesting that the particles do not aggregate in HEPES-KCl buffer (pH 7.4, 20 mM).
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Hydrodynamic sizes and zeta potentials of particles are reported herein as means of triplicate

measurements. The MWCNTs had an average hydrodynamic diameter of 112.0 ± 0.46 nm

(one standard deviation) and an average zeta potential of -16.0 ± 0.7 mV. Although the

use of DLS is not appropriate for non-spherical particles or for long-aspect ratio materials,

we obtained semi-quantative data to show the lack of aggregation in our buffer solution.

This measured size correlates with the size revealed by TEM micrographs of MWCNTs

(Figure.2.1). The QDs had an average hydrodynamic diameter of 12.7 ± 0.79 nm and an

average zeta potential of -9.8 ± 1.1 mV. The melittin and DOPC lipids revealed an average

zeta potential of 13.4 ± 1.1 and -12.1 ± 1.5 mV, respectively (Table2.1)

Table 2.1: Zeta potential of nanoparticles and lipid bilayers used in the study. The solution
chemistry is the same as that used in the electrophysiological measurements (i.e., pH = 7.4,
20 mM HEPES and 20 mM KCl).

Materials Zeta potential (mV)

MWCNTs -16.0 ± 0.7

QDs -9.8 ± 1.1

Melittin 13.4 ± 1.1

DOPC lipid bilayer -12.1 ± 1.5

2.4.2 Lipid Bilayer and ENPs Interactions

A set of representative nanoparticle and suspended lipid bilayer interactions are shown

on Figure.2.3. In the absence of nanoparticles (Figure.2.3A), the current passing through the

lipid bilayer was very low at ∼8 pA at an applied voltage of 100 mV and remained steady

for a period of ∼600 s. The lipid membrane created a good ion flux seal with a resistance of

∼8 GΩ, as measured by applying a ramp voltage and determining the slope of the resulting

current-voltage curve. The low bilayer current flux is consistent with the fact that bilayers

serve as an effective barrier to the flux of ions as shown in prior studies.[111, 112, 113] The

low current flux and the ability of facile disruption after the application of a 500 mV voltage

pulse confirms the formation of a suspended lipid bilayer. Our bilayers were typically stable
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for ∼20 h. To the right of Figure.2.3A, we report normalized histograms of current flux

events.

Figure 2.3: Current-time traces of DOPC lipid bilayers at pH = 7.4 (20 mM HEPES and 20
mM KCl) and normalized current histograms with (A) Absence of nanoparticles; (B) melit-
tin, a well-known pore forming peptide on lipid bilayers, at 6 ppm; (C) carboxyl quantum
dots at 6 ppm; (D) functionalized multi-walled carbon nanotubes at 6 ppm.

The normalized histograms are discrete estimates of probability density functions defined

as,

Hj =
Nj

ΣjNj

(2.1)

where Nj is number of events in bin j at a given current. Figure.2.3A displays a single peak

spanning from 4.5 to 10.5 pA and a mean of 8 pA, which represents the baseline current due

to the intrinsic ion permeability of the lipid bilayer and instrument noise under the applied

electric field.

Figure.2.3B shows the current flux across the suspended lipid bilayer induced by 6 ppm

melittin, our reference organic compound that is well know to generate pores in lipid mem-

branes. After 10s of melittin exposure, we observe an initial sharp current burst (∼50 pA)
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that lasts for 90 ms. Next, a current step of ∼80 pA occurred at 83.5 s that lasts for ∼300

ms. The current bursts became more intense and frequent, eventually resulting in total

membrane failure after 600 s. This disruption of the membrane was consistently observed at

all studied concentrations, shown in Figure.2.4A and B. The histogram shows a distinctive

current peak at 147 pA or 1.47 nS, corresponding to the multiple bursts shown in the inset

on Figure.2.3B. The spontaneous formation and temporal instability of the current signa-

tures are thought to be influenced by the peptide’s Brownian motion. These results are

consistent with previous studies that also reported burst-like current traces due to defined

nanopores formed from four or more melittin molecules.[117, 124] Melittin incorporates into

lipid membranes and induces sporadic disruption and current signals (i.e., pore formation)

due to Brownian rearrangement and conformational changes of the peptides in the membrane

association.

Upon the addition of carboxyl QDs at 6 ppm we observe similar current-time traces to

melittin, as shown in Figure 2.3C. Initially, the current flux remained steady at the baseline

level, similar to what is observed in the control and melittin experiments, suggesting that

there is no interaction of the QDs with the bilayer. A first set of current bursts is later

observed at 500 s with an event time duration of ∼200 ms and maximum current amplitude

of 40 pA. The current bursts in the presence of QDs occur intermittently with peak currents

varying from 10 to 105 pA. 210 s after the first interaction event, we observe larger and more

frequent current fluctuations at amplitudes between 15 to 105 pA with an average current

of 60 pA. The QDs do not cause a complete lipid bilayer failure at this concentration or

at 60 ppm (see Figure 2.4C). The histogram of Figure 2.3C presents a broadened primary

peak at 7 pA and a second broad peak centered at 60 pA. The primary peak at 7 pA,

which represents the baseline signal, has an extended tail into higher currents because of low

magnitude current spikes induced by QDs. The secondary peak in the histogram at 60 pA

or 0.6 nS represents an increase in the membranes permeability due to QDs. These current

fluctuations have been attributed to the oligomeric aggregation of QDs onto the bilayer that
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Figure 2.4: Representative current traces with DOPC lipid bilayers at pH = 7.4 (20 mM
HEPES and 20 mM KCl). (A) melittin at 0.06 ppm and (B) 12 ppm; (C) carboxyl quantum
dots at 60 ppm; (D) functionalized multi-walled carbon nanotubes at 1.6 ppm and (E) 12
ppm.

creates nanopore defects on the lipid bilayer, through which ion transport occurs.[111, 112]

We previously showed that QDs aggregate on membranes and diffuse freely allowing the

passage of ions.[112] This current signature of QDs is similar to melittin, which suggests

that they too require an aggregate of particles to induce ion leakage. Spherical, carboxyl

polymeric nanoparticles have also been shown to create pores on supported lipid bilayers.[126]

The sporadic current bursts in the data suggest that the defects induced by QDs open and

close intermittently, similar to melittin.

Figure 2.3D reports the current flux across the suspended lipid bilayer induced by MWC-

NTs at 6 ppm. In contrast to melittin and QDs, MWCNTs interacted with the suspended
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lipid membrane more rapidly (typically within ∼5 s) and in a stepwise manner. MWCNTs

induced a rapid increase in trans-membrane current of ∼50 pA followed by a short plateau

lasting for 4 s. We then observe a drastic escalation of current to 950 pA during an 11 s

time lapse. The current then remained constant for 20 s and then rapidly increased to 1200

pA. The current flux increased in steps, with each step possessing a different magnitude.

For example, the first current step was at 50 pA followed by 950, 1200, 1400, 1800, 2150,

and 3200 pA. Eventually, the current flux reached 3650 pA and then a complete lipid bilayer

failure occurred after 600 s of exposure. The normalized histogram shows multiple current

peaks ranging from 26 pA to 3650 pA (0.26 nS to 36.5 nS) corresponding to the current

steps recorded in Figure 2.3D. We observe similar behavior at lower (1.6 ppm) and higher

(12 ppm) MWCNT concentrations as shown in Figure 2.4D and E.

We believe that melittin and QDs disrupt the bilayer by similar mechanisms. They

both show sporadic current spikes and both require several particles/molecules assembled

to generate leakage. In contrast, MWCNTs show step-like currents that increase with time,

suggesting that a different mechanism may be at work. We hypothesize that MWCNTs insert

and traverse the lipid bilayer membrane, forming transmembrane channels that transport

ions through the tubes core, as shown in Figure 2.5. The current steps increase as individual

nanotubes span the bilayer, creating additional channels for ion transport.

Figure 2.5: Schematic showing some potential ENP interactions with suspended lipid mem-
branes in the form of melittin (A), quantum dots (B), and multi-wall carbon nanotubes
(C). The small blue dots emanating from the pores represent the leakage of molecules or
organelles across the lipid bilayer.

Our hypothesis is supported by previous experimental and computational studies which

have shown than CNTs can insert into or passively diffuse (i.e., endocytosis independent)
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across cell membranes.[103, 101, 97] These molecular dynamic simulations show that the

insertion of CNTs into a biomembrane can occur in a spontaneous fashion. The CNT - lipid

mechanism involves a two-step process, first the tubular particle adheres onto the membrane

surface, and then reorients to adopt a transmembrane configuration. In a similar fashion,

ions in an electrolyte have been shown to electromigrate through cores of CNT,[104, 127, 128]

suggesting that our observed current flux may be made up of ions electromigrating through

the core of CNTs that are inserted and span the suspended lipid bilayer. Lee et al. and

Choi et al. measured ion transport through cores of CNT embedded within resins, which

strongly supports our hypothesis.[129, 130] They showed that current flux through the cores

occurred with quantized current steps with stark similarity to our measurements shown in

Figure 2.3D and Figure 2.4D and E. A definitive investigation of the mechanism in causing

the bilayer current flux is ongoing work in our lab.

2.4.3 Quantification of ENP - Lipid Bilayer Interactions

Our results suggest that different particles can induce significantly different current sig-

natures (e.g., time to create a disturbance, current level, current burst length, etc) which

presents a challenge to quantitatively compare their interaction with the bilayer. Because the

leakage caused by the ENP is a dynamic phenomenon, there are not obvious single-valued

quantitative measures that can be used to assess the relative potential for ENP to disrupt

a bilayer. Historically, current-time traces and histograms have been used to quantify elec-

trophysiology measurements, yet these measures do not lend themselves well to comparison

with varying particle properties or concentration. Here, we provide single-value, quantitative

measures that can be potentially used to compare ENP against each other and other toxicity

assays.

In this chapter, we present the average conductance and the fraction event interaction

(FEI) measure. The average conductance represents the average magnitude of all the lipid

bilayer - nanoparticle interaction events integrated over a current-time trace plot, excluding
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the background noise events at I < 10 pA, which corresponds to ∼2 standards deviation

from the mean current background noise. The FEI describes the fraction of time the bilayer

is disrupted, defined as,

FEI =
∞∑

j=jnoise

Nj∑
j Nj

(2.2)

where jnoise is the bin associated with the background noise current at I = 10 pA. This is

equal to the area under the normalized histograms (e.g., Figure 2.3) excluding the area under

the curves due to background nose, I = 0 - 10 pA. The FEI is a measure of the fraction of

time (0 - 1) that the particles disrupt the bilayer significantly from the background levels.

A larger FEI for a particular particle indicates that the lipid membrane spends more time

interacting over the recorded experiment duration. The average conductance and FEI values

reported are averages of triplicate experiments at a fixed ENP mass concentration.

Figure 2.6 compares the fractional event interaction (FEI) of MWCNTs, QDs and melittin

at several mass concentrations. The FEI increases with ENP number density (number of par-

ticles / per volume). Number density should directly correlate with the particle-membrane

collision frequency, which should result in greater nanoparticle adsorption and subsequent

leakage. Figure 2.7 shows the average conductance across the bilayer. The MWCNTs in-

duced the largest average conductance ranging from 0.5 to 3.3 nS for mass concentrations

of 1.6 to 12 ppm, respectively. QDs exhibited the lowest average conductance, which ranged

from 0.20 to 0.45 nS for mass concentration of 6 to 60 ppm. We calculated the number den-

sity of the particles at 12 ppm as 2.5 E15, 2 E10, and 1.3 E12 ml−1 for the melittin, MWCNT,

and QDs, respectively. These results show that MWCNT exhibit stronger interactions with

the bilayer with less than two orders of magnitude number density, consistent with the ar-

gument that the tube’s interaction with the bilayer are distinct from the spherical particles

and melittin.

Collectively, the average conductance and FEI measures show that the membrane disrup-

tion increases with mass concentration. The dose dependency can be attributed to a larger

26



Figure 2.6: Fractional event interaction of QD, MWCNT, and melittin with DOPC lipid
bilayers at pH = 7.4 (20 mM HEPES and 20 mM KCl) at several nanoparticle concentrations.
The fraction event interaction is a quantitative measure of the fraction of time that the
nanomaterials disrupt the bilayer. The FEI increases with concentration and varies with
particle composition and shape.

number of particles present, which results in a greater probability of particle contact with the

lipid membrane. Although the average conductance and FEI combined allow a quantitative

analysis that captures the average interaction behavior of nanoparticle and lipid bilayers, it

does not reflect the specific interaction patterns (i.e., sporadic spikes versus stepwise current

increase) and the eventual breakdown of lipid bilayer, which varies from particle to particle

and can only be observed in the current-time traces. Thus, for a comprehensive and unbiased

assessment of lipid bilayer-nanoparticle interactions, an analysis including the three pieces

of information may be necessary.

2.5 Summary

In this chapter we report a direct measurement of ion migration across lipid bilayers in-

duced by CNTs. Our results suggest that the distinctive current flux behavior for MWCNTs
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Figure 2.7: Average conductance induced by QD, MWCNT, and melittin on DOPC lipid
bilayers at pH = 7.4 (20 mM HEPES and 20 mM KCl) at several particle mass concentrations.
The average conductance is calculated excluding the background signal.

may be attributed to ions electromigrating through the core of CNTs that are inserted and

span into the suspended lipid bilayer. Electrophysiological measurements enabled monitoring

of ENP-lipid bilayer interaction dynamics in real time with millisecond temporal sensitivity.

The diverse set of current traces suggests that the mode of bilayer disruption is dependent on

the shape and concentration of particles. Furthermore, we presented a quantitative analysis

(e.g., FEI and average conductance) of the interaction of ENPs-lipid membranes that cap-

tures the ion migration effect induced by particle shape, size and concentration. Given that

cellular membrane disruption is one of the potential mechanisms leading to nanotoxicity,

probing the lipid bilayer disruption may provide insight into the nontoxicity mechanisms as

well as a potential predictor of cytotoxicity studies for preliminarily screening of ENPs.
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Chapter 3

Colorimetric Assay to Detect

Engineered Nanoparticles (CADE)

Catalytic Reactivity

3.1 Abstract

There is a need for new methodologies to quickly assess the presence and reactivity of

engineered nanoparticles (ENPs) in commercial, environmental, and biological samples since

current detection techniques require expensive and complex analytical instrumentation. In

this chapter, we investigate a sensitive, simple and portable colorimetric assay that assesses

the surface reactivity of ENPs in complex matrices (e.g., environmental waters, serum, urine,

and in dissolved organic matter) at concentration levels as low as part per billion (ppb) or

ng/mL . Surface redox reactivity is a key emerging property related to potential toxicity

of ENPs with living cells, and is used in our assays as a key surrogate property for the

presence of ENPs and a first tier analytical strategy towards assessing nanoparticle exposures.

We detect a wide range of metal (e.g., Ag and Au) and oxide (e.g., CeO2, SiO2, VO2)

ENPs with a diameter range of 5 to 400 nm and multiple capping agents (tannic acid
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(TA), polyvinylpyrrolidone (PVP), branched polyethyleneimine (BPEI), polyethylene glycol

(PEG)), ENPs extracted from commercial products, and correlate the surface reactivity

of particles with potential biological effects (e.g., bacterial cytotoxicity). This method is

sufficiently sensitive (ppb levels) to measure concentrations typically used in toxicological

studies, and uses inexpensive, commercially available reagents.

3.2 Background

In this chapter, we report a colorimetric assay to detect engineered nanoparticles (CADE)

that can be used to screen for ENP catalytic surface activity in biological and environmental

relevant samples. Surface reactivity of nanoparticles is a key emerging property related to

potential toxicity of materials with living organisms. We leverage the surface catalytic redox

properties of ENPs to provide a simple colorimetric detection assay. Potential applications

of the catalytic CADE assay are: (i) monitoring known nanoparticles in complex media over

time during lab or field studies, (ii) industrial hygiene settings where known nanoparticles

are being used, and (iii) screening for the presence of unknown surface reactive nanomaterials

that would be complimented later by more advanced analytical techniques for identification.

Figure 3.1 shows a schematic representation of the catalytic electron transfer mechanism

between an organic dye, methylene blue (MB), and a reducing agent, sodium borohydride

(BH4), in the presence of ENPs. When ENPs are introduced to MB – BH4 solution, they serve

as a catalyst for reducing the dye - reductant agent pair by promoting the electron transfer

between the reductant and dye. Multiple studies report the mechanism on how nanoscale

metals (but not their bulk counterparts) are catalytically active due to the reduction of

their redox potential. [131, 132] The literature suggests that the redox potential of ENPs

needs to be found between the redox potential of MB and BH4 for it to act as a catalyst,

since these reduction reactions are thermodynamically, but not kinetically, favorable.[133,
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134, 135, 136] In this case, nanoparticles serve as an electron relay in the redox reaction

to transfer the electron from the donor (BH4) to the acceptor (MB).[137, 138] Reducing

the dye from its oxidized state to its reduced state results in a color change from blue

(oxidized state) to colorless (reduced state) due to a change in absorbance properties between

the oxidized and reduced dye molecules. We plan to employ the unique surface catalytic

properties of ENPs as a detection approach, demonstrating its validity across a range of

ENPs compositions, surface coatings, and environmental/biological relevant fluids. CADE

assay only requires a reducing agent and an organic dye for detection. Addition of ENPs

to the dye-reductant solution (or addition of dye-reducing agent to a suspension containing

ENPs) results in a rapid color change that can be inspected visually or a by portable UV-vis

spectrophotometer for improved detection capabilities. We show that CADE assay functions

in a wide range of complex matrices and does not require elaborate sample preparation,

advanced instrumentation or highly trained personnel.

Figure 3.1: Schematic diagram of dye reduction, methylene blue (MB) to leuco-methylene
blue (LMB), electron transfer mechanism in the presence of ENPs.

We have selected a dye-reductant system,CADE, that: (i) can be detected colorimet-

rically (dye has different colors in its oxidized and reduced forms); (ii) consists of a dye

whose reduction is thermodynamically, but not kinetically, favorable; (iii) exhibits minimal

human toxic effects, materials are not flammable, and stable at room temperature;[139] and

(iv) is inexpensive for future potential use as a commercially available screening assay for
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ENPs. We perform several experimental studies to detect commercially available ENPs with

a variety of core compositions (Au, Ag, CeO2, SiO2 and VO2), surface coatings (tannic acid

(TA), polyvinylpyrrolidone (PVP), branched polyethyleneimine (BPEI), polyethylene glycol

(PEG)), and sizes (5 - 400 nm). We use CeO2, SiO2, and VO2 particles because of their

large volume use in applications such as chemical mechanical planarization in the semicon-

ductor industry,[140] energy storage,[141] catalysis,[142] and biomedicine.[143] We primarily

use Au and Ag particles because of their commercial availability in a wide range of sizes

and surface functionalities. Silver nanoparticles are also commonly used as a disinfectant in

commercial products.[144, 36] We examine the effect of ENPs’ concentration, size, surface

area, and capping agents for CADE assay in pH - buffered ultrapure water as well as in a

variety of environmental and biological matrices (e.g., environmental waters, serum, urine,

and dissolved organic matter). The limit of detection (LOD) and limit of quantification

(LOQ) are quantified at as low as part per billion (ppb) or ng/mL.

3.3 Experimental Methodology

3.3.1 Environmental and Biological Matrices

In order to assess the capabilities of our dye-reductant assay to detect the presence

of ENPs in complex matrices, we used natural organic matter (NOM) and lake water as

environmental samples, serum and urine as biological matrices. An aqueous solution of 8

mg NOM/L Standard Suwannee River (SR-NOM) (International Humic Substances Society

CAS: 1R101N, IHSS, MN) was prepared by dissolving SR-NOM in ultrapure water. After

the solution had been prepared, it was continuously shaken and placed in a horizontal,

temperature-controlled (25 ◦C) water-bath sonicator (Branson), where it was allowed to

equilibrate for ∼24 h in the dark. This solution was subsequently calibrated for NOM

concentration against UV-vis absorbance at 254 nm. Calibration experiments showed that

absorbance at 254 nm was directly proportional to NOM concentration (data are not shown
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here). Characterization details (e.g., average molecular weight and composition) of NOM

are given elsewhere.[145]

Natural waters samples were collected in polycarbonate vials from Lake Union (Seattle,

WA) in May 2013 and maintained at room temperature. Before every experiment, the natural

water sample was continuously mixed on a rotary shaker (50 rpm) for 1 h. We used synthetic

urine, prepared as described previously,[146] and serum from male and female adult mice.

Our serum collection was performed by Megan M. Cartwright from UW Nanotoxicology

Center and carried out as follows: we executed all animal experiments in accordance with

the National Institutes of Health Guide for the Use and Care of Laboratory Animals, with

the approval of the University of Washington Institutional Animal Care and Use Committee.

All efforts were taken to minimize distress and suffering. We collected sera from male and

female adult (≥ 6 weeks old) mice on a C57Bl/6 background which were Gclm-/- or -/+

and Lep db-/- or -/+ (Jackson Labs stock #000642).[147, 148, 149] Mice had free access to

Purina Standard Mouse Chow and drinking water, and were group housed in a temperature-

controlled room on a 12 h light : 12 h dark cycle. We humanely euthanized the mice by

CO2 narcosis followed by immediate cervical dislocation. The peritoneal and pleural cavities

were opened and blood collected in a 1 mL syringe with a 22G x 11
2
” needle. Blood was

allowed to clot for 20 minutes at room temperature in individual serum separator tubes (BD

catalog #365956) before being placed on ice. We then separated the serum fraction from

the coagulated blood by centrifuging the samples at 7,500 g for 5 minutes according to the

manufacturer’s protocol. Sera was pooled in a sterile microcentrifuge tube and frozen at -80

◦C until used for experiments.

3.3.2 Engineered Nanoparticles

We used Au nanoparticles (5, 10, 20, 50, and 100 nm nominal diameter) coated with

tannic acid (TA), 20 nm Ag coated with TA, and 20 nm Au coated with polyvinylpyrroli-

done (PVP), branched polyethyleneimine (BPEI), polyethylene glycol (PEG). Au and Ag
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NPs were purchased form nanoCompsix (San Diego, CA). 150 nm CeO2 (CAS: CE-6082)

and 20 nm SiO2 ENPs (CAS: ST-20L) were obtained from AlfaAesar (MA) and Nissan

Chemical (TX), respectively. VO2 nanoparticles were prepared utilizing the solvothermal

method adopted from previous work.[150] In a typical reaction, 25 mmol of V2O5 (CAS:

1314-62-1, AlfaAesar, MA) was combined with 15 mL of 0.1 M oxalic acid (CAS: 144-62-7,

Sigma-Aldrich, MO) and stirred for 18 hours. The oxalic acid served as the reducing and

chelating agent. Completion of the reaction was noted by the color of the solution transi-

tioning from yellow to blue, signifying a reduction of the vanadium species. The solution was

then transferred into a polytetrafluoroethylene (PTFE) lined, 25 mL capacity stainless steel

autoclave. The solvothermal reaction was carried out at 180 ◦C for 12 hours, after which the

final product was isolated and dried at 80 ◦C overnight. The phase and crystallite size of the

VO2 material was studied using X-ray diffraction (XRD, Bruker X-ray diffractometer); the

sample was scanned with Cu-Kα radiation within the range of 10◦ to 70◦ (2Θ) using a step

size of 0.02◦ and an exposure time of 10 s. The accelerating voltage and current were 40 kV

and 40 mA, respectively. The surface morphology of the VO2 was examined using scanning

electron microscopy (SEM, JEOL JSM-7000F), as shown in Figure 3.2.

ENP concentrations presented in this study are based on the manufacture’s reported

values. In addition, we measured the total metal concentrations of NPs via ICPMS (Table

3.1). All ENPs were characterized via dynamic light scattering (DLS) using a Malvern

Zetasizer Nano-ZS, Westborough, MA. We measured the zeta potential and hydrodynamic

diameter of ENPs in the same buffering agent used in experiments (i.e., 10 mM HEPES

at pH 7.0), ultra pure water, and complex matrices every 5 min for a total time of 30 min

period. Hydrodynamic sizes and zeta potentials of particles are reported herein as means

of triplicate measurements. Measured hydrodynamic sizes are marginally larger than the

size reported by the manufacturer (Table 3.2, 3.3). Hydrodynamic size and surface charge

measurements indicate that ENPs’ sizes and surface charges remained relatively constant in

HEPES buffer during ∼30 min period.
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Figure 3.2: X-ray diffraction (A) and scanning electron micrographs (B - C) of VO2 ENPs.

In order to validate the concentration values presented in this chapter, we measured

the total metal concentration of nanoparticles (ENPs) via inductively coupled plasma mass

spectrometry (ICMPS), as it is presented in Table 3.1. The experimental procedures of

digestion for metal and metal oxide nanoparticles for ICPMS analysis were prepared utilizing

previous work.[151]

To determine the element content, samples of CeO2 were microwave digested according

to standard EPA method 3030 G and then analyzed by ICPMS. Aliquots of samples (0.1

mL of CeO2) were added to a 55 mL microwave digestion vessel separately, along with 8 mL

of 70% nitric acid (HNO3, ULTREXII Ultrapure Reagent, J.T. Baker, Avantor Materials,

PA, USA), 2 mL of hydrochloric acid (HCl, 33% - 36% w/w, ULTREXII Ultrapure Reagent,

J.T. Baker, Avantor Materials, PA, USA), and 2 mL of hydrofluoric acid (47 - 51% w/w,

ULTREXII Ultrapure Reagent, J.T. Baker, Avantor Materials, PA, USA). The total volume

of each vessel was added up to 15 mL by ultra pure water.

For SiO2 ENPs, 0.1 mL of sample was mixed with 4 mL of tetramethylammonium hy-

droxide (TMAH), and the total volume was also added up to 15 mL with ultra pure water.
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Negative controls without any ENPs addition were added with acid or TMAH plus water.

The samples in vessels were digested in a Microwave Assisted Reaction System (MARS) Ex-

press instrument (MARS 6, CEM, NC). After cooling to room temperature, the vessels were

rinsed 3 times using a total of 20 mL of a 2% nitric acid solution into a Teflon beaker. An

aliquot of 2 mL of 30% hydrogen peroxide (BAKER ANALYZED A.C.S. Reagent, Avantor

Materials, PA, USA) was added to each beaker to digest any remaining organics. The beaker

was then heated on a hot plate at 180 ◦C until between 1 and 5 mL of solution remained.

The beakers were removed from the hot plate and allowed to cool to room temperature. The

beakers were rinsed 3 times with 2% nitric acid solution into a 50 mL volumetric flask before

being stored for analysis. XSERIES-2 ICP-MS (Thermo Scientific, USA) was used for metal

content analysis.

For Au ENPs suspension, an aliquot of 0.45 mL sample was mixed with 2 mL of HNO3

and 6 mL of HCl in clean polycarbonate plastic tubes. After reacting for 20 minutes, pure

water was added to reach a total volume of 15 mL. The whole solution was further diluted

20 times by 2% of HNO3 for analysis.

For Ag ENPs suspension, an aliquot of 0.45 mL sample was mixed with 5 mL of HNO3

and 10 mL ultra pure water in a glass beaker. The mixture was heated at 200 ◦C until about

5 mL the liquid was left. After cooling down the solution to room temperature, the beakers

were rinsed 3 times to about 50 mL in a volumetric flask and eventually diluted 20 times

with 2% HNO3. All the tests presented in this section were conducted in duplicates.

Table 3.1: Characterization of total metal content of engineered nanoparticles measured via
ICPMS.

ENPs Concentration Reported by Manufacture [ppm] Concentration Measured by ICPMS [ppm]

AuTA (20 nm) 20 23 ± 0.7

AgTA (20 nm) 20 18 ± 1.4

CeO2 1.8 x 105 (2.3 ± 0.02) x 104

SiO2 2.0 x 105 (1.8 ± 0.11) x 105

We present the zeta potential and hydrodynamic diameter of ENPs in the same buffering

agent used in experiments (i.e., 10mM HEPES at pH 7.0), in ultra pure water, and in complex
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matrices. Measurements were repeated every 5 min for a total time of 30 min period. We

performed hydrodynamic size and zeta potential studies using a Malvern Zetasizer Nano-

ZS. Data is reported herein as the mean of three measurements with an uncertainty of

95% confident intervals (α = 0.05). For the case of VO2, we determine the ENPs size by

Transmission electron microscopy (TEM). Studies were carried out using an aberration-

corrected Titan 80 - 300 TEM operating at 80 kV.

Table 3.2: Hydrodynamic diameter and zeta potential of nanoparticles used in the study.
Measurements in ultrapure water and in the solution chemistry that we used in experimental
procedures (i.e., pH = 7.0, 10 mM HEPES)

ENPs Size in ultrapure water [nm] Zeta potential in ultrapure water [mV] Size in HEPES [nm] Zeta potential in HEPES [mV]

AuTA (5 nm) 8.73 ± 1.77 -36.40 ± 4.52 8.51 ± 1.74 -12.80 ± 8.63

AuTA (10 nm) 18.47 ± 7.18 -34.51 ± 7.55 18.02 ± 6.70 -24.70 ± 13.04

AuTA (20 nm) 29.85 ± 11.61 -33.40 ± 5.66 30.13 ± 11.71 -16.30 ± 8.97

AuTA (50 nm) 60.72 ± 19.57 -30.73 ± 3.69 57.82 ± 17.37 -32.42 ± 21.80

AuTA (100 nm) 113.30 ± 21.96 -36.60 ± 10.90 107.0.8 ± 29.26 -24.84 ± 13.34

AuPEG (20 nm) 50.65 ± 14.76 -18.75 ± 3.56 51.33 ± 16.04 -6.89 ± 19.08

AuPV P (20 nm) 27.11 ± 8.46 -22.92 ± 4.72 28.07 ± 9.28 -33.52 ± 18.90

AuBPEI (20 nm) 44.72 ± 17.28 31.34 ± 12.21 49.28 ± 25.49 29.60 ± 17.60

AgTA (20 nm) 28.51 ± 10.21 -18.30 ± 3.26 29.65 ± 11.26 -28.60 ± 1.60

CeO2 161.4 ± 61.58 -51.10 ± 9.91 158.30 ± 54.88 -49.52 ± 11.20

SiO2 28.69 ± 20.46 -37.80 ± 6.62 24.57 ± 10.29 -36.32 ± 5.29

VO2 427 ± 10.56 -36.31 ± 5.45 – -38.70 ± 7.18

Table 3.3: Hydrodynamic diameter of engineered nanoparticles used in the study. Measure-
ments in ultrapure water, lake water, urine, NOM, and mouse serum.

ENPs Size in ultrapure water [nm] Size in lake water [nm] Size in urine [nm] Size in NOM [nm] Size in serum [nm]

AuTA (20 nm) 29.85 ± 11.61 30.90 ± 10.60 48.30 ± 13.70 32.10 ± 16.80 240.80 ± 180

Engineered nanoparticle detection studies were performed in 3 mL, disposable methacry-

late cuvettes (Cat: 9014, Perfector Scientific, Atascadero, CA) with an optical path length of

1 cm. Cuvettes were placed in a portable UV-Vis spectrometer (USB2000+XR1-ES Ocean

Optics, Dundin, FL) and mixed with a micro magnetic stirring bar, driven by an external

magnetic mixer (Cat: H370170000, Scienceware, Wayne, NJ).

CADE assay consists of final concentrations of 40 µM MB (CAS: 7220-79-3, Sigma -

Aldrich, St. Louis, MO), 10 mM Sodium Borohydride (CAS: 16940-66-2, Sigma - Aldrich,

St. Louis, MO), and 10 mM N-(2 - hydroxy - ethyl) piperazine - N’ - (2 - ethanesulfonic acid)
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(HEPES, CAS: 7365 - 45-9 Sigma - Aldrich, St. Louis, MO) at pH = 7. We selected the

dye concentration based on our calibration experiments shown in Figure 3.3 where 40 µM of

MB falls in the linear region between absorbance and concentration of the absorbing specie,

methylene blue, which obeys Beer-Lambert, as presented in Equation 3.1, law linearity

regime.[152, 153]

C =
A

εl
(3.1)

Where C is the concentration of dye solution [M], A is the absorbance at λmax, ε is the

extinction coefficient for dye molecules [M−1 cm−1], and l is the path length [cm].

Similarly, we studied the effect of pH and the buffering capacity on CADE by investigating

multiple buffers (e.g., citric acid, bis - tris, tris, and boric acid) but, ultimately, we chose

HEPES as a buffering agent since it maintains the pH constant during our experimental

procedures as well as minimizes the dye oxidation, which is a common reaction mechanism

when reduced MB is in presence of oxygen.[154, 155] The 10 mM buffer concentration has

sufficient buffering capacity without inducing particle instability, i.e., aggregation due to

reduction in electric double layer thickness or surface charge as a result of high ionic strength.

All aqueous solutions were prepared by using ultra purified water (18.3 MΩ - cm, Milli-Q

Advantage A10 system, Millipore Corp., Billerica, MA) and passed through a 200 nm, sterile

filter (CAS: 28145-477, VWR international, Radnor, PA). We did not use any surfactants,

dispersion stabilizing chemicals, or filtration processes in our complex matrices to avoid the

perturbation of the particles or the complex media.

3.3.3 Engineered Nanoparticles as a Redox Catalyst

We investigated the catalytic activity of ENPs in presence of MB and sodium borohy-

dride (BH4). We prepared our working suspension by dispersing nanoparticles in ultrapure

water, environmental or biological medium. The resulting suspension was placed on a rotary

shaker (50 rpm) for 1 h at room temperature (23 ◦C) prior to each experiment. We begin
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Figure 3.3: Optical density (OD) at a fixed wavelength 665 nm as a function of methylene
blue (MB) concentration. OD values are an average over six experiments with error bars
that denote 95% confidence intervals.

each experiment by mixing for ∼2 min our ENPs working suspension with a small aliquot

of concentrated BH4 and HEPES solution to reach a final concentration of 10 mM for both

reagents. Then, we add a small volume of concentrated dye that provides a final concentra-

tion of 40 µM in a 2.5 mL working volume. We continuously monitor the absorbance of our

colorimetric assay at the maximum dye’s absorbance peak of λmax=665nm. The concentration

of particles reported is the mass of particles per mass of the original sample matrix (e.g.,

water, lake water, urine, etc.) before any necessary dilutions.

Figure 3.4 shows the UV - Vis absorbance spectra of MB – BH4 solution in the presence

of ENPs as a function of wavelength. The absorbance of CADE assay exhibits two main

absorption bands, one in the UV region (280 - 295 nm) and other in the visible region (600

- 670 nm) corresponding to (π - π∗) and (n - π∗) respectively. The short wavelength bands

with high molecular absorption coefficient values (log(e) ∼ 3.8−4.9) are due to the (π ← π∗)

transition, while the visible absorption bands (log(e) ∼ -44.1 - 5.2) result from the (n← π∗)
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Figure 3.4: Methylene blue (40 µM) and sodium borohydrate (10 mM) absorbance spectra,
at 2 s time intervals, in the presence of 5 nm gold nanoparticles coated with tannic acid
(AuTA) at a fixed mass concentration of 5 ppb (B). Arrows denote the increasing time.

transition associated with the presence of a C = S+ chromophore group.[156] When 5 nm gold

nanoparticles coated with tannic acid (AuTA) are added to solution at the final concentration

of 5 ppb, the absorbance decreases with time as MB is reduced, colorless, to leuco-methylene

blue (LMB) through a nanoparticle catalytic electron transfer process.[157, 158]. Reduced

methylene blue, LMB, exhibits a single peak at ∼250 nm that corresponds to the relocation

of electrons (e.g., formation of double bonds) in the center ring of MB.[155] We detect the

catalytic activity of ENPs by monitoring the optical density (OD) at 665 nm.

3.3.4 CADE Quantification

Figure 3.5 shows OD of CADE solution at 665 nm as a function of time. MB – BH4

solution in the absence of ENPs has a stable OD of ∼2.8 for ∼25 s. The stable background

indicates that the dye reduction is insignificant when nanoparticles are not in solution. We

measured the optical density of dye-reductant for long experimental times, 1 h, in absence
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of ENPs for ultra pure water and in complex matrices, and show that OD decreases less than

0.09 over the duration of the experiment (data presented in Figure 3.6).

Figure 3.5: Optical density of methylene blue at pH 7.0 (10 mM NaBH4 and 10 mM HEPES)
in the presence of 100 nm gold nanoparticles coated with tannic acid (AuTA) at a fixed mass
concentration of 300 ppb recorded at 665 nm. Red dash line indicates a fit to an exponential
decay model. β is the asymptotic value of the optical density. Nanoparticles are added at t
= 28 s causing MB – BH4 optical density to decrease due to reduction of MB.

After 25 seconds, 100 nm AuTA are added to the solution with a final concentration of

300 ppb which results in an exponential decrease of OD from 2.8 to 2.2 over ∼75 s. Then, the

OD plateaus and remains steady for the duration of the experiment. We fit the absorbance

as a function of time with an exponential curve, given as,

OD = (OD0 − β)exp(−(t/τ)) + β (3.2)

where the OD is the optical density of solution, OD0 is the optical density at t = 0, τ is the

exponential decay rate constant, t is the time transpired from the addition of the ENP, and

β is a constant that represents the asymptotic OD value. OD data processing and analysis

was performed by a custom code written in MATLAB, refer to appendix, (MathWorks Inc.,

Natick, MA). We fit τ and β values (41.8 s and 2.2 for the data shown in Figure 3.5),

which respectively represent the decay time at which the dye absorbance is reduced to 1/e

of its initial value and the steady state OD that is reached at long times. We explored

41



the use of a decay rate constant for quantifying the reduction reactions, but ultimately

chose β to quantify the presence of ENPs since this asymptotic constant is unbiased from

experimental artifacts (e.g., particle diffusion in the solution, formation of hydrogen bubbles,

etc). β values have a dynamic range of 0.01 to 2.8 and potentially serve as an ENP surface

reactivity indicator. Lower β values correspond to higher ENP surface catalytic activity

and higher β values represent lower nanoparticles catalytic activity. We, also, determine

the limit of detection (LOD) and limit of quantification (LOQ) for this assay in ultrapure

water and in complex matrices. LOD and LOQ definitions and mathematical formulation

details can be found in sections below. β, LOD, and LOQ values allowed us to quantitatively

compare concentrations, sizes, surface coatings, and core compositions of ENPs in a variety

of matrices.

3.4 Physicochemical Properties and ENPs Catalytic

Reactivity

3.4.1 CADE Control Analysis

We performed control experiments in absence of ENPs to ensure that the change of

optical density (OD) is exclusively attributed to the presence of nanoparticles. Figure 3.6

shows the optical density of CADE solution at λmax=665nm as a function of time for ultra

pure water, lake water, NOM, serum, and urine. In the case of serum and urine, the sample

was diluted 5 and 4 times, respectively, to be able to obtain a measurable signal. MB – BH4

solution in the absence of ENPs has a stable OD of ∼2.8, showing that the color of the dye

remains unaltered for 60 min. Results indicate that the dye reduction is insignificant when

nanoparticles are not in solution.
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Figure 3.6: Optical density at 665 nm as a function of experimental time for colorimetric
assay for ultra pure water, lake water, serum, NOM, and urine in the absence of ENPs.

3.4.2 Verification of ENPs as a Redox Catalysis

Previous studies report that metal nanoparticles can be used as catalysts in electron-

transfer reactions and show the mechanism on how ENPs are catalytically active due to the

reduction of their electrochemical redox potential, which ultimately enhanced the electron

flow from donor species to acceptors.[159, 160, 158, 157] ENPs are important for the mecha-

nistic study of heterogeneous catalysis. We have studied the role of nanoparticles as electron-

transfer catalysts and shown, in this chapter, that the catalytic activity of ENPs differ with

their intrinsic physicochemical characteristics. Heterogeneous catalytic redox reactions take

place at the surface of a ENP where the electron exchange between the particle and the

reactants occurs, where the electron transfer occurs from the reducing agent to ENP to the

oxidant. A good model reaction for such investigations is the ENP-catalyzed reduction of

methylene blue (MB) to leuco methylene blue (LMB) in aqueous solutions in the presence of

a reducing agent, as it is shown in Scheme 3.3. We confirmed that ENPs serve as a catalyst

on the reduction reaction of MB to LMB by experimentally testing the following character-

istics, which are common to must of catalytic reactions: (i) a catalyst remains unchanged at
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the end of the reaction, (ii) small quantity of the catalyst is sufficient to catalyzes multiple

reactions, (iii) the function of the catalyst is to alter the reaction kinetics, and (iv) catalysts

are specific in nature and by changing the catalyst, the nature of products changes.

2 MB + BH4 + 2 H2O
kf
kb

2 MBH + BO2 + 3 H2 (3.3)

To confirm that ENPs do not go through any major physical or chemical transformations

during the catalyzed reduction of methylene blue, we employed electron microscopy, energy-

dispersive X-ray spectroscopy (EDX), and dynamic light scattering (DLS) to demonstrate

that catalysts are unchanged after the reaction. Bright field transmission electron microscopy

(TEM) images were taken on a FEI Tecnai G2 F20 at an accelerating voltage of 200 keV

and EDX spectrums were obtained with a 60 second acquisition time. The spectrums were

then processed by subtracting the background and smoothing the peaks. The hydrodynamic

sizes of ENPs were determined using DLS (NICOMP 380 ZLS, Particle Sizing Systems,

Santa Barbara, CA) that uses laser light at 635 nm. The measurements were made under a

scattering angle of 90◦ at 23 ◦C and all ENP’s sizes are reported as intensity-weighted sizes.

Figure 3.7 shows bright field TEM micrographs and EDX analysis of ENPs pre and

post reaction of 20 nm gold nanoparticles coated with tannic acid (AuTA) and 20 nm silver

nanoparticles coated with tween-20 (AgTW20). Micrographs reveal that morphology of AuTA

and AgTW20 do not change after serving as a catalyst in the reduction of MB to LMB.

Similarly EDX spectra, Figure 3.7B, D, F and H, reflect that the elemental composition

of AuTA and AgTW20 is constant throughout the catalytic reaction, showing strong gold or

silver with carbon and copper peaks originating from ENPs and the lacey carbon, TEM grid

used for these analysis, respectively. A sodium peak is also observed in the post-reaction

spectrums of both ENPs, Figure 3.7D and H, which could be attributed to the presence of

the reducing agent (NaBH4) in the reaction. Additionally, we investigated the stability of

ENPs in the CADE assay by measuring the hydrodynamic size of 20 nm gold nanoparticles
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coated with branched polyethylenimine (AuBPEI), as a surrogate particle, over a 60 min

experimental time via DLS (refer to Figure 3.8). An analysis of variance (ANOVA) and

subsequent comparison of means test (Tukey HSD) showed that particle diameter in the

presence of the CADE assay at different experimental times does not differed significantly

from the stock solution (control) at an α = 0.05 level. Combined TEM, EDX and DSL

analyse show that ENPs do not go through any major physicochemical transformations

after serving as a catalysis for the reduction of MB.

Figure 3.7: Bright field TEM micrographs and EDX spectra of 20 nm gold nanoparticles
coated with tannic acid (A, B) before, (C, D) after reaction and 20 nm silver nanoparticles
(E,F) before, (G,H) after reaction with the CADE assay at a fixed mass concentration of 20
ppm.

We, also, confirm that small quantities of ENPs are sufficient to catalyze multiple reac-

tions (reduction of MB to LMB). Figure 3.9 presents the optical density of the colorimetric

assay in presence of 20 nm AuTA at a fixed mass concentration of 1 ppm. Data shows that

when AuTA are added, at 35 s, the dye’s optical density rapidly drops to ∼0. Then, a fresh

solution of MB, final concentration of 40 µM, is introduced resulting in immediate increase

in the optical density and subsequent decrease. This behavior is observed multiples times,
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Figure 3.8: Hydrodynamic diameter of 20 nm gold nanoparticles coated with branched
polyethylenimine in the presence of the CADE assay showing particle stability over a 60 min
experimental time.

(15), proving that the reduction of dye occurs by the presence of ENPs in the solution and

that nanoparticles are not being consumed in the electron-transfer reaction.

Furthermore, we verify that the main function of ENPs is to alter the reaction kinetics

in the reduction of MB by recording the optical density as a function of experimental time

in the presence or absence of nanoparticles. As we described previously, the OD of the

dye remains unchanged for at least for ∼2 h in the absence of ENPs, indicating that the

dye reduction, if it occurs at all, is insignificant (refer to Figure 3.6). The dye reduction

occurs very quickly in the presence of ENPs. UV-visible spectra of the CADE assay in the

presence of ENPs (Figures 3.4 and 3.5) shows that the color of the dye gradually vanished,

which was observed by the gradual decrease in the absorbance value at the dye λmax = 665

nm. To ensure that the nanoparticles presented in this work do not interfere with the dye’s

spectrum, we measured the OD as a function of wavelength for all ENPs, even at higher

concentrations normally used in our experiments (18 ppm), as presented in Figure 3.10. Data

shows that ENPs plasmon bands do not overlap with CADEs recordings at λmax. In addition,
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Figure 3.9: Optical density at 665 nm for the reduction of Methylene Blue at pH 7.0 (10 mM
NaBH4 10mM HEPES) in the presence of 20 nm gold nanoparticles coated with tannic acid
at 1 ppm showing the catalytic activity of ENPs on dye reduction. The asterisk corresponds
to the time when gold nanoparticles were added to the detection solution, downward-pointing
arrows denote when 40 µM of MB is added, and the plus sign shows the time when 10 mM
of NaBH4 is added.

previous studies reported that the reduction of MB to LMB is thermodynamically favorable

but kinetically unfavorable, [133, 134, 135] confirming that ENPs serve as a catalyst in the

electron-transfer reaction by altering the kinetics in the reduction of MB.

We, also, investigated the effect of pH on the CADE assay by testing the ENPs’ catalytic

activity in multiple buffering agents. The reduction of MB was studied in a range of pH

values (2.5 - 9.9) and multiple buffers (e.g., citric acid, bis - tris, tris, and boric acid) in the

absence or presence of 5 nm gold nanoparticles coated with tannic acid (AuTA) at a fixed

mass concentration of 1 ppm. Figure 3.11 shows the OD as a function of experimental time

in the CADE assay buffered by citric acid at pH 2.5 (A), bis-tris at pH 5.5 (B), tris at pH

8.9 (C), boric acid at pH 9.9 (D), and HEPES at pH 6.9 (E) with a fixed ionic strength of

10 mM for all buffering agents. In all cases, the maximum catalytic efficiency of ENPs was

obtained with HEPES buffer at pH 6.9, which allows the complete reduction of MB and lower

β-values. The 10 mM of HEPES buffer had sufficient buffering capacity without inducing

particle instability (i.e., aggregation due to reduction in electric double layer thickness as
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Figure 3.10: Optical density as a function of wavelength of methylene blue at the same
concentrations use in the CADE assay and ENPs tested in this work.

a result of high ionic strength) and minimizes the dye oxidation (kb), which is a common

reaction mechanism when reduced MB is in presence of oxygen.[154, 155] Wang et al. shows

that the surface of ENPs can be modified in acidic solutions to a more positively ζ potential

and a reverse effect in alkaline solutions that ultimately enhance or impede the reduction

reaction of catatonic dyes by ENPs.[161] As a result, it is not surprising to observe an increase

in the adsorption of MB molecules on the surface of ENPs in neutral or alkaline solutions

and thus the increase in the dye reduction efficiency. This study confirms the validity of our

experimental results as well as the selection of 10 mM HEPES as our buffering agent.

Similarly, we analyze the effect of pH on the β-values as it is shown in Figure 3.11F. The

β-values presented here are an average over four experiments with error bars that denote

95% confidence intervals. At low pH (2.5), the β-value is 2.68, which correlates to a minimal

reduction of MB (e.g., low catalytic activity of ENPs). This effect could be attributed to

the small adsorption of cationic dye-molecules on the surface of the particle since ENPs’

surface charge is shifted to a partially net positive that can create repulsive forces between

the particles and MB (cationic dye), which will decreased the reduction of MB. Thus, the

degradation efficiency will be decreased in acidic pHs. On the other hand, at higher pH,
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Figure 3.11: Optical density of the CADE assay buffered with citric acid at pH 2.5 (A),
bis-tris at pH 5.5 (B), tris at pH 8.9 (C), boric acid at pH 9.9 (D), and HEPES at pH 6.9 (E)
with a fixed ionic strength of 10 mM for all buffering agents. The downward-pointing arrows
denote when 1 ppm of gold nanoparticles coated with tannic acid (AuTA) are added. The β-
values extracted from OD spectrums as a function of buffer pH for AuTA are presented in (F).
β-values are an average over four experiments with error bars that denote 95% confidence
intervals.

8.9 and 9.9, there is an excess of hydroxyl ions that could potentially compete with dye

molecules in adsorption process on the surface of ENPs and finally inhibit the reduction

of MB (e.g., higher β-values). Overall, our data reveal that ENPs serve as a catalyst in

the electron-transfer reduction of MB to LMB where the particles do not go through any

major physicochemical changes during this process, small amounts (ppb level) of ENPs was

sufficient to catalyzed multiple reactions (over 14), and nanoparticles enhance the kinetics

of the reduction of the dye while controlling the rate constants by fixing assays’ pH.
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3.4.3 Role of ENP Concentration, Size, and Surface Area

The reduction of MB by borohydride depends directly on the concentration of nanopar-

ticles. Figure 3.12 shows the dependence of the measured β values on the ENPs mass

concentration for 5 nm AuTA. All β values are reported herein as the mean of at least

four experimental measurements with error bars that denote the 95% confident intervals (α

= 0.05). In the absence of nanoparticles in the MB – BH4 solution, the β value is ∼2.8,

representing the highest absorbance of dye solution. β values decrease as ENPs’ mass concen-

tration (mass of particle per volume) increases. Mass concentration should directly correlate

with the reduction of the dye’s absorbance since the number of metal particles, and their

surface area, available to serve as an electron relay between MB and BH4 increases as particle

concentration increases. At 325 ppb or higher concentrations of AuTA the β approaches zero

suggesting a complete reduction of the MB. The limit of detection (LOD) of 5 nm AuTA in

buffered water is 89 ppb with a 95% confidence level.

Figure 3.12: β-values as a function of gold nanoparticle concentration, C, coated with tannic
acid at a diameter of 5 nm. Each experimental value represents the mean value from a set
of four experiments with error bars that correspond to 95% confidence intervals.
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We studied the dependence of dye absorbance on ENP size and surface area. Figure

3.13A shows β values as a function of particle size for AuTA for three different constant

surface areas 0.1, 0.2, and 0.5 cm2. The average β values decrease with increasing surface

area because higher surface area provides more surface sites for the electron transfer from

reducing agent to the dye.[162, 163, 164, 133] For constant surface area, β increases rapidly

as particle size increases until it reaches 20 nm and then remains nearly constant for larger

diameters. Previous studies have shown that the redox potential of particles decrease as a

function of radius which would result in an increase the electron relay of the MB – BH4 and

lower effective β values. [134, 133, 165]

Figure 3.13: (A) Plot of β values as a function of AuTA diameter at a surface area of 0.5
(�), 0.2 (×), and 0.1 cm2 (◦) at fixed ENP mass concentration. (B) Plot of β values as a
function of AuTA surface area at 10 (triangles), 20 (diamonds), 50 (squares), and 100 nm
(circles) particle diameters. All values represent the mean value of four experiments with
error bars that correspond to 95% confidence intervals.

Figure 3.13B shows β as a function of nanoparticle surface area for 10, 20, 50, and 100

nm AuTA. By increasing ENP surface area, β values decrease linearly. We expect this linear

trend because redox reaction rates (e.g., MB to LMB), can be predicted by the Butler-Volmer

equation in the Tafel regime,[166] expressed as,

J =
Ai0
zF

exp((anF/RT )(E − E0)) (3.4)
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where A is the total surface area of all ENPs in the system, z is the valence electrons of

the reacting species, α is the charge transfer coefficient, n is the number of electrons in the

charge transfer process, i0 is the exchange current density that is specific for the reaction

(dye - ENP pair), E is the electrical potential of NPs, and E0 is the equilibrium potential

for the redox reaction. This equation indicates that reaction rate depends linearly on the

surface area, A, and implicitly on particle composition, through i0 and E0.[136] i0 and E0 are

constant for a specific redox reaction and are determined by the dye and ENP used in the

system. The equilibrium potential depends on the difference between the reduction potential

of the nanoparticle and the dye. Since MB has a constant reduction potential at constant

pH, the rate is determined by the reduction potential of the particle. For each ENP and

redox chemistry, i0 and E0 are constant. From this equation, we gain an intuition about how

the particle concentration, size, and composition impact the reaction rate.

3.4.4 Role of Capping Agents and ENPs Core Composition

ENPs are frequently functionalized with a variety of materials such as synthetic polymers,

biopolymers, dendrimers, or other small molecules to provide stability, biocompatibility, and

functionality. In addition, these functional groups may facilitate or impede the electron

transfer mechanism at the nanoparticle’s surface. Figure 3.14 shows β values for 20 nm

Au nanoparticles as a function of capping agents at a constant particle concentration of

500 ppb. The β values range from 2.25 for AuPEG to 0.18 for AuBPEI . Lower β values

correspond to higher ENPs catalytic activity. At fixed ENP diameter and core composition,

the surface charge of nanoparticles has a high influence on the catalytic reactivity of ENPs.

Positively charged ENPs possess higher reactivity than negatively charged particles. We

believe positively charged particles (AuBPEI), with a surface charge of +29.6 ± 17.6 mV,

may electrostatically attract NaBH4 molecules to the surface of the particle, which then

enhances the reduction of MB, resulting in low β values. In contrast, we observe less dye

reduction (high β values) on negatively charged particle surfaces, such as that for PVP
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and TA (-33.5 ± 18.9 and -16.3 ± 8.9 mV, respectively). The inhibition of MB reduction

when ENPs have a negatively charged surface coating might be explained by an electrostatic

repulsion between functional groups and BH4 molecules. According to Jiang et al. and Azad

et al., when BH4 absorbs to the surface of ENPs, it creates a negatively charged layer that

attracts cationic organic dyes, such as MB. This electrostatic attraction between the cationic

dye and the reducing agents increase the reduction rate of MB.[167, 168]

Figure 3.14: β-values as a function of ENPs capping agent at a fix ENP diameter of 20
nm and 500 ppb mass concentration of gold nanoparticles. Control experiments correlate to
absence of ENPs in the assay. β-values are an average over four experiments with error bars
that denote 95% confidence intervals.

To further understand the effect of dye reduction due to particles’ capping agents, we also

consider the molecular weight of the synthetic polymers. Figure 3.14 shows that β values

decrease as molecular weight increases for the ENPs’ capping agents. BPEI, PVP, and

PEG have molecular weights of 25, 10, and 5 kDa, respectively. Since the electron transfer

between MB and BH4 occurs at the surface of ENP, we hypothesize that low molecular

weight polymers will inhibit the reduction process of MB (high β values) by creating a steric

repulsion between the dye and reducing agent at the particle surface. This repulsion is
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likely due to low molecular weight coatings having a larger fractional polymeric coverage on

nanoparticles, creating a barrier to large molecules, such as MB, to ENPs surfaces.[169] In

order to confirm that the reduction of MB is directly correlated with the presence of ENPs

and not due to the particle capping polymers and molecules, we decouple both components

and test them separately. Figure 3.15 shows OD spectra of PVP, TA, and BPEI, at a fixed

mass concentration of 100 ppm, AuPV P , AuTA, and AuBPEI , at a fixed mass concentration of

1 ppm, as well as β-values as function of capping agents and metal (Au and Ag) nanoparticles

coated with PVP, TA, and BPEI. Altogether, data suggest that all functional groups (e.g.,

PVP, TA, and BPEI) do not create any interference on the reduction of MB to LMB, even

when two order of magnitude of higher concentration (100 ppm) is added to the assay

compared to 1 ppm for the case of ENPs, proving that the electron - transfer from the donor

to the acceptor only occurs when particles are presence in the system.

Figure 3.15: Optical density spectra of CADE assay in the presence of polyethylene glycol
(PVP), tannic acid (TA), branched polyethylenimine (BPEI), and 20 nm gold nanoparticles
coated with PVP (AuPV P ), TA (AuTA), and BPEI (AuBPEI) at a fixed mass concentration
of 100 ppm for capping agents and 1 ppm for gold nanoparticles (A). β-values as function
of capping agent and gold nanoparticles coated with PVP, TA, and BPEI (B) and silver
nanoparticles coated with tween20 (AgTW20) and TA (C). Control experiments correspond
to the absence of ENPs. β-values are an average over five experiments with error bars that
denote 95% confidence intervals.

Taken together particle surface charge and molecular weight, β values are likely to de-

crease (more reactive) when particle surface charge has net positive value and when molecular

weight of the capping agent increases. Recent studies suggest that the hydrophobicity of the

dye, complex formation of the dye with anionic surfactants, repulsion between the dye and
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charged surfactants, may also impact the catalytic reactivity of the ENPs, these factors

should to be considered for future CADE’s experimental procedures.[168, 170, 171]

We, also, examine the surface catalytic reactivity of ENPs over a range of particle com-

positions. The quantitative comparison of the catalytic activity of different nanoparticles is

challenging since the reduction of MB in our assay is proportional to ENP size, core com-

position, surface coatings, etc. Here, we provide a single-value to compare different ENP

core compositions and sizes that can potentially be used as a screen tool for the assessment

(presence / absence) of nanoparticles in systems with multiple nanoparticles types. Cβ = 2

is the concentration of ENPs (ppm) needed to decrease the OD of the solution to 2 (i.e.,

β value of 2). An OD of 2 represents a change in absorbance greater than 10 standard

deviations of the background experiments.

Figure 3.16: ENPs concentration needed to reach a β value of 2 as a function of particle
core composition and surface coating. Concentration values were extracted from a set of
four experiments and shown as a mean value, exact values shown above each bar, with error
bars that represent 95% confidence intervals.

Figure 3.16 shows Cβ = 2 for commercially available particles with various core compo-

sitions, particle diameters, and surface coatings. Cβ = 2 for metal nanoparticles (e.g., Au

and Ag) ranges from 80 ppb to 4 ppm depending on core composition and particle surface

functionally. Similarly, we are able to detect oxide nanoparticles (e.g., CeO2, SiO2, VO2) in
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the range of 2 ppm to 90 ppm. The data suggests that the concentration needed to reduce

dye-reductant solution is lower for elemental metal ENPs than oxides nanoparticles, which

indicates that Au and Ag ENPs have a higher catalytic activity than oxide ones. The electron

transfer, BH4 to MB, may have a higher rate for metal ENPs since this set of nanoparticles

has higher electron conductivity than metal oxides. Our results suggest CeO2 and SiO2 can

transfer electrons from BH4 to MB similar to TiO2 (5 nm) and ZnO (6 nm) which have been

shown to transfer electrons to organic radicals, like MB. [172]

Despite the differences in the core composition, particle diameter, and surface function-

ality, the CADE assay is able to assess the catalytic activity of NPs in concentrations (80

ppb to 90 ppm) typically used in environmental exposures models and measurements for

nanomaterials hazard studies.[173] While we expect that oxide particles will show lower cat-

alytic activity than metallic ones, more data is needed to explicitly detail the role of the

composition and surface coatings. This work represents a step towards the development of

sensitive and reliable methodology to detect a variety of ENPs.

3.4.5 Detection of ENPs in Biological and Environmental Matri-

ces

Most analytical methods used for detecting and quantifying ENPs in complex samples

require careful sample preparation such as extraction, digestion, or sample fixation. Here

we examine the sensitivity and efficacy of our colorimetric detection assay, CADE, by de-

termining limit of detection (LOD) and limit of quantification (LOQ) values in complex

environmental and biological media. LOD and LOQ were extracted from standard errors

of the response and the slope values from calibration curves.[174, 175] Figure 3.17 shows

calibrations curves of 20 nm AuTA in ultra pure water, lake water, NOM, urine, and serum.

Each experimental point represents the mean value from a set of a minimum of 3 experiments
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with error bars that represent 95% confidence intervals. LOD and LOQ are defined as,

LOD =
3(σSE)

|m|
[ppb] (3.5)

LOQ =
10(σSE)

|m|
[ppb] (3.6)

σSE =

√∑
(y − y)2

n− 2
(3.7)

Where σSE is the standard error, m is the slope of the linear fit [ppb−1], n is the number of

data points, y and y are the actual and predicted values respectively.

In the case of urine and serum, samples were diluted 4 and 5 times, respectively, to obtain

a detectable signal. We report the concentration of the original suspension. In Table 3.4,

we present LOD and LOQ values for 20 nm AuTA in ultra pure water, environmental (e.g.,

lake water, NOM) and biological matrices (e.g., artificial urine, mouse serum).

Table 3.4: Detection limit values for 20 nm gold nanoparticles coated with tannic acid in
complex matrices

Matrix LOD [ppm] LOQ [ppm]

Lake water 0.157 0.526

Ultra pure water 0.303 1.012

NOM 04.60 1.536

Serum 1.536 5.131

Urine 1.759 5.864

For the case of gold nanoparticles, the LOD ranges from 0.15 to 1.75 ppm depending on

the matrix. The highest LOD values were observed for urine and serum at 1.75 and 1.53

ppm, respectively. Similarly, we have tested high nanoparticle concentrations, > 60 ppm,

that provided a complete reduction of the dye indicating that higher concentrations of ENPs

will lead to a β value of zero. Urine has an ionic strength of ∼ 170 mM and conductivity of 6.6

mS cm−1, which may reduce the catalytic activity of ENPs by inducing particle aggregation.

In the case of serum, the absorption of proteins and other biomolecules to the surface of the
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Figure 3.17: Calibration curves showing optical density as a function of 20 nm gold nanopar-
ticles coated with tannic acid in ultrapure water (A), lake water (B), urine (C), NOM (D),
and serum (E). Each experimental point represents the mean value from a set of a minimum
of 3 experiments with error bars that represent 95% confidence intervals. Assay sensitivity
values are shown by red dotted lines as limit of detection (LOD) and limit of quantification
(LOQ).
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particles may inhibit the catalytic activity of particles by creating proteins coronas that will

obstruct the area where dye reduction take place.[176, 66] For NOM and lake water, the LOD

values were one order of magnitude lower than serum and urine. These data suggest that the

catalytic assay proposed here to detect ENPs in biological and environmental matrices as

well as ultra pure water is sensitive, simple and does not require complex instrumentation.

3.4.6 Assessing ENPs from Commercial Products

Engineered nanoparticles have unique and desirable functional properties that can be

potentially employed in a wide range of commercial applications. Silver is one of the most

widely used metals for the fabrication of ENPs due to its simple and well understood syn-

thesis as well as for its antibacterial properties.[177] Silver ENPs have found a diverse set

of applications in consumer goods including appliances, automotive, electronics, food and

beverage, goods for children, food storage containers, and wound dressings.[36, 178, 179] It is

estimated that silver nanoparticles production in United States is between 2.8 to 20 tons per

year and that approximately 25% of nano-enable commercial products contain Ag.[44, 28]

The greatest number of commercial products that contained Ag nanoproducts is health and

fitness, which includes Ag-enabled textiles (AgENP textiles).[180] These textiles include, but

are not limited to, shirts, pants, socks, underwear, and linens. Manufacturers of silver-

enabled textiles claim that due to the reduction of odor from the antibacterial properties of

Ag ENPs, their products will require less laundering than conventional alternatives, which

will lead to a reduction in use-phase environmental impacts.[180, 7] However, to date, there

is no published research confirming changes in consumer laundering behavior. Increased

use of Ag ENPs in consumer goods will drive the release of silver nanomaterials into the

environment.[144, 181]

Some industrial processes also use large quantities of engineered nanoparticles in ways

that do not directly end up in consumer products but which nonetheless require appropriate

handling and environmental controls to assure that they do not pose workplace and/or
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environmental risks. Alumina (Al2O3), ceria (CeO2), and silica (SiO2) represent important

classes of ENPs.[21] One principal use of Al2O3, CeO2, and amorphous SiO2 nanoparticles is

the chemical mechanical planarization (CMP) process where particles in the form of abrasive

slurries are used to polish wafers when fabricating integrated circuits in the semiconductor

industry.[182, 183, 184] In this application, the ENPs are used to manufacture the product

(semiconductor chips), but are not incorporated into the product. The fate and transport of

ENPs from commercial products and in industrial applications as well as their interaction

with biological systems is a current necessity to determine if any environmental toxicity will

occur after accidental or incidental release of these materials.

We employ the CADE assay to assess the catalytic activity of ENPs from commercially

available products and ENPs used in industrial processes. The assessment of surface catalytic

activity of nanoparticles will ultimately assist us in determining the presence or absence of

these nanoproducts. We focussed on AgENP textiles and CMPs slurries (c-SiO2 and f -

SiO2) since these two commercial products have high production volumes and they can be

currently found in the market place.[184, 180, 177] For the case of silver textiles, we used

commercially available textiles containing silver nanoparticles coated with tween-20 (AgTW20)

on polyester fabric (CAS: ACSS062720142T1, Dune Science, Eugene, OR) and two textiles

containing silver salts; Xstatic (Noble Biomaterials, Scranton, PA) and Polygiene (Polygiene

AB, Malmo, Sweden). Textiles containing AgTW20 have an NS20D antimicrobial coating

(Dune Sciences) applied to finished t-shirts at a loading of 20 - 30 ppm AgTW20. The

fabric used by Dune Sciences is an Asics Men’s Core Short Sleeve Top, new blue color,

100% polyester mesh. AgTW20 particles are either covalently linked to the surface with

Dune Science’s cross linking chemistry (LinkedON) or in absence of this covalent linker

(UnlinkedON). Shirts were treated and rinsed prior to shipment by the manufacturer but

not laundered with detergent to preserve nanoparticle loading to the textile. For Xstatic

and Polygiene textiles, they were used as received.
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Prior to assessing the capabilities of CADE to determine surface catalytic activity of

Ag ENP extracted from commercial products, we characterized particle morphology and

stability in working solutions via DLS and TEM. We compared results to silver nanoparticles

coated with tannic acid (AgTA), as a control particle, purchased from nanoCompsix (San

Diego, CA). Table 3.5 shows characterization data of silver nanoparticles (e.g., AgTW20 and

AgTA) used in this analysis. Hydrodynamic sizes and zeta potentials of particles are reported

herein as means of triplicate measurements. Data shows that AgTW20 and AgTA have similar

sizes (∼20 nm) and surface charge (∼17 mV). We also determine particle stability as a

function of buffer acidity for AgTW20, refer to Figure 3.18C. Stability analysis shows that

silver nanoparticles coated with tween-20 have higher surface charge in basic solutions (pH

> 7).

Table 3.5: Hydrodynamic diameter, particle size, and surface charge of nanoparticles. Mea-
surements in solution chemistry that we used in experimental procedures (i.e., pH = 7.0, 10
mM HEPES)

ENP TEM Reported Size [nm] Hydrodynamic Diameter [nm] Zeta Potential [mV]

AgTW20 20 ± 7 36.4 ± 13 -15.6 ± 0.6

AgTA 21 ± 4 18.5 ± 5 -18.3 ± 3.3

We investigated the effect of the CADE assay on particle morphology and surface com-

position for AgTW20 and AgTA. Figure 3.19 shows bright field TEM micrographs and EDX

analysis of silver ENPs pre and post reaction with our developed assay. Micrographs reveal

that the morphology of AgTW20 and AgTA is not alter after serving as a catalyst in the

CADE assay. Similarly EDX spectra, Figure 3.19B, D, F and H, reveal that the elemental

composition of AgTW20 and AgTA is constant throughout the catalytic reaction, showing

strong silver with carbon and copper peaks originating from ENPs and the lacey carbon

grid, respectively. A sodium peak is also observed in the post-reaction spectrums of both

silver particles, which could be attributed to the presence of the reducing agent (NaBH4) in

the reaction.
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Figure 3.18: TEM micrographs of 20 nm silver particles coated with tween-20 (AgTW20) and
tannic acid (AgTA) that supports the data in Table 3.5 (A,B) and particle surface charge as
a function of buffer pH at a fixed particle concentration of 10 ppm and ionic strength of 10
mM (C). Each experimental value represents the mean value from a set of four experiments
with error bars that correspond to 95% confidence intervals.

Figure 3.19: Bright field TEM micrographs and EDX spectra of 20 nm silver nanoparticles
coated with tween-20 (A, B) before, (E, F) after reaction and 20 nm silver nanoparticles
coated with tannic acid (C,D) before, (G,H) after reaction with the CADE assay at a fixed
mass concentration of 20 ppm.
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We determined the catalytic activity of AgTW20 and AgTA using CADE. Figure 3.20

presents the optical density (OD) of CADE in the absence (control) and presence of AgTW20

and AgTA at a fixed mass concentration of 500 ppb. Data shows that OD decreases as ENPs

are introduced to the CADE assay at t = 15 s. Proving that ENPs serve as a catalyst for

the reduction of MB to LMB and that CADE can be potentially used as an assay to detect

for Ag ENPs extracted from commercial products. At fixed concentration, AgTA appears

to have the higher catalytic activity compared to AgTW20, which could be attributed to the

effect of coverage by capping agents (e.g., tween-20, tannic acid) as it is described in previous

sections. In addition, we examined CADE sensitivity values (e.g., LOD and LOQ) for silver

nanoparticles. Figure 3.21 shows calibrations curves of 20 nm AgTW20 in 10 mM HEPES

buffered media. Each experimental point represents the mean value from a set of a minimum

of 3 experiments with error bars that represent 95% confidence intervals. LOD and LOQ

values are mathematically defined in Equations 3.5 and 3.6. For the case of AgTW20, the

LOD is 2.8 ppm and LOQ is 6.9 ppm with a 95% confidence level.

Figure 3.20: Optical density of CADE assay at pH 7.0 (10 mM NaBH4 and 10 mM HEPES)
in the absence (blue) and presence of AgTW20 (red) and AgTA (green) at a fixed mass con-
centration of 500 ppb recorded at 665 nm. ENPs are added at t = 15 s causing MB-BH4

optical density to decrease due to reduction of MB.

Geranio et al. reported that silver textiles released a portion of the incorporated Ag after

washing in conventional laundry processes.[185] In this study, we used a laboratory washing
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Figure 3.21: Calibration curves showing optical density as a function of silver nanoparticles
coated with tween-20 in HEPES buffered media (10 mM). Each experimental point represents
the mean value from a set of a minimum of 3 experiments with error barsthat represent
95% confidence intervals. Assay sensitivity values are shown by red dotted lines as limitof
detection (LOD) and limit of quantification (LOQ).

machine to simulate the household laundering of a number of commercially available fab-

rics containing both Ag ENPs and silver salts. The washing procedure was carried out as

described in previous literature with some slight modifications.[185, 186] Representative of

textile samples, chest area, (0.8 g) were washed in 14 mL of ultra pure water (pH ∼5.7,

conductivity 18.2 mΩ) or in a detergent solution of 2003 AATCC Standard Reference Liquid

Detergent without brightener (11.2 µL detergent in 15 mL DI water, gives equivalent con-

centration to 0.5 cups detergent in 40 gallons water) in a 25 mL pre-cleaned polyethylene

bottles (CAS:73212, U.S.Plastic Copr) with 6 polyethylene beads (CAS:91545, U.S.Plastic

Copr) and mixed in a rotatory shaker at 40 rpm for 168 h at room temperature and in

absence of light. Each washing experiments, including controls, were carried out in tripli-

cate. Control samples represent a polyester shirt (Asics Men’s Core Short Sleeve Top, 100%

polyester mesh) without silver treatment for antibacterial purposes. After the washing pro-

cedure, the fabrics were removed and the excess liquid was gently pressed from the fabric
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and collected for analysis. We introduced these solutions to CADE assay to determine the

surface catalytic activity of Ag extracted from textiles.

Due to the current need for sensitive and simple methodologies to assess for the pres-

ence of ENPs, we evaluate the capabilities of CADE to detect nanoparticles extracted from

commercially available textiles. Figure 3.22A shows β values for control, Xstatic, Polygeine,

LinkedON and UnlinkedON washing solutions. β values were extracted using Equation 3.2

and they represent the mean value from a set of three experiments with error bars that

correspond to 95% confidence intervals. An analysis of variance (ANOVA) and subsequent

comparison of means test showed that Xstatic and Polygiene samples do not differ from the

control. However, LinkedOn and UnlinkedOn samples differed significantly from each other

and from the control samples at an α = 0.05 level (p-value < 0.0005 for all comparisons).

This test shows that the difference in the β values are likely due to the presence of silver

suspended in the solution and not due to random error. Control sample has a β value of

∼2.85, representing the highest absorbance of dye solution. The β values range from 2.82 for

Polygene to 2.59 for LinkedON sample. Lower β values correspond to higher Ag catalytic ac-

tivity. In addition, we measured the total silver metal concentration of the washing solutions

via ICPMS. The Ag concentration of the samples was 345 ± 59.7, 226.6 ± 30.4, 0.067 ±

0.006, 0.055 ± 0.03, and 0.006 ± 0.005 ppm for Xstatic, Polygeine, LinkedON, UnlinkedON,

and control samples, respectively. Although, the concentration of silver on textiles that

contained AgENP (e.g., LinkedON, UnlinkedON) was three orders of magnitude lower than

silver salts, the catalytic activity recorded was higher. We can concluded that the higher

catalytic activity observed in this analysis could be potentially due to the presence of ENPs

extracted from fabrics since ENPs have lager surface area (where the electrons can relay

between MB and BH4) than do metal ions extracted from Xstatic and Polygiene fabrics.

In order to confirmed the potential applicability of CADE assay to detect ENPs used

in industrial processes such as CMP polishing methods, we assessed the catalytic reactivity

of colloidal silicon dioxide (c-SiO2) and fumed silicon dioxide (f -SiO2) suspensions used in
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Figure 3.22: β values corresponding to the presence of silver extracted from textiles (A)
and analysis on the effect of washing detergent in CADE assessment capabilities. Each
experimental value represents the mean value from a set of 3 experiments with error bars
that correspond to 95% confidence intervals. ANOVA test and subsequent comparison of
means test showed that Dune samples, detergent with AgTW20 and AgTA differed significantly
from each of the control samples (α = 0.05, p-value < 0.0005). This test shows that the
difference in β value means are likely due to the presence of the different Ag and not due to
random error.

semiconductor fabrication. c-SiO2 and f -SiO2 slurries were provided by Cabot Inc. through

collaboration from the Semiconductor Research Corporation (SRC) and the SRC Engineer-

ing Research Center for Environmentally Benign Semiconductor Manufacturing. Since the

slurries were custom synthesized, there were no intellectual property challenges to overcome

nor any proprietary chemical additives. Table 3.6 summarizes the physiochemical properties

of the two CMP slurries, including information provided by the manufacturer as well as DLS

and TEM characterization data.

The reduction of MB by BH4 depends directly on the catalytic activity of nanoparticles

in CMPs. Figure 3.23 shows β values as a function of CMPs composition (c-SiO2 and f -

SiO2) at a constant concentration of 100 ppm. All β values are reported as the mean of at

least five experimental measurements with error bars that denote the 95% confident intervals

(α = 0.05). An analysis of variance (ANOVA) and subsequent comparison of means test

showed that all three samples differed significantly from each other at an α = 0.05 level
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(p-value < 0.0005 for all comparisons). This test shows that the difference in the β value

means are likely due to the presence of the different nanoparticles and not due to random

error. In the absence of CMPs in the CADE solution, the β values are ∼2.8, representing

the highest absorbance of CADE solution. The β values range from 2.6 for c-SiO2 to 2.4 for

f -SiO2. Lower β values correspond to higher CMP catalytic activity. At fixed CMP mass

concentration, the surface charge of nanoparticles may have an influence on the catalytic

reactivity of CMPs. We believe negatively charged particles, c-SiO2 and f -SiO2, with a

surface charge of -21 and -50 mV, may electrostatically repel BH4 molecules to the surface of

the particle, which then inhibit the reduction of MB, resulting in high β values. According

to Azad et al. when BH4 absorbs to the surface of nanoparticles, it creates a negatively

charged layer that attracts cationic organic dyes, such as methylene blue in CADE.[168]

This electrostatic attraction or repulsion between particle surfaces and the reducing agents

increase or decrease the reduction rate of MB similar to the one we observed for c-SiO2 and

f -SiO2.

Table 3.6: Summary of key characteristics and characterization analysis for model CMP
slurry composition

c-SiO2 f -SiO2

Material Colloidal SiO2 Fumed SiO2

pH 2.5 - 4.5 10

Particle size [nm] 50 - 60 120 - 140

Diameter by TEM [nm] 36 ± 9 —

Diameter by DLS [nm] 46 ± 0.2 148 ± 5.1

Zeta potential [mV] -21 -50

Taken together, we have developed a sensitive, simple and affordable methodology to

screen for the presence or absence of ENPs extracted from commercial products (e.g., tex-

tiles) and ENPs used in industrial applications (e.g., microprocessor fabrication). In this

section, we present a catalytic-colorimetric method for screening a range of metal (Ag) and

oxide (SiO2) ENPs that are commercially available in consumer goods. Our colorimetric
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Figure 3.23: β values as a function of CMPs type at a fixed mass concentration of 100 ppm.
Control experiments correlate to absence of CMPs in the assay. β value are an average
over 5 experiments with error bars that denote 95% confidence intervals. ANOVA test and
subsequent comparison of means test showed that all three samples differed significantly
from each other (α = 0.05, p-value < 0.0005). This test shows that the difference in the β
value means are likely due to the presence of the different CMPs and not due to random
error.

assay to detect engineered nanoparticles may aid in the assessment of ENPs for industrial

applications as a quality control technique for the production of nano-enable products and

for the detection of ENPs in accidental environmental spills by industries that used nanopar-

ticles during the fabrication of products.

3.5 Correlation of ENP Catalytic Reactivity and Bac-

terial Cytotoxicity

During the past three decades, multiple studies has evolved to understand the biological

and environmental impacts of ENPs, predict their potential toxicity, and the design of safe

nanoproducts.[187, 188, 189, 190] Understanding the interaction mechanisms between biolog-

ical systems and ENPs and their produced ions are a current interest among multiple research

groups since it could provide insights to their potential applications as disinfectants or preser-
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vatives as well as understanding possible human health implications.[36, 28] The ability to

control some of the physicochemical properties of nanoparticles (e.g., size, stability, morphol-

ogy, structure, and shape) through manipulation of temperature, pH, metal concentrations,

polymeric capping agents, etc, provides an opportunity to maximize the functional perfor-

mance while minimizing the unintended adverse consequences of ENPs. A large number of

studies have investigated oxide ENPs toxicity by comparing them to nanomaterials known to

exhibit adverse environmental side effects (e.g., ZnO and TiO2).[191, 192, 193, 194, 195, 196]

The properties that have been compared include length scales (micro vs. nano), suspension

media, oxidative states, and other intrinsic material properties.

We selected copper oxide engineered nanoparticles (CuOENP ), as a surrogate mate-

rial, to investigate the effect of particle shape and surface catalytic reactivity in cyto-

toxicity responses on biological relevant systems (e.g., Escherichia coli). Multiple stud-

ies have shown that CuOENP shape influences material properties, such as the electronic

band structure, redox potential, optical properties, electrical conductivity and antimicrobial

activity.[197, 198, 199] However, the direct influence of shape on CuOENP has not been thor-

oughly investigated and remains an opportunity to understand how this property will affect

the performance and/or adverse impacts when they are released into the environment.

There is interest in understanding the toxicity of CuOENP . Various research groups

have emphasized their efforts on resolving the mechanistic pathways of ENPs toxicity on

biological systems, specifically the contributions of the material itself versus the released

ions.[191, 200, 201, 202, 203, 189, 204, 205, 206] When a nanoparticle approaches a cell

membrane, several interactions are possible, as illustrated in Figure 3.24. ENPs could be

repelled by the membrane, adsorb onto the membrane, become stable embedded within,

pass through it, induce pore formation, activate membrane bound receptor proteins, and

production of reactive oxygen species (ROS) from the ENP material itself and/or the released

ions (e.g., Cu+2).[48, 207, 208, 187, 209, 210]
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Figure 3.24: Schematic showing diverse ENP interactions with a cell membranes (in the form
of lipid vesicle), including (A) aggregation in the membrane forming a disruptive nanopore,
(B) adsorption to and potential deformation and modification of phase behavior of the mem-
brane, (C) penetration and disruption of the cell membrane by high aspect ratio ENPs (i.e.,
carbon nanotubes), (D) partitioning of ENPs into the hydrophobic core of the bilayer, and
(E) disruption of the bilayer and formation of nanopores, potentially leading to increased
permeability to molecules and ENPs. The small red dots emanating from the pores represent
the leakage of molecules or organelles from the core of cells.

This study was performed in collaboration with Leanne Gilbertson from Yale University

and investigates the influence of CuOENP shape and catalytic reactivity to gram negative

Escherichia Coli -K12 cytotoxicity. We compared CuO nanosheets (CuOST ), synthesis de-

scribed below, to commercially available CuOENP . Data shows that CuOST have a differ-

ent shape, approximately a magnitude greater in surface area than other studied ENPs,

and display higher electrochemical and catalytic surface activity compared to the CuOENP .

CuOENP (< 50 nm), were purchased from Sigma-Aldrich and used as received. CuOST were

synthesized by dissolving 3.4 g of Copper (II) nitrate trihydrate (Sigma- Aldrich, 99%) in 100

mL of ultrapure water and mixed to a preheated (60 ◦C) in a solution (900 mL) containing

120 g of NaOH (Sigma-Aldrich, 98%) and 22 g of hexadecyltrimethylammonium bromide

(CTAB, Sigma-Aldrich, 99%). The combined solution was mixed by a magnetic stirrer and
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allowed to react for ∼1 hour at 60 ◦C. The black precipitate, which contains CuOST , was

isolated by vacuum filtration. Then, the CuOST precipitate was washed with ultrapure water

followed by rinsed of ethanol to remove residual reactants and dried in an oven for ∼1.5 hour

at 250 ◦C. The reactivity of the CuOENP and CuOST was characterized using a biologically

relevant oxidation of glutathione (GSH) assay and surface catalytic reactivity via the CADE

assay. TEM and SEM analysis provide evidence on the interaction of CuOENP with E. Coli.

Results presented in this section show that CuO nanosheets exhibit higher cytotoxicity than

ENP. Data, also, provides insights into potential mechanism of bacterial internalization of

CuOENP . This work contributes towards the understanding in the relationships between

specific physical (e.g., particle size, surface area) and chemical properties (e.g., catalytic

reactivity) of ENPs on their cytotoxicity effects in biological relevant systems.

3.5.1 Physicochemical Properties of CuO Nanopowder and

Nanosheets

Examination of the impact of CuO shape on cytotoxicity is a current necessity. We

characterized size, shape, surface area, surface charge, and reactivity of CuO. We summarized

characterization data for CuOENP and CuOST on Table3.7.

Table 3.7: Physicochemical characterization of CuO nanopowder and nanosheets
ENPs Size/Shape (dry) Dispersed Aggregate Size [nm] BET Surface Area [m2/g] Zeta Potential [mV] β Value [1 ppm / 10 ppm]

CuOENP < 50 nm (heterogeneous shape) 157 9.2 ± 0.5 -6.4 ± 23.7 2.67 ± 0.06 / 2.16 ± 0.07

CuOST 250 - 1000 nm2 x 15 nm thick (sheets) 557 20.0 ± 0.1 -22.1 ± 20.9 2.57 ± 0.02 / 1.11 ± 0.07

We confirmed the crystalline structure of the three CuO materials by X-ray diffraction

(XRD). Figure 3.25A shows XRD spectra of CuOST and CuOENP . We performed XRD

measurements with a Rigaku SmartLab X-ray diffractometer using Cu Kα radiation (λ

=1.5418 Å) and a rotating anode source, operated at 45 kV and 200 mA. The characteristic

diffraction peaks for cupric oxide (110), (111)/(002), (111)/(200), (202), (020), (202) can be

observed across all of samples and correlates with previous work by Xu et al.[211] TEM, SEM
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Figure 3.25: X-ray diffraction spectra of copper oxide nanosheets (CuOST ), nanopowder
(CuOENP ), and CuO control material (ControlCuO) (A). Scanning electron micrographs of
CuOENPs (B) and transmission electron micrograph of CuOST (C). Data collected by Leanne
Gilbertson from Yale University and results were submitted to ACSnano.[212]

and atomic force microscopy (AFM) was used to determine the morphology, dimensions, and

shape of all CuO samples. Figure 3.25 shows SEM and TEM micrographs for CuOENP and

CuOST . Data indicates that CuO nanopowder have irregular sphere shaped particles (< 50

nm), and CuO nanosheets are sheet-like particles of heterogenous lengths and widths (250

nm - 1 µm). We observe aggregates on CuO materials, as shown in micrographs, which might

be attributed to the intermolecular forces (e.g., van der Waals, electrostatic) of ENPs in the

suspension media that is confirmed by low particle surface charge. To resolve the instability

of particles, we employed sonication to agitate and disperse CuO particles. However, it is

difficult to stabilized CuO particles for long periods of time without the use of surfactants

or polymers particularly in biological or environmental media.[213] We did not use any

surfactants or dispersion stabilizing chemicals in our analysis to avoid the perturbation of

the CuO or cytotoxicity experiments.
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We determined size and size distribution for CuOENP and CuOST in a biological medium

(0.9% NaCl) via DLS. Data shows CuO nanopowder is smaller in size and the sample is more

monodispersed than nanosheets sample. We used Brunaur-Emmett-Teller (BET) method to

analyze the surface area of CuO material with methodology described previously.[214] All

BET measurements were carried out in a Quanta Chrome Autosorb-1C static volumetric

instrument. We degassed CuO samples at 200 ◦C for at least 4 hours and measured using

an eleven point BET protocol. The linear region of the BET plot of the N2 adsorption/des-

orption isotherm were used to calculate specific surface area. The surface area per gram of

nanopowder and nanosheets is 9.20 ± 0.45 and 20.01 ± 0.12 m2/g, respectively.

We also characterized CuO surface charge in biological media, the same as used for

cellular analysis, and over a wide rage of pH values. Electrophoretic mobility measurements

were collected to determine the dependence of material stability as a function of complexity

(e.g., proteins, lipids, amino acids, etc) and proton concentration on suspension media.

Zeta potential of CuO nanosheets was determined at a fixed concentration, 20 ppm, using

dynamic light scattering (DLS) (NICOMP 380 ZLS, Particle Sizing Systems, Santa Barbara,

CA) over a 15 min time period. The zeta potentials of particles influence their electrophoretic

mobility, as describe by the Henry equation and the Smoluchowski approximation.[120] All

working solutions were prepared in ultrapure water (18.3 MΩ-cm, Milli-Q Advantage A10

system, Millipore Corp., Billerica, MA) by first placing the experimental vial on a rotary

shaker (50 rpm) for 20 min at room temperature (23 ◦C), followed by mild sonication for 1

h (40 kHz, 2510DTH Branson, Ultrasonic Corp., Danbury, CT) prior to each experiment.

We prepared a stock 500 mM for each buffer (e.g., HEPES, citric acid, tris, bis-tris) at 22±2

◦C. All reagents were purchased from Sigma Aldrich. Each stock buffer solution had a pH

near the pKa of the respective buffer for maximum buffering capacity.[215] Stock 500 mM

buffer solutions were diluted to 20 mM with DI water prior to measuring pH of the solutions

using a dual conductivity and pH meter. Data collected on biological media shows that

CuO materials used in this study has zeta potential values ranging from 0.05 to -22.10 mV
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indicating that CuOENP and CuOST samples are unstable in the working suspension (Table

3.7). Further, when CuOST was investigated in different pH solutions, the magnitude of

particle surface charge (zeta potential) increased with increasing pH indicating that CuO

nanosheets are more stable at higher pH (Figure 3.26).

Figure 3.26: Surface charge of CuO nanosheets (reported as zeta potential) as a function of
pH at a fixed concentration (20 ppm) and ionic strength (20 mM). The data represents the
mean value from a set of six experiments with error bars that correspond to 95% confidence
intervals.

We determined the surface reactivity of CuO nanopowder and nanosheets using the colori-

metric assay to detect engineered nanoparticles (CADE). The surface catalytic reactivity of

nanomaterials in aqueous media is assessed colorimetrically using a combined dye (methylene

blue, MB) and a reducing agent (sodium borohydride, BH4) system as described in previous

sections of this dissertation. The reduction of MB by borohydride depends directly on the

catalytic activity of CuO particles. Figure 3.27 shows β values as a function of CuO shape

(nanopowder and nanosheets) at a constant mass concentration of 1 and 10 ppm. In the ab-

sence of CuO the β value is approximately 2.8, representing the maximum dye absorbance.

The β values of the CuO samples range from 2.6 for nanosheets in the case of 1 ppm to

1.1 for 10 ppm. Lower β values corresponding with higher material catalytic activity. The

nanosheets present the lowest β value and the greatest catalytic surface activity of the CuO
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materials studied here. An analysis of variance (ANOVA) was carried out and confirms that

the catalytic surface activity of CuO nanopowder and nanosheets are significantly different

from control (α = 0.05).

Figure 3.27: β-values for nanopowder (CuOENP ) and nanosheets (CuOST ) at a fixed mass
concentration of 1 (A) and 10 ppm (B). Control experiments correspond to the absence of
CuO material. The lower the β-values, the higher the material catalytic activity. Each
experimental value represents the mean from a set of five experiments with error bars that
correspond to 95% confidence intervals. ANOVA and subsequent comparison of means test
showed that the difference in the values of CuOENP and CuOST are statistically significant
(α = 0.05, p-value < 0.0005).

Taken together, these characterization results indicate that CuO nanopowder and

nanosheets differ in size, shape, dispersed aggregate size, morphology, surface area, and

surface reactivity (control < CuOENP < CuOST ). These properties influence the biological

impacts (e.g., cytotoxicity) and can be potentially modified for future ENP applications

such as disinfectants or antibacterial coatings.

The bacterial responses of CuOENP and CuOST were examined by using E.coli K12

(MG1655) as a biological model organism. Bacteria are a preferred model organism for

assessing environmental hazards and fates of chemicals as well as materials.[216] E.coli has

gained momentum across multiple fields to be used as a representative platform to evaluate

cytotoxicity and antibacterial performances of ENPs, specially for CuO nanomaterials.[217,

203, 199] Here we used both acellular and cellular assays to corroborate observed trends in
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bacterial impact of CuO ENPs. The acellular glutathione assay serves as an indicator of

cytotoxicity as well as a measurement for chemical reactivity of the CuO materials and the

cellular assay evaluates the adverse impact of CuO when they get into contact with E.coli

cells.

Glutathione (GSH) is a biomolecule that serves an important role in maintaining a healthy

cellular redox environment and can be used a surrogate molecule for acellular assays.[218] The

oxidation of GSH to oxidized glutathione (GSSG) serves as an indicator of a material’s ability

induce oxidative stress and potential mortality at the cellular level. GSSG was used as a

measurement of relative oxidation potential for these CuO materials. Details for GSH assays

are described elsewhere.[219, 220] GSH concentration quantification was done by measuring

the optical density of reagents at λmax = 412 nm. Each CuO sample was compared to the

control (no CuO) at each time point to obtain a percent oxidation of GSH according to the

Beer-Lambert Law, as presented in Equation 3.1. Results are shown as the percent of GSH

that is oxidized over time compared to the initial GSH concentration. Figure 3.28A and

B shows the oxidation percentage of GSH as a function of experimental time for CuOENP

and CuOST , respectively. Among CuO materials, nanosheets has the highest rate of GSH

oxidization > 60% within 15 minutes follow by CuOENP with ∼50% in 1 h. Findings

correlated with previous work that showed that ENPs possess higher propensity to oxidize

GSH and create elevate cellular stress compared to bulk material.[221, 222, 192, 195, 196, 223]

Suggesting that the manipulation of CuO shape at the nanoscale level has a significant

influence on bacterial cytotoxicity.

In-vitro cellular assays were used to investigate E.coli response to CuOENP or CuOST

exposure. Details of cellular assay is described by Pasquini et al.[220] We plate solutions and

quantify the colonies of E.coli to determine the percent reduction in CFUs/mL by comparing

them to the control samples, no CuO. Figure 3.28D shows the percent reduction of E.coli

[CFUs] as a function of CuO concentration for nanopowder and nanosheets. CuOST reduced

100% of bacteria colonies at a mass concentration of 40 ppm, implying that nanosheets

76



Figure 3.28: Percentage of oxidize glutathione (GSH) as a function of time for CuOENP (A)
and CuOST (B). CuO nanosheets have the highest oxidation potential (∼100% oxidation
within 30 minutes). Each experimental value represents the mean value from a set of six
experiments. Percent reduction E.coli colonies as a function of CuOENP (orange) and CuOST

(blue) mass concentration exposure (C) and surface are response for CuOENP , and CuOST

(D). Data shows consistency under both analysis and nanosheets exhibit higher cytotoxicity
than nanopowder material. Samples were run in triplicates. Data collected by Leanne
Gilbertson from Yale University and results were submitted to ACSnano.[212]
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possess the highest cytotoxicity among the other CuO materials. In contrast, CuOENP

did not attain 100% E.coli colony reduction even at the higher concentrations ∼200 ppm.

Results are consistence with our acellular analysis that shows that CuO nanosheets exhibit

higher cytotoxicity compared to different shaped ENPs (i.e., nanopowder). Results from

both acellular and cellular assay indicate that shape and size on ENPs play an essential role

in the cytotoxicity and biological impact of CuO materials.

Table 3.7 provides evidence on the distinctive variation of surface area for CuO samples. It

is essential to understand whether the cytotoxicity observed for the CuO materials hold when

it is normalized to their respective surface areas. Mass concentrations (mg/mL) of the CuO

nanomaterials were converted to surface area concentrations (m2/mL) using the surface areas

(m2/g) determined by BET analysis. Figure 3.28E shows percent reduction E.coli colonies as

a function of particle surface area for CuOENP , and CuOST . The relative cytotoxicity trends

for nanosheets remains present when they are considered on surface area basis compared

to nanopowder; reaffirming that ENP shape and size influence the biological impacts of

nanomaterials. This work represents a step toward the understanding of nanomaterials’ dose

standardization (e.g., mass, particle, or surface area basis) for environmental toxicological

analysis, which is a current topic of discussion among the scientific community.[224, 225, 226]

Results suggest that particles with higher surface catalytic activity and surface area can

induce higher biological responses, such as oxidation of biomolecules or bacterial mortality.

This provides an opportunity to compare and correlate how ENPs surface properties affect

the potential toxicological outcomes. Figure 3.29 show a comparison analysis of CADE and

bacterial responses for CuOENP and CuOST . In order to compared all assays, we report

activity responses as the normalized the experimental outcomes from the catalytic at 10

ppm, acellular at 30 min, and bacterial assays at 40 ppm. The normalized response is given

by

(R−Rmin)

(Rmax −Rmin)
(3.8)
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Where R is the experimental response-dependent, Rmin is the initial experimental response,

and Rmax is the maximum experimental response for a given assay. Data shows a potential

correlation between ENPs catalytic activity measured using CADE with the biological re-

sponses of nanomaterials at certain experimental conditions. However, more investigations

need to be performed in order to firmly determine the direct correlation between surface

catalytic activity and potential toxicity of ENPs.

Figure 3.29: Surface catalytic activity and bacterial responses correlation analysis for CuO
materials as normalized activity responses obtained by CADE, GHS, and bacterial assays
for CuOENP and CuOST . Each value represents the mean from a set of three experiments
with error bars that correspond to 95% confidence intervals.

While the mechanisms for cellular uptake of ENPs via endocytosis has been demonstrated

for eukaryotic cells (e.g., mammalian and plant cell lines)[227, 202], the pathways by which

nanoparticles interact with E.coli is still unknown. There is evidence for uptake of nanomate-

rials by bacterial cells.[217, 228, 229] One of the proposed mechanism involves internalization

of ENPs after chemical or physical perturbation to the cell membrane .[49, 88, 230, 101] Once

this protective barrier is breeched, the nanomaterial is able to move freely into the bacterial

cell. Kaweeteerawat, et al. recently showed that both Cu and CuO ENPs can be internalized

by bacteria without disruption of their cell walls and this that ultimately creates irreparable
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damage to the integrity of prokaryote cells.[217] Results presented herein provide additional

evidence of the interaction of CuO with E.coli and deepen the understanding of bacterial -

ENPs uptake mechanism.

To evaluate the interaction of CuOENP and CuOST with E.coli, the usage of transmission

electron microscopy (TEM), scanning TEM (STEM), and elemental mapping via electron

energy-loss spectrometer was employed. Samples were prepared for electron microscopy by

following the method described by Perreault, et al.[202] Figure 3.30 shows TEM, STEM

Figure 3.30: Photograph of CuO and E.coli sample fixed in resin prior to be sliced into
70 nm specimens (A), TEM and STEM-EDX micrographs control samples (B-C), CuOENP

(D-G), and CuOST (H-J). Control samples correlates to E.coli in absence of CuO material.
Data collected by Leanne Gilbertson from Yale University and results were submitted to
ACSnano.[212]

and X-ray elemental mapping of CuOENP and CuOST in the presence of bacterial samples.

Overall, results reveal the interactions of CuO with E.coli cells (e.g., inside the cell, at

the cell surface, and/or penetrating the cell wall). In the case of control experiments, no

copper exposure to cells, phosphorous and osmium were identified that can be attributed

to the intrinsic cell composition and to the staining solutions used for these experiments,

respectively. Also, we observed a small copper readings in the control samples (shown

as red), which can be due to the residual Cu in NaCl salt used to prepare the biological

media. For the case of CuO materials, micrographs show evidence of copper interacting

with E.coli cells, which are presented with arrows. While the micrographs provide evidence
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that all CuO materials do interact with bacterial cells (i.e., inside or embedded in the

cell membrane), it is important to note that the internalized material is either as single

particles, for the case of CuOST , or as aggregates. There has been significant evidence

that ENPs do interact and accumulate at the surface of cell membranes, which are potential

mechanisms for CuO materials.[50, 51, 48] Confirmation of some of the potential mechanisms

are illustrated in Figure 3.30K, where CuOST are penetrating as well as at the accumulating

in the cell membrane surface. Indicating that the material-cell mechanism of internalization

is important aspect that require further examination.

We showed that shape, surface area, and reactivity of CuO material, specially nanosheets,

increase the bacterial cytotoxicity for E.coli cells and provided information on how to ma-

nipulate some of physicochemical properties to enhance the antibacterial efficacy of CuO

nanopowder and nanosheets. In some applications where the desired function is bacterial

cytotoxicity, shape can be manipulated to improve functional performance efficiency and

potentially decrease the total amount of CuO required to achieve final goals and for cases

where antimicrobial activity is not desired, CuO shape can be manipulated to optimize the

desired function while minimizing the potential for adverse environmental and human health

impacts.

3.6 Summary

We have developed a sensitive and simple methodology to screen for the presence of

ENPs in complex samples (environmental waters and biological fluids). In this chapter, we

present a catalytic-colorimetric assay to detect engineered nanoparticles (CADE) method

that is used to screen for a wide range of ENPs in complex matrices. This method is suffi-

ciently sensitive to surface reactivity, which is a unique nano-scale property of environmental

relevance in ENP toxicity, and uses inexpensive, commercially available reagents. CADE as-

say has detection limits below the typical concentrations commonly used in toxicological
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studies[41, 231] with an analytical sensitivity in the range reported for LC50 concentration

values.[232, 233] Our results demonstrate that this assay can detect the presence of ENPs

at ppb concentration levels. We have detected a wide range of metal (e.g., Ag and Au)

and metal oxide (e.g., CeO2, SiO2, VO2, CuO) nanoparticles with a diameter range of 5

to 400 nm and multiple capping agents. The detection capabilities of this assay enable the

assessment of ENPs in serum, urine, environmental waters, and natural organic matter as

well as nanomaterials extracted from commercial products without any sample preparation

or complex instrumentation. Incidental or endogenous nanoparticles may pose a challenge

for the colorimetric assay. As a first step, we showed that this assay is not susceptible to

false positive readings in lake water, which most likely contains endogenous nanoparticles,

however we can not draw general conclusions about the assay’s efficacy in the presence of all

incidental and natural nanoparticles. The development of CADE may aid in the assessment

of nanoparticles for environmental, industrial, and medical applications.

We are also interested in correlating ENPs catalytic activity measured using CADE

with the formation of reactive oxygen species, cellular toxicity, and biological responses of

nanomaterials. We used CuO, as a surrogate material, to study the effect of shape, size

(micro versus nano), surface area, and material reactivity to cytotoxicity of E.coli cells. We

employed electron microscopy to support the existence of bacterial internalization of copper

nanomaterials. Our results will build upon the foundation and refinement of information and

resolve the mechanistic pathways through which ENPs’ internalization occurs. Data shows

that ENPs with higher catalytic activity reduce vitality of bacterial colonies and produce

higher cytotoxicity to E.coli cells. Our work represents a step towards reliable, sensitive,

and accurate methodologies for the detection of ENPs in complex matrices, using low-cost

and portable instrumentation. This work will ultimately assist in the design criteria to

enable development of nanomaterials for enhanced functional performance while minimizing

potential adverse and unintended consequences.
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Chapter 4

Summary, Recommendations, and

Closing Remarks

4.1 Results Summary

Nanotechnology has a large potential for improving multiple aspects in human welfare,

such as medicine, energy efficiency, manufacturing, catalysis, and food preservation, among

others.[234, 235] However, both scientists and the public are concerned about the risk and

the potential adverse health impacts of engineered nanoparticle exposure in manufacturing

facilities (i.e., the workplace), from commercial products, or environmental impacts when

ENPs are released.[42, 236] Nanotechnology introduces a new field that requires novel ap-

proaches and methodologies for hazard and risk assessment. The appropriate platform for

safety assessment and detection of nanoparticles must consider unique properties and func-

tions of ENPs , including how the physicochemical properties relate to mechanisms of injury

at the nano - bio interface as well as how to employ their individual properties for detection.

This rapidly advancing field requires novel test strategies since the current techniques are

expensive, do not work well in biological and environmental relevant samples, and require

highly trained personnel to operate.[237] This dissertation includes a detailed development of
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methodologies to assess for the presence and biological impacts of engineered nanoparticles,

which represents a step toward the understanding of potential toxicity of these materials,

design of safe nanoproducts, and advancement of nanomedicine.

In this dissertation, we employed an electrophysiological methodology to assess for the

biological impact of ENPs to cellular membranes. We report direct measurements of ion mi-

gration across lipid bilayers induced by ENPs. Our results suggest that the distinctive current

flux behavior for carbon nanotubes may be attributed to ions electromigrating through the

core of CNTs that are inserted and span into the suspended lipid bilayer. Electrophysiologi-

cal measurements enabled monitoring of ENP and cell membranes (lipid bilayer) interaction

dynamics in real time. The diverse set of current traces suggests that the mode of bilayer

disruption is dependent on the shape and concentration of particles. Furthermore, we pre-

sented a quantitative analysis (e.g., FEI and average conductance) of the interaction of

ENPs - lipid membranes that captures the ion migration effect induced by particle shape,

size and concentration. Given that the disruption of cellular membrane disruption is one of

the potential mechanisms leading to nanotoxicity, our electrophysiological platform provides

insights on the biological impacts of nanoparticles that can, ultimately, serve as a potential

predictor of cytotoxicity for ENPs.

This dissertation also covered a description on the development of a simple and afford-

able methodology to screen for the presence of ENPs in environmental waters and biological

fluids as well as the detection of nanoparticles extracted from commercially available prod-

ucts. This work present a catalytic-colorimetric method for screening a wide range of ENPs

in complex matrices which may aid in the detection of nanoparticles for environmental, in-

dustrial, and medical applications. The method is sufficiently sensitive to surface reactivity

which is a unique nanoscale property of environmental relevance in ENP toxicity, and uses

inexpensive, commercially available reagents. This assay has detection limits below the typ-

ical concentrations commonly used in toxicological studies with an analytical sensitivity in

the range reported for LC50 concentration values. Our results demonstrate that this as-
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say can detect the presence of metal and metal oxide ENPs at ppb concentration levels as

well as assessing for ENPs extracted from nano-enable products. We also correlated ENP’s

catalytic reactivity measured using this assay with bacterial cytotoxicity. Proving that our

colorimetric assay can serve as a potential screening for toxicity of nanoparticles. Our work

represents a step toward reliable, sensitive, and accurate methodologies for the detection of

ENPs in complex matrices as well as extracted ENPs from consumer goods, using low-cost

and portable instrumentation.

4.2 Future Recommendations

In the second chapter of this dissertation, we showed the electron migration across cell

membranes due to the interaction with ENPs (i.e., carbon nanotubes, quantum dots) and

how concentration as well as particles aspect ratios influenced the ion flow across lipid bilay-

ers. There are some interesting directions that this study can take: determine mechanism

of interaction between CNTs and cell membranes (e.g., contributions of ion flowing through

the core of CNTs or creation of nanopores around the ENP) by investigating the effect that

capped carbon nanotubes [101] on the electron flux across lipid bilayers. Examine CNT ion

conductive properties through membranes by chemically functionalized the tip of MWCNT

that will modified their ion selectivity.[238, 239] This approach should provide further ev-

idence that current fluxes are not induced by transmembrane gaps while elucidating the

mechanism of step increase in ion flow. It should also allow us to determine how specific

physicochemical properties (e.g., size, core composition, surface functionality) of a single set

of ENPs will directly influence the interaction with cell membranes, and to specify whether

CNTs are permanently embedded within cell membranes or act as ion channels while tem-

porarily interacting with the lipid membrane. We can also investigate nanoparticle transport

through cell membranes by correlating ENP mass spectroscopy measurements in both sides of

the suspended lipid bilayer. Given that cellular membrane disruption is one of the potential
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mechanisms leading to cytotoxicity, by addressing these mentioned concerns, the scientific

community will gain some mechanistic understanding by which ENPs induce cell membrane

disruption and how ENPs and lipid membranes properties govern the interactions.

With respect to the developed assay to detect engineered nanoparticles (CADE), there

are some pathways that need to be considered in order to improve the assessment of ENPs

for environmental, medical, or commercial applications. These include examining the effect

of incidental or endogenous nanoparticles and how to differentiate them from ENPs. As a

first step, we showed in this dissertation that our assay is not susceptible to false positive

readings in lake water, which most likely contains endogenous nanoparticles, however we can

not draw general conclusions about CADE’s efficacy in the presence of all incidental and

natural nanoparticles. It would also be important to determine the correlation of nanoparti-

cles catalytic reactivity measured using CADE with the formation of reactive oxygen species

in cellular toxicity assays, as well as the development of dye-reducing agent pairs that will

be specific to a single ENPs’ physicochemical characteristic (e.g., composition, size, con-

centration, redox potential, reactivity). In addition, testing other commercial nano-enabled

products (e.g., food products, cosmetics, etc) and determine the assessment capabilities dur-

ing their life cycle would be desirable. Examing the development of a single ENPs’ catalytic

descriptor value could be used to compared and measure catalytic reactivity of nanoma-

terials. A potential approach will be by measuring the catalytic activity via CADE of a

reference material (i.e., RM 8011-Gold Nanoparticles, Nominal 10 nm Diameter, National

Institute of Standards and Technology, MD) and compare its value to unknown ENPs. We

also would like to investigate the effect of hydrophobicity of the dye, complex formation of

the dye with anionic surfactants, repulsion between the dye and charged surfactants, since

we believe they may also impact the catalytic reactivity of the ENPs. Finally, in a step

toward integration of CADE into portable devices for field analysis, we suspect that the

potential usage of smartphone based optical detection technology, as portable spectrometer

can be achieved in the years ahead[240, 241], as well as the creating a disposable, one time
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use, CADE microfluidic cartridges for multiplex and portable detection of nanomaterials for

occupational safety and study of environmental exposure to particles .

4.3 Closing Remarks

One of the topics that I have not covered in this dissertation is the experience of assisting

Professor Jonathan D. Posner to setup his research lab. As Prof. Posner moved from Ari-

zona State University to the University of Washington, I had the privilege of helping him to

rebuild the lab from bare rooms and footprints to the functioning and efficient machine that

it is today. I could write at length of all of the essential components (e.g., microscopes, op-

tical tables, ultra-pure water systems, dynamic light scattering instrumentation, pH meters,

computers, softwares, laser cutter, fridges, chemicals, glassware, etc) and not-so-important

components (e.g., printers, label makers, markers, storage cabinets, gloves, etc) that I helped

to set up and/or advised to purchase at the lab’s initial stages after our transition to UW.

However, there would not be much to learn from the discussion other than one simple fact

that: “it is simpler to truly understand and appreciate any complex system when you know all

of parts and how they work together”. I took great pride and thoroughly enjoyed rebuilding

Posner’s Research Lab. Having a keen understanding of the instrumentation that I used for

the experiments presented in this dissertation provided me with a much greater insight into

the data analysis and results than I would have had without having this experience. Even

though, these efforts often go unnoticed and do not generally result in journal publications,

the working knowledge gained often does come across in the quality of research presented.

The results of the developed methods to assess for the presence and biological impacts

of engineered nanoparticles presented in this dissertation have proven to be of great util-

ity for numerous potential applications including nano-toxicology, nano-medicine, industrial

quality control, and basic understating of biophysics at the nano-level. However, like all

good research, our results have lead to other interesting questions and directions that this
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work might take. Many of these questions are currently being investigated here at Posner

Research Lab and are sure to spring multiple interesting science and future applications. I

am confident that Posner’s research group will continue to make progress in these fields and

discover many new breakthroughs along the way.
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Chapter 5

Appendix: Matlab Files

5.1 Background

Over the last five years at the Posner Research Group, my peers and I have managed to

write many Matlab scripts for a variety of experimental analysis and applications. It would

be unnecessary to include all of the scripts here, but there are two scripts in particular that

serve as great references for the work presented in this dissertation.

The first script is to process and quantify the current passing through a suspended lipid

bilayer (pBLM) due to the interaction of ENPs, refer to Chapter 2. This script serves as

a great example because it employs integration and extraction of current flux raw data

from a custom LabView script as well as statistical analysis to extract comparable ENP –

membrane interaction values (e.g., FEI and Average conductance) that can be potentially

used to understand the difference in mechanistic interaction behavior on nanoparticles with

cell membranes.

The second script is used to compute and quantify surface catalytic reactivity values of

ENPs (e.g., β and τ) in a variety of complex solutions and nanoparticles extracted from

commercial products, as shown in Chapter 3. This Matlab script can easily be adapted to

account for the presence or absence of ENPs in environmental and biological media, which
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is a step towards the development of a sensitive, simple, and reliable methodology to detect

ENPs in complex samples.

5.2 ENP–Membrane Interaction Quantification

% % This code i s used to ex t r a c t anay t i c a l va lue s o f ENP−Lip id B i l aye r

% % i n t e r a c t i o n s ( e . g . , FEI and average conductance )

% % of ENPs .

%

% % Posner Research Group

% % Unive r s i ty o f Washington , Department o f Chemical & Mechanical Engineer ing

% % Created : 02/13/2012

% % Last Updated : 05/14/2013

%

%% Admin i s t rat ive

c l e a r a l l

c l o s e a l l

c l e a r a l l ; c l o s e a l l ; c l c ;

%%Star t Code%%

func t i on Smal lAmp loopv2 funct ion Char l i e ( f l a t s t a r t , f l a t end , f l a t f o l d e r ,

runstar t , runend , experiment , amplitude , bins , cut1 , cut2 , f i l e f o l d e r , doRxx , doFFT

, ps i ze , Vfrac )

%func t i on [ cond Sig , maxflat , current mean ] = SmallAmp loopv2 function ( f l a t s t a r t

, f l a t end , f l a t f o l d e r , runstar t , runend , experiment , amplitude , bins , cut1 , cut2 ,

f i l e f o l d e r , doRxx , doFFT, ps i ze , Vfrac )

%%%%%%

%%%%%%

%func t i on [CondTT, tp lo t , current dataTT , current dataTTp , current dataAVE , xplot ,

pdfc , cdfc , Rxx1 , lags , FFTfreq ,yFFT] = SmallAmp loopv2 function ( runstar t ,

runend , experiment , amplitude , bins , cut1 , cut2 , f i l e f o l d e r )
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%[CondTT, tp lo t , current dataTT , current dataTTp , xplot , pdfc , cd f c ] =

SmallAmp loopv2 function ( runstar t , runend , experiment , amplitude , bins , cut1 ,

cut2 , f i l e f o l d e r )

%NOTES%

%ps i z e i d s s t r i n g with p a r t i c l e diameter in nm

% Vfrac i s s t r i n g with volume f r a c t i o n

%SmallAmp loopv2 function ( runstar t , runend , experiment , amplitude , bins , cut1 , cut2 ,

f i l e f o l d e r )

% runs ta r t i s f i r s t numbered entry , runend i s l a s t , both i n t e g e r s

% experiment i s a s t r i n g that has the experiment name f o r r e s u l t s f o l d e r

% amplitude i s b i a s vo l t age appl ied , b ins i s f o r Conductance histogram

%cut1 and cut2 cuts o f f the jumps at beg inning and end o f measurement

%

%change std back from 5 to 3 and change s a v e f o l d e r back uncomment cd f pdf

t i c

%

%sav e f o l d e r =[ ’C:\Documents and Se t t i n g s \ ccor red1 \Desktop\Suspended Bi l aye r \

Resu l t s \ ’ ] ;

%f o l d e r =[ ’C:\Documents and Se t t i n g s \ ccor red1 \Desktop\Suspended Bi l aye r \ ’

f l a t f o l d e r ] ;

c u r r e n t s c a l e = 2 ;

% i f ( c u r r e n t s c a l e==1)

% s c a l e=1e12 ;

% vo l t a g e s c a l e=1e3 ;

% e l s e ( c u r r e n t s c a l e==2)

% s c a l e =1;

% vo l t a g e s c a l e =1;

% end

i f ( c u r r e n t s c a l e==1)

s c a l e=1e12 ;
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v o l t a g e s c a l e =1;

e l s e i f ( c u r r e n t s c a l e==2)

s c a l e =1;

v o l t a g e s c a l e =1;

end

f l a t c oun t=f l a t s t a r t ;

%begin data loop

whi l e ( f l a t count<=f l a t end )

f l a t c oun t

cd ( f o l d e r ) ;

pathname=[ f o l d e r ] ;

path ( path , pathname ) ;

i f f l a t count >99

f i l e name=[ i n t 2 s t r ( f l a t c oun t ) , ’ . tx t ’ ] ;

e l s e i f f l a t c oun t > 9

f i l e name=[ ’ 0 ’ , i n t 2 s t r ( f l a t c oun t ) , ’ . txt ’ ] ;

e l s e

f i l e name=[ ’ 00 ’ , i n t 2 s t r ( f l a t c oun t ) , ’ . txt ’ ] ;

end

f i d = fopen ( f i l e name ) ;
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%da t a f i l e t y p e = input ( ’What i s the cur rent output , 1 f o r Old ( Labview 6 . 1 ) ,

2 f o r Newer ( Labview 8) ’ ) ;

d a t a f i l e t y p e = 2 ;

i f ( d a t a f i l e t y p e==1)

ga in a lpha = f g e t l ( f i d ) ;

ga in be ta = f g e t l ( f i d ) ;

F i l t e r kHz = f g e t l ( f i d ) ;

Scan rate = f g e t l ( f i d ) ;

Number of points = f g e t l ( f i d ) ;

Appl ied Voltage = f g e t l ( f i d ) ;

I n f o 1 = f g e t l ( f i d ) ;

I n f o 2 = f g e t l ( f i d ) ;

Res i s tance = f g e t l ( f i d ) ;

Capacitance = f g e t l ( f i d ) ;

Data l abe l s = f g e t l ( f i d ) ;

e l s e i f ( d a t a f i l e t y p e==2)

Fi le name = f g e t l ( f i d ) ;

Appl ied Voltage = f g e t l ( f i d ) ;

Spa c e F i l l 1 = f g e t l ( f i d ) ;

Spa c e F i l l 2 = f g e t l ( f i d ) ;

Spa c e F i l l 3 = f g e t l ( f i d ) ;

Spa c e F i l l 4 = f g e t l ( f i d ) ;

Spa c e F i l l 5 = f g e t l ( f i d ) ;

Spa c e F i l l 6 = f g e t l ( f i d ) ;

Spa c e F i l l 7 = f g e t l ( f i d ) ;

Added s ignal = f g e t l ( f i d ) ;

ga in a lpha = f g e t l ( f i d ) ;

Device = f g e t l ( f i d ) ;

So lu t i on = f g e t l ( f i d ) ;

Comments = f g e t l ( f i d ) ;
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Res i s tance = f g e t l ( f i d ) ;

end

matrix2 = f s c a n f ( f i d , ’%c ’ ) ;

f i l e d a t a=s t r r e ad ( matrix2 ) ;

vo l t age da ta=f i l e d a t a ( : , 1 ) ;

vo l t age da ta=vo l t age da ta / v o l t a g e s c a l e ;

cu r r ent data=f i l e d a t a ( : , 2 ) ;

cu r r ent data=cur r ent data ∗ s c a l e ;

conductance = cur r ent data / amplitude ;

pts=cut2−cut1+1;

current dataAVEflat ( ( f l a t count− f l a t s t a r t )+1)=mean( cur r en t data ( cut1 : cut2 , 1 ) ) ;

cur rent dataTTf la t ( ( f l a t count− f l a t s t a r t ) ∗pts+1: pts+( f l a t count− f l a t s t a r t ) ∗pts )=

cur r ent data ( cut1 : cut2 , 1 ) ;

f l a t c oun t=f l a t c oun t +1;

end

%end data loop

s t d f l a t=std ( cur rent dataTTf la t ) ;

maxf lat=max( current dataTTf la t ) ;
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min f l a t=min ( cur rent dataTTf la t ) ;

meanf lat=mean( cur rent dataTTf la t ) ;

%change t h i s

%put at 3

p3 std=meanf lat+4∗ s t d f l a t

n3 std=meanflat−4∗ s t d f l a t

tTo t f l a t=length ( cur rent dataTTf la t ) /10000;

t p l o t f l a t=l i n s p a c e (0 , tTot f l a t , l ength ( cur rent dataTTf la t ) ) ;

f i g u r e 1=f i g u r e ;

p l o t ( t p l o t f l a t , cur rent dataTTf la t ) ;

%p lo t ( runplot , current dataTT ) ;

ylim ([−50 150 ] ) ;

t i t l e ( [ ’ Current vs time f l a t run#s ’ , i n t 2 s t r ( f l a t s t a r t ) , i n t 2 s t r ( f l a t end ) ,

p s i z e ’ nm ’ , ’ vo l f r a c ’ , Vfrac , ’ ’ , experiment ] )

x l ab e l ( [ ’Time ( s ) ’ ] )

y l ab e l ( ’ I (pA) ’ )

Condf lat=current dataTTf la t . / amplitude ;

f i g u r e 2=f i g u r e ;

h i s t ( Condflat , b ins )

xlim ([−0.5 5 ] ) ;

yl im ( [ 0 2500 ] ) ;

t i t l e ( [ ’ Conductance f l a t run#s ’ , i n t 2 s t r ( f l a t s t a r t ) , i n t 2 s t r ( f l a t end ) , p s i z e

’ nm ’ , ’ vo l f r a c ’ Vfrac , ’ ’ , experiment ] )

x l ab e l ( [ ’Cond (nS) ’ ] )
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y l ab e l ( ’Number o f Occurrences ’ )

f 1 =[ s a v e f o l d e r ’ \ ’ experiment ] ;

i f ( e x i s t ( f 1 ) == 0)

mkdir ( f 1 ) ;

end

saveas ( f i gu r e1 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ currentFLAT . f i g ’ ] ) ;

saveas ( f i gu r e1 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ currentFLAT . t i f ’ ] ) ;

saveas ( f i gu r e2 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ condFLAT . f i g ’ ] ) ;

saveas ( f i gu r e2 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ condFLAT . t i f ’ ] ) ;

toc

cd ( ’C:\Documents and Se t t i n g s \ ccor red1 \Desktop\Suspended Bi l aye r \mat l ab f i l e

s c r p t s \ ’ )

keep meanf lat p3 std min f l a t maxf lat run s ta r t runend experiment amplitude b ins

cut1 cut2 f i l e f o l d e r doRxx doFFT ps i z e Vfrac s a v e f o l d e r n3 std

%

% f l a t data above ˆ

%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%

% run data below v

%

%sav e f o l d e r =[ ’C:\ Nanopart i c l e B i l aye r \Results ’ ] ;

%f o l d e r =[ ’C:\Documents and Se t t i n g s \ ccor red1 \Desktop\Suspended Bi l aye r \ ’

f i l e f o l d e r ] ;

t i c

c u r r e n t s c a l e = 2 ;

% i f ( c u r r e n t s c a l e==1)

% s c a l e=1e12 ;

% vo l t a g e s c a l e=1e3 ;
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% e l s e ( c u r r e n t s c a l e==2)

% s c a l e =1;

% vo l t a g e s c a l e =1;

% end

i f ( c u r r e n t s c a l e==1)

s c a l e=1e12 ;

v o l t a g e s c a l e =1;

e l s e i f ( c u r r e n t s c a l e==2)

s c a l e =1;

v o l t a g e s c a l e =1;

end

run=runs ta r t ;

%%%%%%%%%%%%%%%%%%% begin data loop

whi l e ( run<=runend )

cd ( f o l d e r ) ;

pathname=[ f o l d e r ] ;

path ( path , pathname )

i f run>99

f i l e name=[ i n t 2 s t r ( run ) , ’ . tx t ’ ] ;

e l s e i f run > 9

f i l e name=[ ’ 0 ’ , i n t 2 s t r ( run ) , ’ . txt ’ ] ;

e l s e

f i l e name=[ ’ 00 ’ , i n t 2 s t r ( run ) , ’ . txt ’ ] ;
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end

f i d = fopen ( f i l e name ) ;

%d a t a f i l e t y p e = input ( ’What i s the cur rent output , 1 f o r Old ( Labview 6 . 1 ) ,

2 f o r Newer ( Labview 8) ’ ) ;

d a t a f i l e t y p e = 2 ;

i f ( d a t a f i l e t y p e==1)

ga in a lpha = f g e t l ( f i d ) ;

ga in be ta = f g e t l ( f i d ) ;

F i l t e r kHz = f g e t l ( f i d ) ;

Scan rate = f g e t l ( f i d ) ;

Number of points = f g e t l ( f i d ) ;

Appl ied Voltage = f g e t l ( f i d ) ;

I n f o 1 = f g e t l ( f i d ) ;

I n f o 2 = f g e t l ( f i d ) ;

Res i s tance = f g e t l ( f i d ) ;

Capacitance = f g e t l ( f i d ) ;

Data l abe l s = f g e t l ( f i d ) ;

e l s e i f ( d a t a f i l e t y p e==2)

Fi le name = f g e t l ( f i d ) ;

Appl ied Voltage = f g e t l ( f i d ) ;

Spa c e F i l l 1 = f g e t l ( f i d ) ;

Spa c e F i l l 2 = f g e t l ( f i d ) ;

Spa c e F i l l 3 = f g e t l ( f i d ) ;

Spa c e F i l l 4 = f g e t l ( f i d ) ;

Spa c e F i l l 5 = f g e t l ( f i d ) ;
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Spa c e F i l l 6 = f g e t l ( f i d ) ;

Spa c e F i l l 7 = f g e t l ( f i d ) ;

Added s ignal = f g e t l ( f i d ) ;

ga in a lpha = f g e t l ( f i d ) ;

Device = f g e t l ( f i d ) ;

So lu t i on = f g e t l ( f i d ) ;

Comments = f g e t l ( f i d ) ;

Res i s tance = f g e t l ( f i d ) ;

end

matrix2 = f s c a n f ( f i d , ’%c ’ ) ;

f i l e d a t a=s t r r e ad ( matrix2 ) ;

vo l t age da ta=f i l e d a t a ( : , 1 ) ;

vo l t age da ta=vo l t age da ta / v o l t a g e s c a l e ;

cu r r ent data=f i l e d a t a ( : , 2 ) ;

cu r r ent data=cur r ent data ∗ s c a l e ;

conductance = cur r ent data / amplitude ;

toc

t i c

pts=cut2−cut1+1;

meas time=9000+( length ( cur r en t data )−cut2 )+cut1 ;

current dataAVE ( ( run−run s ta r t )+1)=mean( cur r en t data ( cut1 : cut2 , 1 ) ) ;

f c l o s e a l l ;

i f run==1
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CondTT( ( run−run s ta r t ) ∗pts+1: pts+(run−run s ta r t ) ∗pts )=conductance ( cut1 : cut2

, 1 ) ;

current dataTTp ( ( run−run s ta r t ) ∗pts+1: pts+(run−run s ta r t ) ∗pts )=cur r ent data (

cut1 : cut2 , 1 ) ;

current dataTT ( ( run−run s ta r t ) ∗pts+1: pts+(run−run s ta r t ) ∗pts )=cur r ent data (

cut1 : cut2 , 1 ) ;

e l s e i f run >= 1

CondTT( ( run−run s ta r t ) ∗pts+1: pts+(run−run s ta r t ) ∗pts )=conductance ( cut1 : cut2

, 1 ) ;

current dataTTp ( pts+(run−run s ta r t ) ∗pts+meas time∗ ( run−run s ta r t )+1: pts+

meas time+(run−run s ta r t ) ∗pts+meas time∗ ( run−run s ta r t ) )=ze ro s (1 , meas time ) ;

current dataTTp ( ( run−run s ta r t ) ∗pts+1+meas time∗ ( run−run s ta r t ) : pts+(run−

run s ta r t ) ∗pts+(run−run s ta r t ) ∗meas time )=cur r en t data ( cut1 : cut2 , 1 ) ;

current dataTT ( ( run−run s ta r t ) ∗pts+1: pts+(run−run s ta r t ) ∗pts )=cur r ent data (

cut1 : cut2 , 1 ) ;

end

run=run+1

end

%%%%%%%%%%%%%%%%%% end data loop

currentSUM=0;

cur r ent count =0;

i f amplitude >0
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% fo r i =1: l ength ( current dataTT )

% i f current dataTT ( i )>=p3 std & current dataTT ( i ) < 9000

% cur rent count=cur rent count +1;

% cond Sig ( cur r ent count )=current dataTT ( i ) . / amplitude ;

% end

% end

cond Sig = current dataTT ( current dataTT >= p3 std & current dataTT < 9000) . /

amplitude ;

% cond Sig = current dataTT ( current dataTT >= p3 std & current dataTT < 9000)

. / amplitude ;

e l s e i f amplitude <0

f o r i =1: l ength ( current dataTT )

i f current dataTT ( i )<=n3 std & current dataTT ( i ) > −9000

cur r ent count=cur rent count +1;

cond Sig ( cur r ent count )=current dataTT ( i ) . / amplitude ;

end

end

end

Ttota l=length ( current dataTT ) . /10000 ;

Ts igna l=length ( cond Sig ) . /10000 ;

%

% current mean=currentSUM/ cur rent count

% current mean=mean( cu r r en t S i g )

cond max=max( cond Sig )

cond mean=mean( cond Sig )

cond mode=mode( cond Sig ) ;

cond median=median ( cond Sig ) ;

current mean=cond mean∗ amplitude
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toc

t i c

%f i d 1=fopen ( ’C:\Documents and Se t t i n g s \ ccor red1 \Desktop\Suspended Bi l aye r \

Resu l t s \Output NP . csv ’ , ’ a ’ ) ;

i f amplitude > 0

f p r i n t f ( f id1 , [ ’ \n ’ experiment ’ , ’ p s i z e ’ , ’ num2str ( cond mean ) ’ , ’ num2str

( cond max ) ’ , ’ num2str ( cond mode ) ’ , ’ num2str ( cond median ) ’ , ’ num2str (

current mean ) ’ , ’ i n t 2 s t r ( amplitude ) ’ , ’ num2str ( p3 std ) ’ , ’ Vfrac ’ , ’

num2str ( Ttota l ) ’ , ’ num2str ( Ts igna l ) ’ , ’ i n t 2 s t r ( run s ta r t ) ’ , ’ i n t 2 s t r (

runend ) ] ) ;

e l s e i f amplitude < 0

f p r i n t f ( f id1 , [ ’ \n ’ experiment ’ , ’ p s i z e ’ , ’ num2str ( cond mean ) ’ , ’ num2str

( cond max ) ’ , ’ num2str ( cond mode ) ’ , ’ num2str ( cond median ) ’ , ’ num2str (

current mean ) ’ , ’ i n t 2 s t r ( amplitude ) ’ , ’ num2str ( n3 std ) ’ , ’ Vfrac ’ , ’

num2str ( Ttota l ) ’ , ’ num2str ( Ts igna l ) ’ , ’ i n t 2 s t r ( run s ta r t ) ’ , ’ i n t 2 s t r (

runend ) ] ) ;

end

f c l o s e ( f i d 1 ) ;

bigS=s i z e ( current dataTT ) ;

runplot=l i n s p a c e ( runstar t , run s ta r t+(runend−run s ta r t ) , bigS (1 , 2 ) ) ;

tTot=length ( current dataTTp ) . /10000 ;

t p l o t=l i n s p a c e (0 , tTot , l ength ( current dataTTp ) ) ;

t p l o t 2=l i n s p a c e (0 , tTot , l ength ( current dataTT ) ) ;
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f i g u r e 1=f i g u r e ;

% p lo t ( tp lo t , current dataTTp ) ;

p l o t ( runplot , current dataTT ) ;

i f amplitude > 0

ylim ([−50 3500 ] ) ;

e l s e i f amplitude < 0

ylim ([−3500 50 ] ) ;

end

t i t l e ( [ ’ Current vs time ’ , p s i z e ’ nm ’ , ’ vo l f r a c ’ Vfrac , ’ run #s

’ , num2str ( run s ta r t ) , ’ ’ , num2str ( runend ) , ’ ’ , experiment ] )

x l ab e l ( [ ’Time ( s ) ’ ] )

y l ab e l ( ’ I (pA) ’ )

% %This i s to paste the l i n e with out breaks%

% f i g u r e 1=f i g u r e ;

% p lo t ( tp lot2 , current dataTT ) ;

% p lo t ( runplot , current dataTT ) ;

% ylim ([−10 150 ] )

% xlim ( [ 0 1200 ] )

% x l ab e l ( ’ Time ( s ) ’ , ’ FontName ’ , ’ He lvet i ca ’ , ’ FontSize ’ , 3 2 , ’ FontWeight ’ , ’ bold ’ )

% y l ab e l ( ’ I (pA) ’ , ’ FontName ’ , ’ He lvet i ca ’ , ’ FontSize ’ , 3 2 , ’ FontWeight ’ , ’ bold ’ )

% s e t ( gca , ’ FontName ’ , ’ He lvet i ca ’ , ’ FontSize ’ , 3 2 , ’ FontWeight ’ , ’ bold ’ )

f i g u r e 2=f i g u r e ;

h i s t (CondTT, b ins )

xlim ([−0.5 2 0 ] ) ;

yl im ( [ 0 2500 ] ) ;
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t i t l e ( [ ’ Conductance Avg Cond ˜ ’ num2str ( cond mean ) , p s i z e ’ nm ’ , ’ vo l

f r a c ’ Vfrac , ’ # bins ’ , num2str ( b ins ) , ’ run #s ’ , num2str (

run s ta r t ) , ’ ’ , num2str ( runend ) , ’ ’ , experiment ] )

x l ab e l ( [ ’Cond (nS) ’ ] )

y l ab e l ( ’Number o f Occurrences ’ )

AveTime=l i n s p a c e ( 0 , [ meas time /10000∗ ( runend−run s ta r t+1)+5∗ ( runend−run s ta r t+1)

] , l ength ( current dataAVE ) ) ;

f i g u r e 3=f i g u r e ;

p l o t (AveTime , current dataAVE , ’ kx− ’ ) ;

%p lo t ( runplot , current dataTT ) ;

%ylim ([−50 2500 ] ) ;

t i t l e ( [ ’ Current Average ’ , ’ run #s ’ , num2str ( run s ta r t ) , ’ ’ , num2str

( runend ) , ’ ’ , p s i z e ’ nm ’ , ’ vo l f r a c ’ Vfrac , ’ ’ , experiment ] )

x l ab e l ( [ ’Time ( s ) ’ ] )

y l ab e l ( ’ I (pA) ’ )

f i g u r e 4=f i g u r e ;

h i s t ( cond Sig , b ins )

xlim ([−0.5 2 0 ] ) ;

yl im ( [ 0 2500 ] ) ;

t i t l e ( [ ’ Conductance − no noise , Avg Cond ˜ ’ num2str ( cond mean ) , ’ ’ , p s i z e

’ nm ’ , ’ vo l f r a c ’ , Vfrac , ’ # bins ’ , num2str ( b ins ) , ’ run #s

’ , num2str ( run s ta r t ) , ’ ’ , num2str ( runend ) , ’ ’ , experiment ] )

x l ab e l ( [ ’Cond (nS) ’ ] )

y l ab e l ( ’Number o f Occurrences ’ )

f i g u r e 5=f i g u r e ;

p l o t ( cond Sig ∗ amplitude )
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%xlim ([−0.5 2 0 ] ) ;

i f amplitude > 0

ylim ([−50 3500 ] ) ;

e l s e i f amplitude < 0

ylim ([−3500 50 ] ) ;

end

t i t l e ( [ ’ Conductance − no noise , Avg Cond ˜ ’ num2str ( cond mean ) , ’ ’ , p s i z e

’ nm ’ , ’ vo l f r a c ’ , Vfrac , ’ # bins ’ , num2str ( b ins ) , ’ run #s

’ , num2str ( run s ta r t ) , ’ ’ , num2str ( runend ) , ’ ’ , experiment ] )

x l ab e l ( [ ’ data po in t s ’ ] )

y l ab e l ( ’ Current (pA) ’ )

% f i g u r e 6=f i g u r e ;

% p lo t ( tp lo t , current dataTT ) ;

% %plo t ( runplot , current dataTT ) ;

% i f amplitude > 0

% ylim ([−50 3500 ] ) ;

% e l s e i f amplitude < 0

% ylim ([−3500 50 ] ) ;

% end

% t i t l e ( [ ’ Current vs time ’ , p s i z e ’ nm ’ , ’ vo l f r a c ’ Vfrac , ’ run #

s ’ , num2str ( run s ta r t ) , ’ ’ , num2str ( runend ) , ’ ’ , experiment ] )

% x l ab e l ( [ ’ Time ( s ) ’ ] )

% y l ab e l ( ’ I (pA) ’ )

f 1=[ s a v e f o l d e r ’ \ ’ experiment ] ;

i f ( e x i s t ( f 1 ) == 0)

mkdir ( f 1 ) ;

end
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saveas ( f i gu r e1 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ cu r r en t . f i g ’ ] ) ;

saveas ( f i gu r e2 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ cond . f i g ’ ] ) ;

saveas ( f i gu r e1 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ cu r r en t . t i f ’ ] ) ;

saveas ( f i gu r e2 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ cond . t i f ’ ] ) ;

saveas ( f i gu r e3 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ currentAVE . f i g ’ ] ) ;

saveas ( f i gu r e3 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ currentAVE . t i f ’ ] ) ;

saveas ( f i gu r e4 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ cond nono i s e . f i g ’

] ) ;

saveas ( f i gu r e4 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ cond nono i s e . t i f ’

] ) ;

saveas ( f i gu r e5 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ c u r r en t nono i s e .

f i g ’ ] ) ;

saveas ( f i gu r e5 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ c u r r en t nono i s e .

t i f ’ ] ) ;

save ( [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ . mat ’ ] ) ;

%cd ( ’C:\ Nanopart i c l e B i l aye r \Use fu l Codes Etc ’ )

%[ rmsc ]= rms sk ( current dataTT ) ;

%[ pdfc , cdfc , xp lo t ]= pdf sk ( current dataTT , round (0 . 08 ∗rmsc ) ) ;

%[ pdfc , cdfc , xp lo t ]= pdf sk ( current dataTT ,1000) ;

i f doRxx==1
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M=length ( current dataTT ) ;

[ Rxx1 , l a g s ]= xcorr ( current dataTT , ( (M) /2)−1, ’ c o e f f ’ ) ;

f i g u r e 5=f i g u r e

p l o t ( lags , Rxx1)

%ylim ([−200 1000 ] ) ;

%xlim ( )

t i t l e ( [ ’ Autoco r r e l a t i on Co e f f i c i e n t ’ , p s i z e ’ nm ’ , ’ vo l f r a c ’ Vfrac , ’

’ , experiment ] )

x l ab e l ( [ ’ l a g s ’ ] )

y l ab e l ( ’Rxx ’ )

saveas ( f i gu r e5 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ Rxx . f i g ’ ] ) ;

saveas ( f i gu r e5 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ Rxx . t i f ’ ] ) ;

end

%

% f i g u r e 6=f i g u r e ;

% p lo t ( xplot , pdfc )

% %xlim ([−0.5 3 5 ] ) ;

% t i t l e ( [ ’PDF o f cur rent s i g n a l ’ , p s i z e ’ nm ’ , ’ vo l f r a c ’ Vfrac , ’ ’ ,

experiment ] )

% x l ab e l ( [ ’ bin #’ , run ] )

% y l ab e l ( ’ pdf ( x ) ’ )

%

% f i g u r e 7=f i g u r e

% p lo t ( xplot , cd f c )

% %xlim ([−0.5 3 5 ] ) ;

% t i t l e ( [ ’CDF of cur rent s i g n a l ’ p s i z e ’ nm ’ , ’ vo l f r a c ’ Vfrac , ’ ’ ,

experiment ] )

% x l ab e l ( [ ’ bin #’ , run ] )
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% y lab e l ( ’ cd f ( x ) ’ )

%

%saveas ( f i gu r e6 , [ s a v e f o l d e r ’\ ’ experiment ’\ ’ experiment ’ pd f . f i g ’ ] ) ;

%saveas ( f i gu r e6 , [ s a v e f o l d e r ’\ ’ experiment ’\ ’ experiment ’ pd f . t i f ’ ] ) ;

%saveas ( f i gu r e7 , [ s a v e f o l d e r ’\ ’ experiment ’\ ’ experiment ’ c d f . f i g ’ ] ) ;

%saveas ( f i gu r e7 , [ s a v e f o l d e r ’\ ’ experiment ’\ ’ experiment ’ c d f . t i f ’ ] ) ;

%save ( [ f o l d e r ’\ ’ experiment ] ) ;

% save ( [ s a v e f o l d e r ’\ ’ experiment ’\ ’ experiment ] ) ;

i f doFFT==1

f i g u r e 8=f i g u r e

NFFT=2ˆnextpow2 ( l ength ( current dataTT ) )

FFTc=f f t ( current data ,NFFT) / length ( current dataTT ) ;

FFTfreq=500/2∗ l i n s p a c e (0 , 1 ,NFFT/2) ;

yFFT=2∗abs (FFTc ( 1 :NFFT/2) ) ;

p l o t ( FFTfreq ,yFFT)

t i t l e ( [ ’FFT of cur rent s i g n a l ’ p s i z e ’ nm ’ , ’ vo l f r a c ’ Vfrac , ’ ’ ,

experiment ] )

x l ab e l ( [ ’ Freq (Hz) ’ , i n t 2 s t r ( run ) ] )

y l ab e l ( ’ Amplitude ’ )

saveas ( f i gu r e8 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ f f t . f i g ’ ] ) ;

saveas ( f i gu r e8 , [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ’ f f t . t i f ’ ] ) ;

112



end

save ( [ s a v e f o l d e r ’ \ ’ experiment ’ \ ’ experiment ] ) ;

c l o s e a l l

toc
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5.3 Colorimetric Assay Quantification

% This code i s used to a n a l y t i c a l beta & tau va lues from c a t a l y t i c s u r f a c e

% of ENPs .

% This code f i t s a func t i on o f the form f = A∗exp((− t+t0 ) / tau ) ) + B to data

from txt f i l e s c r ea ted by Kine t i c s UVvis exper iments

% Posner Research Group

% Unive r s i ty o f Washington , Department o f Chemical & Mechanical Engineer ing

% Created : 03/13/2013

% Last Updated : 06/14/2015

%% Admin i s t rat ive

c l e a r a l l

c l o s e a l l

c l e a r a l l ; c l o s e a l l ; c l c ;

f i l e s = d i r ( ’ ∗ . tx t ’ ) ; % Creates a l i s t o f the . txt f i l e s in the cur rent f o l d e r

% Creates new f o l d e r in the cur rent f o l d e r to s t o r e c o e f f i c i e n t s

mkdir ( ’ Data 2 ’ , ’ F igures ’ ) %Creates Data f o l d e r and Figures f o l d e r

cd Data 2 %Changes d i r e c t o r y to Data f o l d e r to c r e a t e add i t i o na l f o l d e r s

mkdir ( ’ F igures ’ , ’ f i g ’ ) %Creates f i g f o l d e r

mkdir ( ’ F igures ’ , ’ t i f f ’ ) %Creates t i f f f o l d e r

cd . . %Changes d i r e c t o r y back to o r i g i n a l f o l d e r

s c r e e n s i z e = get (0 , ’ Sc r eenS i z e ’ ) ; % Gets s c r e en s i z e i n f o f o r f u l l s c r e en

p l o t s

f o r i = 1 : numel ( f i l e s ) ; %Runs f o r the number o f . txt f i l e s found in the

cur rent f o l d e r

%Saves data from . txt f i l e s
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d e l im i t e r = ’ \ t ’ ;

startRow = 6 ;

formatSpec = ’%s%f%f %[ˆ\n\ r ] ’ ;

f i d = fopen ( f i l e s ( i ) . name , ’ r ’ ) ;

A = text scan ( f i d , formatSpec , ’ De l im i t e r ’ , d e l im i t e r , ’ EmptyValue ’ ,NaN, ’

HeaderLines ’ , startRow−1, ’ ReturnOnError ’ , f a l s e ) ; % reads f i r s t column o f

ex c e l data in s p e c i f i e d f i l e

f c l o s e ( f i d ) ;

xdata = A{2} ; %Frequency data

ydata = A{3} ; %Absorbance data

% ydata = ydata . /max( ydata ) ; %Normal izes y data

% xdata = xdata . /max( xdata ) ; %Normal izes x data

% ydata = smooth ( ydata , 5 0 ) ;

f o r m=1:20

% Plot s data and a l l ows user to s e l e c t domain o f curve f i t

f i g u r e (1 )

subplot ( 2 , 2 , [ 1 3 ] ) ;

hold on

p lo t ( xdata , l og ( ydata ) , ’ . k ’ ) ;

x l ab e l ( ’Time [ s ] ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ ,18) ;

y l ab e l ( ’ ln (OD) ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ , 18) ;

subplot ( 2 , 2 , [ 2 4 ] ) ;

p l o t ( xdata , ydata , ’ . k ’ ) ;

x l ab e l ( ’Time [ s ] ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ ,18) ;

y l ab e l ( ’OD’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ , 18) ;

s e t ( f i g u r e (1 ) , ’ Po s i t i on ’ , [ 0 0 s c r e e n s i z e (3 ) s c r e e n s i z e (4 ) ] ) ; %

Makes p l o t f u l l s c r e en

hold o f f

jw = datacursormode ;

datacursormode on ; %Enables user to s e l e c t data po in t s
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pause

p1 = getCursor In fo ( jw ) ; %Store s f i r s t data po int i n f o

f i g u r e (1 )

pause

p2 = getCursor In fo ( jw ) ; %Store s second data po int i n f o

f i g u r e (1 )

datacursormode o f f ;

c l o s e a l l

c l f ( ’ r e s e t ’ )

% Creates new matr i ce s with data from s e l e c t e d domain

X = xdata ( ( p1 . DataIndex+1) : p2 . DataIndex ) ;

XX1 = xdata ( p1 . DataIndex ) − X;

XX2 = xdata ( p1 . DataIndex ) − xdata ( ( p1 . DataIndex+1) : l ength ( xdata ) ) ;

Y = ydata ( ( p1 . DataIndex+1) : p2 . DataIndex ) ;

% Def ine s func t i on and performs l e a s t−squares curve f i t

F = @( c , x ) c (1 ) ∗exp (x/c (2 ) ) + c (3 ) ;

c0 = [ 0 . 1 0 . 1 0 ] ; % I n i t i a l guess f o r c o e f f i c i e n t s

opt ions = opt imset ( ’TolFun ’ ,1 e−12, ’TolX ’ ,1 e−12, ’MaxFunEvals ’ ,100000 , ’

MaxIter ’ ,100000) ;

[ c , RESNORM] = l s q c u r v e f i t (F , c0 ,XX1,Y,[−1000 0 0 ] , [ ] , opt i ons ) ;

Rsqr ( i ) = 1 − RESNORM/(( l ength (Y)−1)∗var (Y) ) ; % Rˆ2 equat ion from

Mathworks s i t e

%Creates a s t r i n g with the Rˆ2 value to d i sp l ay on the p l o t s

R2(1 ) = { ’Rˆ2 =’ } ;

R2(2 ) = {Rsqr ( i ) } ;
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C( i , 2 ) = Rsqr ( i ) ;

%Plot s the data with curve f i t

subplot ( 2 , 2 , [ 1 3 ] ) ;

hold on

p lo t ( xdata , ydata , ’ k . ’ , p1 . Pos i t i on (1 ) , exp ( p1 . Pos i t i on (2 ) ) , ’ ko ’ , p2 .

Pos i t i on (1 ) , exp ( p2 . Po s i t i on (2 ) ) , ’ ko ’ ) %Plot s data with user s e l e c t e d

po in t s

p l o t ( xdata ( ( p1 . DataIndex+1) : l ength ( xdata ) ) ,F( c ,XX2) , ’ r− ’ ) %Plot s curve

f i t

l egend ( ’ o f f ’ )

x l ab e l ( ’Time ( s ) ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ , 18) ;

y l ab e l ( ’Abs ( a . u . ) ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ ,18) ;

hold o f f

%Plot s the data with curve f i t , zoomed in on the user−s e l e c t e d domain

subplot ( 2 , 2 , [ 2 4 ] ) ;

hold on

%Disp lays Rˆ2 value on p lo t

x1 = p2 . Pos i t i on (1 ) ;

y1 = exp ( p2 . Pos i t i on (2 ) ) + 0 .75 ∗ ( exp ( p1 . Pos i t i on (2 ) )−exp ( p2 . Pos i t i on

(2 ) ) ) ;

t ex t ( x1 , y1 ,R2)

%Creates zoomed−in p l o t

xmin = p1 . Pos i t i on (1 )−5;

xmax = p2 . Pos i t i on (1 ) +5;

ymin = exp ( p2 . Pos i t i on (2 ) ) −0.01;

ymax = exp ( p1 . Pos i t i on (2 ) ) +0.01;

ax i s ( [ xmin , xmax , ymin , ymax ] )
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p lo t ( xdata , ydata , ’ k . ’ , p1 . Pos i t i on (1 ) , exp ( p1 . Pos i t i on (2 ) ) , ’ ko ’ , p2 .

Pos i t i on (1 ) , exp ( p2 . Po s i t i on (2 ) ) , ’ ko ’ ) %Plot s data with user s e l e c t e d

po in t s

p l o t (X,F( c ,XX1) , ’ r− ’ ) %Plot s curve f i t

l egend ( ’ o f f ’ )

x l ab e l ( ’Time ( s ) ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ , 18) ;

y l ab e l ( ’Abs ( a . u . ) ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ ,18) ;

s e t ( f i g u r e (1 ) , ’ Po s i t i on ’ , [ 0 0 s c r e e n s i z e (3 ) s c r e e n s i z e (4 ) ] ) ; %

Makes p l o t f u l l s c r e en

hold o f f

%Opens a window f o r user to s e l e c t the qua l i t y o f the curve f i t

%Good − saves f i g u r e s and c o e f f va lues , moves to next . txt f i l e

%Poor − a l l ows user to r e s e l e c t data po in t s f o r curve f i t

%Trash − saves no data and moves to next . txt f i l e

cho i c e = menu( ’Data f i t qua l i t y ’ , ’Good ’ , ’ Poor ’ , ’ Trash ’ ) ;

c l o s e a l l

i f cho i c e == 1 ; %Good opt ion

%Replots both graphs s e p e r a t e l y to save as both . f i g and . t i f

f i l e s

f o r n=1:3

hold on

p lo t ( xdata , ydata , ’ k . ’ , p1 . Pos i t i on (1 ) , exp ( p1 . Po s i t i on (2 ) ) , ’ ko ’ ,

p2 . Pos i t i on (1 ) , exp ( p2 . Pos i t i on (2 ) ) , ’ ko ’ ) %Plot s data with user s e l e c t e d

po in t s

i f n==3 %Creates zoomed−in p l o t f o r second f i g u r e

ax i s ( [ xmin , xmax , ymin , ymax ] )

y1 = (ymin+ymax) /2 ; %Pos i t i on s Rˆ2 value

text ( x1 , y1 ,R2) %Disp lays Rˆ2 value
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end

i f n==2

p lo t ( xdata ( ( p1 . DataIndex+1) : l ength ( xdata ) ) ,F( c ,XX2) , ’ r− ’ )

e l s e

p l o t (X,F( c ,XX1) , ’ r− ’ ) %Plot s curve f i t

end

legend ( ’ o f f ’ )

%Graph d i sp l ay opt ions

box on %Creates s o l i d box around graph

s e t ( gca , ’ l i n ew id th ’ , 1 . 5 , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ , 16)

%Sets width o f box around graph and ax i s l a b e l t ex t s i z e

x l ab e l ( ’Time ( s ) ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ , 18) ;

y l ab e l ( ’Abs ( a . u . ) ’ , ’ FontWeight ’ , ’ bold ’ , ’ FontSize ’ ,18) ;

hold o f f

%Saves . f i g and . t i f f i l e s

cd Data 2 ; cd Figures ; cd t i f f ; %Changes d i r e c t o r y to save .

t i f f i l e

f i l ename = s p r i n t f ( ’%0d−%0d eq1 . t i f ’ , i , n ) ; %Labels t i f f i l e s

as 1−1,1−2,2−1,2−2 . . .

p r i n t ( ’−d t i f f ’ , f i l ename ) ; %Saves . t i f f i l e

cd . . ; cd f i g %Changes d i r e c t o r y to save . f i g f i l e

f i l ename = s p r i n t f ( ’%0d−%0d eq1 . f i g ’ , i , n ) ; %Labels t i f f i l e s

as 1−1,1−2,2−1,2−2 . . .

hgsave ( f i l ename ) ; %Saves . f i g f i l e

cd . . ; cd . . ; cd . . %Changes d i r e c t o r y back to o r i g i n a l f o l d e r

c l o s e a l l

end
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C( i , 1 ) = c (2 ) ; % Saves tau value

C( i , 3 ) = c (3 ) ; % Saves B value

break

end

i f cho i c e == 3 ; %Trash opt ion

c l o s e a l l

C( i , 1 ) = 0 ; %Saves tau value as 0

break

end

end

end

cd Data 2 %Changes d i r e c t o r y to save f i l e

dlmwrite ( ’ c o e f f e q 1 . txt ’ , C, ’ d e l im i t e r ’ , ’ \ t ’ ) ; %Saves c o e f f e q 1 . txt f i l e

cd . . %Changes d i r e c t o r y back to o r i g i n a l f o l d e r
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