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 Biomaterial scaffolds are an essential element in tissue engineering (TE), providing an 

extracellular matrix (ECM) substitute for cell attachment, proliferation, and differentiation at the 

site of a tissue defect. Designed to support a variety of tissues, biomaterial scaffolds, once used 

exclusively for TE, have now emerged as a promising tool for disease modeling. Scaffolds 

recapitulate ECM structural cues and more accurately represent native cell behavior relative to 

monolayer culture. In cancer research applications, mimicking native cell behavior could result in 

a better understanding of mechanisms underlying tumor progression leading to development of 

more effective and targeted anti-metastatic therapeutics.  

 This dissertation presents novel two-dimensional (2D) and three-dimensional (3D) 

chitosan-based biomaterial scaffolds for osteochondral tissue engineering and glioblastoma cancer 

research. Chitosan is a biocompatible, biodegradable, and non-toxic natural polymer with a proxy 

glycosaminoglycan structure. However, chitosan is prone to swelling and mechanical weakness. 



When combined with anionic polymers, cationic chitosan can form a polyelectrolyte complex 

(PEC) to improve mechanical stability while preserving biocompatibility. This dissertation will 

explore electrospinning and thermally induced phase separation (TIPS) techniques for chitosan-

based scaffold fabrication, highlighting the opportunities and challenges of 2D and 3D scaffolds 

in mimicking native ECM. 

 First, the development of pseudo-2D nanofiber substrates is explored using a high-

throughput centrifugal electrospinning (HTP-CES) system. The HTP-CES is a high-yield 

production method resulting in a large number of highly aligned nanofiber samples. Compared to 

conventional electrospinning techniques, nanofibers produced with the HTP-CES exhibited both 

superior alignment and enhanced diameter uniformity. Further, the research explored nanofiber 

diameter tunability by varying the spinneret needle diameter, establishing a concave correlation 

between the needle diameter and resultant nanofiber diameter. The HTP-CES system shows 

potential for scaled up production of highly aligned nanofibers with tunable diameters to meet the 

needs of various engineering and biomedical applications.   

 Next, highly aligned chitosan-polycaprolactone (C-PCL) nanofibers fabricated with the 

HTP-CES were employed to study the influence of topography and biochemistry on human 

glioblastoma multiforme (GBM) cell motility. GBM is a highly invasive form of brain cancer. 

GBM tumor recurrence and lethality are attributed to diffuse cancer cell invasion into adjacent 

healthy brain tissue and influenced by topographical cues associated with the brain parenchyma. 

In this research, we fabricated highly reproducible C-PCL nanofibers coated with hyaluronic acid 

(HA), a glycosaminoglycan commonly found in the brain, to mimic the structure and biochemistry 

of native brain tissue. We cultured human GBM-derived cells (U-87 MG) on uncoated and HA-

coated C-PCL nanofibers. Elongated cell morphologies occurred along the nanofiber length on all 



nanofiber substrates. Regardless of coating, cells on nanofibers were more resistant to the 

therapeutic alkylator temozolomide (TMZ) than cells grown in adherent polystyrene plates. Cell 

migration captured by time lapse imaging revealed the influence of the HA coating as cells 

migrated the farthest and the fastest on nanofibers coated with 0.5% HA. These results indicate 

that HA-coated nanofibers are a promising substrate to characterize GBM migration and 

investigate novel anti-metastatic therapies.  

 After evaluation of GBM motility on 2D nanofiber substrates, we investigated the influence 

of biomechanical cues on GBM tumor sphere progression in 3D porous scaffolds. Tumor matrix 

stiffness is implicated in the regulation of cell proliferation, drug resistance, and reversion to a 

more invasive phenotype. Understanding the relationship between stiffness and cell behavior is 

vital to develop appropriate in vitro tumor models. We fabricated chitosan-hyaluronic acid (CHA) 

polyelectrolyte complex (PEC) scaffolds with varying stiffness, encompassing healthy and 

tumorous brain tissue to evaluate the effect of scaffold stiffness on human glioblastoma (U-87 

MG) cell behavior. After 12 days of culture, we observed larger tumor spheroids and an increased 

resistance to TMZ-induced cell death in scaffolds with higher stiffness. Moreover, the stiffer 8% 

CHA scaffolds exhibited an increase in expression of drug resistance and invasion-related genes 

compared to 2D monolayer culture. These results indicate that CHA scaffolds enhance tumor cell 

malignancy, providing a valuable in vitro microenvironment for studying tumor progression and 

screening anti-cancer therapies. 

 Finally, we developed a 3D bilayer porous scaffold for osteochondral tissue regeneration. 

Osteochondral defects result from damage to the articular cartilage and subchondral bone. When 

left untreated, osteochondral defects can lead to osteoarthritis and decreased quality of life. Due to 

the gradient osteochondral tissue, multiphasic scaffolds in which different layers represent 



different microenvironments, are a promising treatment approach, yet stable joining between 

layers remains challenging. We fabricated a bilayer scaffold using thermally induced phase 

separation (TIPS) where the cartilage region was optimized for HA content and stiffness and the 

bone region was defined by higher stiffness and osteoconductive hydroxyapatite (HAp) content. 

The bilayer scaffold displayed seamless interfacial integration and a mechanical stiffness gradient 

similar to that in the native osteochondral microenvironment. Co-culture with chondrocyte-like 

(SW-1353 or mesenchymal stem cells) and osteoblast-like cells (MG63) displayed cell 

proliferation and invasion to the interface, along with increased expression of relevant gene 

markers indicating the potential of this bilayer scaffold for osteochondral tissue regeneration. 



I 

 

TABLE OF CONTENTS 

CHAPTER 1:INTRODUCTION ................................................................................................. 1 

1.1. ORGANIZATION OF DISSERTATION ................................................................................... 3 

CHAPTER 2:SCAFFOLDS FOR TISSUE ENGINEERING .................................................. 5 

2.1. TISSUE ENGINEERING BACKGROUND ............................................................................... 5 

2.2. EXTRACELLULAR MATRIX AND TISSUE STRUCTURE ....................................................... 7 

2.3. SCAFFOLDS ...................................................................................................................... 8 

2.4. SCAFFOLD PROPERTIES .................................................................................................... 8 

2.4.1. Biocompatibility and Host Response .......................................................................... 9 

2.4.2. Materials ..................................................................................................................... 9 

2.4.3. Architecture............................................................................................................... 13 

2.4.4. Mechanical Properties .............................................................................................. 14 

2.4.5. Degradation .............................................................................................................. 15 

2.4.6. Bioactive factors ....................................................................................................... 15 

2.5. MICROENVIRONMENT DIMENSIONALITY........................................................................ 16 

2.5.1. Pseudo-2D Electrospun Nanofiber Substrates ......................................................... 17 

2.5.2. 3D Porous Scaffolds ................................................................................................. 19 

CHAPTER 3:SCAFFOLDS FOR CANCER RESEARCH .................................................... 22 

3.1. CANCER BACKGROUND ................................................................................................. 22 

3.2. TISSUE ENGINEERING AND CANCER RESEARCH ............................................................... 23 

3.3. BIOMATERIALS IN THE TUMOR MICROENVIRONMENT ................................................... 24 

3.3.1. Stiffness ..................................................................................................................... 25 

3.3.2. Ligand Accessibility .................................................................................................. 26 

3.3.3. Topography ............................................................................................................... 26 

3.3.4. Dimensionality .......................................................................................................... 27 

CHAPTER 4:ELECTROSPUN NANOFIBER-BASED DRUG DELIVERY AND DRUG 

SCREENING PLATFORMS FOR GLIOBLASTOMA ......................................................... 28 

4.1. ABSTRACT ..................................................................................................................... 28 

4.2. INTRODUCTION .............................................................................................................. 29 

4.3. ELECTROSPINNING AND NANOFIBERS ............................................................................. 30 

4.4. NANOFIBERS FOR GBM MICROENVIRONMENT MODELING AND DRUG SCREENING ......... 31 

4.4.1. Influence of alignment............................................................................................... 34 

4.4.2. Influence of 1D versus 2D topography ..................................................................... 37 

4.4.3. Influence of diameter ................................................................................................ 38 

4.4.4. Influence of stiffness .................................................................................................. 41 

4.4.5. Influence of surface chemistry .................................................................................. 42 

4.5. NANOFIBERS FOR LOCALIZED DELIVERY ........................................................................ 43 

4.5.1. Chemotherapeutic delivery ....................................................................................... 45 

4.5.2. Anti-angiogenic delivery ........................................................................................... 49 

4.5.3. Stem cell delivery ...................................................................................................... 50 



II 

 

4.6. CONCLUSIONS AND FUTURE OUTLOOKS ......................................................................... 50 

CHAPTER 5:HIGH-THROUGHPUT AND HIGH-YIELD FABRICATION OF 

UNIAXIALLY ALIGNED CHITOSAN-BASED NANOFIBERS BY CENTRIFUGAL 

ELECTROSPINNING ............................................................................................................... 51 

5.1. ABSTRACT ..................................................................................................................... 51 

5.2. INTRODUCTION .............................................................................................................. 51 

5.3. MATERIALS AND METHODS ............................................................................................ 54 

5.3.1. System configuration ................................................................................................. 54 

5.3.2. Synthesis of C-PCL nanofibers via HTP-CES .......................................................... 56 

5.3.3. Fiber morphology characterization with scanning electron microscopy (SEM) ...... 57 

5.3.4. Chemical characterization using Fourier transform infrared spectroscopy (FTIR) 57 

5.3.5. Determination of solution viscosity .......................................................................... 57 

5.3.6. Quantification of fiber alignment.............................................................................. 58 

5.3.7. Determination of fiber diameter ............................................................................... 58 

5.3.8. Quantification of nanofiber diameter distribution for HTP-CES versus ES ............ 59 

5.4. RESULTS ........................................................................................................................ 59 

5.4.1. Effect of polymer concentration on nanofiber morphology ...................................... 59 

5.4.2. Effect of centrifugal force on nanofiber alignment (HTP-CES versus ES) .............. 62 

5.4.3. Effect of needle gauge on nanofiber diameter .......................................................... 64 

5.4.4. Effect of needle gauge on nanofiber alignment ........................................................ 66 

5.5. DISCUSSION ................................................................................................................... 67 

5.6. CONCLUSION .................................................................................................................. 71 

CHAPTER 6:HYALURONIC ACID - COATED ALIGNED NANOFIBERS FOR 

PROMOTION OF MIGRATORY GLIOBLASTOMA PHENOTYPES ............................. 72 

6.1. ABSTRACT ..................................................................................................................... 72 

6.2. INTRODUCTION .............................................................................................................. 73 

6.3. MATERIALS AND METHODS ............................................................................................ 75 

6.3.1. Materials ................................................................................................................... 75 

6.3.2. Nanofiber synthesis and coating ............................................................................... 75 

6.3.3. Nanofiber characterization ....................................................................................... 76 

6.3.4. Cell seeding and imaging.......................................................................................... 77 

6.3.5. Quantification of cell number, alignment, and aspect ratio ..................................... 78 

6.3.6. Time course migration imaging ................................................................................ 78 

6.3.7. Drug response analysis ............................................................................................. 79 

6.3.8. Statistical analysis .................................................................................................... 80 

6.4. RESULTS AND DISCUSSION ............................................................................................. 80 

6.4.1. Characterization and coating of C-PCL nanofibers ................................................. 80 

6.4.2. Cell behavior on various HA-coated nanofibers ...................................................... 84 

6.4.3. Proliferative state of GBM on HA-coated nanofibers .............................................. 87 

6.4.4. Drug resistance on various HA-coated nanofibers .................................................. 90 

6.4.5. Cell migration, speed, and displacement on various HA-coated nanofibers ........... 92 



III 

 

6.5. CONCLUSION ................................................................................................................. 96 

SUPPLEMENTARY INFORMATION ................................................................................................ 97 

CHAPTER 7:FABRICATION AND CHARACTERIZATION OF CHITOSAN-

HYALURONIC ACID SCAFFOLDS WITH VARYING STIFFNESS FOR 

GLIOBLASTOMA CELL CULTURE ..................................................................................... 99 

7.1. ABSTRACT ..................................................................................................................... 99 

7.2. INTRODUCTION ............................................................................................................ 100 

7.3. EXPERIMENTAL SECTION ............................................................................................. 102 

7.3.1. Materials ................................................................................................................. 102 

7.3.2. Preparation of chitosan-hyaluronic acid scaffolds ................................................. 102 

7.3.3. Scanning electron microscopy ................................................................................ 103 

7.3.4. Fourier transform infrared spectroscopy ............................................................... 104 

7.3.5. Scaffold density ....................................................................................................... 104 

7.3.6. Scaffold porosity ..................................................................................................... 104 

7.3.7. Scaffold pore size .................................................................................................... 105 

7.3.8. Mechanical testing .................................................................................................. 105 

7.3.9. Cell culture.............................................................................................................. 105 

7.3.10. Proliferation analysis: ........................................................................................ 106 

7.3.11. Drug response analysis ....................................................................................... 106 

7.3.12. PCR ..................................................................................................................... 107 

7.3.13. Statistical analysis .............................................................................................. 108 

7.4. RESULTS AND DISCUSSION ........................................................................................... 108 

7.4.1. CHA scaffold structural and chemical properties .................................................. 108 

7.4.2. FTIR analysis of the CHA polyelectrolyte complex ................................................ 112 

7.4.3. Mechanical properties of CHA scaffolds ................................................................ 114 

7.4.4. Proliferation and morphology response of GBM to varied CHA scaffold stiffness 115 

7.4.5. Drug response of GBM cells in CHA scaffolds with varied stiffness ..................... 119 

7.4.6. Gene expression of GBM cells in CHA scaffolds with varied stiffness ................... 121 

7.5. CONCLUSIONS .............................................................................................................. 124 

CHAPTER 8:CHITOSAN-BASED COMPOSITE BILAYER SCAFFOLD FOR 

OSTEOCHONDRAL DEFECT REGENERATION ............................................................ 126 

8.1. ABSTRACT ................................................................................................................... 126 

8.2. INTRODUCTION ............................................................................................................ 127 

8.3. MATERIAL AND METHODS ........................................................................................... 129 

8.3.1. Materials ................................................................................................................. 129 

8.3.2. Scaffold fabrication ................................................................................................. 129 

8.3.3. Microscopy .............................................................................................................. 135 

8.3.4. Pore Size Measurement........................................................................................... 135 

8.3.5. Mechanical Testing ................................................................................................. 135 

8.3.6. Porosity and density measurements ........................................................................ 136 

8.3.7. Cell seeding and cell proliferation in base scaffolds .............................................. 136 



IV 

 

8.3.8. Cell seeding, cell proliferation, and live cell imaging in bilayer scaffolds ............ 137 

8.3.9. PCR ......................................................................................................................... 138 

8.3.10. Statistical analysis .............................................................................................. 138 

8.4. RESULTS AND DISCUSSION ........................................................................................... 139 

8.4.1. Base scaffold microstructure and other material properties .................................. 139 

8.4.2. Cell attachment and proliferation on base scaffolds .............................................. 141 

8.4.3. Bilayer scaffold architecture and mechanical properties ....................................... 146 

8.4.4. In vitro assessment of bilayer scaffold .................................................................... 150 

8.5. CONCLUSION ................................................................................................................ 155 

SUPPLEMENTARY INFORMATION .............................................................................................. 156 

CHAPTER 9:SUMMARY OF MAJOR FINDINGS............................................................. 158 

CHAPTER 10:REFERENCES ................................................................................................ 161 

 

 

 

 

 

 

 

 

 

 

 

 

 

  



i 

 

LIST OF FIGURES 

Figure 2.1. A simplified overview of the tissue engineering triad detailing the three factors used 

to regenerate tissue – scaffold, cells, and bioactive components………………………….6 

Figure 2.2 Chemical structure of chitin and the partially deacylated ( > 60%) form chitosan….12 

Figure 2.3. Illustration of a simple electrospinning set up with various processing parameters for 

consideration…………………………………………………………….……………….18 

Figure 2.4. Schematic of binary phase diagram of a polymer solution…………………………..21 

Figure 4.1. Aligned versus random PCL nanofiber morphology and corresponding GBM (U251) 

cell behavior……………………………………………………………………………...36 

Figure 4.2. GBM cells (U-87 MG) cultured on 2D monolayer TCPS and aligned chitosan-PCL 

(C-PCL) nanofibers with a range of diameters for 120 hours………………………..…..40 

Figure 4.3. Core and shell nanofiber with PDMS core and PCL shell….…………………….…42 

Figure 4.4. Schematic illustrating common integration methods for drug delivery using nanofibers 

platforms…………………………………………………………………………………44 

Figure 4.5. Morphology of PLGA-PLA-PCL nanofiber implant for GBM treatment……….….48 

Figure 5.1. HTP-CES configuration for high-throughput production of highly aligned polymer 

nanofibers ………………………………………………………………………………..55 

Figure 5.2. Nanofiber morphology and physicochemical properties of C-PCL polymer blend 

solutions…………………………………………………………………………….……60 

Figure 5.3. Effect of centrifugal force on fiber morphology and alignment………….………..  63 

Figure 5.4. C-PCL nanofibers produced using various needle gauges.………………………    65 

Figure 5.5. Effect of needle gauge on nanofiber alignment……………………………………..67 

Figure 6.1. Uncoated 50 wt% chitosan – 50 wt% PCL (C-PCL) polyblend nanofiber morphology 

and mechanical properties…………………………………………………………….….81 

Figure 6.2. Uncoated and HA-coated C-PCL nanofiber characteristics……………….…..…    83 

Figure 6.3. U87 MG-RFP cells (red) cultured on 2D TCPS, uncoated C-PCL nanofibers, or HA-

coated C-PCL nanofibers………………………………………………………………...86 

Figure 6.4. Evaluation of cell proliferative state associated with 2D TCPS, uncoated (0% HA) 

nanofibers, or 0.5% HA-coated nanofibers after 96 hours of culture. …..………………89 

Figure 6.5. Drug resistance of U87 MG RFP to TMZ-induced cell death evaluated using 

alamarBlue®……………………………………………………………….…………….92 

Figure 6.6. Cell migration characteristics associated with 2D TCPS, uncoated, and HA-coated 

nanofibers ………………………………………………………………………………  94 



ii 

 

 

Figure 6.7. Quantification of (a) average cell speed ± standard error of mean (SEM) and (b) 

maximum cell speed ± standard error of mean……………………………………………………96 

Figure 7.1. Physical properties of CHA scaffolds……………………………………..………110 

Figure 7.2.  Chemical analysis confirming CHA polyelectrolyte complex (PEC) in scaffolds...    113 

Figure 7.3.  Increasing compressive stiffness with increasing polymer content in hydrated CHA 

scaffolds…………………………………………………………………..…………….115 

Figure 7.4.  Growth kinetics of U-87 MG RFP cells cultured on 2D and CHA scaffolds using the 

alamarBlue® metabolic assay (n = 4)………………………………………………...  116 

Figure 7.5.  Fluorescence imaging of U87-MG RFP cells (red) progressing from single cells to 

spheroids after 12 days when cultured on 2%, 4% and 8% CHA scaffolds……………118 

Figure 7.6. Dose dependent response of U87-MG RFP cells after 12 days of culture and 72 hrs 

after TMZ exposure………………………………..…………………………………   120 

Figure 7.7. Gene expression and morphology of cells cultured on different substrates….……122 

Figure 8.1. Bilayer scaffold synthesis and co-culture cell seeding…………………………...  134 

Figure 8.2.  Base scaffold microstructure and physical characterization…………………..…..140 

Figure 8.3. Cell proliferation on base scaffolds……………………………………………...   142 

Figure 8.4. Effect of HAp concentration on 6% CA scaffold properties…………….…..…… 145 

Figure 8.5. Bilayer scaffold characterization…………………………………….…..………   148 

Figure 8.6. Proliferation of chondrogenic and osteogenic cells in bilayer scaffold evaluated by 

measuring metabolic activity………………………………………………….…….….150 

Figure 8.7. Proliferation and invasion of chondrogenic and osteogenic cells in bilayer scaffold 

cross-sections…………………………………………………………………..……….152 

Figure 8.8. Relative expression of RNA content of cells cultured on 2D TCPS versus co-cultures 

seeded on bilayer scaffold………………..……………………………………………..154 

 

 

 

 

 

 



iii 

 

LIST OF TABLES 

Table 7.1. Summary of CHA scaffold naming convention and polymer content………………103 

Table 7.2. Primers used for PCR to evaluate chemoresistance (ABCG2), hypoxia (HIF-1α), and 

invasion (CD44, MMP-2, and TWIST1)…………………………………………......   107 

Table 8.1 Scaffold naming nomenclature and composition………………………………...…132 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



iv 

 

Acknowledgments 

 I would like to thank my advisor, Professor Miqin Zhang, for her guidance and support 

throughout my time in her lab. Her enthusiasm, expertise, creativity, and encouragement has 

pushed me to think more creatively and shaped me into a better and more independent scientist. I 

will always be grateful for her inspiration, mentorship, and the opportunities from her lab. Thank 

you to my committee members – Professor Fumio Ohuchi, Professor Guozhong Cao, and Professor 

Ying Zheng – for reviewing and advising my graduate research. Additionally, thank you Professor 

Bruce Hinds and Professor Dwayne Arola for the feedback and advice during my general exam. I 

would also like to thank Dr. John Silber for the thoughtful critiques, advice, and unlimited science 

jokes. 

 Thank you to my colleagues in the Zhang lab, especially Dr. Sheeny Lan Levengood, for 

the support and friendship. Without your time, patience, mentorship, advice, constructive 

feedback, and editing (so many reviews!), this would not have been possible. Also, I would like to 

thank the undergraduate and masters students I have worked with during my PhD, especially Jialu 

Sun. I am grateful for your consistent reminders and awe at how gratifying and fascinating science 

can be. 

 I would like to thank the MSE department staff and lab managers including Tuesday 

Kuykendall, Karen Wetterhahn, and Bichtien Thach for your support. Additionally, thank you to 

the lab managers who assisted me in conducting and troubleshooting different analyses, including 

Glen MacDonald, Wai Pang Chan, Nathaniel Peters, and Scott Braswell. 

 Thank you to my incredible family and friends who encouraged me throughout this 

process. I sincerely thank my parents, Dave and Elizabeth, and siblings, Danielle and Zack, for the 

nonstop cheerleading, financial and emotional support, and the endless encouragement over the 

last 6 years. I was always just a phone call away from great technical advice and your unwavering 

love of science inspired me to not give up! I could not have finished without you and it was beyond 

wonderful to have you all in Seattle at the end to celebrate. Thank you to Jess Hazlett for the 

encouragement, laughs, endless rides to work, and countless meals. You made Seattle my home 

away from home and were always able to make the rainiest days the best. I want to thank Ken 

Laszlo, my fiancé, for your undying support and patience. Thank you for believing in me, building 

me up, and supporting me. I can’t imagine doing this without you and I am glad I didn’t have to. 

Even after your graduation, you helped me plan out mine – through the ups and downs, early 

mornings and late nights. I am excited for our next adventure with our Postdoc. I love you all. 

 Finally, I would like to acknowledge funding I received in support of this work from the 

Stoebe Fellowship, National Institutes of Health T-32 Training grant, and the National Science 

Foundation Graduate Research Fellowship [DGE–1256082]. This work would not have been 

possible without the sustained support of the NIH [R01CA172455].



1 

 

Chapter 1: INTRODUCTION 

 

A shift in the United States population to older adults (65+ years old) is largely attributed 

to longer life spans and the aging baby boomer generation [1]. In the next 20 years, the number of 

adults 65 and over will double, accounting for an estimated 20% of the population in 2030. Aging 

coupled with the lack of access to information on risk factors and prevention are key factors in the 

rise of cancer diagnosis and mortality [2]. Additionally, aging increases the prevalence of organ 

failure and joint damage, resulting in a decreased quality of life [3-5]. The current clinical gold 

standard of treatment for organ/tissue damage is transplantation or grafts from a donor, cadaver, 

or animal model [6]. Transplants and grafts are limited by a greater demand than supply and also 

by donor site morbidity. To deal with the increasing healthcare challenges of an aging population, 

innovation is necessary.  

Tissue engineering (TE) is a promising treatment approach for tissue disease or damage, 

bypassing the need for transplants or grafts [7, 8]. TE is an interdisciplinary tactic that couples 

engineering and life science principles to  regenerate or improve tissue function through a 

combination of biomaterials, cells, and bioactive molecules [8]. The appropriate customization of 

these factors depends on the patient, and application and may involve both in vitro and in vivo 

techniques [9]. Generally, TE involves the implantation of a biomaterial scaffold in a defect site 

to aid in tissue regeneration. This requires the scaffold to be biocompatible, biodegradable, and 

tailored to the unique tissue microenvironment. Further, the immune response to the scaffold must 

allow for functional replacement of the missing or damaged tissue over the lifetime of the patient. 

In pediatric patients, this means that the biomaterial scaffold must grow and develop with the 

surrounding tissues and organs [10].  
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TE scaffolds have been customized to a wide variety of tissue systems enabling complex 

in vitro cultures more representative of those found in the human body. Recently, applications of 

TE scaffolds have expanded to encompass recapitulation of tissue-specific disease progression, 

such as 3D modeling of cancer tumors [11]. Using TE scaffolds, the influence of biochemical, 

topographical, and biomechanical cues on different types of cancer can be investigated to develop 

a better understanding of malignancy cues. Biologically relevant cancer cell behavior allows for 

investigation of metastasis and cell-extracellular matrix (ECM) cues for development of more 

efficient and targeted therapeutics, Further, scaffolds can be used as 3D tumor platforms for 

enhanced drug screening and drug discovery in vitro. 

This dissertation details 2D and 3D biomaterial scaffolds for cancer research and 

osteochondral TE applications. First, a novel electrospinning technique, high throughput 

centrifugal electrospinning (HTP-CES) is examined, demonstrating increased nanofiber alignment 

and diameter uniformity. We then used nanofibers fabricated with the HTP-CES technique as a 

brain parenchyma mimic to study glioblastoma cell motility. Next, the C-PCL nanofibrous 

substrates were coated in hyaluronic acid (HA), a glycosaminoglycan found in brain tissue, to 

determine the effect of biochemistry on migratory cell behavior. Cells cultured on nanofibers were 

more resistant to temozolomide (TMZ)-induced cell death relative to cells cultured on 

conventional monolayer polystyrene culture plates. Subsequently, we examined the use of 3D 

porous scaffolds for glioblastoma tumor modeling with a range of scaffold stiffness encompassing 

healthy brain tissue and brain tumor tissue. Higher stiffness substrates promoted larger tumor 

sphere formation and greater resistance to TMZ-induced cell death. Finally, this dissertation 

presents a bilayer scaffold for osteochondral tissue engineering where each layer of the scaffold 

was tailored to the unique biological cues found in the native osteochondral tissue 
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microenvironment. When the layers were combined, the bilayer scaffold possessed a stiffness 

gradient and integrated interface between layers that supported increased metabolic activity and 

cellular infiltration after two weeks of co-culture with osteoblast-like and chondrocyte-like cells. 

1.1. ORGANIZATION OF DISSERTATION 

Chapter 1 introduces the necessity and benefit of novel therapeutic solutions to tissue/organ 

damage and metastatic cancer therapies, including an overview of biomaterial scaffolds and the 

content of this dissertation. 

 

Chapter 2 describes the benefits and challenges of biomaterial scaffolds in TE and highlights 

considerations for design of successful scaffolds tailored to unique tissue microenvironments, 

including a discussion of the advantages of chitosan-based scaffolds. 

 

Chapter 3 illustrates the role of scaffolds in the future of cancer research, describing the design 

considerations and benefit of these materials for drug development and drug screening 

applications. 

 

Chapter 4 reviews the current state of nanofiber substrates for glioblastoma drug screening and 

drug delivery applications focusing on nanofiber substrates for investigation of glioblastoma cell 

motility, metastasis, and invasion, as well as nanofibers as delivery vectors highlighting the 

delivery of chemotherapeutics, anti-angiogenic, and stem cells. 

 

Chapter 5 details the high throughput centrifugal electrospinning (HTP-CES) system, a novel 

electrospinning approach for nanofiber fabrication to increase alignment and diameter tunability 
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including an experiment highlighting the concave relationship between spinneret needle diameter 

and the resultant nanofiber diameter. 

 

Chapter 6 describes the use of chitosan-polycaprolactone (C-PCL) nanofibers with varying 

hyaluronic acid coating as a brain parenchyma mimic for study of glioblastoma multiforme cell 

motility, including quantification of cell speed and resistance to temozolomide-induced cell death.  

 

Chapter 7 presents porous chitosan and hyaluronic acid (C-HA) scaffolds with varying stiffness 

encompassing the range of healthy brain tissue to tumorous tissue with increased tumor size, 

enhanced drug resistance, and elevated expression of relevant chemoresistant gene markers in 

scaffolds with increased stiffness. 

 

Chapter 8 examines a chitosan-based composite bilayer scaffold for osteochondral defect repair 

including co-culture experiments exhibiting cell penetration to the scaffold interface and increased 

expression of relevant gene markers after two weeks of co-culture. 

 

Chapter 9 summarizes the conclusions presented in this dissertation with comments on the future 

potential of each scaffold. 
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Chapter 2: SCAFFOLDS FOR TISSUE ENGINEERING 

2.1. TISSUE ENGINEERING BACKGROUND 

Tissue engineering (TE) is a multidisciplinary approach aimed at regeneration of damaged, 

diseased, or deteriorating tissue or organs [8]. TE, also termed regenerative medicine, uses a 

combination of cells, bioactive factors, and biomaterial scaffolds (Figure 2.1) to restore, maintain, 

or improve tissue function. The current clinical gold standard of treatment for damaged 

tissue/organs is transplantation or grafting. However, lack of donors remains a challenge with 

114,000+ patients currently on the national transplant waiting list and wait times for some organs 

exceeding 5 years [12]. Tissue autografts (same individual) and allografts (from one individual to 

another) are limited by lack of viable tissue, potential immune response, and donor-site morbidity. 

As a result, TE has emerged as a promising approach to the tissue/organ shortage, aiming to 

regenerate tissue in the defect site, and eventually produce functioning tissue/organs ex vivo for 

transplantation. 

The success of TE relies heavily on the design and fabrication of biomaterial scaffolds [8, 

10]. During regeneration, cells need a temporary support structure as cell–cell contacts develop, 

and secretion of a new permanent support structure begins. Thus, scaffolds need to mimic the 

function and spatial cues of the native tissue. Mimicking the native microenvironment requires 

optimization of the biochemical, biomechanical, and structural cues of the scaffold in conjunction 

with integration of bioactive factors to influence cell behavior (i.e., growth factors, peptides, and/or 

drugs). Generally, TE is conducted using either acellular or cell-seeded scaffolds. An acellular 

scaffold is designed to be directly implanted into the defect site and recruit cells from the 

surrounding tissue to populate the scaffold [13, 14]. Additionally, cells can be harvested, expanded 

in vitro, and seeded into the scaffold before implantation into the defect. Both acellular [13-17] 
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and cell-seeded [18-21] approaches have shown promise in vivo and in human trials, signifying 

the importance of scaffold design. The most crucial scaffold design consideration is customizing 

the scaffold to mimic the inherent tissue structure presented by the native extracellular matrix 

(ECM). 

 

Figure 2.1. A simplified overview of tissue engineering detailing the three components for 

regeneration – scaffolds, cells, and bioactive factors. The specifics of each component 

depend on the application and tissue system. 
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2.2. EXTRACELLULAR MATRIX AND TISSUE STRUCTURE 

Tissue functionality is dependent on the spatial organization of the individual cells and the 

underlying structural matrix [22]. In healthy tissue, the basement membrane or extracellular matrix 

(ECM) provides support for cell adhesion, directing contact guidance between cells and orienting 

multilayers of cells. The ECM is fibrous structure composed mainly of collagen. Collagen and 

other fibrous proteins provide mechanical strength to the tissue, defining the tissue size and shape. 

The other structural proteins, such as fibronectin and laminin, aid in cell adhesion. Between the 

collagen fibrils, water-soluble polymers such as polysaccharide-rich proteoglycans and 

hyaluronan, hydrate and swell, providing compressive strength to the tissue and preventing tissue 

collapse [22]. Hydrogel-like polymers facilitate the diffusion of nutrients, growth factors, and 

signaling molecules to the cells, and also the elimination of waste. 

The ECM is in a constant state of dynamic reciprocity that influences cell morphology and 

phenotype. In response to biomechanical cues or oxygen/nutrient gradients, cells modify the 

secretion of ECM to aid in cell survival and proliferation. The dynamic state is customized to each 

unique tissue where the demands of the ECM vary, and the ECM of brain has different signaling 

and structural needs relative to bone ECM [22]. 

Because of the plethora of spatial cues in native ECM, development of biomaterial TE 

scaffold is non-trivial. To capture the unique cues of tissue-specific ECM, decellularized tissue 

has emerged as a popular TE scaffold material. Derived from human, pig, and cow tissues, several 

decellularized matrix scaffolds are currently commercially available (e.g., AlloDerm, 

CuffPatch™, MatriStem, Pelvicol, and Dura-Guard®) [23]. Although promising, reproducibility 

remains a challenge with decellularized matrix materials. Because ECM is tissue-specific, scaffold 

materials vary between differing tissue types. Additionally, differences in the decellularization 
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process and material preparation can alter the mechanical strength and porosity of the resultant 

scaffold. Therefore, further advancement is necessary to develop a reproducible TE scaffold 

capable of customization to the natural, tissue-specific ECM. 

2.3. SCAFFOLDS 

Tissue engineering continues to change and evolve with advancements in biomaterial 

fabrication, stem cell biology, and cell culture techniques. Over the last 50 years, scientific 

advancements have changed the face of medical treatments, including the definition of 

biomaterials [24]. Researchers chose early biomaterials by pairing the mechanical and materials 

properties to the tissue defect/damage. If integration of biomaterials resulted in the lack of further 

tissue damage or harmful host response, the material was considered successful. For example, bone 

cement and Dacron were extensively used as they were relatively inert, and the foreign body 

response was tolerable. Second-generation biomaterials such as titanium, poly (lactic-co-glycolic 

acid) (PLGA), and collagen focused on enhanced and sustained integration into the body, and 

biodegradation. Third-generation biomaterials were focused on bioinduction and integration into 

adjacent tissue, displaying a shift from inert and unreactive biomaterials to now designing 

materials to influence biological properties.  

2.4. SCAFFOLD PROPERTIES 

No one material is capable of satisfying all TE needs, so the ideal biomaterial scaffold is 

dependent on the application and must be selected in an application-specific manner [8]. Therefore, 

a plethora of materials and fabrication techniques have been explored for scaffold fabrication. 

Nevertheless, regardless of the tissue site, several key considerations affect development of a 

successful TE scaffold. There are many excellent reviews highlighting scaffold design 

considerations [8, 10, 25-27]. Here, a subset of those considerations is presented.  
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2.4.1. Biocompatibility and Host Response 

Biocompatibility is defined as the lack of a toxic or injurious response upon transplantation 

[28]. For TE, scaffolds must exhibit appropriate cell behavior in vitro and in vivo, supporting cell 

attachment and infiltration. Additionally, the scaffold must elicit an amenable immune response 

upon implantation. An inflammatory response can reduce healing and may cause scaffold 

rejection. 

The immune response of scaffolds can be tailored through biomaterial selection. Upon 

damage to the local tissue, the healing cascade occurs in four phases – hemostasis, inflammation, 

proliferation, and remodeling [29]. During the inflammation phase, macrophages can adopt 

different phenotypes ranging from pro-inflammatory (M1) to pro-remodeling (M2), playing a key 

role in tissue regeneration [29]. Briefly, upon initial tissue damage, M1 macrophages are recruited 

to the defect site to remove dead cells and destroy potential pathogens. If the transition from M1 

to M2 macrophages occurs early in the healing cascade, constructive remodeling will result. If M2 

macrophages become predominant later in the healing process, scar tissue formation will occur 

[30]. By tailoring the composition of the implanted scaffold, the phenotypic response of 

macrophages can be influenced. Positive macrophage responses have also been documented in 

ECM-based materials, engineered scaffolds [31, 32], and in highly sulfated hyaluronic acid 

scaffolds where a transition from the M1 to M2 macrophage phenotype was induced [33]. A more 

comprehensive characterization of the immune response to different materials may lead to a better 

material selection process and improved implantation outcomes.  

2.4.2. Materials  

Scaffolds are generally composed of either synthetic or natural polymers depending on the 

application [10]. Synthetic polymers have precisely controlled molecular weights, mechanical 
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properties, and degradation rates with less batch-to batch-variability relative to natural polymers. 

Common synthetic polymers used in TE include polystyrene (PS), poly-l-lactic acid (PLLA), poly 

(ethylene glycol) (PEG), poly (lactic co-glycolic acid) (PLGA), poly (caprolactone) (PCL), poly 

(ethylene terephthalate), and polyglycolic acid (PGA).  However, synthetic polymers are generally 

less biocompatible and can have harmful degradation products resulting in necrosis at the defect 

site. Significant work has been dedicated to increasing the bioactivity of synthetic polymers with 

ECM-derived adhesive peptide modifications where modification with RGD sequences is the most 

popular [34, 35].   

The mechanism that mediates cell recognition of material cues is not well understood. 

Nevertheless, natural polymers are advantageous as scaffold materials because they contain 

naturally occurring amino acid sequences that facilitate cell attachment, migration, differentiation, 

and immune recognition [36]. Additionally, natural polymers are biodegradable. Common natural 

polymers used in TE are naturally occurring polymers (e.g., silk, alginate, and chitin), purified 

ECM proteins (e.g., collagen and elastin), and ECM-derived decellularized tissues (e.g., small 

intestine submucosa, dermis, and urinary bladder matrix) [24]. However, these biomaterials alone 

lack the signaling, mechanical, and spatial cues of the native ECM. Scaling up production of these 

natural polymers also remains a challenge as homogenous and reproducible fabrication is a 

challenge. Additionally, natural polymers are generally not suitable in load-bearing applications 

due to the weak mechanical properties, but modifications such as the formation of a polyelectrolyte 

complex (PEC) can improve the stability of these polymers.  

2.4.2.1. Chitosan 

Chitosan is a cationic, biocompatible, and biodegradable polymer widely used in TE 

applications  [37]. As the only pseudo-natural cationic polymer, chitosan is unique [38]. Chitosan 
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is a linear polysaccharide composed of random monomeric units with a molar fraction degree of 

acetylation (DA) of β-(1→4) N-acetyl-D-glucosamine and a fraction (1-DA) of β-(1→4) D-

glucosamine [38, 39]. Chitosan is derived from partial deacetylation of chitin (Figure 2.2), a 

naturally occurring polymer derived from shrimp shells. Chitinases are widely found in nature 

(e.g., bacteria, fungi, plants, and the digestive tracts of animals), and consequently chitosan is 

biodegradable. Chitin contains a small number of N-deacetylated groups and therefore is less 

soluble in acidic solvents, whereas chitosan is comprised of less N-acetylated groups and therefore 

is soluble in acidic solvents [40].  

The degree of deacetylation in chitosan determines the number of amino groups along the 

polymer chain. If the degree of deacetylation is < 60 mol%, the material is considered chitin. At > 

60 mol% deacetylation, the material is deemed chitosan and becomes soluble in acidic aqueous 

solutions [41]. Deacetylation of chitin is accomplished by chemical hydrolysis in alkaline 

conditions or enzymatic hydrolysis, as with chitin deacetylase [37, 38]. Chitosan is a 

heteropolysaccharide where the content and sequence of linear β-1,4-linked units determines the 

physicochemical and biological properties. Solution properties of chitosan depend on the DA, 

molecular weight, and location of the acetyl groups along the main chain [42]. Further, the 

distribution of acetyl groups, whether random or block-wise, may influence inter-chain 

interactions due to H-bonds and hydrophobic character of acetyl groups. Using the functional 

groups on chitosan, modifications with growth factors like (RGD)-modified UV-cross-linked 

chitosan [43], platelet-derived growth factors BMP-2 and BMP-7 [44], and heparin 

functionalization can enhance the bioactivity of chitosan. 
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Figure 2.2. Chemical structure of chitin and the partially deacylated (> 60%) form 

chitosan. 

 

Due to the amino groups, chitosan can be protonated and therefore soluble in dilute acidic 

solutions (pH < 6). The -NH2 groups also allow chitosan to complex metal ions, making it useful 

for water filtration, heavy metal recovery, and beverage clarification, as in wine or juices. When 
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protonated, chitosan is a polycation. The net cationicity and the multiple functionalities make 

chitosan an attractive biomolecule, especially for biomedical applications [45].  

Chitosan can form electrostatic complexes and polyelectrolyte complexes (PEC). An 

electrostatic complex can be formed in low deacetylated chitosan involving the cooperative 

stacking of surfactant alkyl chains, like with sodium dodecyl sulfate. Chitosan can also form PECs 

with oppositely charged polymers (e.g., proteins, polyanions, DNA) [45]. With an anionic polymer 

such as hyaluronan or alginate, the electrostatic reaction is pH dependent and stability depends on 

ionic strength [46]. PECs add versatility to processing where materials can be built up layer by 

layer by alternating polyanion and polycation exposure, leading to encapsulation and controlled 

release applications. 

Chitosan-based materials can be processed into a variety of forms including hydrogels [47-

49], membranes [18, 50], nanofibers [16, 51, 52], beads [53, 54], microparticles [55, 56], 

nanoparticles [57-59], and porous scaffolds [60, 61] allowing for a versatile array of applications. 

Chitosan has been extensively used in tissue engineering for bone [62, 63], cartilage [64, 65], skin 

[16, 66], liver [67], and nerves [68-70]. 

2.4.3. Architecture 

Generally, TE scaffolds are highly porous 3D materials with an interconnected pore 

structure. Interconnected pores ensure that cells can invade and infiltrate the full volume of the 

scaffold. A porous architecture also facilitates the infiltration of nutrients and growth factors and 

the diffusion of waste similar to the native ECM. The mean pore size of a scaffold is a key factor 

in cell adhesion and is a function of surface area and ligand availability. Scaffold pores need to be 

large enough for cells to migrate through the structure and adhere, yet small enough to have a high 

specific surface area for efficient cell binding [71, 72]. The appropriate pore size is unique to each 
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tissue system and dependent on the vascularization and cell behavior [73, 74]. In general, increased 

porosity results in increased cell infiltration and subsequent vascularization. 

 Core degradation is a persistent challenging plaguing TE scaffolds [75]. Core degradation 

occurs due to the lack of nutrient diffusion in and waste diffusion out of the scaffold creating an 

inner core of underdeveloped cells [75, 76]. Vascularization and consistent diffusion throughout 

the entirety of the scaffold volume remains a crucial barrier to advancement in TE [75-77].  

2.4.4. Mechanical Properties 

Tissue mechanics play a crucial role in tissue morphogenesis where stiffness can influence 

cell maturation and direct the lineage in cell differentiation  [78]. For example, changing the 

stiffness of the underlying substrate can direct mesenchymal stem cells to a neuronal, myogenic, 

or osteogenic lineage [78]. Recapitulating the mechanical cues of the tissue microenvironment is 

one of the grand challenges in TE as the scaffold must be stable enough for handling during 

implantation and sustain mechanical integrity until remodeling is complete [79].  

The complex interplay between biomechanics and porosity in porous materials is 

highlighted in TE [10]. First-generation biomaterials recognized material stiffness as a crucial 

design characteristic and aimed to match scaffold stiffness with the anatomical site. However, at 

the same time the push to move from monolithic materials to more porous materials in support of 

vascularization resulted in a drastic decrease in scaffold mechanical properties. Ample time and 

resources were shifted to matching the tissue and porous scaffold mechanical properties with a 

focus on bone TE. Although important, mechanical properties are not the sole design 

consideration. Many scaffolds matching the mechanical properties of bone with exhibited potential 

in vitro have failed in vivo due to lack of porosity, making vascularization impossible and thereby 

reducing tissue functionality. 
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Scaffold stiffness is generally tuned through cross-linking or porosity for 3D porous 

matrices. The scaffold composition can also vary to provide a tailored stiffness to each unique 

microenvironment. Mechanical stiffness can alter the immune response of the host to the implant, 

making it more prone to rejection [80]. 

2.4.5. Degradation 

 To facilitate tissue regeneration, scaffold degradation is necessary, to ensure cells secrete 

a new ECM, filling the space of the temporary scaffold and returning tissue functionality [10]. 

Determination of an appropriate degradation rate, however, is nontrivial as tissue regeneration 

rates vary with patient age and differing cell growth rates. Degradation of the support scaffold 

must be slow enough that cells adhere, migrate, proliferate, and populate the full volume of the 

scaffold, providing a basis for integration into adjacent tissue. However, degradation must be fast 

enough that the reconstruction process is not impeded. To control the degradation rate, peptides 

sensitive to enzymatic cleavage can be integrated into the biomaterial [81]. 

  In addition to optimizing the scaffold degradation rate, consideration of the degradation 

products is also necessary. After degradation, the implanted scaffold should be able to exit the 

body without interference or toxicity in the organs. The complexity of degradation rate and the 

impact of degradation products has created a prominent role for immunology in TE [10, 82]. 

2.4.6. Bioactive factors 

Because cell behavior from attachment to differentiation must be controlled for successful 

TE, integration of specific bioactive factors is frequent. Bioactive factors can range from growth 

factors to peptides to integration of specific molecules or compounds found in the native tissue 

ECM. Bioactive factors are most successful when tailored to the specific tissue. For example, in 

nerve regeneration, sustained delivery of fibroblast growth factor (FGF-1) improved regeneration 
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[83]. To enhance osteogenesis, the integration of tricalcium phosphate or hydroxyapatite, a 

naturally occurring inorganic calcium apatite and a major constituent of bone, increases expression 

of osteogenic gene markers in osteoblast cultures [84]. In cartilage TE, the integration of 

hyaluronic acid has improved the proliferation rate and deposition of chondrocytes [85].  

Integration of hydroxyapatite and tri-calcium phosphate in bone TE scaffolds is widespread 

with fabrication of sintered ceramic scaffolds, eliminating the use of a polymer matrix [25]. 

Ceramic scaffolds have a high stiffness (Young’s modulus), but low elasticity, leading to brittle 

behavior. These ceramic scaffolds are biocompatible with similar chemical and architectural cues 

to the mineral phase in bone. Further, osteogenic cells display enhanced differentiation and 

proliferation on ceramic or polymer-ceramic scaffolds [86]. The clinical relevance of ceramic 

scaffolds has been limited due to the brittleness and difficulty molding the scaffold to the defect 

site. Additionally, regenerated bone tissue using a ceramic scaffold template was unable to 

withstand the required mechanical load [87].  

While much is left to be studied and understood in TE, the research continues to grow 

exponentially, resulting in a $240 million industry annually [88]. Therefore, ongoing research into 

bioactive, bioinstructive, and stimuli-responsive biomaterials is valuable [89]. While challenges 

remain, the opportunities are abundant. 

2.5. MICROENVIRONMENT DIMENSIONALITY 

The role of a TE scaffold is to provide support and structure for cell attachment towards 

the regeneration of functional tissue. The aim is to customize a scaffold to mimic the body’s natural 

support structure, the extracellular matrix (ECM). Scaffolds that accurately represent the ECM 

could be key to discovering mechanisms behind tissue formation, regeneration, and function, as 

well as, studying how disease disrupts normal tissue function. Monolayer cell culture has been 
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used to study stimulus response and cell behavior in vitro, but mounting evidence indicates that 

cells in 2D monolayer culture do not accurately represent in vivo cell behavior [90, 91]. To 

overcome this limitation, nanofibrous 2D scaffolds and porous 3D scaffolds can be utilized to 

better mimic the native tissue ECM. 

2.5.1. Pseudo-2D Electrospun Nanofiber Substrates 

Nanomaterials have evolved as a useful tool in biomedical research capable of nanoscale 

manipulation of cell behavior. Nanotopography, including nanofibers or patterned surfaces can 

direct cell behavior sans biological cues effecting cell function from differentiation [92] to 

apoptosis [93].  The specific mechanisms behind tissue formation are not well understood, and 

many nano-scale materials approaches have been employed for study and control of cell behavior.  

Electrospinning is a popular, versatile, and inexpensive fabrication technique capable of 

producing fibers ranging from tens of nanometers to microns. A wide range of materials have been 

electrospun including polymers, polyblends, composites, semiconductors, and ceramics in a wide 

range of morphologies (i.e., beaded, ribbon, porous, and core-sheath) [94, 95]. Electrospun 

nanofiber mats have a wide range of applications varying from water filtration to wound healing 

[94]. Nanofibers are attractive in biological applications due to the high surface area, ability to be 

functionalized, and similarities to the native fibrous ECM topography. Fiber alignment has proven 

key in determination of the appropriate tissue microenvironment. Randomly oriented nanofibrous 

mats are advantageous in skin wound healing applications [16], whereas aligned nanofibers have 

shown great potential with anisotropic tissues such as nerve [96] or skeletal muscle [97].  
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Figure 2.3. Illustration of a simple electrospinning set-up with various processing 

parameters for consideration, including solution properties, physical and equipment 

parameters, and environmental factors. 

 

 Similar to other nanofiber fabrication techniques (dry spinning, melt-spinning), 

electrospinning is based on the ability to stretch a viscoelastic solution [95]. Unlike other fiber 

spinning techniques, however, electrostatic forces stretch the fibers until they solidify. To 

electrospin, a polymer solution is first fed through a spinneret [94, 95, 98]. A high voltage (usually 

> 5kV) is applied to the solution until the repulsive force of the charged jet overcomes the surface 

tension of the polymer solution, and a fiber jet erupts from the spinneret. Near the spinneret tip, 

the fiber jet is stable, although as it travels to the collector a bending instability stage occurs, further 

stretching the polymer jet under electrostatic force as the solvent evaporates. The fiber solution is 
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drawn until there is no more feed solution. Although electrospinning is a straightforward process, 

many processing parameters need to be optimized, ranging from polymer solution properties to 

environmental parameters. A basic electrospinning set-up is shown in Figure 2.3, including 

necessary processing parameters for consideration.  

2.5.2. 3D Porous Scaffolds 

Dimensionality of the culture microenvironment has a profound influence on cell–cell 

interactions and nutrient access [90, 91]. Capturing the 3D morphology and stimuli in the native 

tissue microenvironment is nontrivial, where cell function is closely related to cell–cell and cell–

ECM interactions. In 3D tissue systems, nutrient and oxygen gradients regulate tissue formation. 

Flat monolayer culture and 2D culture systems cannot accurately recapitulate the complex 

interplay in 3D cell-cell and cell-ECM interactions and therefore are not truly representative of the 

3D tissue microenvironment. Instead, porous polymer scaffolds with large surface areas for cell 

adhesion can be used 

Porous scaffolds are widely used in TE applications and can be manufactured using a 

variety of different techniques (i.e., particle leaching, emulsion, gas foaming, rapid prototyping) 

[99]. Despite a variety of fabrication techniques, thermally induced phase separation (TIPS) 

remains the most common technique for porous scaffold fabrication as it is cost effective, versatile, 

and tunable. Further, integration of bioactive cues and growth factors can enhance the effectiveness 

of these scaffolds with applications ranging from cartilage, skeletal muscle, or bone repair to 

cancer tumor modeling.  

2.5.2.1. Thermally Induced Phase Separations (TIPS) 

In the 1980s, Aubert and Clough utilized thermally induced phase separations (TIPS) to 

fabricate a  microporous polystyrene foam [100]. Since then, TIPS has emerged as a dominant 
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fabrication technique for TE scaffolds, foams, and membranes due to the resulting highly porous 

architecture. The mechanism of TIPS is liquid-liquid demixing where removal of thermal energy 

separates a homogenous solution into a polymer-rich and a polymer-lean phase. Subsequent 

lyophilization, sublimates the polymer-lean solvent phase, leaving a highly porous architecture. 

The thermodynamics of the phase separation play a crucial role in determining the final pore 

structure. Pore characteristics are highly dependent on whether the mode of phase separation is 

binodal demixing, spinodal decomposition, or a combination of both (Figure 2.4) [101, 102]. If 

the quenching endpoint is in the metastable region between binodal and spinodal curves, binodal 

demixing will occur resulting in a poorly interconnected bead-like pore structure. Conversely, 

when quenching occurs in the unstable region below the spinodal curve, spinodal decomposition 

occurs resulting in highly interconnected spheroidal domains [103, 104]. Spinodal decomposition 

is generally preferred for TE applications as the interconnected open-porous structure supports cell 

infiltration and diffusion of nutrients and waste. Varying the polymer concentration, solvent, 

cooling rate, surfactants, and final temperature can influence the phase separation path and final 

porous scaffold properties [105]. Further, the addition of an annealing step can enlarge the pore 

size formed under either mechanism [104]. 

Briefly, fabrication of a porous material via TIPS first requires dissolution of the polymer 

in a solvent. Aqueous solvents are preferred for biomedical application to prevent subsequent 

toxicity that can result from some organic solvents. The polymer solution is then transferred to a 

mold of the desired shape. A temperature drop is then introduced, freezing the solution. As the 

solution solidifies, mass transfer and heat transfer occur simultaneously as ice crystals form and 

separate from the polymer-rich phase. Once frozen, lyophilization occurs, sublimating the ice 

crystals and yielding a porous polymer foam. Controlling key aspects of the TIPS process such as 
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polymer concentration, freezing temperature, and thermal gradients, makes it possible to fabricate 

scaffolds with a range of pore sizes, shapes, and morphologies form to suit a variety of tissue 

systems [101]. 

 

Figure 2.4. Schematic of binary phase diagram of a polymer solution highlighting potential 

morphologies dependent on quench endpoint resulting from thermally induced phase 

separations. Figure adapted from [103, 104]. 
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Chapter 3: SCAFFOLDS FOR CANCER RESEARCH 

3.1. CANCER BACKGROUND 

In the United States, cancer is the second leading cause of death with approximately 38.4% 

of people experiencing a cancer diagnosis during their lifetime. Nationally, the expenditure for 

cancer care was $147.3 billion in 2017 with projected increases in healthcare costs due to the 

adoption of new and more expensive therapies and treatments [106]. The plethora of drug 

discovery and drug delivery research has resulted in new and innovative treatments leading to 

earlier diagnosis and more targeted therapies. However, the underlying mechanisms of tumor 

initiation, proliferation, and metastasis are not well understood resulting, in a high failure rate of 

targeted therapeutics after costly clinical trials.  

Cancer is characterized by the unchecked proliferation and metastasis of cells [107]. Due 

to activation of oncogenes and deactivation of tumor suppressor genes, the cell cycle progresses 

uncontrolled with deactivation of apoptosis (highly regulated cell death process). Progression from 

benign tumors to malignant tumors occur upon metastasis, where cells down regulate tissue-

specific adhesion receptors and up-regulate cell motility receptors [108].  

While drug development and new therapeutic techniques have aided in early diagnosis and 

more targeted therapies, the mechanisms of tumor initiation are not well understood. Drugs 

targeting specific characteristics of tumor progression show promise but are hindered by the lack 

of a biologically relevant in vitro drug screening model. Currently, most of the 175 FDA-approved 

anti-cancer drugs  target DNA replication and repair pathways (e.g., alkylating agents, anti-

metabolics, anthracyclines, topoisomerase inhibitors, or mitotic inhibitors) [109]. Several anti-

angiogenic targeted drugs are also approved [110]. However, no approved drugs target cell–ECM 

interaction, despite mounting evidence that the ECM may be key to malignancy [111]. 
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Additionally, the specific pathways for cell–ECM interactions are not fully recognized due to the 

challenging nature of studying native cell–ECM behavior. Development of a drug screening model 

that better captures the complex cell–cell and cell–ECM interactions could provide a better model 

for drug effectiveness in vivo. Moreover, a biologically relevant model capable of recapitulating 

the local tumor microenvironment may help provide insight into the complex tumor stroma, 

highlighting potential future pathways for targeted interventions. Therefore, a preclinical disease 

model for both pharmaceutical testing and biological research and assay development is necessary. 

3.2. TISSUE ENGINEERING AND CANCER RESEARCH  

Communication between cells and the local ECM regulate both tissue homeostasis and 

tumor progression where the tumor microenvironment has been implicated in regulation of cancer 

initiation, progression, and patient prognosis [111]. Advancements in our understanding of the 

tumor microenvironment have added complexity to the tumor stroma. Initial models of tumor 

microenvironments assumed only one cell type was responsible for cancer progression, yet recent 

advancements have proven that tumor complexity is the result of a heterogenous cell population. 

A complex array of cancer cells, cancer stem cells, immune cells, cancer-associated fibroblasts, 

and others plus a variety of activation sites, and the ECM composition, all play a role in cancer 

metastasis [111]. 

For decades, tissue engineers have designed scaffolds to study signaling and cell behavior 

in a diverse array of tissues by creating a biological template that suits the unique needs of various 

ECMs [8]. In the context of tissue regeneration, research has been driven by the need for 

increasingly complex, yet tunable biomaterials that reliably mimic the ECM of specific 

tissues/organs. These materials require consideration and optimization of the mechanical stiffness, 

biocompatibility, 3D architecture, structural organization, and cell adhesion characteristics of the 
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scaffold. Through studying the influence of the cell–ECM interaction, the constant state of 

dynamic reciprocity in tissue became apparent where tissue organization is maintained through a 

complex array of signaling factors and remodeling between cells and the ECM [111]. Cells respond 

to and tune the microenvironment to suit their needs, so tissue engineers aim to harness the cells 

to be their own “tissue engineers” via cell–cell, cell–ECM, and signaling interactions. Recently, 

the TE approach has been extended to provide a better understanding of the pathophysiology of 

cancer. In cancer research, the application of scaffolds for tumor modeling and drug screening has 

proven successful, yet not integrated into a clinical setting.  

Recent studies have illuminated the link between the tumor microenvironment and cancer 

cell behavior, including promotion of drug resistance and tumor recurrence [111]. As the 

understanding of tissue regeneration and disease progression has expanded, the insufficiency of 

modeling cell behavior in a 2D monolayer culture has become apparent as not representative of 

the microenvironment. Much like tissue engineering, the study of cell dynamics and tumor 

progression in 2D monolayer culture does not supply an accurate model of the progression of 

cancer and is unable to model the cell–ECM relationship. Using TE strategies to unravel the 

influence of the microenvironment on cell behavior may provide further insight into the pathology 

of cancer.  

3.3. BIOMATERIALS IN THE TUMOR MICROENVIRONMENT 

The tumor microenvironment has been implicated in the formation, metastasis, and 

progression of cancer [111]. The use of a monolayer culture for cell expansion in TE applications 

decreased native-like gene expression and cell behavior, even when cultured back into a 3D 

microenvironment. Additionally, cancer researchers have found 2D monolayer culture to be an 

insufficient model of the tumor microenvironment. The role of the microenvironment in the 
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regulation of cancer progression is apparent, as each unique cancerous tissue displays unique 

oncogenic mutations allowing manifestation only in specific tissues/regions of the body [112]. 

Cancer cells take cues from the microenvironment, adapting and modifying it through secretion of 

enzymes to facilitate the proliferation and invasion, while the physical characteristics of the ECM 

(e.g., stiffness, topography, ligand presentation) influence cell behavior [78]. Cancer cells grown 

in 3D cultures display different morphologies, gene expression profiles, proliferation profiles, and 

drug resistance compared to cells cultured in 2D monolayer culture. To date, the most promising 

cancer tumor models involve 3D culture, yet 2D cultures are still advantageous for investigation 

of some underlying cancer mechanisms. Recapitulating the tumor microenvironment using an in 

vitro scaffold requires consideration of several key factors, with several articles providing a 

comprehensive review of these factors [111]. Here, a subset of these key factors are summarized. 

3.3.1. Stiffness 

Cancerous tissues are generally stiffer than healthy tissues [113-115]. Scaffolds capable of 

encompassing the stiffness range from healthy to cancerous tissue offer an advantage in studying 

specific mechanosensitive pathways and cell behaviors [61, 116]. ECM stiffness influences cell 

migration, adhesion, proliferation, and differentiation [117, 118]. Various factors cause the 

increased stiffness of the tumor microenvironment, including fibrosis [119, 120] and increased 

interstitial pressure due to a chaotic microvasculature [121]. 

The influence of stiffness on cancer cell behavior can be studied through tunable 

biomaterials with a range of stiffness. Porous 3D scaffolds composed of chitosan-hyaluronic acid 

have been adjusted using polymer content to encompass the stiffness range of healthy and 

cancerous brain tissue [61]. Higher stiffness scaffolds resulted in larger tumor sphere formation 

and an increase in drug resistance [61]. The stiffness of collagen gels can be tailored by varying 
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agarose content [122] or collagen fiber content [123]. Many synthetic gels are tunable through 

adjustment of crosslinker to monomer [124] or curing agent ratios [125]. Synthetic polymers, 

however, are less biomimetic than natural polymer and thus natural polymers are preferred. 

3.3.2. Ligand Accessibility 

Nano-scale variation in ligand densities influenced cell adhesion [34, 93]. Protein 

composition of the tissue-specific ECM regulate a range of cell behaviors from adhesion to 

viability [126]. ECM composition and upregulation of ECM proteins [127] are closely correlated 

to tumor grade where cells remodel the ECM to enhance drug resistance [128]. Techniques capable 

of precise control over ligand composition and spacing provide insight into focal adhesions and 

chemoresistance [129]. However, we can also infer the influence of ligands on cell behavior 

through the variation of ECM proteins. Exposure to laminin or fibronectin has resulted in a more 

invasive cell phenotype [130] and altered cell stiffness, illustrating the role of biochemistry in cell 

malignancy. 

3.3.3. Topography 

The local ECM is composed of oriented fibrils and supramolecular structural patterns 

[131]. These fibrous structures provide guidance for cancer cell migration and metastasis. Aligned 

or radially oriented nanofibers capture some of the topographical cues cancer cells encounter in 

the tumor microenvironment. When cultured on aligned versus random nanofibers, cancer cells 

migrate farther and faster, exhibit a more elongated invasive phenotype, and are more resistant to 

chemotherapeutic-induced cell death [52]. Another variation of topography includes pore size, 

whether between nanofibers or in a porous 3D polymer foam. When cancer cells were cultured on 

a matrix with a pore size smaller than the cell body, upregulation of genes responsible for ECM 

degradation were triggered to allow cell penetration and migration [132]. 
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3.3.4. Dimensionality 

Cancer cells express different phenotypes when cultured in 2D versus 3D 

microenvironments. In 3D culture, malignant cells can be distinguished due to their propensity to 

grow rapidly and invade the surrounding microenvironment [133]. Variations in 3D culture have 

even led to in vitro prediction of malignancy potential [134]. Models of 3D tumorigenesis in vitro 

have helped to better characterize early tumor architecture where metastatic events and relevant 

gene expression profiles can be directly recapitulated, resulting in tumor behavior more akin to in 

vivo and providing a model for screening cell-drug outcomes. 

Although 3D tumor models express more biologically relevant cell behavior relative to 2D 

monolayer culture, most in vitro cancer experiments are still conducted on featureless 2D 

monolayer polystyrene plates. Adding topographical cues to the 2D platform, like seen in 

electrospun nanofibrous substrates, enhances biological relevance, providing a better model for 

studying certain cancer cell behaviors like motility and invasion  [111]. Cancer cell invasion along 

the white matter tracts in the brain or collagen fibrous tissue in the breast is closely mimicked by 

nanofibrous substrates. 

The interplay between the tumor microenvironment and cell behavior is not well 

understood, yet microenvironment characteristics influence malignancy. The immensely complex 

array of chemical and mechanical cues in tumor ECM make it difficult to evaluate key factors for 

targeted therapeutics. A biologically relevant tumor model tailored to tissue-specific 

microenvironments could aid in development of appropriate targets and more effective drugs. 

Further, a model that truly recapitulates the complexity and heterogeneity in the cancer cell 

population may provide an enhanced platform for drug screening, decreasing the time and cost of 

clinical development and personalizing drug cocktails to each unique tumor. 
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Chapter 4: ELECTROSPUN NANOFIBER-BASED DRUG DELIVERY 

AND DRUG SCREENING PLATFORMS FOR GLIOBLASTOMA 

 

 

 

4.1. ABSTRACT 

Glioblastoma multiforme (GBM) is a highly invasive primary brain tumor with a poor 

patient prognosis and is characterized by aggressive infiltrative growth blurring the boundary 

between tumorous and healthy brain tissue. The lethality of glioblastoma multiforme (GBM) is 

largely attributed tumor invasion and recurrence. Metastasis coupled with the physiological 

challenges of delivering adequate concentrations of chemotherapeutics to the tumor site remain 

key obstacles to effective GBM treatments. Development of a robust in vitro tumor model for 

investigation of underlying tumor progression mechanisms and advancement of anti-metastatic 

therapies could drastically improve patient outcomes. Additionally, development of a platform 

capable of sustained, long-term, and local drug delivery to the tumor site could greatly increase 

the effectiveness of current treatments. Electrospun nanofibers represent a promising multi-faceted 

approach for both targeted drug discovery and sustained drug delivery. Nanofibers mimicking the 

native tumor stroma have led to a deeper understanding of metastatic cell characteristics and cell-

extracellular matrix (ECM) interactions.  Additionally, the high surface area of the nanofibers 

provides a valuable tool for sustained, consistent delivery for a range of therapeutics. This review 

first investigates the utility of nanofibers as a substrate for enrichment of a migratory GBM cell 

phenotype. Next, the potential of nanofibers as potential delivery vectors is discussed. Finally, the 

obstacles, as well as, the emerging future applications for nanofiber substrates in GBM 

therapeutics will be highlighted.  
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4.2. INTRODUCTION 

Glioblastoma multiforme (GBM) is one of the most common and lethal types of brain 

cancer [135]. GBM tumors aggressively infiltrate healthy brain tissue making differentiation of 

the tumor margins nontrivial. The contemporary standard of care employs maximal safe tumor 

resection followed by radiotherapy and adjuvant chemotherapy [135, 136], yet local recurrence 

within 2 cm of the original tumor site generally occurs 6 - 9 months after primary treatment [137, 

138]. The prevalence of tumor recurrence coupled with the restriction of systemic drug delivery 

by the tight capillary junctions in the blood brain barrier (BBB) [139] render current therapeutic 

approaches ineffective and largely palliative. A plethora of research into molecular targets and 

drug delivery approaches has resulted in new and innovative cancer treatments leading to earlier 

diagnosis and more targeted therapies. However, the underlying mechanisms of tumor initiation, 

proliferation, and metastasis are not well understood resulting in a lack of clinical translation and 

high drug failure rates after costly clinical trials.  

Over the last several decades, nanomaterials have been critical to the advancement of 

regenerative medicine by playing a role in controlled drug delivery and drug release, regulation 

and guidance of cell behavior, and mimicking the local microenvironment for ex vivo modeling of 

complex tissue systems. Recently, nanomaterials have emerged as a promising approach to 

targeted cancer therapies [140]. providing unprecedented manipulation and control of cell behavior 

at the nanoscale. Mounting evidence has revealed that nanomaterials not only passively interact 

with cells, but also actively engage to mediate cellular functions and molecular processes [141]. 

Specifically, nano-scale fibers with diameter ranging from tens to hundreds of nanometers have 

become a staple of biomedical research, finding utility ranging from regenerative medicine, to 

diagnostics, to drug and gene delivery.  
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The fibrous morphology of nanofibers mimic the native extracellular matrix (ECM) 

resulting in unique cell-matrix signaling capable of driving cell behaviors including migration, 

proliferation, and differentiation [142]. The local GBM tumor stroma has been implicated in 

upregulation of a more migratory and invasive cell phenotype. Mimicking the local 

nanotopography could provide a platform for investigation of metastatic cues and development of 

anti-metastatic therapeutics.  

Furthermore, due to the high surface area, delivery of a variety of payloads from localized 

fibrous meshes have proven to aid in tissue regeneration and localized drug delivery [143]. 

Recently, the benefits exhibited by nanofibers in tissue engineering applications have been applied 

to cancer research. Tunability of the diameter, composition, length, and surface functionalization 

have allow drug release rates to be optimized to specific tissue-systems and drug payloads.  

In this review, the current applications of electrospun nanofiber substrates are examined as 

both in vitro brain tumor microenvironment mimics and drug delivery vectors for treatment of 

GBM. Recent advancements in nanofiber substrates for modeling the brain tumor stroma towards 

enrichment of a more migratory GBM cell phenotype are evaluated for use as a platform for anti-

metastatic drug screening and tumor progression monitoring. The integration of therapeutic agents 

into these fibers for continued therapy is evaluated as a potential local drug delivery tool. Finally, 

an overview of emerging technologies and barriers to nanofiber translation in a clinical setting are 

discussed.  

4.3. ELECTROSPINNING AND NANOFIBERS 

Electrospinning is a highly tunable and facile nanofiber fabrication technique capable of 

tight control of the fiber morphology and topography [94]. Electrospinning remains dominant over 

other nanofiber fabrication techniques (e.g. drawing [144], dry spinning [145-147], phase 
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separation [148], vapor phase polymerization [149], self-assembly [150], and template directed 

synthesis [151]) due to the inexpensive experimental set up and high production rate [94]. The 

high specific surface area and ability to align nanofibers have proven advantageous in a wide range 

of applications from energy storage [152, 153] and liquid filtration  [154] to drug delivery [155, 

156] and tissue engineering [157].  

Electrospinning is a simple and straightforward process [94, 158]. First, a polymer solution 

is passed through a spinneret where a high voltage is applied to charge the solution.  At a critical 

voltage, the electrostatic forces overcome the surface tension of the solution and the Taylor cone 

is formed ejecting a charged polymer jet from the spinneret tip. The charged jet is then subject to 

bending instability as the solvent evaporates, and nanofiber morphology solidifies before being 

deposited layer-by-layer on a grounded collector.  

The tunability and versatility of the produced fibers is an advantage of the electrospinning 

technique [94]. By adjusting solution and processing parameters, fibers ranging from tens of 

nanometers to microns can be obtained. Additionally, most soluble polymers with high molecular 

weights can be electrospun resulting in a wide range of possible nanofiber compositions for 

investigation of tailored surface chemistry (i.e. natural polymers, synthetic polymers, polymer 

blends, and composites) [94]. Further, a variety of morphologies can also be attained (i.e., core 

and shell, hollow tube, porous, and beaded) to customize surface area, topography, degradation, 

or payload release kinetics. Through exploitation of the electric field or mechanical manipulation, 

fiber alignment as well as woven, interlaced, tubular, radial fiber formation can be achieved. This 

versatility allows for nanofibers to be integrated in a wide range of diverse applications.  

4.4. NANOFIBERS FOR GBM MICROENVIRONMENT MODELING 

AND DRUG SCREENING 
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GBM lethality is generally attributed to the diffuse invasion of highly migratory single 

cells away from the primary tumor along white matter tracts and abluminal blood vessels surfaces 

[159, 160]. Disperse invasion limits the effectiveness of resection resulting in subsequent 

secondary tumors formation. Unlike other cancer, gliomas rarely metastasize extracranially, but 

can move large distances within the brain. Further, despite similar biochemical compositions, 

tumor cells are generally found in the fibrous white matter versus the gray matter in the brain. 

These findings imply that the implicate the local white matter topography in upregulation of a 

more migratory cell phenotype and suggests that the local tumor microenvironment plays a 

dominant role in GBM progression by regulating cell motility and secondary tumor initiation 

[161].  

Traditional in vitro culture studied cancer motility and drug resistance on flat, featureless 

tissue culture polystyrene (TCPS) surfaces. These 2D adherent monolayer cultures were 

quantitative and informative, yet did not truly capture structural, chemical, and mechanical cues 

of the tumor microenvironment resulting in motility, morphology, and gene expression profiles 

dissimilar from those found in native brain tumors [161, 162]. To enhance biological relevancy, 

organotypic brain slice assays are also frequently used for migration studies to capture the 

structural cues in native brain, This culture allows study of cell interactions with real structures 

found in the brain like neurites and blood vessels to observe cell behavioral changes in different 

parts of the brain  like the cortex, white matter, and basal ganglia [163]. However, this assay is 

laborious to produce, difficult to reproduce, and tissue necrosis occurs days into culture thereby 

potentially influencing cell behavior and migratory patterns. These early models have provided 

insight into the complex tissue microenvironment  and have led to a decisive shift away from 
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monolayer and organotypic culture to more biologically relevant, reproducible biomaterial 

platforms that more accurate mimic the structure of the native 3D tumor niche [164].  

Electrospun nanofibers present a significant advantage over conventional 2D monolayer 

culture as the fibrous topography mimics the native white matter tracts in the brain ECM [165, 

166]. Further, Nanofibers also present an improvement over organotypic brain slice assays due to 

the reproducibility and robustness. Nanofibers can be chemically and physically tuned to study a 

variety of topographic cues – providing a valuable tool to study motility in neural-like structures 

with the potential to become the basis for tailored bioassays of tumor biopsies. Nanofibers advance 

a realistic in vitro system for simulating tumor migration while maintaining compatibility with 

downstream assays like western blotting, immunostaining, live cell imaging, and RT-PCR.  Due 

to the high surface area for cell adherence, highly reproducible fabrication techniques, and high 

degree of tunability (i.e. diameter, composition, morphology, surface functionalization), 

nanofibers present a promising alternative to current assays. Electrospun nanofiber substrates 

resemble the fibrous white matter tracts and could be used to study anti-invasion therapies 

especially when aligned nanofibers have been shown to mimic the topographical cues encountered 

by migratory cells in the tumor stroma. 

Biomaterial scaffolds mimicking the physicochemical cues within the tumor 

microenvironment may play a key role in highlighting the cell-intrinsic pathways of disease 

progression. Limiting the metastatic potential of GBM can then convert it to a focal disease capable 

of being treated with more effective focal therapies [161]. To do so however, a more detailed 

understanding of glioma invasion mechanisms is necessary. A platform that truly mimics the tumor 

stroma may provide a basis a high throughput testing platform for development and screening of 

potential anti-invasion therapies  [167]. 
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 Several excellent reviews of the electrospinning fabrication process have been conducted 

[94, 95, 98], highlighting collector configurations, processing parameters, and a diverse array of 

nanofiber applications. Variations of nanofiber characteristics like alignment, fiber spacing, 

diameter, mechanical stiffness, fiber roughness and surface chemistry influence cell behavior. 

Here, we focus on the influence of those cues on GBM cell behavior with a focus on motility. 

4.4.1. Influence of alignment 

Nanofiber alignment is a key consideration when developing a brain tumor 

microenvironment model. White matter tracts and blood vessels run parallel in the human brain, 

presenting an aligned pathway for cell invasion. Directional topography influences cell polarity 

inducing a single, leading extension for directional and persistent migration. Conversely, loss of 

cell polarity results in a broad ruffled leading edge as seen in randomly oriented fibroblast-like cell 

motion [163]. Mimicking the anisotropy in the fibrous matrix may be key to upregulation of a 

more migratory GBM phenotype capable of invasion into healthy brain tissue.  

Human GBM cells (U251) cultured on polycaprolactone (PCL) nanofibers, exhibit 

different morphology and motility characteristics aligned nanofibers (Figure 4.1a and b) relative 

to randomly oriented nanofibers (Figure 4.1c and d) [165]. Cells cultured on aligned nanofibers 

displayed an elongated spindle-like morphology (average cell length of 32 µm) and cell motion 

along the fiber axis. Conversely, on random nanofibers, GBM cells display a rounded, spherical 

morphology (average cell diameter of 15 µm) with no preferential extension direction and hindered 

cell motion due to cell oscillations at nanofiber intersections. Persistent and directional motion 

along the fiber axis resulted in a five-fold increase in displacement on aligned nanofibers relative 

to random nanofibers [165]. Mitosis and slight defects in alignment had the greatest influence on 

motility. Small imperfections in alignment, including defects as small as misalignments of 20°, 
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halted cell motion and highlighted the importance of defect-free nanofiber topography. 

Morphology differences on random versus aligned fibers correlate with cell morphologies seen in 

noninvasive (rounded) versus infiltrating (elongated) glioma cells in vivo [163].  Previous works 

studying neural progenitor cells in the early postnatal brain have detailed a similar migration 

pattern to GBM on aligned nanofibers [168-170]. Additionally, in a study conducted by Agudelo-

Garcia et al., the enhanced motility and elongated morphology of GBM cells cultured on aligned 

PCL was also accompanied by a substantial increase in expression of STAT3, a known driver of 

glioma progression [171]. 

Despite the lack of specific ECM molecular signals, cell migration on PCL nanofibers closely 

matched that in vivo, suggesting that the topography alone in white matter versus gray matter could 

direct cell migration [165]. Enhanced motility on aligned nanofibers relative to random nanofibers 

was mirrored in experiments conducted on chitosan-polycaprolactone (C-PCL) nanofibers with 

U87 MG human GBM cells [166]. It has been postulated that the topography of the white matter 

may act as a pathway of least resistance even when lacking the preferred cell adhesion molecules 

[172].  

 Neurospheres offer an enhanced biologically relevant view of cell dispersion from the 

primary tumor due to the presence of gradients potentially leading to cell population heterogeneity 

like seen in the native tumor microenvironment [173, 174]. Investigating the influence of 

topography on cell migration away from the primary tumor, 3D neurospheres were cultured on 

random and aligned nanofibers (Figure 4.1e and f) [165]. On aligned nanofibers, GBM cells 

dispersed and migrated away from the neurosphere (Figure 4.1e). Cell dispersion along the 

nanofibers was 6-fold greater than across the nanofibers, showing the influence of alignment. In 

Figure 4.1f, GBM cells on random nanofibers did not detach from the neurosphere and instead 
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the neurosphere retained size and shape over 20 hours [165]. Since tumor recurrence is frequently 

attributed to glioma stem cells, studying of tumor initiating cells is crucial. Neurosphere culture 

elucidates the amenability of aligned nanofibrous platforms for screening and study of patient 

biopsies or biopsy-derived cells to quantify migratory capacity. Thus, effective drug cocktails 

combinations could be identified through direct quantificatios. 

 

Figure 4.1. Aligned versus random PCL nanofiber morphology and corresponding GBM 

(U251) cell behavior. PCL nanofiber morphology imaged with a scanning electron 

microscope (SEM) displaying (a) aligned nanofibers and corresponding confocal imaging 

of glioma cells (U251) cultured on the aligned nanofiber substrates displaying (b) spindle-

like elongated morphology. Cells detected by nuclear red and cytoplasmic green 

fluorescence merged with fibers under phase contrast illumination. Aligned nanofibers 
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autofluoresce and appear green.  (c) Morphology of randomly oriented nanofibers and (d) 

corresponding confocal imaging of glioma cells (U251) expressing a rounded cell 

morphology. Representative confocal images of cell dispersion from neurospheres on (e) 

aligned and (f) random PCL nanofibers. The change in cell dispersion revealed a six-fold 

increase along-axis versus across-axis on aligned nanofibers. Reprinted with permission 

from [165]. 

 

Beliveau et al., [175] discovered that the nanofiber alignment not only influences the cell 

elongation and migration, but also the cytoskeletal stiffness. When comparing GBM cells cultured 

on aligned fibers relative to random nanofibers and smooth films, the cytoskeletal stiffness was 

significantly lower than in healthy astrocytes. Decreased cytoskeletal stiffness indicates that tumor 

cells will have a greater ability to deform the cell body and invade the surrounding ECM [175]. 

Further GBM cell cytoskeletons cultured on aligned nanofibers were less stiff than when the same 

cells were cultured on smooth films or random nanofibers. This can be attributed to the increased 

spatial organization of the actin cytoskeleton of elongated cells and the lack of crosslinking in 

parallel actin networks. Additionally, an increase in migratory genes SNAI1 and NOTCH1 and a 

downregulation in CDK20 and CCND1 was seen in cells cultured on aligned fibers indicating the 

aligned substrate may be influencing the cells into a more migratory phenotype at the arresting of 

the proliferative processes. 

4.4.2. Influence of 1D versus 2D topography  

To determine the influence of nanofiber topography on GBM motility, Estabris et al., 

suspended 400 nm diameter nanofibers as single and parallel fibers and compared this condition 

with flat 2D culture [145]. Cells moved faster and more persistently in 1D (single nanofiber or 

parallel nanofibers) relative to flat 2D culture. Additionally, cell migration was faster on parallel 
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suspended nanofibers than on single nanofibers potentially due to the increased adhesion area of 

two fibers versus one. The influence of cell adhesion on GBM cell speed correlated with CD44-

mediated migration where high and low concentrations of CD44 resulted in slower cell speeds and 

intermediate concentrations resulted in the fastest cell speeds. The increased adhesion area for cells 

spanning two parallel fibers increased the persistence of the cell motion and reduced the chance of 

motion in a reversed direction. These experiments indicated that cell motion on fibers can be fully 

explained in terms of fiber geometry and cell adhesion and does not necessarily require changes 

in phenotypic or molecular expression. 

 The influence of fiber curvature on GBM cell protrusion was studied by again using the 

suspended fiber model [176]. Here, high curvature round fibers were compared against low 

curvature flat ribbons. Protrusions on low curvature flat ribbons broaden dramatically faster 

relative to round fibers. Sensitivity to environmental conditions like fiber diameter and ligand 

concentration were explored where the protrusion dynamics indicated that MDA-MBA-231 

(breast adenocarcinoma) was highly sensitivity to changes in fiber diameter whereas DBTRG-

05MG (glioblastoma) was less dependent on diameter. Flat TCPS substrates could not be used to 

show cell-specific and sensitivity to ECM fiber diameter, displaying the utility of a nanofiber-

based migration model. 

4.4.3. Influence of diameter 

The diameter of white matter tracts in the human brain can range from 0.2 – 9 µm and vary 

between patients and location within the brain, yet the majority of white matter tracts have a 

diameter below 1 µm  [177]. By adjusting processing parameters like electrospinning solution 

properties, nanofiber diameters can be tuned within a range of tens of nanometers to microns 

(increased viscosity generally results in larger fiber diameters). Varying nanofiber diameter 
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exposes cells to different fiber curvatures. The influence of nanofiber curvature on GBM adhesion 

and motility was studied by Kievit et al., on aligned chitosan-polycaprolactone (C-PCL) nanofiber 

mats with diameters of  200 nm, 400 nm, or 1.1 µm [166].  Regardless of nanofiber diameter, GBM 

cells (U87 MG) elongated and aligned along the nanofiber length (Figure 4.2a). GBM cell 

elongation appeared to increase with increasing nanofiber diameter, yet values were not 

statistically significant. GBM cell motility was persistent and directional across all nanofiber 

diameters, but GBM cells migrated the farthest and the fastest on 400 nm diameter nanofibers. 

Additionally, after only 24 hours of culture, GBM cells cultures on 200 nm and 400 nm aligned 

nanofibers overexpressed invasion-related genes b-catenin, Snail, STAT3, TGF-B, and TWIST. 

Asymmetric endosomal trafficking and cell division was observed suggesting the promotion of a 

mesenchymal transition with higher curvature nanofibers promoting enhanced migratory behavior 

(Figure 4.2b). This effect at an early timepoint is promising for drug screening applications where 

a long culture time is not required to enrich for a more migratory cell. 
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Figure 4.2. GBM cells (U-87 MG) cultured on 2D monolayer TCPS and aligned chitosan-

PCL (C-PCL) nanofibers with a range of diameters for 120 hours. (a) GBM cells were RFP 

transfected (red) and viewed under brightfield (top panel) and fluorescence imaging 

(bottom panel). Cells on TCPS displayed no directionality. On all aligned nanofiber 

substrates, cells elongated along the length of the fibers. Scale bar represents 20 µm. (b) 

GBM cells with DiO-stained membranes immediately after seeding on TCPS and aligned 

C-PCL nanofibers with various diameters. White lines indicate endosomal distribution 
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where the center of the cell is marked with a perpendicular line for reference. Scale bar 

represents 10 µm. Reprinted with permission from [166]. 

 

 

4.4.4. Influence of stiffness 

Stiffness gradients in the tumor microenvironment are key contributing factor in cancer 

progression and metastasis. To investigate the influence of stiffness on GBM cell motility, Rao et 

al., utilized core and shell nanofibers where a consistent shell material, in this case PCL, presented 

a consistent surface chemistry for cell attachment (Figure 4.3) [178]. By varying the core material 

of the nanofiber, the elastic modulus could be varied from low stiffness (2 MPa in PCL-gelatin) to 

medium (8 MPa in PCL) to high stiffness (29 MPa in poly(ehersulfone) (PES)-PCL and 33 MPa 

in polydimethylsiloxane (PDMS) -PCL). Peak migration speed was observed on the nanofibers 

with an intermediate elastic modulus (8 MPa in PCL nanofibers). Cells cultured on nanofibers with 

a higher and lower modulus displayed slower migration speeds with the softest nanofibers 

promoting the slowest migration. Slow migration speeds on softer substrates have been reported 

previously as the result of lowered resistance to cell-generated traction forces. The gene expression 

was also correlated to elastic modulus with decreased expression of FAK and MCL2 in the softest 

substrate (PCL-gelatin) [178, 179]. Increased expression of FAK and MLC2 have been implicated 

in glioma migration [161]. 
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Figure 4.3. Core and shell nanofiber with PDMS core and PCL shell. (a) Schematic and 

(b) transmission electron microscopy (TEM) image of core-shell configuration. Scale bar 

represents 0.2 µm. Reprinted with permission from [178]. 

 

4.4.5. Influence of surface chemistry  

Surface chemistry influences cell adhesion and is a key factor in cell motility. Using core 

and shell electrospinning, Rao et al., produced nanofibers with a consistent core material (in this 

case PCL) to maintain a consistent stiffness. Nanofiber surface chemistry was varied by changing 

the composition of the nanofiber shell to either collagen, hyaluronic acid (HA), or Matrigel. Cell 

attachment and migration on all nanofibers was similar, except on HA fibers, where a decreased 

cell number of adherent cells and slower cell migration was observed. This result contrasts 

observations where HA was migration-inducing when used as a soluble factor or incorporated with 

other ECM components [180, 181]. HA, a major component of the brain ECM has been shown to 

both favorably [182] and adversely[178] impact cell migration. Because the coating during this 
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experiment did not influence the motility of cells despite being known to enhance cell adhesion, 

Rao et al., postulated that topographical cues alone could be sufficient to support GBM cell 

migration [178].  

4.5. NANOFIBERS FOR LOCALIZED DELIVERY 

Achieving therapeutic drug concentrations for a sustained period of time at the site of a 

brain tumor is a major barrier in GBM treatment [183-185]. Current drug delivery approaches 

include intraventricular drug diffusion and disruption of the blood brain barrier (BBB). These 

approaches are highly invasive, restricted by the short drug circulation times and the tight cellular 

junctions in the BBB and ultimately are inefficacious for improved patient outcomes [186, 187]. 

Because tumor recurrence happens at the primary tumor margins, sustained and local drug delivery 

at the resected tumor site is ideal [188, 189]. Further, local drug delivery can decrease systemic 

toxicity of chemotherapeutics and deliver a more sustained dosage over time bypassing restrictions 

from the BBB [190]. 

 Current therapeutics for controlled drug delivery include micro/nanoparticles, wafers, and 

discs [184, 188, 191], yet risk of the expulsion from the tumor site due to the high interstitial 

pressure remains a challenge. Drug diffusion from wafers/discs is nontrivial due to the low surface 

area and polymer degradation rates [188]. Further, both technologies struggle with systemic 

neurotoxicity due to the initial burst release of drugs [184, 192]. 

 Nanofibers have merged as a promising drug delivery system due to the high surface area 

and extensive tunability [193]. By tailoring the microstructure, composition, encapsulation 

method, or dimensionality, highly controlled and sustained release is possible [194, 195]. To date, 

this versatility has been demonstrated through integration of antibiotics, proteins, DNA, RNA, 

growth factors, and living cells via a variety of incorporation techniques (e.g. blend, emulsion, 
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surface modification, coaxial electrospinning, etc.) (Figure 4.4). Several reviews have outlined 

the full suite of drug loading techniques and payloads [143, 193, 195] but here, we focus on 

specifically on technologies used for GBM drug delivery. 

 

Figure 4.4. Schematic illustrating common integration methods for drug delivery using 

nanofibers platforms. 
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4.5.1. Chemotherapeutic delivery 

The role of chemotherapeutics in GBM treatment has been limited with only marginal 

improvements for limited durations. Currently, chemotherapeutics are administered either 

systemically, into the cerebral spinal fluid (CNS), or locally in the tumor resection cavity. Failure 

of drugs administered systemically and into the CNS is largely attributed to failure to cross the 

blood-brain barrier (BBB) [196, 197]. A local delivery system capable of sustained therapeutic 

release after implantation into the tumor site would increase local exposure to the drug at the site 

of potential secondary tumor formation and minimize adverse reactions from systemic exposure. 

Chemotherapeutics are the most common payload for drug delivery tailored to GBM. 

Chemotherapeutics block tumor growth and proliferation. Specifically, anti-cancer drugs like 

paclitaxel, temozolomide, and carmustine are most frequently integrated into nanofibers. 

Paclitaxel (PTX) is a mitotic inhibitor that enhances the rate of microtubule formation, increases 

mitotic phase arrest, decreasing cellular motility, and causing apoptosis in dividing cells [198, 

199]. Because cells exposed to PTX accumulate in the G2 and M phase of the cell cycle, the drug 

also enhances cell radiosensitivity [200, 201]. PTX has been used in vitro [202, 203] and in vivo 

[199] for GBM applications with some success yet systemic administration of PTX has not resulted 

in greatly improved patient outcomes [204]. PTX is hydrophobic, clears the plasma quickly, and 

has poor absorption across the BBB and commercial form Taxol (PTX + an ionic surfactant) has 

been implicated in side effects including anaphylactic hypersensitivity, and neurotoxicity [188]. 

Temozolomide (TMZ) is a DNA alkylating agent capable of oral administration [205]. 

TMZ is associated with a low incidence of adverse reactions. The small molecular weight (194 

Da) of the lipophilic TMZ ensures the molecule can cross the BBB. TMZ has a short 1.8 hour 

plasma half-life with poor stability in solutions above pH 7 [135, 206]. Encapsulation of TMZ and 
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local delivery has been shown to be superior relative to oral administration in rodent GBM models 

[207].  

Finally, carmustine (BCNU) is an alkylating agent that is highly lipid-soluble and capable 

of BBB penetration [208, 209]. BCNU inhibits DNA synthesis, RNA production, and RNA 

translation [210]. BCNU delivered intravenously often results in bone marrow suppression, hepatic 

dysfunction, and pulmonary fibrosis. The short plasma half-life of 20 minutes in vitro and less than 

15 min in vivo limits the systemic application of BCNU and requires the use of a delivery vector 

[210, 211]. It is clear, better and more controlled delivery methods are required for improved 

delivery of chemotherapuetics 

4.5.1.1. Influence of diameter on release rate 

To study the influence of surface area and nanofiber diameter on drug release rate, PTX loaded 

poly(lactide-co-glycolide) (PLGA) were fabricated with submicron (50/50 PLGA nanofibers:  930 

± 35 nm) and micro-sized diameters (85/15 PLGA microfibers: 3.5 ± 0.32 mm) [188]. Both fibrous 

platforms exhibited sustained release over 80 days, yet due to the increased degradation rate and 

higher surface area of the submicron fibers, a higher release rate was observed [188]. Further, in 

terms of cell apoptosis, the sustained release of PTX from the fibers was superior over systemic 

Taxol administration. Using the sustained release nanofiber mats subcutaneously in mice with 

GBM tumors, up to 61% smaller tumors were seen at day 32 post-inoculation relative to Taxol-

treated animals [188]. When evaluating the PTX penetration depth in microfibers versus 

nanofibers, PTX-loaded PLGA nanofibers displayed superior sustained penetration in mouse brain 

(5 mm after 42 days post-implantation) whereas the lower drug release rate of the microfibers did 

not penetrate as deep. Intracranially, a 30-fold increase in tumor inhibition and a lower 
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proliferation index was exhibited in the nanofiber treated mouse models relative to placebo 

controls [190]. 

4.5.1.2. Influence of biochemistry on release rate 

Fiber switching is a drug delivery mechanism where blend fibers are implanted for 

sustained release of a drug ranging from days to months depending on the specific degradation 

kinetics of the differing fibers (Figure 4.5) [212]. In an orthotopic rat, PLGA-PLA-PCL nanofibers 

loaded with TMZ were implanted and the drug release was measured at 116.6 ug/day. Compared 

to the release rate from administration to the peripheral blood, the nanofibers delivery platform 

displayed an ~1000-fold increase in the drug concentration at the tumor site. Further, after long 

term implantation (> 4 months), survival of 85.7% of the animals was observed coupled with no 

signs of tumor recurrence. These promising nanofiber results were contrasted with 1-week drug 

release nanofibers where tumor recurrence was prevalent in 54.6% of animals with a median 

survival of only 74 days [212]. 
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Figure 4.5. Morphology of TMZ-loaded PLGA-PLA-PCL nanofiber implant for GBM 

treatment. (a) Photograph and (b) SEM image of 20 wt% TMZ-loaded nanofiber implant 

displaying flexibility and fibrous morphology. (c) EDS map of TMZ integration into 

nanofibers exhibits uniform distribution of throughout the nanofibers. (d) Drug release rate 

of implant tested in tumor bearing rat brain over 30 days. Reprinted with permission from 

[212]. 

 

4.5.1.3. Influence of mat flexibility on release rate 

Gliadel® is a United States Food and Drug Administration approved, commercially 

available, biodegradable wafer that releases BCNU upon implantation into the tumor cavity post-
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resection [213, 214]. Clinically, Gliadel® has increased the survival of GBM-diagnosed patients 

by 2 months relative to those without the treatment [186, 215]. However, rapid release and the 

rigidity of the wafer are major drawbacks [216]. PLGA nanofibers loaded with BCNU sustained 

release of high drug concentrations for up to 6 weeks when studied in cerebral cavity [187]. This 

technology was advantageous over Gliadel® since no immune response was elicited and the 

nanofibrous membranes were able to conform to the geometry of the brain tissue, resulted in 

improved drug transport. 

4.5.2. Anti-angiogenic delivery 

Angiogenesis is essential for tumor growth and invasion [217]. Chemotherapeutics do not target 

the angiogenetic processes of cancer. Common anti-angiogenic targets include matrix 

metalloproteinase-2 (MMP2), an essential proteinase for adjusting invasion and angiogenesis and 

mycophenolic acid (MPA), an FDA-approved immunosuppressant. An RNA plasmid expressing 

matrix metalloproteinase (MMP-2) was complexed with a gene carrier (PEI) and dual encapsulated 

with PTX in PLGA nanofibers. Sustained release of both payloads was exhibited. On intracranial 

xenograft tumor models, significant tumor inhibition was seen in the nanofiber condition relative 

to commercial PTX treatment indicating the synergistic therapeutic effect of dual gene and 

chemotherapeutic delivery [217]. Further when three chemotherapeutics (BCNU, irinotecan, and 

cisplatin) were loaded with combretastatin (an antiangiogenic agent) into PLGA nanofibers, rapid 

release of the chemotherapeutics was coupled with a slower sustained release of combretastatin 

over 2 weeks. Compared to the blood, drug concentrations were higher in brain tissue for 8 weeks. 

Compared to treatments without the anti-angiogenic, C6 GBM-bearing rats benefited from 

prolonged survival and retardation of tumor growth when treated with the combination 

chemotherapeutic and anti-angiogenic drugs [218]. 
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4.5.3. Stem cell delivery 

Stem cell-based therapies are an emerging approach for GBM therapy [219]. Stem cells (SC) are 

an ideal drug carrier vectors for active targeting in tumor cells due to the unique honing ability of 

SC to locate and invade the tumor. However, retention of SCs post-injection at the tumor site is a 

challenge [219]. PLA fibers loaded with human mesenchymal stem cells (hMSCS) capable of drug 

release were seeded in the surgical cavity. A 5-fold increase in hMSC retention and a 3-fold 

increase in prolonged persistence was seen relative to direct inject of SCs. Further, release of the 

anti-tumor protein TRAIL led to a 3-fold decrease in overall tumor volume, 2.3-fold inhibition of 

GBM foci regrowth and an increased survival time from 13.5 to 31 days in mice [219]. 

4.6. CONCLUSIONS AND FUTURE OUTLOOKS 

Nanofibers have the potential to play an influential therapeutic role in drug screening and 

drug delivery application of GBM. The enhanced native-like GBM cell behavior exhibited by cells 

cultured on aligned fibrous platforms in vitro may provide a robust and reproducible platform for 

enrichment and investigation of a more migratory phenotype. Further, study of gene expression in 

this more invasion subpopulation may provide insight into potential anti-metastatic therapeutic 

targets. Additionally, sustained and controlled delivery from nanofiber-based platforms provide a 

tool for delivery of effective chemotherapeutic concentrations directly to the surgical resection 

site. Nanofiber-based delivery decreases systemic exposure and toxicity and improves outcomes 

in rat models. Further, synergistic delivery of chemotherapeutics and other biologics presents a 

promising approach to target metastatic tumors on multiple fronts. 
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Chapter 5: HIGH-THROUGHPUT AND HIGH-YIELD FABRICATION 

OF UNIAXIALLY ALIGNED CHITOSAN-BASED NANOFIBERS BY 

CENTRIFUGAL ELECTROSPINNING 

 

 

5.1.  ABSTRACT 

The inability to produce large quantities of nanofibers has been a primary obstacle in 

advancement and commercialization of electrospinning technologies, especially when aligned 

nanofibers are desired. We present a high-throughput centrifugal electrospinning (HTP-CES) 

system capable of producing a large number of highly-aligned nanofiber samples with high-yield 

and tunable diameters.  The versatility of the design was revealed when bead-less nanofibers were 

produced from copolymer chitosan/polycaprolactone (C-PCL) solutions despite variations in 

polymer blend composition or spinneret needle gauge. Compared to conventional electrospinning 

techniques, fibers spun with the HTP-CES not only exhibited superior alignment, but also better 

diameter uniformity. We quantified nanofiber alignment by using fast Fourier transform (FFT) 

analysis. In addition, we identified a concave correlation between the needle diameter and resultant 

fiber diameter. This system can be easily scaled up for industrial production of highly aligned 

nanofibers with tunable diameters that can potentially meet the requirements for various 

engineering and biomedical applications.   

5.2.  INTRODUCTION 

Electrospinning is a versatile fabrication technique used to produce fibers with diameters 

on the order of tens of nanometers to microns while allowing for unprecedented control over 

diameter, length, alignment, and morphology. This technique has been successfully applied to 

produce various nanofibrous structures (i.e., beaded, ribbon, core and shell, hollow tube, and 
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porous) using a wide range of polymers and polymeric composites [94]. Due to the inexpensive 

experimental set-up and superior versatility in resultant fiber composition, electrospinning remains 

a dominant area of research over other nanofiber fabrication methods such as drawing [144], 

thermally induced phase separation [148], vapor phase polymerization [149], self-assembly [150], 

and template directed synthesis [151]. The high surface-to-volume ratio and anisotropy of 

electrospun nano-scale fibers have proven advantageous in many applications including liquid 

filtration [154], energy storage [152, 153], drug delivery [155, 156], piezoelectric devices [220, 

221], and biological wound healing [157].  Two nanofiber properties that are especially important 

for success in these applications are uniform diameters and high degrees of fiber alignment.  

Despite significant progress made in this field in the past decade, challenges remain in the 

widespread commercialization of electrospinning technologies. The main impediment is the 

limited throughput of nanofiber production using currently established methods. Thus, there is an 

urgent need for development of new electrospinning systems suitable for the large-scale 

production of high-quality nanofibers in a controlled manner. The primary barrier to effective 

system scale-up is largely due to the complex interplay of the operating parameters such as electric 

field, electrostatic charging of the polymer, and solvent volatilization, which make it difficult to 

increase the throughput while maintaining optimized and uniform fiber production [222]. In 

addition, mass production often results in increased sample loss during the collection process. The 

product of high-throughput electrospinning systems is generally a nanofibrous mat collected on a 

large plate or substrate [223-227]. Removal of the mat from the substrate without nanofiber loss 

can present a challenge.  Subsequently, handling and cutting the mat into samples of useful size 

often leads to a compromised nanofiber structure. Overall efficiency of the collection process can 

be very low due to the number of associated steps.    
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In conjunction with increased throughput, production of nanofibers with controlled 

orientation is desirable.  For example, aligned nanofibers are particularly useful for tissue 

engineering applications where they have shown improved cell proliferation [97], migration [228, 

229], and differentiation [230]. The most common methods for attaining fiber alignment are 

exploitation of a rotating drum collector [231, 232] or a parallel-electrode collector [233, 234] 

where nanofibers selectively align across an insulating gap between two electrodes. Although both 

of these techniques produce aligned nanofibers, the sample size or fiber length is limited. To 

overcome both limitations, we introduced a centrifugal electrospinning (CES) system to 

accommodate the need for production of highly aligned fibers over a large area [221]. Using the 

CES, we deposited fibers across an insulating gap that could be adjusted to obtain fibers up to tens 

of centimeters in length. Nevertheless, this system was unable to produce many samples of these 

highly aligned nanofibers. In addition, cutting a large-size nanofiber mat into smaller samples of 

useful size can be challenging and often leads to compromised nanofiber alignment.  Furthermore, 

only a small portion (~20%) of ejected polymer was deposited between the electrode gaps as 

aligned nanofibers while the majority was deposited on the large electrode plates as unaligned 

nanofibers, thus unusable in designated applications, and thereby significantly reducing the 

nanofiber yield.   

While electrospinning has been extensively investigated, a system capable of fabricating 

many highly aligned nanofiber samples has not been demonstrated. We present a high-throughput 

centrifugal-electrospinning (HTP-CES) system that combines the principles of centrifugal 

spinning and electrospinning using a special configuration of wire electrodes capable of producing 

highly aligned nanofibers with large sample volume and quantity. Notably, this design allows 

simultaneous production of aligned nanofibrous mats at 102-collection sites and yet, as a result of 
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the small-wire electrode configuration of the collector, nearly all the ejected polymer was 

deposited in the electrode gap as collectable, highly aligned nanofibers, with a production yield of 

nearly 75%.  We electrospun natural/synthetic copolymer blend nanofibers across a range of 

chitosan and polycaprolactone (C-PCL) polymer blend compositions to illustrate the versatility of 

the HTP-CES. C-PCL blend nanofibers are highly advantageous for tissue engineering 

applications due to the favorable combination of the mechanical strength of PCL and the 

biocompatibility of chitosan [235, 236].  We investigated how parameters such as polymer 

concentration, centrifugal force, and needle gauge affect the morphology and alignment of 

resultant C-PCL nanofibers. Furthermore, we investigated if changing the needle gauge size can 

fine tune fiber diameter in highly aligned nanofiber samples.   

5.3. MATERIALS AND METHODS 

5.3.1. System configuration 

The primary components of the high-throughput centrifugal-electrospinning (HTP-CES) 

system include a syringe-needle spinneret driven by a variable speed DC electric motor (Amtek, 

Monrovia, CA) and a circular 40.5cm-diameter multiple-pole collector mounted on wooden 

insulating columns. A 25 kV DC negative high-voltage power supply (HV350REG, Information 

Unlimited, Amherst, NH) was connected to the spinneret placed at the center of the circular 

collector (Figure 5.1a). The needle tip of the spinneret was 10.7cm away from the collector and 

the collector had 102-grounded wire electrodes spaced 1.27cm apart. Using a high-voltage power 

supply, we charged and fed the solution to the system using the centrifugal force created by the 

rotation of the spinneret.  As the solution is ejected, the jet experiences both axial and tangential 

stretching as the solvent evaporates and fibers attach to the wire electrode. The rotational 

movement of the spinneret induces elongation and minimizes the “whipping region,” allowing 
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deposition of nanofibers perpendiculuar to the wires, and aligment across the wire gap (Figure 

5.1b). The nanofibers can be harvested directly from the wire gaps onto glass coverslips (Figure 

5.1c). This system can also operate in a conventional electrospinning (ES) mode, when the 

spinneret is held stationary. 

 

Figure 5.1. HTP-CES configuration for high-throughput production of highly aligned 

polymer nanofibers. (a) Schematic representation of the system configuration depicting a 

rotating, centrifugally-fed spinneret and grounded 102-metal wire collector atop three 

wood insulating stands. (b) Nanofibers aligned horizontally across four sets of wire 

electrodes. The scale bar represents 1 cm. (c) C/PCL nanofibers collected onto glass 
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coverslips from the gaps between two wire electrodes on the collector.  The scale bar 

represents 5 mm. 

 

5.3.2.  Synthesis of C-PCL nanofibers via HTP-CES 

Previously optimized polymer stock solutions were used to electrospin C-PCL copolymer 

blend nanofibers with some alterations [96]. All chemicals were purchased from Sigma Aldrich 

(St. Louis, MO) unless otherwise stated. First, the stock solutions of chitosan and PCL were 

prepared separately and then mixed to create four C-PCL blend solutions of different ratios of 

chitosan to PCL. Chitosan (75–85% deacetylated, medium molecular weight (200–800cP) in 1 

wt% acetic acid at 25ºC) was dissolved in trifluoroacetic acid (TFA) (Fisher, Reagent, >97%) to 

yield a 7 wt% solution that was heated and held at 60°C for 12 hours under constant stirring. A 

12wt% polycaprolactone (PCL) (Average Mn 80,000) solution was prepared by dissolving PCL in 

2,2,2-trifluoroethanol (TFE) (ReagentPlus®, >99%) overnight under constant stirring at room 

temperature. The chitosan and PCL stock solutions were combined to form blend solutions that 

resulted in final nanofiber compositions ranging from 10wt% chitosan and 90wt% PCL (10/90 C-

PCL) to 90wt% chitosan and 10wt% PCL (90/10 C-PCL). The chitosan and PCL were mixed 

immediately prior to electrospinning and refreshed every hour to prevent polymer degradation. 

Consistent environmental conditions were maintained throughout these experiments by using a 

humidifier or dehumidifier to maintain the humidity at 40–50% while the room temperature 

remained at 20–25ºC. 

Four copolymer blend electrospinning solutions (10/90 C-PCL, 25/75 C-PCL, 75/25 C-

PCL, and 90/10 C-PCL) were used to investigate the relationship between copolymer blend 

composition and nanofiber morphology. Each solution was centrifugally fed from the spinneret of 

the HTP-CES using a 24-gauge blunt tip needle. For all solution conditions, a negative DC voltage 
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of 5kV was applied between the spinneret needle and ground. The spinneret rotational speed was 

held constant at 108 RPM.  

We studied the effect of the centrifugal force on nanofiber morphology and alignment by 

using a 25/75 C-PCL solution. Using the HTP-CES modality, where the centrifugal force was 

applied, the spinneret was rotated at 108RPM. The spinneret was held stationary for the 

electrospinning modality (ES) where no centrifugal force was involved. The solution was fed to 

the system with a voltage of 5 kV and a 24-gauge blunt tip needle for both conditions. 

To investigate the effect of needle gauge on fiber diameter and alignment, we centrifugally 

fed a 25/75 C-PCL solution from the spinneret of the HTP-CES and electrospun it using blunt-tip 

needles with five different inner diameters (18, 21, 24, 27, and 30-gauge) . All five conditions were 

subjected to a voltage of 5 kV and spinneret rotation at 108 RPM.   

5.3.3.  Fiber morphology characterization with scanning electron microscopy (SEM) 

Using double-sided carbon tape, nanofibers were gathered from the collector onto a 

pedestal, sputter-coated with Au/Pd for 40 s at 18 mA and imaged with a FEI Sirion XL30 SEM 

at an operating voltage of 3 kV. 

5.3.4.  Chemical characterization using Fourier transform infrared spectroscopy (FTIR) 

We performed FTIR spectroscopic analysis of chitosan and PCL as well as polymer blends 

bu using a Nicolet 5DXB spectrometer (Thermo Scientific, Boston, MA). A few drops of each 

solution of chitosan in TFA, PCL in TFE, and C-PCL in TFA/TFE were added to one KBr salt 

plate with a second plate on top and analyzed by averaging 64 scans at a resolution of 2 cm−1 over 

a range of 400 – 4000 cm-1.  

5.3.5.  Determination of solution viscosity  
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Rheological studies were conducted using a stress-controlled rheometer (MCR 301, Anton 

Paart Germany) with a cone and plate configuration of 49.963 mm diameter and 1.008° cone angle. 

Stock solutions of chitosan-TFA, PCL-TFE, and C-PCL blends (90/10, 75/25, 25/75, and 10/90 

chitosan/PCL) were prepared immediately before the measurement. A layer of mineral oil was 

applied on top of the polymer solution to minimize solution drying. The viscosity was measured 

as a function of shear rate as shear rate was increased from 10 to 1000 s−1 in a dynamic rotatory 

mode with temperature maintained at 20 °C. 

5.3.6.  Quantification of fiber alignment 

A uniform threshold filter was applied to representative SEM images to eliminate contrast 

and brightness bias among images. Using ImageJ software (NIH, Bethesda, Maryland, USA), SEM 

images (in triplicate) were transformed into power spectra using fast Fourier transform (FFT) 

analysis. A 90º shift was performed on all power spectra to correct for the transformation that is 

mathematically inherent to FFT. The angle at which the peak appears directly correlates to the 

principal axis of fiber orientation. Based on the power spectra, we conducted a radial summation 

of pixel intensity from 0–360º in 1º increments by using the Oval Profile plugin [237]. Given the 

horizontally symmetric nature of FFTs, we plotted only the data from 0–180º. The pixel intensity 

values were normalized and plotted against the angle of acquisition. The angle of fiber orientation 

was determined from the location of the peaks on the intensity plots. The alignment of the sample 

was determined from the peak characteristics, where the greatest intensity increase over the 

smallest degree range signified the highest degree of fiber alignment. 

5.3.7.  Determination of fiber diameter 

The diameters of 25 nanofibers were measured from representative 512 × 512 pixel SEM 

images at 8000× magnification using ImageJ. This procedure was repeated for 6 different images 
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per condition to ensure statistical significance. One-way analysis of variance (ANOVA) was 

performed and a two-tailed t-test used to determine statistical significance between samples. The 

significance was determined at p  0.05. 

5.3.8.  Quantification of nanofiber diameter distribution for HTP-CES versus ES 

The diameters of 50 nanofibers were measured from representative 512 × 512 pixel SEM 

images of fibers spun using the HTP-CES system and the ES system at 8000× magnification using 

ImageJ. The nanofiber diameters were plotted against the number of nanofibers in the given 

diameter range to yield histograms showing the diameter distributions. 

5.4. RESULTS 

5.4.1. Effect of polymer concentration on nanofiber morphology 

Scanning electron micrographs of aligned C-PCL nanofibers fabricated by the HTP-CES 

from four polymer solutions of different ratios of chitosan to PCL are shown in Figure 5.2a. 

Nanofibers fabricated from all four polymer solutions exhibited bead-free morphologies. C-PCL 

nanofibers composed of 10 wt% chitosan and 90 wt% PCL (10/90 C-PCL) showed the most 

uniform fibrous structure with no visible branching. Increasing the chitosan concentration (25/75 

C-PCL) resulted in less uniform nanofiber morphologies with slight diameter variations. Further 

increases in chitosan concentration (75/25 C-PCL and 90/10 C-PCL) resulted in the formation of 

a significant, branched sub-structures, and thus less uniform nanofibers in terms of morphology. 

Thus, we chose the 25/75 C-PCL solution as the optimal concentration for all subsequent 

experiments because the resultant nanofibers exhibited the most uniform structure at the highest 

chitosan concentration, which is important for biological applications.  
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Figure 5.2. Nanofiber morphology and physicochemical properties of C-PCL polymer 

blend solutions. (a) Fiber morphology characterized by SEM. From left to right, the 

chitosan concentration in the blended copolymer nanofibers was increased. An increase in 

a branched sub-structure corresponding with less uniform nanofiber morphology was 

observed with an increase in chitosan concentration. The scale bar represents 750 nm.  (b) 

FTIR analysis of solvents, pure polymer stock solutions, and polymer blends. (c) 

Rheological properties of pure polymer stock and polymer blend solutions. 

 

The FTIR spectra for stock chitosan (C + TFA) and PCL (PCL + TFE) solutions as well as 

blends of the two solutions are shown in Figure 5.2b. In the spectrum of C + TFA, the presence 
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of chitosan is confirmed by characteristic peaks of chitosan at 1790 cm-1 (C = O, amide I), 1635 

cm−1 (-CONH, amide II), and at 1080 cm−1 (–C-O-C). The presence of TFA is confirmed by three 

bands due to C - F stretching vibration (815–705 cm−1) [238]. The broad peaks of C + TFA at 3450 

cm-1 is from the overlapping N – H and O – H stretching vibrations [239]. In the spectra of PCL + 

TFE, the presence of PCL is confirmed by the peaks at 2960 and 1710 cm−1 corresponding to C – 

H and C = O stretching vibrations, respectively.  The broad band around 1200 cm−1 is attributed 

to the overlapping of C – O – C stretching of PCL with C – O stretching of TFE. 

As the concentration of chitosan decreases for the blend polymer solutions, the chitosan 

characteristic peaks at 1790 cm-1 (amide I) and 1635cm-1 (amide II) decrease and eventually 

disappear when there is no chitosan, whereas the peak at 1710 cm-1 attributed to PCL decreases 

and becomes dominant. In addition, the chitosan C–O–C peak at 1080 cm-1 broadens slightly 

towards 1200 cm-1 where the C–O–C stretching vibration peaks of PCL and C–O stretching peak 

of TFE are observed on the PCL + TFE spectrum. When chitosan concentration increases, the peak 

at 2960 cm−1 assigned to C – H stretching in PCL diminishes [240]. The characteristic peaks of 

the pure stock solutions are identifiable, and no additional peaks are present, indicating both the 

chemical structure of chitosan and PCL remain unchanged with no additional compounds formed 

when blended to yield the electrospinning solutions.  

The viscosity of the polymer solutions plays a significant role in solution spinnability and 

the resultant nanofiber morphology. Figure 5.2c shows the viscosity versus shear rate for the pure 

polymer stock and blend solutions. The chitosan-TFA stock solution has the lowest viscosity and 

experiences very little shear thinning as the shear rate is increased. When the chitosan-TFA is 

blended with 10% PCL-TFE solution, the viscosity increases, and shear thinning occurs as the 

shear rate increases to 1000 s−1. Further increases in PCL-TFE concentration in the blend increases 
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the viscosity but induces shear thinning at lower shear rates. The stock PCL-TFE solution shows 

the most drastic shear thinning beginning at 150 s−1 and leveling out until further thinning effects 

are seen at 700 s−1. The viscosities for all C-PCL blend curves fall between the viscosities of the 

pure polymer stock solutions, indicating the two solutions are miscible and form a single phase 

upon mixing.  

5.4.2. Effect of centrifugal force on nanofiber alignment (HTP-CES versus ES) 

We used the HTP-CES system highlighted in Figure 5.1 as both a centrifugal-

electrospinning (HTP-CES) system and a conventional electrospinning (ES) system where 

centrifugal forces were not applied. SEM micrographs in Figure 5.3a depict the morphological 

differences between nanofibers spun with and without the influence of centrifugal force.  

Nanofibers produced by HTP-CES are homogeneous in diameter and aligned vertically, whereas 

substantial branching and fiber diameter non-uniformity is observed in nanofibers produced by 

ES. We used fast Fourier transform (FFT) analysis to quantify differences in nanofiber alignment; 

the resultant FFT power spectra are shown in Figure 5.3b. A distinct pixel intensity increase along 

the axis of fiber orientation at 90º confirms nanofiber alignment for both sets of samples. The 

diameter distributions of nanofibers produced using the two systems were compared by histograms 

(Figure 5.3c). Nanofibers spun using conventional electrospinning (ES) ranged in diameter from 

approximately 25 nm to 450 nm, whereas the nanofiber diameter distribution for samples spun in 

the presence of centrifugal forces (HTP-CES) was narrower and more uniform, ranging from 

approximately 100 nm to 275 nm.  This indicates that the HTP–CES system produces nanofibers 

with superior uniformity. 
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Figure 5.3. The effect of centrifugal force on fiber morphology and alignment. (a) SEM 

images of centrifugally electrospun (HTP-CES) versus electrospun (ES) nanofibers 

showing morphological differences. The scale bar represents 5 μm. (b) FFT power spectra 

based on SEM images of HTP-CES versus ES nanofibers. (c) Histograms of nanofiber 

diameter distributions for HTP-CES versus ES nanofibers. (d) The normalized radial 

summation of pixel intensity versus degree of acquisition of FFT power spectra.  (e) 

Quantitative FFT results for HTP-CES versus ES nanofibers including values for the full 

width half maximum (FWHM) and peak height corresponding to normalized intensity. 

 

The Oval Profile plugin [237] was used to generate a normalized plot from 0–180º (Figure 

5.3d). We quantified the sample alignment using the peak characteristics, where the greatest 

increase in normalized intensity over the smallest degree range signifies the highest degree of fiber 
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alignment. The peaks associated with HTP–CES and ES conditions show a similar width, yet the 

peak height in normalized intensity for the HTP–CES samples (0.45) was greater than that of the 

ES samples (0.26) (Figure 5.3e). The full width half maximum (FWHM) or peak width at half the 

maximum height was used as a quantitative measure of alignment where a smaller value signifies 

a narrower peak and thus better alignment. The FWHM is smaller for HTP–CES (9.62) than for 

ES (11.25), indicating that the HTP–CES system results in better alignment than conventional ES 

(Figure 5.3e).  

5.4.3. Effect of needle gauge on nanofiber diameter  

We usedSEM images to measure and evaluate the diameters of nanofibers produced using 

five different needle gauges (18, 21, 24, 27, 30-gauge) with the HTP–CES system. All operating 

parameters were held constant while the needle guage was varied to determine a correlation 

between needle diameter and nanofiber diameter. We identified a concave relationship between 

nanofiber diameter and needle diameter (Figure 5.4a-b). The smallest average fiber diameter and 

the narrowest fiber diameter distribution was achieved using a 24-gauge needle. As the needle 

gauge was either increased or decreased, a larger fiber diameter and a wider diameter distribution 

was observed in conjunction with a larger standard deviation.    
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Figure 5.4. C-PCL nanofibers produced using various needle gauges. (a) Box plot of 

nanofiber diameter distribution for five needle gauges showing concave relationship 

between needle gauge and nanofiber diameter. (*p  0.05 as compared with the 24-gauge 

condition). (b) Summary of needle gauge/needle inner diameter versus average nanofiber 

diameter.  
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5.4.4. Effect of needle gauge on nanofiber alignment  

We investigated the relationship between needle gauge and nanofiber alignment using the 

three smallest needle gauge conditions (24-, 27- and 30-gauge) due to their superior overall 

morphology and diameter uniformity of nanofibers produced. Samples associated with all three 

needle gauges exhibited high degrees of alignment (Figure 5.5a). Using the Oval Profile plugin 

[237], we plotted the power spectra (Figure 5.5b) from 0–180º and normalized (Figure 5.5c). The 

FFT power spectra associated with all conditions show a distinct pixel intensity increase in the 

vertical direction indicating fiber alignment. Further, the normalized intensity versus fiber 

orientation plot shows three distinct and narrow peaks centered around 90°. To quantify and 

compare the fiber alignment among samples, the peak heights and the full width half maximum 

(FWHM) values were calculated (Figure 5.5d). As previously mentioned, the best alignment was 

determined from the peak characteristics, where the greatest increase in normalized intensity over 

the smallest degree range, as represented by FWHM, signifies the highest degree of fiber 

alignment. The nanofibers produced using the 24-gauge needle exhibited the highest peak followed 

by the 30-gauge and 27-gauge fibers. The FWHM value was smallest for the 24-gauge sample 

(8.60), followed by the 30-gauge sample (12.63), and the 27-gauge sample (13.37). With these 

quantitative measures, the 24-gauge needle exhibited the highest degree of alignment and the 27-

gauge needle exhibited the lowest.  
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Figure 5.5. Effect of needle gauge on nanofiber alignment.  (a) SEM images of nanofibers 

electrospun using 24, 27, and 30-gauge needles. In the top row of images, the scale bar 

represents 50 μm. Scale bars for the middle and bottom rows represent 1 μm and 500 nm, 

respectively. (b) The power spectra representing each needle gauge as obtained using FFT 

(indicates which spectrum is for which needle size from left to right). (c) The normalized 

radial summation of pixel intensity versus degree of acquisition for each FFT for alignment 

comparisons.  (d) Full width half maximum (FWHM), and peak height quantification. 

 

5.5. DISCUSSION 

Synthetic and natural polymer blend nanofibers are playing an increasingly important role 

in many engineering applications, but are challenging to fabricate due to poor miscibility between 

component polymers [235]. Centrifugal spinning has been primarily used to fabricate micron-scale 

C-PCL fibers [241] and the traditional electrospinning is the dominant technique for fabrication of 
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C-PCL nanofibers. We present a technology, the HTP-CES system, which allows for production 

of homogenous, highly-aligned chitosan-polycaprolactone (C-PCL) nanofibers.  

Initially, we evaluated various C-PCL blends to determine optimal polymer blend 

compositions in terms of nanofiber morphology and uniformity, where a higher chitosan 

concentration yields a more relevant material for biological applications.  The effect of natural 

versus synthetic polymer properties on resultant fibers is evident in Figure 5.2a where nanofibers 

containing a large proportion of PCL (10/90 C-PCL) exhibit the most uniform fibrous structures 

with no visible branching. This might be due to synthetic polymers generally containing fewer 

entanglements than do natural polymers such as chitosan, so they are more uniform and easily 

electrospun. Additionally, PCL dissolved in TFE is highly viscous and exhibits strong non-

Newtonian shear thinning properties. The shear thinning of PCL solution allows the polymer 

chains to interact and align under the centrifugal force so that less branched and more uniform 

nanofibers are produced.  After visual evaluation of the morphology of resultant C-PCL blend 

nanofibers, we chose 25/75 C-PCL as the optimal composition due to the overall nanofiber 

uniformity and the need to maximize chitosan content, and thus used it for all subsequent 

experiments.  

The advantage of centrifugal force application on nanofiber alignment was demonstrated 

by electrospinning C-PCL solution with (1) a stationary spinneret (ES) and (2) a spinneret rotated 

at 108RPM (CES). All other operating parameters were held constant; however, the polymer 

solution flow rate was different due to the difference in centrifugal versus gravity feed. Using FFT 

for quantification of fiber alignment, and SEM imaging for visualization of fiber morphology, 

clearly showed that the addition of centrifugal force increases nanofiber alignment (Figure 5.3a). 

The high degree of fiber alignment achieved using the HTP-CES occurs via the exploitation of 
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two mechanisms. First, the collector functions as an array of parallel electrodes, where nanofibers 

selectively align across the insulating gap between two neighboring electrodes (Figure 5.1a-b). 

Second, the centrifugal feed disperses the fibers perpendicular to each wire. Additionally, the 

centrifugal force imparted by the HTP-CES system on the polymer jet results in additional 

cohesive forces within the jet that prevent splaying and allows for an increased stretching and 

elongation region. This leads to a more uniform nanofiber diameter distribution (Figure 5.3c).  

In addition to alignment, strict control over nanofiber diameter is highly desirable. The 

complex interplay among process parameters, fluid dynamics, electrodynamics, and solution 

rheology associated with electrospinning often means that it is difficult to correlate the effects of 

specific operating parameters with nanofiber properties. Studies have demonstrated a variety of 

relationships between the needle diameter and resultant nanofiber diameter, including direct [242-

244], inverse [245], concave [246], and convex [247] correlations. These studies indicate that 

extracting the relationship between needle diameter and nanofiber diameter is difficult, especially 

because many polymeric electrospinning solutions are non-Newtonian fluids [248-250]. Because 

the HTP–CES system has an added centrifugal feed component that enhances nanofiber uniformity 

and alignment, it is possible to spin bead-free fibers over a wider range of needle gauges than is 

generally possible in an conventional electrospinning system. We identified a concave correlation 

between needle gauge and fiber diameter for our system (Figure 5.4a,b), where other critical 

parameters such as operating voltage, solution concentration, and spinneret rotational speed are all 

held constant.  

The concave correlation between needle diameter and resultant fiber diameter indicates 

that two different instability regimes within the polymer jet are present. In the first regime where 

the polymer solution is centrifugally electrospun through a decreasing needle diameter (18, 21, 
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and 24-gauge), the 25/75 C-PCL solution experiences shear thinning in response to the increased 

shear force. This aligns the polymer chains, thereby decreasing solution viscosity. In this regime, 

the fiber diameter decreases as the needle diameter decreases due to the alignment and conformity 

of the polymer chains. 

In the second regime where the centrifugal force becomes more prominent and the needle 

diameter is further decreased (24, 27, and 30-gauge), the shear thinning behavior of polymer 

solutions and electrostatic forces are no longer great enough to promote formation of a stable 

Taylor cone. Upon decreasing the needle diameter, the orifice size becomes too restricted to 

continuously produce fibers and the increase in the shear force begins to deform the polymer.  The 

viscoelastic properties of the polymer solution result in swelling of the jet upon exiting the 

restriction.  This has also been observed in other studies where polymer solutions are exposed to 

high shear stresses [251, 252]. The polymer solution jet has a decreased flow rate and a thicker jet 

is formed resulting in thicker fibers.  

Whereas the 24-gauge samples were optimal, samples produced using all needle gauges 

were composed of fibers on the order of hundreds of nanometers with standard deviations of 

approximately 200nm or less, demonstrating the versatility of the HTP–CES.  It is possible to 

obtain nanofibers in a defined diameter range by simply changing the needle gauge on the spinneret 

and leaving all other operating parameters constant.  

Nanofibers produced using the three smallest needle gauges (24, 27, and 30-gauge) showed 

the lowest degree of branching as observed via SEM and were analyzed to characterize the effect 

of needle gauge on alignment. The greatest degree of alignment occurred in samples produced 

using the 24-gauge needle (8.60), followed by the 30-gauge (12.63), and finally, the 27-gauge 

samples (13.37) (Figure 5.5c-d). Coupling the diameter and alignment analyses, we conclude that 



71 

 

the 24-gauge needle provides the narrowest nanofiber diameter distribution with the best 

alignment, thereby making it the optimal condition for spinning of 25/75 C-PCL using the HTP-

CES.  

5.6. CONCLUSION 

A nanofiber yield near 75% renders the HTP-CES system convenient for generation and 

collection of a sizeable number of samples concurrently. Our approach proved to be superior to 

conventional electrospinning in terms of nanofiber morphology, uniformity, and alignment. The 

superior morphology of C-PCL nanofibers can be attributed to the addition of the centrifugal force 

imparted on the polymer solution by the HTP–CES. The unique centrifugal force induces shear 

thining solution behavior while imparting tangential and axial stretching forces onto the 

nanofibers, minimizing the “whipping region” and depositing highly uniform fibers under 

conditions not attainable by conventional electrospinning. The optimal centrifugal-electrospinning 

condition for producing uniform, highly-aligned 25/75 C-PCL nanofibers was a 24-gauge needle 

with 5kV operation voltage rotating at 108 RPM. All nanofiber samples analyzed exhibited a 

narrow diameter distribution with standard deviations of 200nm or less and distinct FFT alignment 

peaks centered around 90°. The fabrication of aligned nanofibers with specified diameters as 

demonstrated here is critical in the biomedical and piezoelectric device industries, where 

uniformity and high degrees of alignment are required. 

*This chapter is reprinted with permission from: 

Erickson, A.E., Dennis Edmondson, Fei-Chien Chang, Dave Wood, Alex Gong, Sheeny K. Lan 

Levengood, and Miqin Zhang. “High-throughput and high-yield fabrication of uniaxially-aligned 

chitosan-based nanofibers by centrifugal electrospinning.” Carbohyd Polym 134, 467-474, 

doi:10.1016/j.carbpol.2015.07.097 (2015). 
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Chapter 6: HYALURONIC ACID - COATED ALIGNED NANOFIBERS 

FOR PROMOTION OF MIGRATORY GLIOBLASTOMA PHENOTYPES 

 

 

 

 

6.1. ABSTRACT 

The propensity of GBM cells to migrate along white matter tracts and blood vessels suggests that 

topographical cues associated with brain parenchyma greatly influence GBM motility and 

invasion.  In vitro cell culture platforms that mimic the physical and biochemical characteristics 

of brain tissue are needed to develop biologically relevant GBM migration models for 

advancement of anti-metastatic therapies. Here, we fabricated highly-aligned, highly-

reproducible chitosan-polycaprolactone (C-PCL) polyblend nanofibers coated with hyaluronic 

acid (HA), a glycosaminoglycan commonly found in the brain, to simulate the structure and 

biochemistry of native brain tissue. The influence of topography on cell behavior was apparent 

on both HA-coated and uncoated nanofibers where cells aligned axially along nanofibers 

displaying an elongated morphology associated with migration. Time lapse imaging revealed that 

migrating cells were less likely to divide on nanofibers, suggesting a shift to a mesenchymal-like 

phenotype. Further, cells on nanofibers were more resistant to temozolomide than cells grown as 

adherent cultures on polystyrene plates. Migratory behavior was influenced by HA coating 

concentration as migratory cells achieved the highest velocity on nanofibers coated with 0.5% 

HA. These results indicate that HA-coated nanofibers are a promising substrate to characterize 

GBM migration and investigate novel therapies to counter GBM invasiveness. 
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6.2. INTRODUCTION 

Glioblastoma multiforme (GBM) is a highly invasive and malignant brain cancer with median 

survival of only 15 months despite aggressive surgical resection and adjuvant treatment with 

concurrent radiation and chemotherapy [135]. Poor survival is attributed to infiltration of 

adjacent brain tissue by a subset of tumor cells with a more migratory phenotype and a 

propensity for locomotion along white matter tracts and blood vessels [253-255]. Despite similar 

ECM composition for brain tissue white and gray matter, tumor cell infiltration occurs primarily 

in white matter.  This suggests that tissue topography and morphology may influence tumor cell 

migratory behavior [253]. Importantly, unlike other tumor microenvironments, the brain is 

composed mainly of hyaluronic acid (HA). Changes in both tissue topography and composition 

have been implicated in poor patient outcomes, but overall, mechanisms underlying GBM cell 

migration in vivo are not well understood.  

Current in vitro models for studying cell migration include 2D micro-patterned surfaces 

and 3D hydrogels. Although micropatterned surfaces provide alignment cues, the walls of micro-

grooves do not accurately mimic the surfaces of a blood vessel or white matter tract. Hydrogels, 

such as Matrigel™, are often used to study the dissemination of tumor spheroids and have been 

shown to promote an elongated migratory morphology typical of cells in vivo [256]. However, 

hydrogels cannot directly simulate the directional nature of brain white matter and downstream 

assays like immunostaining are difficult to carry out. Currently, the most utilized model for 

characterizing GBM invasion is an organotypic slice assay, where cancer cells are cultured on a 

living brain slice [257, 258]. Although mechanical, chemical, and morphological characteristics 

of native brain tissue are present, neural cell death within the slice during the culture period may 

skew results.  
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Electrospinning provides a unique solution for modeling the GBM microenvironment. 

The resultant nanofibers, with precisely defined alignment, diameter, and morphology, represent 

a good in vivo model of the HA-rich, nanoscale-diameter fibrous structure through which GBM 

cells invade [94]. Previously, electrospun nanofibers composed of polycaprolactone (PCL) [165, 

171, 178, 259] and polyblend chitosan–PCL (C–PCL) [166] were used to study GBM cell 

migration. Four hundred nanometer diameter C-PCL nanofibers promoted a migratory GBM 

phenotype with cell migration profiles similar to those in vivo [166]. Polyblend nanofibers are 

advantageous because the biocompatibility of the natural polymer and the mechanical stability of 

the synthetic polymer are combined [260]. Defects in aligned nanofiber morphology, which can 

occur when using traditional electrospinning technology, interrupt cell locomotion and may 

hinder the characterization of migratory cell behavior. High throughput centrifugal 

electrospinning (HTP–CES) results in superior nanofiber alignment and diameter uniformity 

relative to conventional electrospinning [51]. Fabrication of in vitro brain parenchyma mimics 

using the HTP–CES system ensures that cell locomotion is uninterrupted by morphological 

changes allowing for characterization cell–cell and cell–ECM interactions.  

In this work, electrospun polyblend chitosan–polycaprolactone (C–PCL) nanofiber 

platforms were fabricated to investigate the influence of topography and chemistry on GBM cell 

migration for development of an appropriate brain tissue model to study GBM migration. By 

combining chitosan and polycaprolactone (PCL), we fabricated reproducible, biocompatible, 

mechanically stable, highly aligned nanofiber mats. Because hyaluronic acid (HA), a key 

proteoglycan found in brain ECM [160], has shown promise as a suitable surface for cell 

adhesion and proliferation, nanofiber mats were coated with a low, medium, or high 

concentration of hyaluronic acid (HA). Previously, the aligned nanofiber substrates have been 
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shown to increase cell migration relative to conventional adherent culture on polystyrene plates. 

While topography has proven a crucial factor for GBM invasion, biochemistry could also play a 

strong role in migratory cell behavior. We hypothesize that the addition of an optimized HA 

coating will further improve cell response for attaining a migratory phenotype. We examined the 

different HA coating conditions to identify an optimal surface chemistry for promoting migratory 

behavior. The model GBM cell line, U87 MG, was seeded onto nanofiber substrates and imaged 

after 24, 48, and 96 hours of culture to determine cell morphology and alignment characteristics. 

We conducted long-term migration assays (> 10 hours) to study the behavior and migration 

patterns of the cells. Finally, we evaluated resistance to the clinical alkylator temozolomide 

(TMZ) of nanofiber-seeded cells relative to cells grown on polystyrene culture plates.  

6.3. MATERIALS AND METHODS 

6.3.1.  Materials 

All chemicals were purchased from Sigma-Aldrich (St. Louis, MO) unless otherwise 

specified. Chitosan (75-85% deacetylated, medium molecular weight), polycaprolactone (PCL, 

average Mn 80,000), and hyaluronic acid sodium salt (from Streptococcus equi, molecular weight 

~1.5-1.8 x106 Da) were used as received.  

6.3.2. Nanofiber synthesis and coating 

Chitosanpolycaprolactone (C–PCL) polyblend nanofibers were synthesized according to 

previously published procedures [51, 260]. Briefly, a 7 wt% chitosan stock solution was prepared 

in trifluoroacetic acid (TFA, Fisher, Reagent grade ≥ 97%) and refluxed at 60°C for 12 hours under 

constant stirring. A 12 wt% PCL stock solution was prepared in 2,2,2-trifluoroethanol (TFE, 

ReagentPlus®, >99%) and stirred overnight. The solutions were mixed resulting in a 50 wt% 

chitosan – 50 wt% PCL polyblend (C–PCL). The polymer solution was electrospun using a 25-
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gauge blunt tip needle on the high-throughput centrifugal electrospinning (HTP–CES) system. The 

collector on the HTP–CES system was composed of 102 parallel electrodes separated by an 

insulating air gap where the fibers dispersed perpendicularly to the electrodes and aligned 360° 

around the spinneret [51]. The C–PCL solution was centrifugally fed from a rotating spinneret at 

108 RPM and 5 kV applied DC voltage. The chitosan and PCL solutions were combined 

immediately before electrospinning and refreshed every 2 hours to prevent polymer degradation. 

Consistent environmental conditions (40–50% humidity and 20–25°C) were maintained 

throughout the synthesis.  

Aligned nanofibers were collected on a 9-mm square cover glass, secured to the cover glass 

using a medical grade silicone adhesive, neutralized for 15 min in 25 vol% NH4OH, and 

thoroughly washed in DI water to remove all residual base. Coating the C-PCL nanofibers with 

hyaluronic acid (HA) followed procedures described by Maeda et al., [261] and Ahire et al., [262]. 

Briefly, nanofibers were immersed in 0 wt%, 0.1 wt%, 0.5 wt%, or 1 wt% HA solutions at 37°C 

for 72 hours. Nanofibers were sterilized for 1 hr in 70% ethanol and washed extensively with 

Dulbecco’s phosphate buffered saline (D-PBS) before cell culture. 

6.3.3. Nanofiber characterization 

The HA coating ratio was calculated as the difference in weight between individual 

nanofiber samples before and after coating, using Equation 6.1, where Wf represents the weight 

of the C-PCL nanofibers after the HA coating and Wi is the weight before coating.  

Coating ratio (%) = [
W𝑓−W𝑖

W𝑖
] x 100                   (6.1) 

We used scanning electron microscopy (SEM) images to characterize the nanofiber 

morphology and diameter distribution. Nanofibers were collected onto a pedestal coated with 
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double-sided carbon tape, Au/Pd sputter-coated for 30 s at 18 mA, and imaged with a SEM (FEI 

Sirion XL30) at an operating voltage of 3kV. The nanofiber diameter distribution was determined 

from ≥ 50 nanofibers in at least 3 representative SEM images and measured using ImageJ. 

Frequency distributions were generated using Graph Pad Prism 7. 

We used a Shimadzu universal tester (AGS-X Series, Kyoto, Japan) for tensile testing 

uncoated aligned C-PCL nanofibers, which were clamped into pneumatic grips with tape to secure 

the specimen ends. The strain rate was 0.4 mm/min and tests were conducted until breakage at 

room temperature. The elastic modulus was measured in the linear elastic region at strains less 

than 10%. 

6.3.4. Cell seeding and imaging 

All cell culture reagents were purchased from Life Technologies unless otherwise 

specified. Minimum essential media (MEM), antibiotic-antimycotic, fetal bovine serum (FBS), 

and Dulbecco’s phosphate-buffered saline (D-PBS) were purchased from Invitrogen (Carlsbad, 

CA). The human glioblastoma cell line, U-87 MG, was purchased from American Type Culture 

Collection (Manassas, VA) and was transfected with pRFP-N2 using Lipofectamine® 2000 

reagent according to manufacturer’s instructions [48]. Cells were washed in D-PBS 48 hours after 

transfection and cultured in fresh media supplemented with G418 (500 mg/mL) for selection of 

the stably transfected population. Two weeks after transfection, U-87 MG RFP cells were sorted 

by fluorescence-activated cell sorting (FACS; Vantage SE). Cells were maintained in fully 

supplemented Minimum Essential Medium (MEM) (Thermo Fisher Scientific, Grand Island, NY) 

containing 10% FBS and 1% antibiotic–antimycotic at 37C and 5% CO2 in a humidified 

environment. 
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U87 MG – RFP cells were seeded on sterilized nanofibers in a 24-well plate in 2 mL of 

fully supplemented MEM at 5,000 cells/mL. Bright field and fluorescence images were obtained 

24, 48, and 96 hours after cell seeding to observe alignment and changes in cell morphology. A 

4X or 10X objective was used on an upright fluorescence microscope with a Ri1 Color Cooled 

Camera System and the NIS Elements software package (Nikon Instruments, Melville, NY).  

Immunostaining was conducted on 4% paraformaldehyde-fixed samples after 96 hours of 

culture. The cell membrane was permeabilized with 0.25% Triton X-100 in D-PBS for 20 min at 

room temperature and then blocked in 1% bovine serum albumin (BSA) in D-PBS for 30 min to 

block non-specific binding. For Ki-67 staining, samples were incubated in rabbit polyclonal 

antibody to Ki-67 (Abcam, Cambridge, MA) at 1:200 overnight at 4°C. The samples were then 

incubated with a goat anti-rabbit FITC secondary antibody (1:400) (Abcam, Cambridge, MA) for 

1 hour at room temperature. Samples were rinsed with D-PBS and stained for 5 min with DAPI 

before imaging.  

6.3.5. Quantification of cell number, alignment, and aspect ratio 

Cell number, alignment, and aspect ratio were measured using images obtained with a 4X 

objective on an upright fluorescence microscope with a Ri1 Color Cooled Camera System with 

the NIS Elements software package (Nikon Instruments, Melville, NY). Images were processed 

with ImageJ using the “Li” uniform threshold filter. All cell images were converted to binary     8-

bit and the “Analyze Particle” plug-in was used to quantify the cell number and morphology. The 

cell alignment angle was determined using the “best fit ellipse” measurement and recording the 

angle of alignment of the major axis from the horizontal. At least 350 cells were measured for each 

condition and converted to a frequency distribution histogram.  

6.3.6. Time course migration imaging 
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U87 MG – RFP cells were seeded on the various substrates and cultured for 24 or 96 hours 

before imaging using an inverted microscope (Zeiss Axiovert 200M) on an automated stage 

(Marianas Imaging System, Intelligent Imaging Innovations) operated in a heated chamber at 

37°C. Time course images were acquired every 2 min using a 10X objective for ≥ 10 hours. Image 

sequences were analyzed using ImageJ and at least 7 individual cells were tracked for each 

condition at 24 or 96 hours using the semi-automated TrackMate plugin.[263] Cell displacement 

for each 2-minute time interval was measured and plotted for each individual cell. We captured 

cell speed by measuring total displacement per image time point (2 min). The maximum and 

effective cell speeds determined for each individual cell were averaged for each condition. 

Effective cell speed was a measure of the total displacement divided by the total observation time. 

Only cells visible for > 10 hours were tracked. 

6.3.7. Drug response analysis 

C-PCL nanofibers were immersed in 0.5 wt% solutions of either HA, chitosan (C), or PCL 

for 72 hours at 37°C to achieve similar coverage. Coated and uncoated nanofibers were sterilized 

for 1 hr in 70% ethanol and washed extensively with D-PBS before cell culture. U-87 MG – RFP 

cells were cultured for 96 hours on 2D TCPS and nanofibers (uncoated C-PCL, HA-coated, C-

coated, and PCL-coated). The samples were then treated with either 0 µM (untreated) or 100 µM 

temozolomide (TMZ) for 48 hours. After 48 hours, 200 µL of an alamarBlue® working solution 

(10% resazurin and 90% fully supplemented medium) was added to each well and incubated at 

37C for 2 hours. Aliquots of the alamarBlue® solution were transferred to a black-bottom 96-

well plate and the fluorescence intensity was measured on a microplate reader. Differences in cell 

viability (percentage difference in metabolic activity) were reported as a percentage change in 
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fluorescence intensity between TMZ-treated samples relative to untreated controls for each 

substrate. 

6.3.8. Statistical analysis 

All data were analyzed to express the mean ± standard deviation of the mean unless stated 

otherwise. Statistical significance was analyzed by one-sided or two-sided analysis of variance 

(ANOVA) with post hoc Tukey multiple comparisons testing (p ≤ 0.05) in GraphPad Prism 7 

(Prism version 7.04, Graph Pad Software, San Diego, CA). All frequency distributions were 

generated using Graph Pad Prism. 

6.4. RESULTS AND DISCUSSION 

Selective migration of GBM cells down white matter tracts and blood vessels suggest that 

the physical architecture of the brain may be a key factor in migratory tumor cell behavior [160]. 

Recapitulating the native brain ECM in an in vitro platform may provide insight into the 

biomechanical and topological cues that initiate phenotypic changes resulting in invasive 

metastatic cells. Further, materials optimized to mimic brain ECM may provide a reliable substrate 

for screening anti-metastatic therapeutics.  

6.4.1. Characterization and coating of C-PCL nanofibers 

Thirty identical, highly aligned C–PCL nanofiber samples were fabricated with the high-

throughput centrifugal electrospinning system (HTP–CES) and collected on glass coverslips after 

2 hours of centrifugal electrospinning. Figure 6.1a shows the typical fiber density of a sample 

with a high degree of fiber alignment. At higher magnifications (Figure 6.1b, c), nanofiber 

diameter uniformity and a bead-less structure are visible. Aligned nanofiber bundles were tested 

under tensile load to determine the stress versus strain behavior (Figure 6.1d). As expected, the 

nanofibers exhibited initial linear elastic behavior up to 7% strain with an average compressive 
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modulus of 11.4 ± 4.2 MPa. Previously, the presence of both chitosan and PCL in the resultant 

nanofibers was confirmed using Fourier transform infrared spectroscopy (FTIR) [51, 166].  

 

Figure 6.1. Uncoated 50 wt% chitosan – 50 wt% PCL (C-PCL) polyblend nanofiber 

morphology and mechanical properties. SEM images of nanofiber mat and individual 

nanofiber morphology. Scale bars are (a) 500 µm, (b) 2.5 µm. (c) Representative stress 

(MPa) versus strain (%) behavior for uncoated aligned nanofibers. 

 

Biochemical, biomechanical, and topological cues in the ECM play a key role in cell 

behavior. Importantly, the ECM through which GBM cells invade is rich in hyaluronic acid (HA) 

and proteoglycans [160]. To mimic this HA-rich, nanoscale-diameter fibrous structure, C-PCL 

nanofibers were coated with HA. The optimal amount of HA necessary to model the biochemical 

cues of the brain ECM in vitro, was determined by comparing cell behavior on varying HA 

coatings with an uncoated nanofiber condition. Specifically, the influence of HA surface coating 

on cell migration and proliferation were characterized. To coat the fibers, C-PCL nanofibers were 

soaked in a HA solution ranging from 0 wt% – 1 wt% HA and the resultant nanofiber morphologies 

were characterized (Figure 6.2). The 0 – 1 wt% HA solution range was selected based on previous 
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experiments by Maeda [261] and Ahire [262], where the same range resulted in a water-insoluble 

HA-surface coating due to the polysaccharide ionic complex between chitosan and HA.  

The weight change of the nanofiber mats after coating and lyophilization was examined to 

evaluate the coating ratio, which represents the difference in nanofiber substrate weight before and 

after coating (Figure 6.2a). The uncoated (0% HA) C-PCL nanofibers weighed significantly less 

than the coated substrates. Although not all conditions were statistically different, the weight of 

the nanofiber mat increased with increasing HA concentration, signifying successful coating. The 

diameter distribution of dehydrated, uncoated C-PCL, and HA-coated C-PCL nanofibers was 

visualized and measured using SEM images (Figure 6.2b). The mean diameter of uncoated and 

coated nanofibers ranged from 326 nm to 382 nm with no significant difference among the various 

conditions. This nanofiber diameter range encompasses that of previous nanofibers that were found 

to promote migratory GBM behavior [166]. We used a light microscope to visually evaluate 

physical changes in the hydrated coated nanofibers (Figure 6.2c). A highly aligned nanofibrous 

morphology was observed for all conditions over a large field of view with no visible nanofiber 

agglomeration or macro-scale changes identified due to coating. A nanofibrous morphology was 

observed for all HA coating conditions (Figure 6.2d), although slight agglomeration of nanofibers 

into multi-nanofiber bundles occurred as HA content increased. This may be an adverse effect of 

the lyophilization procedure post-hydration to prepare SEM imaging samples, as no multi-

nanofiber bundles were identified under the light microscope. Taken together, these results 

indicate that the overall morphology was preserved, and the physical properties of the nanofibers 

were not drastically altered by the HA coating. 
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Figure 6.2. Uncoated and HA-coated C–PCL nanofiber characteristics. (a) HA coating 

ratio (wt%) (n = 4) and (b) average nanofiber diameter. (n = 50) *Statistically significant 

from all or specified. (p ≤ 0.05) Morphological analysis of lyophilized nanofibers using (c) 

brightfield optical imaging for large field-of-view and (d) SEM images for morphological 

changes. The scale bars represent (c) 200 µm and (d) 5µm.  
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Previously, HTP-CES demonstrated superior nanofiber alignment and diameter uniformity 

over conventional electrospinning [51], signifying that fabrication of in vitro brain parenchyma 

mimics using the HTP–CES system may be superior to conventional electrospinning. Uniformity 

of the nanofiber diameter is critical to ensure subsequent results are a function of the HA coating, 

and not of morphological differences in the nanofibers. The superior alignment of HTP–CES 

nanofibers over conventional electrospinning also ensures that cell locomotion is uninterrupted by 

morphological changes and allows the evaluation of strictly cell–cell and cell–ECM interactions 

without disruption due to intersections or defects in the alignment of the nanofibers.   

6.4.2. Cell behavior on various HA-coated nanofibers 

Cell behavior on HA-coated nanofibers was characterized by observing cultures of an 

RFP-transfected human glioblastoma cell line (U-87 MG RFP) using brightfield and 

fluorescence microscopy. Due to well-documented migration and invasion characteristics, U87 

MG was selected as a representative cell line [166, 175]. U87 MG RFP cells were seeded on 2D 

tissue culture polystyrene (TCPS), uncoated (0% HA) nanofibers, and HA-coated nanofibers. 

Cells were cultured for 24, 48, or 96 hours and then imaged to evaluate cell morphology and 

alignment. Merged brightfield and fluorescence images reveal cell responses to substrates 

(Figure 6.3a and b). After 24 hours, cells on all substrates were sparse, but adherent. After 96 

hours (Figure 6.3b), cell density increased on all substrates, signifying proliferation.  On 2D 

TCPS, no directionality was observed with cell protrusions visible in all directions under high 

magnification. The directional influence of the aligned nanofibers, independent of coating, was 

apparent with cells displaying a highly elongated, spindle morphology with visible protrusions 

consistently stretching longitudinally along the nanofiber. At high magnification (Figure 6.3c), 

for all nanofiber conditions, aligned and elongated cell morphology was maintained even if cell–
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cell interactions were visible, suggesting that cells strongly respond to the physical directionality 

of the nanofibers. Cell elongation and alignment is common in directional materials, and in GBM 

the elongated morphology observed on the uncoated and HA-coated nanofibers is similar to 

native invasive cell morphology. 

Using ImageJ, the “Li” automated threshold filter was applied to the fluorescence images 

in Figure 6.3 and the cell number was quantified as shown in Figure 6S.1a, Supplemental 

Information. An increase in cell number with culture time was identified for all conditions. 

Additionally, after 96 hours of contact with the nanofibers, an increase in cell–nanofiber 

alignment was observed for all nanofiber conditions with a majority of the cell population on the 

0.5% HA and uncoated (0% HA) substrates aligned between ± 10° of the horizonal (Figure 

S6.1b, Supplemental Information). Cell morphology, quantified by aspect ratio measurements, 

displayed a shift to higher aspect ratios and increased cell elongation with increasing culture time 

from 24 to 96 hours (Figure S6.2, Supplemental Information). In nanofiber cultures, the 0% 

HA and 0.5% HA exhibited the largest population of cells with an aspect ratio ≥ 3.0, meaning the 

cell length was three times greater than cell width.  
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Figure 6.3. U87 MG-RFP cells (red) cultured on 2D TCPS, uncoated C-PCL nanofibers, 

or HA-coated C-PCL nanofibers. Representative fluorescent and bright field images were 

merged to show cell alignment and orientation relative to the nanofiber directionality (a) 

24 hours (arrows indicate and inset magnifies cell protrusions) and (b) 96 hours of culture 

with inset magnifying cell protrusions. On 2D TCPS, cells were randomly oriented. On 
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nanofiber substrates, cells were aligned and elongated parallel to the aligned nanofibers. 

Scale bar in (a) and (b) represents 250 µm. Inset scale bar represents 50 µm. (c) A high 

magnification panel shows further directionality and cell elongation at 96 hours. Scale bar 

represents 100 µm.  

 

Analysis of cell proliferation, alignment, and aspect ratio indicate that both uncoated and 

HA-coated nanofibers support attachment and proliferation of U87 MG cells and the nanofiber 

topography appear to influence cell morphology and alignment. The differences in extent of cell 

elongation among the HA-coated substrates may indicate differences in the effect of HA coating 

concentration on cell behavior. Longer cell exposure to the nanofiber topography resulted in an 

increase in directionality, alignment, and cell elongation for all nanofiber cultures. Cell 

elongation is an indicator of mesenchymal-like change often indicating a more invasive cell 

phenotype. Further, the shift to higher aspect ratio cell shapes, signifying a more spindle-like 

morphology, suggests that the U87 MG cells may be undergoing a mesenchymal change to a 

more malignant and invasive phenotype. Work by others shows that elongation of cells cultured 

on C–PCL nanofibers was coupled with an increase in invasion-related genes [166]. At 96 hours 

the 0% HA and 0.5% HA-coated nanofibers appear most conducive to promotion of cell 

elongation and therefore were used for further experiments. 

 

6.4.3. Proliferative state of GBM on HA-coated nanofibers 

Changes in the proliferative potential of GBM cells have been linked to chemoresistance 

and invasive behavior. To evaluate proliferative potential, cells associated with all culture 

conditions were stained with DAPI (blue) and Ki-67 (green) (Figure 6.4) and the percentage of 

Ki-67+ cells quantified (Figure 6.4a). Ki-67, a proliferative cell marker [264], has previously 

been used to predict patient outcomes in vivo since diffuse invasion is often the result of single 
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migratory cells that exhibit decreased apoptosis and thus a resistance to cytotoxic insult [160]. 

To identify possible effects of nanofiber topography on U87 MG proliferative state, nanofiber 

culture conditions were compared relative to 2D TCPS. Fewer proliferative cells were present on 

uncoated (0% HA) nanofiber substrates (45 ± 14% Ki-67+ cells) relative to 2D TCPS (74 ± 

12%). Further, when comparing 0.5% HA-coated to uncoated nanofibers, similar Ki-67+ cell 

behavior was observed for both conditions where 40–45% of the cell population expressed Ki-

67. When cultured on nanofibers, differences in cell behavior and morphology appeared 

predictive of the cell proliferative state. Single cells migrating along the nanofibers did not 

generally express Ki-67 (Figure 6.4b), whereas in cell clusters, Ki-67+ expression was 

predominant (Figure 6.4c). Importantly, these types of morphological differences are prevalent 

in the native tumor microenvironment, where cells are generally either found in proliferative 

multi-cellular clusters or as single migrating cells [265]. Differences in Ki-67 expression and cell 

behavior were not mirrored in 2D TCPS culture.  
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Figure 6.4. Evaluation of cell proliferative state associated with 2D TCPS, uncoated (0% 

HA) nanofibers, or 0.5% HA-coated nanofibers after 96 hours of culture. (a) Ki-67+ cells 

(green) as a fraction of total cell population on each substrate (n ≥ 150). Ki-67 expression 

by cells (b) aligned along a nanofiber migratory path tended to be Ki-67- as compared to 

(c) proliferative cell clusters that tended to be Ki-67+. Scale bars represent 100 µm. 

Proliferative cell behavior over time. Fraction of observed cell population migrating 

(green) or dividing (gray) over a ≥13-hour time-lapse period following (d) 24 and (e) 96-

hour culture period. (n ≥ 20)  
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To further summarize the influence of HA-coated nanofibers on GBM cells, the 

migratory and proliferative behavior was tracked for at least 20 individual cells for > 10 hours 

using time-course imaging (Figure 6.4d and e). At 24 hours, the majority of cells (> 50%) 

cultured on 2D TCPS and 0% HA nanofibers exhibited at least one division event (Figure 4d). 

These division events were less frequent in cells cultured on 0.5% HA nanofibers. Importantly, 

at 96 hours, the division events decreased for both nanofiber conditions and a more migratory 

phenotype was recorded (Figure 6.4e).  

Previous work by others demonstrated that cells at the leading edge of a tumor have a 

lower proliferative capacity than cells at the tumor core [266, 267].  Further, a decrease in 

proliferative capacity is induced in leading edge cells when the cells migrate from the tumor site 

on aligned nanofiber substrates relative to 2D flat films [259]. Although the mechanisms 

defining proliferative versus invasive phenotypes are not well understood, the “go versus grow” 

hypothesis has been experimentally validated where glioma cell proliferation abates and 

migration is promoted and vice versa [266, 268]. A decline in proliferation of cells cultured on 

aligned nanofibers demonstrates that the aligned nanotopography mimics the native tumor 

microenvironment with cells behaving according to the “go versus grow” hypothesis, and 

potentially enhancing migration at the partial exclusion of proliferation. 

6.4.4.  Drug resistance on various HA-coated nanofibers 

To evaluate the response of U87 MG cells cultured on nanofiber substrates to a 

therapeutic alkylator agent, we evaluated the relative resistance to temozolomide (TMZ)-induced 

cell death (Figure 6.5). Experimental groups included 2D TCPS, uncoated nanofibers, and 0.5% 

HA-coated nanofibers. After 96 hours of culture, media was changed for all culture conditions 

and the replacement media contained either 0 µM (untreated) or 100 µM TMZ. After 48 hours of 
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culture, cell metabolic activity was evaluated by measuring alamarBlue® fluorescence intensity 

of treated and untreated cultures per condition and calculating the percent reduction in 

fluorescence intensity for each condition. Higher fluorescence intensity was considered 

indicative of relatively more viable, metabolically active cells. The 2D TCPS condition exhibited 

the most significant degree of cell death following TMZ exposure represented by a 42% ± 9% 

reduction in fluorescence intensity.  Both nanofiber conditions treated with TMZ exhibited a 

slight decrease in fluorescence intensity relative to the corresponding untreated control, ranging 

from a 1% ± 6% reduction (0.5% HA- coated nanofibers) to an 11% ± 3% reduction (uncoated 

nanofibers). Direct quantification of the number of viable cells was not possible due to differing 

interactions of the coatings and alamarblue®, yet it is clear that cells cultured on nanofibers and 

exposed to 100 M TMZ were more resistant to cell death relative to the 2D TCPS control.  
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Figure 6.5. Drug resistance of U87 MG RFP to TMZ-induced cell death evaluated using 

alamarBlue®. All conditions were either untreated or treated with 100 µM TMZ solutions for 48 

hours prior to analysis. Percent difference was evaluated by quantifying the fluorescence 

intensity of the treated sample relative to the untreated controls (n ≥ 3). *Statistically significant 

from all conditions (p ≤ 0.05).  

 

6.4.5. Cell migration, speed, and displacement on various HA-coated nanofibers 

To determine the influence of the nanofiber HA coating on U87 MG-RFP cell motility, cell 

migration on each substrate was tracked using time-course imaging beginning after 24 or 96 

hours of culture. Images were acquired every 2 min for > 10 hours and examined with the semi-

automated TrackMate plugin for ImageJ.[263] Figure 6.6a and b depict representative 

individual cell migration pathways on 2D TCPS and nanofiber substrates after 96 hours of 

culture. On 2D TCPS over the course of 246 minutes, no directional preference in cell elongation 
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or migration is observed (Figure 6.6a), while cells cultured on nanofibers display an elongated 

spindle morphology and a consistent linear directional motion (Figure 6.6b). Aggregating the 

migration pathways of several cells cultured on each substrate demonstrates the migration 

pathways of several cells, where different colors represent unique paths of individual cells 

(Figure 6.6c and d). Overall, cells cultured on 2D TCPS migrated randomly with no 

directionality (Figure 6.6c) whereas cells on nanofiber substrates migrated along a linear path 

corresponding to fiber alignment (aligned along the horizontal) (Figure 6.6d). GBM cells 

expressed elongated and directional behavior on both nanofiber substrates regardless of coating, 

indicating that topographical cues play a key role in cell migration and the nanofiber platforms 

were effective at directing cell locomotion.  

Migratory behavior was quantified to further characterize the influence of HA coatings 

on cell migration. Individual cell speed over the course of 10 hours was determined by 

measuring the distance individual cells traveled during consecutive two-minute intervals (images 

captured every two minutes) for each condition (Figure 6.6e). On both 2D TCPS and nanofiber 

substrates, spikes in cell speed occurred intermittently. Bursts of increased cell speed have also 

been observed during live imaging of gliomas in mice and correspond to daughter cell migration 

after cell division.[269] Under these in vitro culture conditions, similar bursts of speed were 

observed during division events, after cell-cell interactions, or in highly migratory cells after 

extension of lamellipodia. Bursts in cell speed were more frequent and of higher magnitude for 

cells cultured on nanofibers relative to 2D TCPS. In Figure 6.6a, cell elongation and long 

protrusions result in bursts of cell locomotion similar to that seen between 56 minutes and 58 

minutes. Increased cell migration and an elongated spindle morphology have been linked to a 

highly invasive and drug resistant phenotype. [3]  
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Figure 6.6. Representative cell migration characteristics associated with 2D TCPS, 

uncoated, and HA-coated nanofibers. Representative migration pathways of an individual 

cells tracked on (a) 2D TCPS or (b) nanofibers. Nanofibers were aligned parallel to the 

horizontal. (c) Aggregation of the migration pathways of several cells on 2D TCPS for  

10 hours starting after 96 hours of culture where cell locomotion and elongation does not 

display directionality. Conversely, (d) the migration pathway of cells on a nanofiber 

substrate showing cell locomotion with clear directionality. Nanofibers were aligned 

parallel to the horizontal. (e) Representative migration speed versus time measured for an 
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individual cell on 2D TCPS and a nanofiber substrate. Speed was determined by 

quantifying cell displacement every 2 min for ≥ 10 hours after 96 hours of cell culture.  

 

By averaging the cell speed from > 7 cells on each substrate, the influence of culture time 

and substrate on GBM motility can be determined (Figure 6.7a). A general increase in average 

cell speed is demonstrated from 24 to 96 hours, with cells on the 0.5% HA substrate exhibiting 

the greatest average cell speed at approximately 35 µm/hr. Maximum cell speed for each 

individual cell tracked was quantified (Figure 6.7b) and averaged for each condition. Cells 

cultured on the 0.5% HA substrate exhibited the highest maximum speeds. This maximum 

velocity is slightly greater than that seen in brain slice cultures.[265]  

 

Figure 6.7. Quantification of (a) average cell speed ± standard error of mean (SEM) and 

(b) maximum cell speed ± standard error of mean (SEM) for cells cultured on 2D TCPS, 

0% HA (uncoated), and 0.5% HA nanofibers. *Statistically significant from all 

conditions (p ≤ 0.05). 

 

The migration data shows a difference in behavior of cells cultured in the presence of 

different HA contents and can be used to determine the optimal HA-coating for in vitro brain 
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ECM mimics. After 96 hours, the most consistent migration, in terms of speed and distance 

traveled, was observed of cells cultured on 0.5% HA-coated nanofibers. This culture condition 

resulted in the most consistent cell displacement. Thus, the nanofiber substrates appear to 

promote migration behavior similar to GBM tumor cells in vivo and provide an unhindered 

migration path allowing for greater speeds in vitro.  

6.5. CONCLUSION 

Polyblend (50-50) chitosan-PCL nanofiber substrates, fabricated using a HTP-CES system are 

characterized by highly-aligned nanofibers with superior diameter uniformity relative to 

conventional electrospinning. C-PCL nanofiber substrates with biologically-relevant topography 

were coated with hyaluronic acid to mimic an important biochemical characteristic of brain 

ECM. The nanofiber substrates were evaluated as biomimetic in vitro substrates for studying 

U87 MG cell behavior in support of the development of anti-migratory therapeutics. GBM cells 

cultured on aligned C-PCL nanofibers and nanofibers coated with 0.1% HA - 1% HA displayed a 

shift at 96 hours to a highly aligned and elongated cell with a spindle morphology. Relative to 

2D TCPS, cells cultured on nanofibers were characterized by lower proliferative potential 

coupled with increased resistance to TMZ induced cell death. Additionally, coating nanofibers 

with 0.5% HA increased cell displacement and cell speed suggesting a shift of the GBM cell 

population toward a migratory phenotype. The ability to enrich for migratory cells in vitro could 

simplify phenotypic investigation of these highly invasive cells for development of therapeutics 

targeted at the metastatic subpopulation. Due to the unique morphology and surface chemistry of 

the 0.5% HA-coated C-PCL nanofibers reported here, these nanofibers may represent better in 

vitro platforms for studying cell invasion and accelerating the discovery and commercialization 

of anti-migration therapeutics for control of GBM metastasis. 
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SUPPLEMENTARY INFORMATION 

 

 

Figure S6.1. Cell proliferation and alignment on 2D TCPS versus nanofibers.               

(a) Quantification of cell number at 24, 48, and 96 hours of culture. (n ≥ 12) *Statistical 

significance from all other conditions (p ≤ 0.05). Angle of U87 MG RFP cell alignment 

after (b) 24 and (c) 96 hours of culture on nanofibers coated with varying HA. Nanofibers 

were aligned along the horizontal (0°) (n ≥ 350). 
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Figure S6.2. Aspect ratio of cells under various culture conditions at 24 and 96 hours. 

Inset shows example cell shapes for aspect ratio range. At least 350 cells were counted 

for each condition. 
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Chapter 7: FABRICATION AND CHARACTERIZATION OF 

CHITOSAN-HYALURONIC ACID SCAFFOLDS WITH VARYING 

STIFFNESS FOR GLIOBLASTOMA CELL CULTURE 

 

 

 

 

7.1. ABSTRACT 

The invasive and recurrent nature of glioblastoma multiforme (GBM) is linked to a small 

subpopulation of cancer cells, which are self-renewing, resistant to standard treatment regimens, 

and induce formation of new tumors. Matrix stiffness is implicated in the regulation of cell 

proliferation, drug resistance, and reversion to a more invasive phenotype. Therefore, 

understanding the relationship between matrix stiffness and tumor cell behavior is vital to develop 

appropriate in vitro tumor models. Here, we fabricate chitosan–hyaluronic acid (CHA) 

polyelectrolyte complex (PEC) scaffolds with statistically significant stiffness variances to 

characterize the effect of scaffold stiffness on morphology, proliferation, drug resistance, and gene 

expression in human glioblastoma cells (U-87 MG). All scaffolds supported GBM proliferation 

over a 12-day culture period, yet larger spheroids were observed in scaffolds with higher stiffness. 

Additionally, GBM cells cultured in stiffer (8% CHA) scaffolds proved significantly more resistant 

to the common chemotherapeutic temozolomide. Moreover, the stiffer 8% CHA scaffolds 

exhibited an increase in expression of drug resistance and invasion related genes compared to 2D 

culture. CHA scaffolds present a tunable microenvironment for enhanced tumor cell malignancy 

and may provide a valuable in vitro microenvironment for studying tumor progression and 

screening anticancer therapies. 
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7.2. INTRODUCTION 

Glioblastoma multiforme (GBM) is a highly invasive, primary, malignant brain tumor 

[270, 271]. Clinical treatment generally utilizes tumor resection followed by chemotherapy and 

radiation therapy; yet median survival time is approximately 15 months [272, 273]. Unlike other 

solid tumors, GBMs rarely invade the vasculature to metastasize outside of the brain [274]. Instead, 

high mortality is attributed to the invasion of therapy-resistant cancer cells located away from the 

primary tumor that evade resection and initiate tumor recurrence [275]. This behavior suggests 

that the local brain microenvironment plays a key role in regulation of GBM progression and 

recurrence [274].  Studies investigating the correlation between matrix stiffness and GBM 

malignancy yield disparate in vivo and in vitro results, indicating a critical lack in understanding 

of GBM progression. Development of novel therapeutics also remains challenging because the 

response of drug candidates differs among in vitro cell lines, animal tumor models, and human 

tumors. Therefore, to improve our understanding of tumor biology and to develop novel 

therapeutics for complete GBM eradication, new tools are required to model GBM tumor 

progression.  

  Malignant cancer cell behavior is highly influenced by biochemical and biomechanical 

cues in the surrounding microenvironment. Studies show that tumor microenvironment 

biomechanics play a significant role in cancer progression including tumor invasion, metastasis, 

and reversion of tumor cells into cancer stem cells (CSCs) [116, 230, 276, 277]. The tumor 

extracellular matrix (ECM) is often stiffer than the ECM of surrounding stroma, as is the case for 

GBM, and studies indicate that increasing matrix stiffness induces the epithelial-to-mesenchymal 

transition (EMT) [278]. EMT plays a significant role in tumor formation and metastasis [279] and 

is often linked to a more malignant cell phenotype [230, 276, 280]. Therefore, matrix elasticity of 



101 

 

in vitro platforms for GBM cell culture should be tunable to encompass both healthy and cancerous 

tissue in order to study how differences in elasticity affect cell behavior and GBM tumor 

progression.  

Evidence that matrix stiffness regulates multiple characteristics of cancer cells has led to 

many studies of matrix stiffness and corresponding cell behavior in 2D cultures.  Two-dimensional 

platforms, such as tissue culture polystyrene (TCPS), are effective in promoting GBM cell 

proliferation when used for monolayer culture, but do not adequately mimic in vivo tumor 

environments. More complex, spherical cancer models such as nonadherent cancer cell line-

derived spheroids, or spheroids derived from primary tumor dissociation, promote cell–cell 

interactions and are frequently used for cancer cell culture. Importantly, nonadherent cultures lack 

the cell–matrix interactions present in native tumor stroma [281, 282]. Three-dimensional culture 

platforms, such as hydrogels or scaffolds, promote both cell–cell and cell–matrix interactions and 

present a diffusion-limited environment not found in 2D cultures. This can result in enrichment of 

tumor-derived cells with a more malignant, adherent spheroid morphology [182, 283-288]. Many 

three-dimensional (3D) environments for cancer cell culture are fibrillar protein-based hydrogels 

[289-291], which do not reflect the glycosaminoglycan (GAG)-based brain ECM. Further, in 

animal-derived hydrogels, batch-to-batch variability and compositional complexity pose problems 

[288, 292]. More recently, studies utilizing hyaluronic acid (HA)-based hydrogels have elucidated 

many important aspects of GBM CSC phenotype, motility, and behavior. Yet HA gels are 

mechanically weak; thus, control over matrix stiffness and tumor sphere formation is challenging. 

Here we present the fabrication and characterization of HA-based, porous scaffolds as 

potential in vitro platforms for modeling the GBM microenvironment. The porous chitosan–

hyaluronic acid (CHA) scaffolds of varied stiffness were fabricated using a simple phase 
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separation method with high reproducibility, providing an alternative to hydrogels. HA, an anionic 

natural polymer, is a major GAG component of the brain ECM [293]. Chitosan, a naturally 

occurring polysaccharide with a structure similar to GAGs, is cationic and biocompatible [294].  

When blended together, chitosan and HA form a stable, polyelectrolyte complex (PEC) enhancing 

the stability of both natural polymers. Changing the total polymer concentration of CHA scaffolds 

by varying the chitosan content alters the scaffold microstructure and stiffness in a range 

encompassing the mechanical properties of normal brain tissue to malignant gliomas. Material 

properties of CHA scaffolds were characterized including stiffness, density, porosity, 

polyelectrolyte composition, and swelling behavior. U-87 MG RFP GBM cells were cultured in 

CHA and on TCPS to compare and evaluate cell morphology, proliferation, dose-dependent drug 

response, and gene expression. 

7.3.  EXPERIMENTAL SECTION 

7.3.1. Materials 

All chemicals were purchased from Sigma-Aldrich (St. Louis, MO) unless otherwise 

specified. Chitosan (from shrimp shells, practical grade, > 75% deacetylated) and hyaluronic acid 

(hyaluronic acid sodium salt, from Streptococcus equi) were used as received. 

7.3.2. Preparation of chitosan-hyaluronic acid scaffolds 

Chitosan and hyaluronic acid (CHA) blend scaffolds were prepared by first dissolving 

chitosan (2, 4, or 8 wt%) and hyaluronic acid (1 wt%) separately in 1 wt% acetic acid solution. 

The solutions were individually mixed for three minutes using a Thinky mixer (ARM-300, Thinky 

USA, Laguna Hills, CA) at 2000 rpm.  Mixing was repeated at least three times to ensure each 

solution was completely dissolved. The solutions were aged overnight at room temperature to 

ensure complete dissolution. After aging, the chitosan and hyaluronic acid solutions were mixed 
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again individually for 3 minutes at 2000 rpm. The solutions were combined and mixed three times 

with the Thinky prior to casting into 24-well tissue culture plates. The plates were refrigerated at 

4ºC for 12 hours, frozen at -20°C for 24 hours, and lyophilized for 36 hours with a Labconco 

Freezone 6 Plus freeze drier (Labconco, Kansas City, MO). The scaffolds were sectioned to obtain 

2 mm thick discs, neutralized in 15 vol% ammonium hydroxide for 1 hour under vacuum, washed 

four times with DI water, and allowed to soak in D-PBS overnight to ensure the removal of any 

residual base. Neutralized scaffolds were sterilized with 70% ethanol for 1 hour under vacuum, 

transferred to sterile D-PBS, and placed on an orbital shaker overnight prior to in vitro cell culture 

experiments. Scaffold naming convention and corresponding polymer content (2% CHA, 4% 

CHA, 8% CHA) are summarized in Table 7.1. 

 

Table 7.1. Summary of CHA scaffold naming convention and polymer content. Naming 

convention is based on chitosan solution content. For all scaffolds the HA content was 1 

wt%. 

CHA scaffold 
Chitosan solution 

polymer content 
HA solution 

polymer content 
Combined CHA solution 

polymer content 

2% CHA 2 wt% 1 wt% 1.5 wt% CHA 

4% CHA 4 wt% 1 wt% 2.5 wt% CHA 

8% CHA 8 wt% 1 wt% 4.5 wt% CHA 

 

7.3.3. Scanning electron microscopy 

Scanning electron microscopy (SEM) was utilized to visualize scaffolds before and after 

cell culture. Prior to cell culture, dry scaffolds were mounted directly on stubs using carbon tape.  

After cell culture, samples were fixed with 10% formalin at 4ºC overnight, dehydrated through an 

ethanol series (0%, 30%, 50% 70%, 90%, 100% ethanol), critical point dried with a Denton DCP-
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1 critical point dryer (Denton Vacuum, Moorestown, NJ), sectioned, and mounted on stubs using 

carbon tape. All samples were sputter coated with Au/Pd for 90 s before imaging with a FEI Sirion 

XL30 Field Emission SEM (FEI, Hillsboro, OR).  

7.3.4. Fourier transform infrared spectroscopy 

The interaction between chitosan and hyaluronic acid in forming polyelectrolyte 

complexes was characterized using Fourier transform infrared spectroscopy (FTIR) and compared 

to spectra of pure chitosan and pure hyaluronic acid samples. Scaffolds of each blend were 

sectioned, ground into a powder with KBr and pressed into pellets.  Spectra of 64 scans at 2 cm−1 

resolution were obtained using a Nicolet 5DX spectrometer.  

7.3.5. Scaffold density 

The apparent bulk density of scaffolds was calculated after measuring individual scaffold 

mass and volume (n = 8).  Scaffold diameters were measured using a micrometer to calculate 

scaffold volume and mass measured to the ten-thousandth of a gram.  

7.3.6. Scaffold porosity 

The porosity of CHA scaffolds was measured using a modified liquid displacement method 

[295, 296]. Isopropanol was utilized as the displacement liquid as it is a nonsolvent and easily 

penetrates the porous structure with minimal volume change. Briefly, the dry scaffold volume (Vi) 

and weight (Wi) were recorded. The scaffold was fully immersed in 5 mL of isopropanol of known 

density (ρi) for 15 minutes during which time the scaffold stopped releasing air bubbles and sank 

to the bottom of the container. The impregnated scaffold was removed from the isopropanol and 

weighed (Wf). Using Equation 1, we calculated porosity as a ratio of volume of solvent within the 

scaffold pores to the volume of the dry scaffold (n = 12). 
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𝑷𝒐𝒓𝒐𝒔𝒊𝒕𝒚 =
(𝑾𝒇− 𝑾𝒊)/𝝆𝒊

𝑽𝒊
 ×  𝟏𝟎𝟎        (1) 

 

7.3.7. Scaffold pore size 

Individual pore area was measured from three representative SEM micrographs using 

ImageJ software. Three separate SEM micrographs were used per scaffold condition to determine 

median pore area. To ensure consistency in selection of measured pores, two intersecting lines 

were overlaid on each micrograph. One line was placed from the top left corner to the bottom right 

corner of the image. A second line was placed extending from the top right corner to the bottom 

left corner, resulting in an “X”. Pores intersecting the lines were outlined using the freehand 

selection function in ImageJ and the area measured. At least 90 pores were measured per scaffold 

condition. 

7.3.8. Mechanical testing 

The stress versus strain behavior of D-PBS-hydrated scaffolds under compression was 

measured at room temperature using a Shimadzu universal tester (AGS-X Series, Kyoto, Japan). 

Scaffolds of 2 mm in height and 17 mm in diameter were compressed at a rate of 0.4 mm/min until 

at least 40% strain was attained (n = 8).  The compressive modulus was calculated as the slope of 

the linear region of the stress–strain curve (0–10% strain). 

 

7.3.9. Cell culture 

The human glioblastoma cell line, U-87 MG, was purchased from American Type Culture 

Collection (Manassas, VA). Cells were transfected with pRFP-N2 using Lipofectamine 2000 

reagent according to manufacturer’s instructions. Forty-eight hours after transfection, the cells 
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were washed with D-PBS and cultured in fresh media containing G418 (500 µg/mL) for selection 

of the stably transfected population. Two weeks after selection, U-87 MG RFP cells were sorted 

by fluorescence activated cell sorting (FACS; Vantage SE). Cells were maintained in Minimum 

Essential Medium (MEM) (Thermo Fisher Scientific, Grand Island, NY) containing 10% FBS and 

1% antibiotic–antimycotic at 37C and 5% CO2 in a humidified environment.      U-87 MG RFP 

cells (37,500 cells at 1.25  106 cells/mL) were seeded onto scaffolds and maintained for 2 hours 

in an incubator for cell attachment. Following the attachment period, fully supplemented media 

were added, and cells cultured for 12 days with regular medium changes.  Cells were imaged on 

days 2, 6 and 12 with a Leica SP8X confocal microscopy (Leica, Buffalo Grove, IL).   

7.3.10. Proliferation analysis:  

Growth kinetics of U-87 MG RFP cells cultured on CHA scaffolds and 2D tissue culture 

polystyrene (TCPS) were determined using the alamarBlue® metabolic assay and following the 

manufacturer’s protocol (Life Technologies). Briefly, cells (37,500) were cultured on TCPS or 

CHA scaffolds in a 24-well plate for 3, 6, 9, or 12 days. An alamarBlue® working solution (10% 

Resazurin and 90% fully supplemented medium) was then added to each well and incubated at 

37C for a predetermined time (2 hrs for 2D and 4 hrs for CHA scaffolds). Then aliquots of the 

alamarBlue® solution were transferred to a black-bottom 96-well plate and the fluorescence 

intensity was measured on a microplate reader. The cell number was determined using standard 

curves. Cells were rinsed with D-PBS to remove residual alamarBlue® solution and the fully 

supplemented medium was added to each well for further culture. 

7.3.11. Drug response analysis 

For 3, 6, or 12 days U-87 MG RFP cells were grown in 2D and CHA scaffolds. The 

scaffolds were then treated with temozolomide (TMZ) for 24 hrs. After 24 hrs, the medium 
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containing the drug was replaced with fresh medium. Cell viability was examined 24, 48, or 72 

hrs after treatment using the alamarBlue® assay as described previously. Viability was reported 

as a percent of viable cells relative to an untreated control. 

7.3.12. PCR 

Cells were detached from TCPS or the CHA scaffolds using TripLE and RNA was 

extracted using the Qiagen RNeasy kit (Qiagen, Valencia, CA) following the manufacturer’s 

protocol. An iScript cDNA synthesis kit (Bio-Rad, Hercules, CA) was used for reverse 

transcription (RT) to prepare cDNA following the manufacturer’s instructions. DNA transcripts 

were probed using SsAdvanced Universal SYBR Green Supermix (Bio-Rad) with the primers 

listed in Table 7.2. Thermocycling was performed in 10 µL solution containing 5 µL SYBR 

Superrmix, 300 nM primers (Integrated DNA Technologies, Coralville, IA), and cDNA at 

concentration 4 ng/µL. The thermocycle was performed on BioRad CFX96 System at 95C for 2 

min, 40 cycles at 95C for 15 s, 58C for 30 s, and 72C for 30 s. All qRT-PCR data was analyzed 

with the CFX Manager software (Bio-Rad) with expression levels normalized to GAPDH and 

standard error of mean calculated. 

Table 7.2. Primers used for PCR to evaluate chemoresistance (ABCG2), hypoxia (HIF-

1α), and invasion (CD44, MMP-2, and TWIST1). Expression levels were normalized to 

GAPDH.  

Target Forward (5’-3’) Reverse (5’-3’) 

GAPDH   GGT GTG AAC CAT GAG AAG TAT GA   GAG TCC TTC CAC GAT ACC AAA G 

ABCG2   GTC GGT GTG CGA GTC AGG GC   CTT GCC TCC GCC TGT GGG TC 

CD44   AAC GCT TCA GCC TAC TGC AAA   TCT TCC AAG CCT TCA TGT GAT G 

MMP-2   GAG TTG GCA GTG CAA TAC CT   GCC GTC CTT CTC AAA GTT GT 

TWIST1   AAT CGA GGT GGA CTG GGA AC   CTT ACG AGG AGC TGC AGA CG 
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7.3.13. Statistical analysis 

Results are presented as mean values  standard deviation unless otherwise specified. Box 

plot whiskers represent the 10–90 percentile with the “+” denoting the mean. The drug response 

profiles were fitted using a nonlinear three-parameter dose response curve in GraphPad Prism 7 

(Prism version 7.04, Graph Pad Software, San Diego, CA). Statistical significance was determined 

using one-way or two-way analysis of variance (ANOVA) followed by post-hoc Tukey’s test for 

multiple comparisons conducted using GraphPad. Values were considered statistically significant 

at p ≤ 0.05.  

7.4. RESULTS AND DISCUSSION 

7.4.1. CHA scaffold structural and chemical properties 

Brain ECM, unlike fibrillar protein-rich ECM of other tissues, is predominantly composed 

of glycosaminoglycans (GAGs), like hyaluronic acid (HA) [255]. The structure and physical cues 

of brain ECM are implicated in the induction of highly aggressive cancer cell behavior resulting 

in metastatic characteristics unlike those of other solid tumors [297]. HA is highly prevalent in 

glioblastomas where GBM cells overexpress HA receptors, CD44 and RHAMM [293, 298-301]. 

Moreover, the presence of HA in the tumor stroma is associated with enhanced tumor growth and 

progression [293]. Therefore, a 3D culture platform that mimics the properties of the GBM 

microenvironment should contain HA. Pure HA scaffolds are not feasible for this purpose because 

of their insufficient mechanical properties and failure to promote cell adhesion due to their anionic 

nature [302]. Chitosan, a naturally occurring polysaccharide with a chemical structure similar to 

GAGs, is cationic and biocompatible [294].  When blended together, chitosan and HA form a 

stable, polyelectrolyte complex (PEC) combining the positive attributes of both materials, 

representing a rational material system to recapitulate brain ECM for in vitro GBM cell culture. 
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Fabrication of chitosan–hyaluronic acid (CHA) PEC scaffolds can be accomplished via thermally 

induced phase separation (TIPS) of an aqueous phase and polymer-rich phase followed by 

lyophilization resulting in a highly porous structure amenable to cell culture.  

As summarized in Table 7.1, the hyaluronic acid content of PEC scaffolds remained 

constant (1 wt%) whereas the chitosan concentration varied from 2 wt% to 8 wt%. With 1 wt % 

HA in all scaffolds, the overall scaffold polymer content was 1.5 wt% (“2% CHA” scaffold), 2.5 

wt% (“4% CHA” scaffold), or 4.5 wt% (“8% CHA” scaffold).  

Figure 7.1a displays hydrated CHA scaffolds where 2% CHA appears most translucent 

due to low polymer content. Figure 7.1b-g depicts the scaffold microstructure as observed using 

scanning electron microscopy (SEM). CHA scaffolds of all compositions are highly porous with 

interconnected pores. The formation of a porous structure is attributed to the phase separation of 

the aqueous solvent and PEC, followed by solvent crystal nucleation and growth during the 

freezing step. The open porous structure remains following sublimation during lyophilization. The 

2% CHA scaffold (Figure 7.1b, c) displays a more bimodal pore distribution with small pores 

embedded in larger pores, forming interconnections between adjacent pores. As the polymer 

content increased to 8% CHA (Figure 7.1f, g), the presence of these small interconnections 

decreased due to the increase in solution viscosity. The viscosity of the higher polymer content 

solution hinders dendritic ice crystal formation, thereby decreasing the interconnections between 

adjacent walls of the pore structure [46, 303]. Figure 7.1h summarizes the apparent density of 

CHA scaffolds, which increased with increasing polymer concentration and is significantly 

different among all scaffold compositions (p ≤ 0.05).  By visual examination, hydrated 8% CHA 

scaffolds were more opaque than 4% and 2% CHA scaffolds (Figure 7.1a). This trend of 
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increasing density with increasing polymer concentration was expected as more polymer is present 

per scaffold volume.  

 

Figure 7.1. Physical properties of CHA scaffolds. (a) Macroscale photograph of D-PBS-

hydrated CHA scaffolds (left to right: 2% CHA, 4% CHA, 8% CHA). Representative 

scanning electron micrographs of (b-c)_2% CHA,  (d-e) 4% CHA, and (f-g) 8% CHA 

scaffolds depicting a highly porous scaffold microstructure.  Scale bars represent (a) 4 mm, 

(b, d, f) 300 µm, and (c, e, g) 100 µm. (h) Apparent density of CHA scaffolds presented as 
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mean ± SD (n = 8). (i) Total scaffold porosity presented as mean ± SD (n=12) and (j) pore 

area of CHA scaffolds (n = ≥ 90) where “+” denotes mean pore size. P-values were 

calculated using one-way ANOVA where (*) indicates a significant difference from all 

other conditions (p ≤ 0.05). 

 

Liquid displacement was utilized to measure bulk scaffold porosity, which was greater than 

90% for all scaffold compositions (Figure 7.1i), thereby confirming the presence of interconnected 

pores. Importantly, an open, interconnected pore structure is critical for maintenance of healthy 

cells in vitro by allowing for diffusion of nutrients, oxygen, and waste. The porosity of 8% CHA 

scaffolds (94%) is significantly lower than that of 2% CHA (99%) and 4% CHA (98%) scaffolds 

(p≤ 0.05), which corresponds to higher polymer content, thicker pore walls, and decreased 

interconnections between pores. 

The pore diameter associated with the different scaffold compositions was estimated and 

compared by measuring the area of pore cross-sections from SEM micrographs. Figure 7.1j 

presents the mean (denoted by “+”), median, interquartile range, and 10/90 margin of the pore size 

distribution for each scaffold composition. The median pore size, in terms of cross-sectional area, 

was 2.51  104 µm2, 1.99  104 µm2, and 1.41  104 µm2 for the 2%, 4%, and 8% CHA scaffolds, 

respectively, with the 2% CHA scaffold containing significantly larger pores (p≤ 0.05). The CHA 

scaffold pores were not perfectly spherical. thereby precluding direct measure of pore cross-

sectional diameter. For reference, if the average pore areas reported above represented circular 

pore cross-sections, the corresponding pore diameters would be approximately 179 µm (2% CHA), 

159 µm (4% CHA), and 134 µm (8% CHA). These values fall in the range of relevant pore sizes 

for porous scaffolds useful for in vitro cell culture [304-306]. Overall, there was a trend of 

decreasing pore size associated with increasing polymer content.  
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7.4.2. FTIR analysis of the CHA polyelectrolyte complex 

The CHA scaffolds were analyzed using FTIR to confirm the formation of a CHA 

polyelectrolyte complex after blending individual polymer solutions (Figure 7.2). In the range of 

2800–3500 cm−1, two broad absorption bands characteristic of polysaccharide structures are visible 

for all five spectra. These bands represent the O-H stretching vibration (3000–3700 cm−1) and the 

C-H stretching vibration (2800–3000 cm−1) [307]. In the fingerprint regions of the spectra (Figure 

7.2, right panel), amide and carbonyl vibrations result in several distinctive bands between 1500 

cm−1 and 1700 cm−1. The chitosan spectrum (Figure 7.2i) displays two characteristic bands: a 

prominent amide I band (C=O vibration) at 1653 cm−1 and the overlapping amide II band as well 

as the N-H bending vibration of the deacetylated amine groups at 1570 cm−1 [182]. The carbonyl 

stretching vibration region of the HA spectra (Figure 7.2v) (1500–1800 cm−1) reveals three 

absorption bands where the highest intensity peak at 1618 cm−1 is derived from the asymmetric 

stretching vibration of the carbonyl group (COO-) [307]. Additionally, the carbonyl band overlaps 

an amide I shoulder (-C=O- stretching of carboxylic acid groups) at 1648 cm−1 and an amide II 

band at 1579 cm−1.  
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Figure 7.2.  Chemical analysis confirming CHA polyelectrolyte complex (PEC) in 

scaffolds. Fourier transform infrared spectroscopy (FTIR) analysis of (i) pure chitosan, (ii) 

8 wt%, (iii) 4 wt%, and (iv) 2 wt% CHA PEC scaffolds, and (v) pure hyaluronic acid.  

 

In the spectra representing CHA blends, Figure 7.2(ii-iv), the amide II band intensifies and 

shifts to lower wavelengths (~1560 cm−1) when compared to the pure chitosan or pure HA spectra. 

The amide I band (~1648 cm−1), prominently displayed in the pure chitosan, is more pronounced 

in CHA blends, but presents as a small shoulder to the carbonyl stretching vibration band in pure 

HA. Additionally, a prominent peak in HA at 1409 cm−1 is mirrored in all CHA blends with a 

similar high intensity, but the peak intensity is lower in the pure chitosan. These peak shifts and 

changes in band intensities suggest the formation of a PEC between the positive amino groups in 

chitosan and the negative carboxyl groups in HA [182]. 
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7.4.3. Mechanical properties of CHA scaffolds 

CHA scaffold stiffness was determined via mechanical testing under compression of 

hydrated scaffolds. Figure 7.3a displays representative compressive stress–strain curves for 

hydrated CHA scaffolds of varying polymer composition. As the polymer concentration and 

density of the scaffolds increase, the characteristic regimes for compressing polymer foams are 

more pronounced and are best depicted by the 8% CHA scaffold. Here, the scaffold initially 

experiences linear elastic deformation followed by a slight plateau where the stress is less affected 

by each successive increase in strain, and finally densification, where the pore walls collapse, and 

the polymer is compressed as a bulk solid [308].  The differing densities among the scaffolds are 

apparent during the densification phase where stress loading on the scaffold increases with 

polymer content. Figure 7.3b shows that the compressive Young’s modulus of fully hydrated 

CHA scaffolds increases with increasing polymer content from approximately 1.41 kPa for 2% 

CHA to 27.7 kPa for 8% CHA. The compressive moduli of all scaffolds are significantly different 

(p≤ 0.05), and the moduli range is biologically relevant. Native brain tissue has a compressive 

modulus in the range of ~0.2–1 kPa [309, 310], and glioma tissue is thought to be stiffer, although 

conclusive values have not been determined due to the challenges associated with procuring test 

samples of relevant size [167, 310]. Netti et al., reported a compressive modulus of 26 kPa for 

tumors generated from human GBM cells using a mouse xenograft model [311].  
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Figure 7.3.  Increasing compressive stiffness with increasing polymer content in hydrated 

CHA scaffolds. (a) Representative compressive stress–strain curves of hydrated CHA 

scaffolds and (b) mean compressive moduli where the moduli of all scaffolds are 

significantly different (n = 8). (*) indicates significant difference from all conditions (p ≤ 

0.05). 

 

7.4.4. Proliferation and morphology response of GBM to varied CHA scaffold stiffness 

GBM cells were cultured in vitro for 12 days to evaluate cell proliferation in response to 

the CHA scaffold microenvironment at varying polymer contents. The growth kinetics of U-87 

MG RFP cells cultured on 2D TCPS and CHA scaffolds were quantified by measuring cell 

metabolic activity as a function of fluorescence intensity (Figure 7.4). The proliferation rate 

increased significantly (p≤ 0.05) for 2D monolayer cells cultured on TCPS, reaching confluence 

by day 7. The initiation of substantial cell proliferation did not appear until day 3 for all scaffold 

conditions. Increasing cell number with culture time was observed for all scaffolds, but no 

statistical difference in cell number among CHA conditions was discerned. Diffusion limitations 
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and the high surface area in 3D systems have been cited as reasons for differences in 2D and 3D 

culture proliferation rates [312]. Additionally, the growth rates in 3D culture in the presence of 

increased cell–cell and cell–matrix interactions may be more indicative of native cell behavior 

[304, 306].  

 

Figure 7.4.  Growth kinetics of U-87 MG RFP cells cultured on 2D and CHA scaffolds 

using the alamarBlue® metabolic assay (n = 4). (*) Proliferation in the 2D culture condition 

was significantly higher than all 3D conditions (p ≤ 0.05). 

 

The influence of CHA scaffold stiffness on cell morphology was evaluated using confocal 

imaging of the red fluorescent protein-expressing U-87 MG cells (U-87 MG RFP) at day 2, 6, and 

12 (Figure 7.5). At day 2, single cells attached to the pore walls were observed on all scaffolds. 

On day 6, a higher density of single cells and some small cell aggregates formed within 8% CHA 
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scaffolds. By day 12, tumor spheroids were visible on all scaffolds. Cell aggregates on 2% CHA 

scaffolds were smaller than the spheroids present on 4% and 8% CHA scaffolds. The highest 

density of tumor spheroids was seen on the stiffest CHA scaffold (8%). Differences in spheroid 

size and density were not reflected in the metabolic assay with all CHA scaffolds exhibiting similar 

growth curves. This may be due to diffusion limitations such that the metabolic activity measured 

is limited to cells on the outer surface of spheroids. Tumor sphere morphology is linked to a more 

clinically relevant GBM behavior and often yields tumors with enhanced malignant potential 

[312], indicating that the 4% and 8% CHA scaffolds may be well suited for use as in vitro GBM 

tumor models. 
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Figure 7.5.  Fluorescence imaging of U87-MG RFP cells (red) progressing from single 

cells to spheroids after 12 days when cultured on 2%, 4%. and 8% CHA scaffolds.  CHA 

scaffolds are visible (green) due to autofluorescence. The scale bar represents 300 µm.   
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7.4.5. Drug response of GBM cells in CHA scaffolds with varied stiffness 

GBM cells cultured on 2D TCPS and CHA scaffolds for 12 days were treated with a 

common cancer chemotherapeutic, temozolomide (TMZ), and the drug response was assessed. 

Cells were exposed to doses of TMZ ranging from 0–4000 µM for 72 hours before viability was 

evaluated with alamarBlue® (Figure 7.6). GBM cells in CHA scaffolds displayed increased drug 

resistance relative to those on 2D for TMZ doses greater than 40 µM. The TMZ ED50 for cells 

cultured in 2D (133 µM) is consistent with similar studies reporting 2D culture of U-87 cells [313]. 

The highest cell viability and thus greatest resistance to TMZ-induced cell death, was associated 

with cells cultured in 8% CHA scaffolds. Increased drug resistance of cells cultured in CHA 

scaffolds may be the result of diffusion gradients, where the TMZ must penetrate the porous 

scaffold to reach the cells. This is in contrast to 2D culture conditions where all cells are equally 

exposed. Cells cultured in 8% CHA exhibited a statistically significant increase in resistance to 

TMZ-induced cell death, as compared with other 3D CHA cultures. This may reflect diffusion 

gradients within individual tumor spheres, where TMZ was unable to reach cells localized at the 

core. 
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Figure 7.6. Dose-dependent response of U87-MG RFP cells after 12 days of culture and 

72 hrs after TMZ exposure. CHA scaffolds containing 3D tumor spheres showed increased 

ED50 relative to 2D culture, signifying increased drug resistance. Viability was determined 

using the alamarBlue® assay (n = 4). (*) indicates significant difference from 2% CHA 

condition (p ≤ 0.5). (**) indicates all scaffolds are significantly different from each other 

(p ≤ 0.5). (+) indicates significant difference from 2D (p ≤ 0.05).  
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7.4.6. Gene expression of GBM cells in CHA scaffolds with varied stiffness 

To better understand the influence of CHA scaffolds on GBM cell characteristics and 

behavior, the expression profile of a subset of relevant genes was assessed. Markers of 

chemoresistance (ABCG2), hypoxia (HIF-1α), and invasion (CD44, MMP-2, and TWIST1) were 

analyzed using quantitative real-time PCR (qRT-PCR) (Figure 7.7a) where, in general, 

upregulation of gene expression was observed for cells cultured on stiffer CHA scaffolds. Here, 

expression of ABCG2, a member of the ATP-binding cassette (ABC) transporters super family, 

was upregulated in cells cultured on 4% CHA (3.3 ± 0.23 fold) and 8% CHA (21.0 ± 1.6 fold) 

scaffolds relative to the 2D and 2% CHA cultures. In glioma, post-treatment tumor recurrence has 

been linked to a subpopulation of cells that express chemotherapeutic drug resistance. A potential 

mechanism of this resistance is increased drug efflux, leading to increased cell survival [314].  

ABCG2 functions as an efflux pump for chemotherapeutic drugs like TMZ, and its increased 

expression has been implicated in cell self-renewal and poor patient prognosis [315]. 

Cellular response to hypoxia, or insufficient tissue oxygenation, is mediated by the 

hypoxia-inducible factors (HIF) transcription factor family and contributes to aggressive tumor 

phenotypes, drug resistance, and poor prognosis [316]. The HIF-1α protein is over expressed in a 

variety of common solid tumors [317].  As expected, in a 3D microenvironment containing 

diffusion gradients, expression of HIF-1α was upregulated greater than 3-fold for all CHA 

conditions relative to 2D (Figure 7.7a). Expression of genes regulated by HIFs is implicated in 

influencing many of the cancer “hallmarks” such as unchecked proliferation, apoptosis, invasion, 

metastasis, and appears to contribute to increased resistance to chemotherapy and radiation [316, 

317]. 
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Figure 7.7. Gene expression and morphology of cells cultured on different substrates. (a) 

Relative expression displaying increased drug resistance and invasion specific genes in 3D 

scaffolds by U87-MG RFP cells after 12 days of culture (n = 3). Error bars represent 

standard error of mean. Scanning electron micrographs of GBM cells in (b) 2% CHA, (c) 

4% CHA, and (d) 8% CHA where tumor sphere morphology increases with increasing 

stiffness. Histological staining (H&E) of tumor spheroids on (e) 2% CHA, (f) 4% CHA, 

and (g) 8% CHA scaffolds. Scale bars represent 100 µm (b-d) and 50 µm (e-g).  
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Cell invasion in GBM, a key factor in tumor recurrence and poor prognosis, is driven by 

cell motility, ECM degradation, and the epithelial to mesenchymal transition (EMT). Cell motility 

in the extracellular matrix is promoted by CD44, a principal cell surface hyaluronic acid receptor 

that plays a key role in cell adhesion [318]. When cultured for 12 days in 8% CHA scaffolds, GBM 

cells displayed an increase in CD44 expression (25.8 ± 3.3 fold) relative to those on the 2D control 

(Figure 7.7a). The CD44 signaling cascade in glioma is an important driver of tumor invasion, 

and upregulation of CD44 here was likely a response to the HA content of the scaffold indicating 

increased cell motility [319, 320]. 

Matrix metalloproteinase (MMP) expression is upregulated when invasion occurs via ECM 

degradation and specifically, expression of MMP-2 is considered a marker of GBM cell 

invasiveness [321]. MMP-2 expression was upregulated (>12 fold) for all CHA scaffolds relative 

to the 2D control indicating increased cell-matrix interactions. TWIST1 expression is also 

frequently upregulated in gliomas with elevated expression of MMP-2 and cell invasion genes. 

TWIST1 is considered an essential therapeutic target in GBM because the TWIST transcription 

factors act to repress cell–matrix adhesion, a hallmark of a more invasive cancer cell phenotype 

[322-324].  Relative to 2D monolayer culture, TWIST1 expression by GBM cells cultured in all 

CHA scaffolds was upregulated (> 45 fold) (Figure 7.7a). TWIST1 expression in the 2% CHA 

was slightly higher than 4% and 8% CHA scaffolds. This may be attributed to increased cell–

matrix interactions in the 2% CHA scaffold due to the presence of single cells and small cell 

clusters. Importantly, upregulation of markers implicated in increased chemoresistance, invasion, 

and EMT provides further evidence that the biochemical and biomechanical properties of the 8% 
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CHA scaffold may be an excellent in vitro model for study of GBM pathogenesis and drug 

interactions. 

Further characterization of cell and tumor sphere morphology was completed with SEM 

and histological staining. Scanning electron micrographs (Figure 7.7b-d) show the presence of 

tumor spheroids within the CHA scaffolds. This confirms the morphology observed using 

fluorescence microscopy and indicates that formation of GBM cell tumor spheroids is not limited 

to the scaffold surface. GBM cells present within 2% CHA scaffolds (Figure 7.7b) appear to form 

multicellular aggregates surrounded by disperse single cells that do not resemble the spheroids 

observed in 4% and 8% CHA scaffolds (Figure 7.7c and 7.7d, respectively). The SEM and 

confocal microscopy (Figure 7.5) results were further confirmed by histological staining (Figure 

7.7e-g), again showing tumor spheroids with increasing diameter as polymer content and scaffold 

stiffness increased. Overall, the formation of cell aggregates and tumor spheroids within CHA 

scaffolds indicates that the 3D scaffolds provide a more biomimetic microenvironment than 2D 

TCPS, likely by allowing cells to form more cell–cell and cell–ECM contacts. The dramatic 

difference in GBM cell morphology between monolayer culture and CHA scaffold culture may 

indicate a more primitive cancer cell phenotype in the latter. 

7.5. CONCLUSIONS 

Chitosan–hyaluronic acid PEC scaffolds were fabricated with varying chitosan content 

leading to significant differences in scaffold total density, porosity, microstructure, and 

compressive modulus. Overall, an increase in polymer content led to a higher apparent density, 

lower total porosity, smaller pore area, and higher compressive modulus. The scaffolds 

characterized in this work exhibited 90% total porosity, pores on the order of 100–200 µm in 

diameter and compressive moduli in a range that encompasses native brain tissue to tumor tissue. 
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When scaffolds were utilized for culture of U-87 MG RFP cells, cells formed small, irregularly 

shaped aggregates on 2% CHA scaffolds and tumor spheroids in 4% and 8% CHA scaffolds. 

Differences in cell morphology and proliferation among the CHA scaffold conditions examined 

suggest an effect of matrix stiffness on GBM cells in vitro. The 8% CHA scaffold formed larger 

tumor spheres with increased drug resistance, and elevated expression of drug resistance, hypoxia, 

and invasion-related genes. CHA scaffolds represent a useful tool for in vitro culture of GBM cells 

in a spheroid morphology allowing modeling of the relationship between GBM cells and the 

surrounding tumor microenvironment.  The ability to tune matrix stiffness allows for extended 

investigation of cancer cell behavior during tumorigenesis, providing a tool to target and study 

therapy effectiveness at different stages of cancer progression.  

 

**This chapter is reprinted with permission from: 

A. E. Erickson, S. K. Lan Levengood, J. Sun, F. C. Chang, M. Zhang. “Fabrication and 

Characterization of Chitosan–Hyaluronic Acid Scaffolds with Varying Stiffness for Glio-blastoma 

Cell Culture.” Adv Healthcare Mater 1800295., doi: 10.1002/adhm.201800295 (2018). 
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Chapter 8: CHITOSAN-BASED COMPOSITE BILAYER SCAFFOLD 

FOR OSTEOCHONDRAL DEFECT REGENERATION 

 

 

 

8.1. ABSTRACT 

Prolonged osteochondral tissue damage can result in osteoarthritis and decreased quality of life. 

Multiphasic scaffolds, where different layers model different microenvironments, are a 

promising treatment approach, yet stable joining between layers during fabrication remains 

challenging.  We fabricated a bilayer scaffold for osteochondral tissue regeneration using 

thermally induced phase separation (TIPS). The articular cartilage region was optimized for 

hyaluronic acid content and stiffness, while the subchondral bone region was defined by higher 

stiffness and osteoconductive hydroxyapatite content. Two distinct polymer solutions were 

layered before TIPS, and the resulting porous, bilayer scaffold was characterized by seamless 

interfacial integration and a mechanical stiffness gradient reflecting the native osteochondral 

microenvironment. Following co-culture with chondrocyte-like (SW-1353 or mesenchymal stem 

cells) and osteoblast-like cells (MG63), cell proliferation and migration to the interface, along 

with increased gene expression associated with relevant markers of osteogenesis and 

chondrogenesis, indicates the potential of this bilayer scaffold for osteochondral tissue 

regeneration.  
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8.2. INTRODUCTION 

Osteochondral tissue is composed of an articular cartilage region and a subchondral bone 

region with a calcified cartilage interface linking the two distinct microenvironments. 

Osteochondral defects arise when damage or disease affect both regions [325] and treatment 

options vary from bone marrow stimulation to chondrocyte and/or graft transplantation [326, 

327]. However, these treatments are associated with inherent complications [325, 328-330]. For 

example, therapies only targeting the cartilage zone without consideration of the interface or 

subchondral bone result in increased defect size, a weak tissue interface, and structural 

degradation of the underlying bone [331, 332]. Regeneration of osteochondral defects is 

nontrivial and requires synchronized vascularization and calcification in the bone region 

concurrently with avascular collagen deposition in the cartilage region [325].  

Tissue engineering (TE) scaffolds provide a three-dimensional (3D), biodegradable 

template for cell attachment/differentiation. TE scaffolds can be used for treatment of 

osteochondral defects by providing synchronized, yet segregated support of two distinct cell 

populations with differing biochemical and biomechanical requirements. Monophasic scaffolds 

are inadequate mimics of the native microenvironment and therefore unable to simultaneously 

support chondrogenesis and osteogenesis. Thus, various bilayer and multilayer (3+ layers) 3D, 

porous scaffolds have been fabricated to address the unique characteristics of the osteochondral 

microenvironment. Porous scaffolds that mimic osteochondral extracellular matrix (ECM) are 

fabricated with a wide range of physical properties including tailored pore size [333-335], pore 

shape [336], mineral content [337, 338], or biochemical gradients [339, 340]. These studies 

demonstrate the efficacy of multilayer or multiphasic scaffolds in vitro [339, 341] and in vivo 

[342, 343]. Although promising, limitations of multiphasic scaffolds include time-consuming, 
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iterative fabrication or joining procedures [339], as well as inadequate or unstable interfacial 

regions between layers. These significant limitations indicate a need for further innovation in the 

design and optimization of such scaffolds for osteochondral tissue engineering.  

Synthetic polymers are often used in bone tissue engineering due to their superior 

mechanical integrity relative to natural polymers. However, synthetic polymers have slow 

degradation rates, harmful degradation products, and lack cell attachment and differentiation 

cues [344]. Natural polymers are more biocompatible, but their mechanical properties are 

suboptimal for many tissue engineering applications. Polyelectrolyte complexes (PECs), such as 

chitosan-alginate [46, 64] and chitosan–hyaluronic acid [182], formed via ionic interactions 

between natural cationic and anionic polymers,  possess enhanced integrity and stiffness. 

Further, the addition of bioactive cues to PEC scaffolds promotes cell attachment, proliferation, 

and differentiation. The incorporation of bioactive cues specific to the distinct 

microenvironments present in native osteochondral tissue can promote tissue regeneration [341, 

345-347]. 

In this study, we present a bilayer scaffold with a stable, calcified transition zone 

fabricated via a thermally induced phase separation (TIPS) fabrication process. The scaffold has 

two regions. The first region, a chitosan–hyaluronic acid cartilage layer, is defined by relatively 

lower stiffness and the presence of  hyaluronic acid (HA), a glycosaminoglycan key to 

chondrocyte attachment and differentiation [345, 346]. The second region, a chitosan–alginate 

bone layer, was optimized for higher stiffness and osteoconductive hydroxyapatite nanorod (6% 

CA + HAp) content. Chitosan was selected as a major component of the bilayer scaffold as it 

supports attachment and proliferation of both osteoblasts [25, 62] and chondrocytes [64]. This 

report describes how each layer of the scaffold, or each base scaffold, was optimized to reflect 
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structural, physical, and biological properties unique to the osteochondral microenvironment. 

The scaffold design process required a multi-step optimization involving material 

characterization and in vitro cell-based evaluation. By combining two distinct scaffolds 

optimized for cartilage and bone, respectively, using TIPS fabrication processes, a region 

between the two layers was established, resulting in a gradient transition zone resembling that of 

native osteochondral tissue. The biological performance of the optimized scaffold was 

characterized to investigate scaffold potential for osteochondral tissue engineering applications. 

8.3. MATERIAL AND METHODS 

8.3.1. Materials 

Unless otherwise stated, all chemicals were purchased from Sigma Aldrich and used as 

received. Scaffolds were synthesized using chitosan (from shrimp shells, practical grade, MW = 

190–375 kDa, > 75% deacetylated), hyaluronic acid sodium salt (from Streptococcus equi, MW 

= 1.5–1.8  106 Da) and alginic acid sodium salt (from brown algae, medium viscosity). All 

tissue culture reagents (antibiotic–antimycotic (AA), Dulbecco’s phosphate buffered saline (D-

PBS), Dulbecco’s modified Eagle medium (DMEM), TripLE, trypsin, and fetal bovine serum 

(FBS) were purchased from Life Technologies. Human chondrocyte-like (SW-1353) and human 

osteoblast-like (MG63) cells were used as received (American Type Culture Collection, 

Manassas, VA). Rat bone marrow derived mesenchymal stem cells (MSC) were isolated from 

Sprague-Dawley rat bone marrow aspirate as previously described [348] and cultured in fully 

supplemented DMEM. Cells were maintained according to manufacturer’s instructions in fully 

supplemented DMEM with 10% FBS and 1% AA at 37°C and 5% CO2 in a fully humidified 

incubator. 

8.3.2. Scaffold fabrication 
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8.3.2.1. Base Scaffold 

Six different scaffolds (Table 8.1) were fabricated for optimization of the base scaffolds for the 

cartilage or bone regions. Pure chitosan (C) [60], chitosan–alginate (CA) [284, 305], and 

chitosan–hyaluronic acid (CHA) [182, 306] were prepared as previously reported. During 

scaffold fabrication, all homogenization steps were performed three times at 2000 RPM for 3 

min using a Thinky mixer (ARM-300, Thinky USA, Laguna Hills, CA).  

We fabricated 4 wt% pure chitosan scaffolds (4% C) by first adding 4 grams of chitosan 

to a 1 wt% acetic acid solution. For 6 wt% pure chitosan scaffolds (6% C), 6 grams of chitosan 

were added to a 2 wt% acetic acid solution. The higher acetic acid concentration was used to 

ensure dissolution of chitosan at the higher polymer concentration. Both solutions were 

homogenized, aged overnight at room temperature to ensure complete dissolution, and cast into a 

24-well plate at 3 mL per well. 

To fabricate 4 wt% chitosan–alginate scaffolds (4% CA), 4 grams of alginate were 

dissolved in 199 mL of DI water and stirred using a Thinky mixer. Upon alginate dissolution, 

chitosan (4 grams) and acetic acid (1 gram) were added and the solution was homogenized until 

dissolved. For 6% CA scaffolds, 6 grams of alginate was dissolved in 198 mL of DI water 

followed by the addition of 6 grams of chitosan and 2 grams of acetic acid. Upon chitosan 

dissolution, the polymer solutions were mixed in a blender for 5 min, cooled in a cold-water bath 

to prevent polymer solution overheating, and mixed in a blender again for 5 min. The scaffold 

solution was cast into a 24 well-plate at 3 mL per well.  

We fabricated 4 wt% chitosan – hyaluronic acid (4% CHA) scaffolds by first preparing 

the chitosan and HA polymer solutions separately. Chitosan (4 wt%) and HA (1 wt%) were 

separately dissolved in 1 wt% acetic acid.  For 6% CHA scaffolds, chitosan (6 wt%) was 

dissolved in 2 wt% acetic acid, to ensure dissolution of chitosan at the higher polymer 
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concentration. The HA solution was created by dissolving 1 wt% HA in a 1 wt% acetic acid 

solution. Chitosan and HA polymer solutions were individually homogenized and aged overnight 

at room temperature. After dissolution, chitosan and HA polymer solutions were combined, 

homogenized, and mixed in a blender for 1 min. The resultant polymer solution was cast into a 

24-well plate at 3 mL per well.  

All 24-well plates containing the polymer solutions were centrifuged for 1–5 min at 2000 

RPM to remove air bubbles, refrigerated for  12 hours, frozen at −20°C for  24 hours, and 

lyophilized using a Labconco Freezone 6 freeze dryer. 

Table 8.1 summarizes the scaffold naming conventions. Naming conventions are based 

on a ratio of polymer mass to total solution volume. Specifically, for pure chitosan (C) scaffolds, 

the total polymer content (wt%) was equivalent to the amount of solubilized chitosan. A 6% pure 

chitosan scaffold contains 6 wt% chitosan. For CA scaffolds, the total polymer content was 

equivalent to the amount of solubilized chitosan plus the amount of solubilized alginate. A 6% 

CA scaffold contained 3 wt% chitosan and 3 wt% alginate for a 6 wt% total polymer content. 

HA has poor solubility and high viscosity at moderate concentrations. Therefore, 1 wt% 

HA was the highest concentration used. The association between the naming convention of CHA 

scaffolds and the total polymer content is different from the C and CA scaffolds. Importantly, the 

naming convention, which is based on the chitosan concentration prior to blending, remains 

consistent with scaffolds presented in literature [182]. A 6% CHA scaffold contains a 6 wt% 

chitosan solution blended with a 1 wt% HA solution for a total of 3.5 wt% polymer.  
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Table 8.1 Scaffold naming nomenclature and composition.  

Scaffold 
Type 

Solution Fabrication (wt%) 

Total Polymer (wt%) 

Step 1 Step 2 

4% C 4% C in 1% AA               --- 4% C 

6% C 6% C in 2% AA               --- 6% C 

4% CA 2% A in DI water 2% C in 0.5% AA 2% A + 2% C = 4% CA 

6% CA 3% A in DI water 3% C in 1% AA 3% A + 3% C = 6% CA 

4% CHA 4% C in 1% AA 1% HA in 1% AA 2% C + 0.5% HA = 2.5% CHA 

6% CHA 6% C in 2% AA 1% HA in 1% AA 3% C + 0.5% HA = 3.5% CHA 

C = chitosan, A = alginate, HA = hyaluronic acid, AA = acetic acid, CA = chitosan+alginate, CHA 
= chitosan+hyaluronic acid. 

 

8.3.2.2. Composite chitosan–alginate + hydroxyapatite scaffolds  

Hydroxyapatite nanorods (HAp) were synthesized based on a previously reported procedure 

[349] with slight modifications to obtain processing conditions encompassing ambient pressure 

and body temperature. Briefly, 0.75 M sodium citrate was added by drops to 0.1 M calcium 

nitrate. Sodium hydroxide was used to adjust pH to 9 and the solution was aged for 30 min at 

room temperature. A 0.06 M sodium phosphate monobasic solution was prepared, adjusted to pH 

9, and then aged for 30 min. Under constant stirring, the solutions were mixed to achieve a 

precipitate with a Ca/P ratio of 1.67. The mixture was heated to 37°C under constant stirring for 

2 days while maintaining a pH of 9.  The nanorod precipitate (HAp) was filtered, washed with 

DI water, and dried at 70°C overnight. HAp was added to a 6% CA polymer solution (synthesis 

outlined above) to obtain concentrations of 0.1 wt%, 0.25 wt%, 0.5 wt%, 1 wt%, 2 wt%, and 3 

wt% HAp. The composite polymer solution was blended, homogenized, and cast in a 24-well 
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plate at 3 mL per well. The plate was centrifuged at 1000 RPM for 5 min, refrigerated for  12 

hours, placed in a −20°C freezer for  24 hours, and lyophilized using a Labconco freeze dryer.  

 

8.3.2.3. Bilayer scaffolds 

The complete bilayer scaffold fabrication process is summarized in Figure 8.1a. During scaffold 

fabrication, all homogenization steps were conducted using a Thinky mixer three times at 2000 

RPM for 3 min. Solutions for each layer of the bilayer scaffold were prepared separately. For the 

cartilage layer, a 4% CHA solution was produced by dissolving chitosan (4 wt%) and HA (1 

wt%) separately in 1 wt% acetic acid. Chitosan and HA solutions were individually 

homogenized and aged overnight at room temperature. The polymer solutions were then 

homogenized and mixed in a blender for 1 min. Wells of a 24-well plate were filled with 1.5 mL 

of the 4% CHA polymer solution per well. The plate was then centrifuged and refrigerated for 1 

hour to yield a firmer and more viscous solution. For the bone layer, a 6% CA + 0.5% HAp 

material solution was prepared by dissolving 6 grams of alginate in 198 mL of DI water and 

homogenizing. Upon dissolution, chitosan (6 grams) and acetic acid (2 grams) were added and 

the solution was homogenized, mixed in a blender for 5 min, and cooled in a cold-water bath. 

Hydroxyapatite nanorods (0.5 wt%) were then dispersed in the CA polymer solution. The 6% 

CA + HAp polymer solution was blended for 5 min and then mixed at 2000 RPM for 3 min with 

a Thinky mixer to eliminate bubbles. Then, 1.5 mL of the polymer solution was gently cast in 

each well on top of the refrigerated 4% CHA solution in a 24-well plate. The layered polymer 

solutions were centrifuged at 2000 RPM for 5 min to integrate the interface, refrigerated for  12 

hours, frozen at −20°C for  24 hours, and lyophilized using a Labconco freeze dryer.  
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Figure 8.1. Bilayer scaffold synthesis and co-culture cell seeding.  (a) The three-step 

fabrication process includes: (1) synthesis of HAp nanorods using a chemical 

precipitation method, (2) individual preparation of the 4% CHA and 6% CA + HAp 

solutions, and (3) layering the two solutions, freezing, and lyophilizing to achieve a 

gradient scaffold with an integrated interface region. (b) Co-culture seeding scheme in 

the bilayer scaffold where SW-1353 or MSC cells are first seeded in the cartilage layer 

(4% CHA), the scaffold is then flipped, and MG63 cells are seeded in the bone layer (6% 

CA + HAp). 
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8.3.2.4. Scaffold neutralization and sterilization.  

All base and HAp-integrated scaffolds were cut into 2 mm-thick disks, quartered, and neutralized 

and/or crosslinked as summarized in Table S8.1. The bilayer scaffolds were cut into 6 mm-thick 

cylinders, quartered, and simultaneously neutralized and crosslinked. Neutralization, 

crosslinking, and sterilization steps were conducted under vacuum.  All crosslinked/neutralized 

scaffolds were rinsed 3 times with DI water, and soaked in D-PBS or DI water on a shaker at 60 

RPM overnight. After ethanol sterilization, all scaffolds were rinsed three times and soaked 

overnight in sterile D-PBS to remove residual ethanol. Before cell seeding, the scaffolds were 

transferred to fully supplemented cell culture media for at least 2 hours.   

8.3.3. Microscopy 

Scaffold pore morphology was visualized with a scanning electron microscope (SEM, 

JEOL JSM-7000F). Specifically, dry scaffolds were mounted on stubs using carbon tape and 

coated with Au/Pd for 60 seconds before imaging. HAp nanorod samples were prepared using a 

copper grid and imaged with a Transmission Electron Microscope (TEM, Philips EM430 TEM). 

8.3.4. Pore Size Measurement 

Individual pore areas were measured from SEM micrographs using ImageJ software. At 

least 14 pores were measured per base scaffold condition to determine mean pore area. For the 

bilayer scaffold,  35 pores were measured in each layer. Pores were outlined using the freehand 

selection function in ImageJ and the area measured. Pore diameter was estimated using the mean 

pore area and assuming pores were a perfect circle. 

8.3.5. Mechanical Testing 

Compression testing was conducted with a Shimadzu Universal tester (AGS-X) using a 

100 N load cell at a strain rate of 0.4 mm/min. Scaffolds were cut into 2-mm thick disks and 

tested in dry and hydrated states. Hydrated samples were crosslinked and/or neutralized and 
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soaked in D-PBS for  1 hr prior to testing. Testing of bilayer scaffolds was conducted using full 

thickness (6-mm height) hydrated scaffolds. At least four samples were tested per condition. 

8.3.6. Porosity and density measurements 

Bulk density of each scaffold was determined by measuring the scaffold mass to the ten-

thousandth of a gram and the scaffold diameter using micrometers (n = 12). Porosity of bilayer 

scaffolds was measured using a modified liquid displacement method [350, 351]. Specifically, 

the weight (Wi) and volume (Vi) of a dry scaffold was recorded. The scaffold was fully 

submerged in isopropanol for 20 min under vacuum. The isopropanol-impregnated scaffold was 

weighed (Wf). Scaffold porosity (n = 5) was calculated as a ratio of the volume of the solvent in 

the scaffold pores to the volume of the dry scaffold as shown in Equation 8.1, where ρ is the 

density of isopropanol. 

 

Porosity =
(Wf− Wi)/ρ

Vi
 ×  100        (8.1)  

8.3.7. Cell seeding and cell proliferation in base scaffolds 

Base scaffolds were seeded with 20,000 SW-1353, MSC, or MG63 cells suspended in 50 

µL of fully supplemented DMEM. Scaffolds were incubated for 2 hours to allow for cell 

infiltration and attachment before adding fully supplemented media. Media were changed every 

2–3 days for the 14-day culture period. Cell proliferation was evaluated at 2, 7, and 10 days 

using 10% alamarBlue® reagent in fully supplemented media (n = 4 per condition). Scaffolds 

were incubated for 4 hours in the alamarBlue® solution before an aliquot of the solution was 

transferred to a black-bottom 96-well plate. Fluorescence intensity was measured using a 

SpectraMax M5 microplate reader (Molecular Devices, Union City, CA) at an excitation 

wavelength of 560 nm and emission wavelength of 590 nm. Fluorescence intensity was 
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converted to cell number based on standard curves created for each scaffold type/cell line. 

Excess alamarBlue® was aspirated and scaffolds were washed with D-PBS before fresh media 

was added after each time point.  

8.3.8. Cell seeding, cell proliferation, and live cell imaging in bilayer scaffolds 

One cell type was seeded into each layer of the bilayer scaffolds to evaluate metabolic 

activity of co-cultures (SW-1353 + MG63 or MSC + MG63) (Figure 8.1b). This culture 

condition is referenced throughout the text as a “co-culture.” In the cartilage region, 200,000 

cells (SW-1353 or MSC) suspended in 100 µL of fully supplemented DMEM were seeded into 

the 4% CHA layer and incubated for 2 hours to allow cell infiltration and attachment. Scaffolds 

were then flipped and 200,000 MG63 cells in 100 µL of fully supplemented DMEM were seeded 

in the 6% CA + HAp layer. The scaffold was again incubated for 2 hours before the addition of 

fully supplemented media. Media were changed every 2–3 days over the 14-day culture period. 

Proliferative capacity (n = 3) was determined at 2, 4, 7, 10, and 14 days using the alamarBlue® 

assay as described above.  

To view cell distribution and infiltration into the bilayer scaffold, live cell images were 

acquired using a Nikon inverted fluorescent microscope with appropriate filters on a Nikon Ri1 

Color Cooled Camera system (Nikon instruments, Melville, NY). To differentiate cells seeded in 

each layer of the bilayer scaffolds, the SW-1353 or MSC cells were stained with red Vybrant® 

DiI cell-labeling (Molecular Probes, Thermo Fisher) rendering the cells red-orange when excited 

at 549 nm (565 nm emission). Cells (SW-1353 or MSC) were incubated for 30 min in red 

Vybrant® DiI at 1 µg/mL in D-PBS prior to seeding in the cartilage layer. MG63 cells were 

seeded in the bone layer with no prior staining. Before imaging after 1 and 14 days of culture, the 

entire bilayer scaffold was incubated for 30 min in 5 µM calcein AM (Thermo Fisher) in D-PBS. 

Calcein AM is a cell-permeant dye that is converted from colorless to a green-fluorescent calcein 
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after hydrolysis when excited at 495 nm (emission 515 nm), and therefore can be used for 

determination of live cells. Cells in the cartilage layer, SW-1353 or MSC, were double stained 

and emitted both red and green fluorescence, depending on the excitation wavelength, and in the 

bone layer, MG63 were identified as green with no red signal. Merging images using ImageJ and 

Adobe Photoshop, revealed differences in excitation wavelength between DiI (red) and calcein 

AM (green) stained cells and allowed cells in the cartilage layer (SW-1353 or MSC) to be 

visualized as red-orange and bone layer cells (MG63) to be visualized as green.  

8.3.9.  PCR 

After two weeks of culture, we detached cells from the bilayer scaffolds using TripLE 

Express and extracted ribonucleic acid (RNA) by following the manufacturer’s protocol using 

the Qiagen RNeasy kit (Qiagen, Valencia, CA). Following the manufacturer’s instructions, 

iScript cDNA synthesis kit (Bio-Rad, Hercules, CA) was used for reverse transcription (RT) to 

prepare cDNA. DNA transcripts were probed using SoAdvanced Universal SYBR Green 

Supermix (Bio-Rad) with the primers listed in Table S8.2. Thermocycling was performed on 10 

µL of solution containing 5 µL SYBR Supermix, 300 nM primers (Integrated DNA 

Technologies, Coralville, IA), and cDNA concentrated at 4 ng/µL. The thermocycling was 

performed using the BioRad CFX96 System at 95C for 3 min, 40 cycles at 95C for 15 s, and 

60C for 1 min. All qRT-PCR data was analyzed with the CFX Manager software (Bio-Rad) 

where expression levels were normalized to a reference gene, GAPDH. Gene expression between 

conditions was normalized to MG63 expression on 2D tissue culture polystyrene (TCPS) (set to 

1-fold) for comparison. 

8.3.10. Statistical analysis 

All data was analyzed to express mean ± standard deviation unless stated otherwise. The 

data were analyzed using one-sided or two-sided analysis of variance (ANOVA) with post-hoc 
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Tukey multiple comparisons testing for statistical significance (p ≤ 0.05) in GraphPad Prism 7 

(Prism version 7.04, Graph Pad Software, San Diego, CA). 

8.4. RESULTS AND DISCUSSION 

8.4.1. Base scaffold microstructure and other material properties 

Repair of osteochondral defects requires simultaneous support of two cell populations, 

chondrogenic and osteogenic cells, that reside within distinct microenvironments – articular 

cartilage and subchondral bone. Differing biochemical and biomechanical cues in each region 

makes scaffold design challenging, necessitating a multiphasic scaffold approach.  Biochemical 

and biomechanical optimization of the cartilage and bone regions of a bilayer scaffold was 

necessary to accurately mimic the layered osteochondral ECM. Pure chitosan (C), chitosan-

alginate (CA), and chitosan–hyaluronic acid (CHA) base scaffolds were each fabricated with two 

polymer concentrations (4 wt% and 6 wt%) per scaffold composition and screened as candidate 

scaffolds for the cartilage or bone layers of the target osteochondral bilayer scaffold. The 

polymer concentrations were selected based on previous studies showing 4 wt% CA scaffolds 

support osteogenic and chondrogenic cell culture [62, 64]. Scaffold pore structure and 

morphology, observed with SEM (Figure 8.2a), displayed a defined, yet interconnected, open 

pore network for all scaffolds. Despite a similar overall polymer content, the 6% CA scaffolds 

had a significantly smaller mean pore cross-sectional area (1.10  104 µm2) than the 6% C 

scaffolds (2.93  104 µm2), likely due to the increased viscosity of the CA PEC (p ≤ 0.05) 

(Figure S8.1a). Scaffold density (Figure 8.2b), which increased with polymer content,  differed 

among all scaffold compositions, ranging from 0.04 g/cm3 to 0.08 g/cm3, and similar to values 

cited for other highly porous polymeric foams [352].  
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Polymer content and density correlated with the compressive modulus or stiffness of the 

bulk, porous scaffold. The compressive modulus of dry and hydrated scaffolds increased as 

scaffold density increased (Figure 8.2c, d). Overall, the CA scaffolds were the stiffest followed 

by the C scaffolds, and CHA scaffolds. The low compressive modulus of both dry and hydrated 

CHA scaffolds was due to low total polymer content relative to the other scaffold types. 

 

Figure 8.2.  Base scaffold microstructure and physical property characterization.          

(a) SEM images showing pore morphology. Scale bar is 200 µm. (b) Dry bulk density of 
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all scaffolds significantly different (p ≤ 0.05, n = 12). Compressive modulus of (c) dry 

scaffolds in MPa (n = 4) and (d) hydrated scaffolds in kPa (n = 4). *Statistically 

significant from all or specified conditions. **Statistically significant from all conditions, 

except 6% CHA. (p ≤ 0.05)  

 

8.4.2. Cell attachment and proliferation on base scaffolds  

In addition to characterizing and optimizing the physical properties of the scaffold to 

reflect the in vivo microenvironment, the response of relevant cells to the scaffold in terms of 

attachment and proliferation is also critical. Growth profiles for chondrocyte-like cells (SW-

1353), rat bone marrow mesenchymal stem cells (MSC), and osteoblast-like cells (MG63) were 

established for each base scaffold by using the metabolic assay alamarBlue® (Figure 8.3). The 

4% CHA and 6% CHA scaffolds were seeded with chondrocyte-like SW-1353 or MSCs to 

evaluate their support of chondrogenic cells. Human SW-1353 have been used previously to 

evaluate cartilage regeneration [353, 354], and MSCs possess chondrogenic potential. The 4% 

and 6% C and CA scaffolds were seeded with osteoblast-like MG63, a cell line frequently used 

to evaluate osteogenic cell behavior on scaffolds [355, 356]. 
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Figure 8.3. Cell proliferation on base scaffolds. (a) SW-1353 and (b) MSC cultured on 4% and 

6% CHA, and (c) MG63 cultured on 4% C, 6% C, 4% CA, and 6% CA for 10 days (n = 4). 

*Statistical significance within specified time point. (p ≤ 0.05). 

 

8.4.2.1. Cartilage layer scaffold.  

CHA scaffolds were evaluated as a potential chondral layer with the goal of mimicking 

native cartilage ECM comprised heavily of glycosaminoglycans. Chitosan has a proxy 

glycosaminoglycan structure [357] and HA, a component of native articular cartilage, is 

important in tissue homeostasis and chondrogenesis [345, 346, 358]. Combining chitosan and 

HA results in a stable PEC, blending the beneficial properties of both natural polymers. Lower 

polymer concentration scaffolds relative to bone layer scaffolds, as summarized in Table 8.1, 

were investigated for the cartilage layer because chondrocytes prefer lower stiffness substrates 

relative to osteogenic cells. Additionally, lower stiffness substrates may influence mesenchymal 

stem cell fate toward a chondrogenic phenotype [359].    

In native articular cartilage, chondrocytes populate and deposit ECM to maintain healthy 

tissue. Cartilage layer bioactivity was evaluated using chondrocyte-like SW-1353 and MSCs 
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with chondrogenic potential. An increase in metabolic activity from day 2 to day 10 was 

observed for SW-1353 and MSC cells in both 4% and 6% CHA scaffolds (Figure 8.3a, b).  The 

number of MSC cells on 4% CHA scaffolds was significantly higher than the number of MSCs 

on 6% CHA scaffolds at day 10. Based on proliferation and metabolic activity of the SW-1353 

and MSC cells, we selected 4% CHA scaffolds for the cartilage layer of the osteochondral 

scaffold.  

8.4.2.2. Bone layer scaffold.  

Subchondral bone, composed of type I collagen and calcium phosphate, is a stiffer tissue 

than cartilage. Presentation of appropriate stiffness cues is crucial to regeneration of healthy 

tissue because mechanosensing by stem cells is a key factor in lineage mediation. Determining 

the optimal bone layer base scaffold required a two-phase evaluation: (1) characterization of cell 

proliferation on higher stiffness scaffolds to identify the base scaffold material, and (2) addition 

of hydroxyapatite nanorods (HAp) and optimization of HAp content in the base scaffold to 

enhance scaffold osteoconductivity. Osteoblast-like MG63 cells were cultured on the four stiffest 

scaffolds (4% C, 6% C, 4% CA, and 6% CA summarized in Table 8.1) (Figure 8.2c, d), 

resulting in increased metabolic activity for all scaffolds over the 10 day culture period (Figure 

8.3c). At day 10, the number of MG63 cells on 6% CA scaffolds was significantly higher than on 

the C scaffolds or 4% CA scaffolds. The 6% CA scaffold was selected as the base material for 

the bone layer because of increased scaffold stiffness and superior support of osteogenic cell 

proliferation.  

The addition of HAp, similar in composition to the inorganic component of bone [360, 

361], promotes osteogenesis when integrated into chitosan scaffolds [362], and has shown 

promising results in bone TE in vitro and in vivo. Therefore, to further enhance the bioactivity of 
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the bone layer, hydroxyapatite nanorods were added to the 6% CA base scaffold (Figure 8.4a, b). 

HAp nanorods were added in concentrations ranging from 0.1 wt% to 3 wt%. Pore morphologies 

in the HAp-integrated scaffolds was visualized with SEM (Figure 8.4c).  All HAp-incorporated 

scaffolds possessed an open, porous structure indicating that HAp addition does not hinder pore 

formation during TIPS. As the HAp concentration within the CA scaffold increased up to 3%, the 

dry bulk density of the scaffolds also increased (Figure 8.4d). Homogeneous HAp dispersal 

throughout the CA matrix was observed for all conditions, despite dispersal challenges cited in 

previous works [363]. In the CA scaffold, the strong ionic interaction between alginate and Ca+2 

in HAp acted as a dispersant [364].  
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Figure 8.4. Effect of HAp concentration on 6% CA scaffold properties. (a, b) 

Visualization of HAp nanorods with TEM. Scale bars represent 200 nm, and 100 nm, 

respectively, in (a) and (b). (c) SEM images of scaffold pore morphology with varying 

HAp (HAp concentration increases from left to right). Scale bar represents 200 µm.      

(d) Density of CA + HAp composite scaffolds (n = 8) (p ≤ 0.05). (e) MG63 proliferation 

on CA + HAp composite scaffolds over a 2-week culture period. *Statistically significant 

from all or specified conditions (p ≤ 0.05). **Statistically significant from all conditions 

except 0.1% HAp (p ≤ 0.05). 
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 The proliferative capacity of MG63 cells in HAp-integrated scaffolds was determined by 

evaluating metabolic activity (Figure 8.4e). At day 7, no significant difference in metabolic 

activity was observed for cells cultured on CA scaffolds with or without HAp. By day 14, 

scaffolds with ≥ 1 wt% HAp began to degrade and release cells into suspension, resulting in 

decreased cell number. After two-weeks of culture, the 6% CA + 0.5% HAp scaffolds 

demonstrated aqueous stability while supporting proliferation of osteogenic cells. Therefore, this 

scaffold was selected for the osteochondral scaffold bone layer. 

8.4.3. Bilayer scaffold architecture and mechanical properties 

TE scaffolds must be biochemically suited for attachment and proliferation of the desired 

cell type. Nevertheless, appropriate scaffold structural cues are also essential to generate 

functional tissue. After evaluating six different scaffolds for supporting attachment and 

proliferation of the appropriate cell type, we found that SW-1353 and MSC cells prefer a higher 

HA content scaffold with lower elastic modulus. The MG63 cells favor scaffolds with a higher 

elastic modulus and the highest HAp content while maintaining scaffold aqueous stability. We 

achieved a gradient interface by layering two polymer solutions with differing compositions and 

polymer contents (4% CHA and 6% CA + 0.5% HAp) before a single TIPS-lyophilization 

process. 

The resultant bilayer scaffold pore structure, including the interface region, was 

visualized via SEM (Figure 8.5a-d). The interface between the two distinct layers of the scaffold 

was amalgamated and seamless (Figure 8.5c) and the cartilage region (4% CHA) was less dense 

than the bone region (6% CA + HAp) (Figure 8.5e). Scaffold porosity followed a similar trend, 

where the 4% CHA layer porosity was higher than the 6% CA + HAp layer porosity. 

Importantly, both regions were highly porous with  87% porosity. High porosity encourages 
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recruitment and infiltration of native cells where the bioactive cues in each scaffold layer (i.e., 

HA and HAp) can help direct layer-specific ECM and tissue development. Pore size is a critical 

factor in cell attachment and infiltration, and can play a deterministic role in cell behavior [335].   

Due to the higher polymer content of the bone layer, 6% CA + HAp scaffold, the mean pore area 

was significantly smaller (1.16  104 µm2) than the cartilage layer 4% CHA scaffold (2.36  104 

µm2) (Figure S8.1b). Based on mean pore area and the assumption of circular pores to estimate 

mean pore diameter, the pore diameters would be approximately 145 µm (cartilage) and 110 µm 

(bone), respectively. These diameters fall in the range of relevant pore sizes for cell growth and 

tissue regeneration [365].  

Pore size, shape, and interconnectivity in TIPS-fabricated scaffolds is dependent on the 

solution properties and processing temperatures. Development of a homogenous, isotropic pore 

structure requires uniform thermal energy transfer during freezing and lyophilizing. Layering 

different polymer solutions can result in non-uniform pore structures as the overlying solution 

has no direct contact with the freezing surface. Uniform conduction between the two polymer 

solutions is particularly important to ensure a consistent and integrated interface to mimic the 

calcified cartilage region, which should help prevent bone ingrowth in the cartilage region [366]. 

Despite differing polymer solution densities and compositions, the freezing procedure reported 

here enabled ice crystal formation throughout the scaffold, as demonstrated by the consistent 

pore formation throughout the entirety of the bilayer scaffold. Further, pores bridge both scaffold 

layers, thereby creating a stable interface. A stable and interconnected interface is critical to 

prevent delamination, anchor the cartilage to the bone, and prevent zonal segregation from 

inhibiting integrated regeneration at the calcified cartilage interface [367, 368].  
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Figure 8.5. Bilayer scaffold characterization. (a) SEM of bilayer scaffold with increased 

magnification of the (b) 4% CHA, (c) interface, and (d) 6% CA + 0.5% HAp layers. 

Scale bar represents 1 mm in (a) and 500 µm in (b-d). (e) Scaffold dry bulk density        

(n = 4). (f) Scaffold porosity (n = 4). (g) Representative compressive stress–strain curve 

for hydrated bilayer scaffold with modulus 1 corresponding to CHA region and modulus 

2 corresponding to the CA + HAp region. (h) Compressive modulus of hydrated bilayer 

scaffold compared to pure components (n = 4). *Statistically significant from all or 

specified conditions (p ≤ 0.05). Scale bar represents (a) 1 mm and (b-d) 500 µm. 
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The stiffness gradient between the cartilage and bone layers of a multiphasic, 

osteochondral TE scaffold is hypothesized to help mediate lineage in undifferentiated cells [78, 

277]. This bilayer scaffold displayed stress-strain behavior typical for porous polymers [308] 

(Figure 8.5g). Two distinct linear-elastic regions corresponding to each scaffold layer (Figure 

8.5h) suggest compression of the low stiffness region (4% CHA) prior to the stiffer region (6% 

CA + HAp). Modulus 1 is defined by a compressive modulus of 6.90 ± 1.29 kPa, whereby 

Modulus 2 represents a stiffer region with a compressive modulus of 55.84 ± 16.0 kPa (Figure 

8.5h). Modulus 1 corresponds with the modulus of a 4% CHA scaffold (6.81 ± 0.70 kPa). The 

compressive modulus of a 6% CA + HAp scaffold was 139.0 ± 10.4 kPa, which is a 150% 

greater than modulus 2, suggesting that modulus 2 in the bilayer scaffold had some contribution 

from both the cartilage (4% CHA) and bone (6% CA + HAp) layers, indicating a stiffness 

gradient. In the native osteochondral microenvironment, the mechanical properties of the 

osteochondral region vary with patient age, activity, and location in the body, yet the 

compressive modulus has been cited at 98–270 MPa for subchondral bone [369] and 2–20 MPa 

for cartilage [370]. Despite advancements in materials and synthesis techniques, native 

osteochondral tissue has not been fully recapitulated using porous scaffolds. Polymeric scaffold 

stiffness is significantly less than native bone tissue, yet for non-load bearing bone or unique 

gradient microenvironments like the osteochondral tissue, a polymeric scaffold may be 

advantageous to promote healing at the interface. The stiffness of this bilayer scaffold is 

comparable to other natural polymer-based multiphasic scaffolds that have shown promise in 

vivo [339, 343]. 
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8.4.4. In vitro assessment of bilayer scaffold 

Cell attachment, proliferation, and invasion in the bilayer scaffold was determined using 

two growth factor-free co-culture conditions over a two-week culture period. Scaffold co-

cultures included: (1) SW-1353 + MG63 and (2) MSC + MG63. SW-1353 or MSC cells were 

seeded in the cartilage layer (4% CHA) and MG63 was seeded in the bone layer (6% CA + 0.5% 

HAp) to mimic native tissue (seeding illustrated in Figure 8.1b). A significant increase in 

metabolic activity over a two-week culture period indicated the bilayer scaffold was amenable to 

simultaneous proliferation of these two co-cultures conditions (Figure 8.6). Direct quantification 

of the specific contributions of each cell type to the increased metabolic activity or specific cell 

numbers associated with each cell line could not be determined using this assay model. 

 

 

 Figure 8.6. Proliferation of chondrogenic and osteogenic cells in bilayer scaffold evaluated by 

measuring metabolic activity. Evaluation of (a) SW-1353 + MG63 and (b) MSC + MG63 

metabolic activity measured with alamarBlue® (n = 4) *Statistical significance relative to all 

other time points. (p ≤ 0.05) 
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Cell migration and proliferation in each scaffold layer was visualized using fluorescence 

microscopy (Figure 8.7). In the SW-1353 + MG63 co-culture condition (Figure 8.7a, b), an 

increase in the number of SW-1353 (top, red) and MG63 (bottom, green) cells was observed 

near the seeding surfaces of the scaffold relative to the scaffold interior at day 1. By day 14, cell 

density increased in all scaffold layers, and cells appeared to invade the scaffold interior relative 

to day 1. SW-1353 cells were mostly present as single cells and small cell clusters whereas the 

MG63 cells formed larger cell clusters. Although sparse, both green and red cells were observed 

at the interface at day 1. By day 14, the interface displayed a higher density of both cell types, 

suggesting that both cell types penetrated the scaffold to the interface. At the interface, small cell 

clusters of SW-1353 and larger cell clusters of MG63 were observed.  

In the MSC + MG63 bilayer scaffold (Figure 8.7c and d), an increase in cell number at 

day 14 in the cartilage and bone regions was observed relative to the SW-1353 + MG63 bilayer 

scaffold, although the cell morphologies were similar. Again, the bone layer MG63 cells (bottom, 

green) form larger clusters than the MSCs in the cartilage layer (top, red). Both red and green cells 

were present at the interface again suggesting that both cell types penetrated the scaffold pore 

network.  
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Figure 8.7. Proliferation and migration of chondrogenic and osteogenic cells in bilayer 

scaffold cross-sections. Evaluation of SW-1353 + MG63 with (a) illustration of seeding 

condition and (b) fluorescence imaging of SW-1353 (red) and MG63 (green) in cartilage 

layer (top), interface (middle, marked by white triangles), and bone layer (bottom) of bilayer 

scaffold (blue auto fluorescence). Evaluation of MSC + MG63 with (c) illustration of 

seeding condition and (d) fluorescence imaging of MSC (red) and MG63 (green) in cartilage 

layer (top), interface (middle, marked by white triangles), and bone layer (bottom) of bilayer 

scaffold (blue auto fluorescence). Scale bar is 500 µm in (b) and (d). 
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To try to correlate increased proliferation with increased functionality, we evaluated early 

chondrogenic (collagen type II) and osteogenic (osteocalcin) markers using qRT-PCR. Type II 

collagen plays a critical role in stem cell and chondrocyte maturation and is vital to the 

development and formation of the GAG-rich articular cartilage [371]. For bone remodeling, 

osteocalcin is a known osteogenic marker [372] where increased expression signifies osteoblast 

maturation (Figure 8.8). Each cell type was cultured separately on TCPS for comparison of gene 

expression in co-cultures on the bilayer scaffold relative to 2D TCPS. Gene expression for each 

condition was normalized to expression of the reference gene GAPDH. For comparison among 2D 

and co-culture conditions, gene expression was normalized to the 2D TCPS culture of MG63 (set 

to 1-fold) because both co-cultures contained MG63 cells. Increased expression of chondrogenic 

and osteogenic markers was observed for both co-cultures on the bilayer scaffolds relative to all 

2D cultures, indicating that at early time points, chitosan-based bilayer scaffolds effectively 

support relevant cells. 
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Figure 8.8. Relative expression of RNA content in cells cultured on 2D TCPS (SW1353, 

MSC, and MG63) versus co-cultures in bilayer scaffolds (SW-1353 + MG63 and MSC + 

MG63). Gene expression was normalized to a reference gene, GAPDH, and then 

normalized to expression of MG63 on 2D TCPS (set as 1-fold). (n = 3)  

 

Multiphasic scaffolds have shown promise in regeneration of layered tissues, yet current 

multiphasic scaffold design is hindered by time-consuming, iterative fabrication techniques and 

insufficient amalgamation between layers. Here, we designed a biomimetic, bilayer scaffold 

using a straightforward, fast, and pH-neutral, single-stage fabrication approach. Our layered 

TIPS approach overcomes the onerous, iterative fabrication requirements of previous 

technologies while maintaining tunability of each layer. Tailoring bioactive factors and 

mechanical gradients in multiphasic scaffold layers is vital to support synchronized regeneration. 

In osteochondral TE, specialized integration and segregation of bioactive factors specific to the 

bone region or the cartilage region is crucial to enhance zonal organization of the regenerated 

osteochondral tissue. By exploiting TIPS and the enhanced aqueous stability of PECs, a highly 

porous, bilayer scaffold was fabricated entirely using natural polymers. Natural polymers are 
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advantageous over synthetic polymers because of their biocompatibility and biodegradability and 

chitosan, a major component of the bilayer scaffold, has previously been shown to support 

attachment and proliferation of both osteoblasts [25, 62] and chondrocytes [64].  Importantly, the 

TIPS approach to layered scaffold fabrication has potential in osteochondral TE as well as for 

other complex layered tissues. By using a non-toxic, pH-neutral synthesis, future studies 

involving tailored growth factors integration could allow for sustained delivery and potential 

chemotactic recruitment of native cells directly to the defect site. 

8.5. CONCLUSION 

We developed a bilayer, polysaccharide, and GAG-based scaffold for osteochondral tissue 

regeneration using a simple, fast, and pH-neutral synthesis process. Each region of the bilayer 

scaffold was optimized with biomechanical and bioactive cues to enhance the proliferation of 

intended cell types (chondrogenic or osteogenic cells). Fabrication of this layered scaffold is 

advantageous over previously reported techniques due to the tunability of the elastic moduli of 

each layer as well as the integration of bioactive factors segregated to each specific region (HA in 

the cartilage region and HAp in the bone region). Additionally, the seamless gradient zone at the 

interface ensures stability by inhibiting delamination. The potential of this bilayer scaffold for 

osteochondral tissue engineering applications was characterized during a two-week co-culture 

where cell proliferation and infiltration to the scaffold interface was demonstrated.  
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SUPPLEMENTARY INFORMATION 

 

Table S8.1. Summary of neutralization, crosslinking, and sterilization procedure for all scaffolds. 

Scaffold Type Neutralization and/or Crosslinking Sterilization 

C 1 M sodium carbonate for 1 hr 70% ethanol for 1 hr 

CA 0.2 M calcium chloride for 15 min 70% ethanol for 1 hr 

CHA 25 vol% ammonium hydroxide for 1 hr 70% ethanol for 1 hr 

CA + HAp 0.2 M calcium chloride for 15 min 70% ethanol for 1 hr 

CHA + CA + HAP 
(Bilayer) 

0.1 M calcium chloride + 12.5% ammonium 
hydroxide for 1 hr 

70% ethanol for 1 hr 

 

 

 

Table S8.2. Chondrogenic (Col2A1) and osteogenic (osteocalcin) markers used for qRT-PCR 

expressed as forward and reverse primers. Expression levels were normalized to the reference 

gene, GAPDH. 

Target Forward (5' - 3') Reverse (5’ - 3’) 

GAPDH 5’-ACGGATTTGGTCGTATTGGG-3’ 5’-TGATTTTGGAGGGATCTCGC-3’ 

Col2A1 5’-GAGGGCAATAGCAGGTTCACG-3’ 5’-TGGGTGCAATGTCAAATGATG-3’ 

Osteocalcin 5’-CGCCTGGGTCTCTTCACTAC-3’ 5’-CTCACACTCCTCGCCCTATT-3’ 
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Figure S8.1. Scaffold pore area presented as mean ± standard deviation for (a) base 

material scaffolds (n = 14) and (b) each layer of the bilayer scaffold. (n > 35) *Statistical 

significance from all or specified conditions. **Statistically significant from all 

conditions except 6% C. (p ≤ 0.05). 
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Chapter 9: SUMMARY OF MAJOR FINDINGS 

 

Biomaterial scaffolds have a versatile role in biomedical research with uses ranging from 

support of tissue repair to development of more biologically relevant cancer tumor models and 

drug screening platforms. We outlined two scaffold fabrication techniques (electrospinning and 

thermally induced phase separation) and evaluated the resultant scaffolds for biological relevance. 

The goal of this dissertation was to present the rational design and fabrication of 2D chitosan-

based electrospun nanofibers and 3D porous scaffolds for a diverse set of applications 

encompassing glioblastoma tumor modeling and osteochondral defect tissue engineering. 

Scaling up electrospinning is a highly desirable prospect as nanofibers have a wide array 

of applications. Further, obtaining up to 102 identical electrospun mats ensures true replicate 

samples, a difficult feat for electrospun fibers. Using a centrifugal force feed, enhanced alignment 

and dimensional control was obtained using our novel high throughput centrifugal electrospinning 

system (HTP-CES). Tight control of both alignment and diameter is crucial in cell-based studies, 

where either variable can influence cell behavior.  

Using highly aligned nanofibers fabricated with the HTP-CES system, we investigated the 

migratory behavior of glioblastoma multiform. The effect of the nanotopography versus 

hyaluronic acid coating was investigated for the development of a more biologically relevant GBM 

migration model. Literature has shown conflicting evidence of the influence of hyaluronic acid on 

GBM cell behavior. Here, the nanotopography of nanofibers alone was sufficient for cells to 

exhibit an elongated morphology suggesting a mesenchymal-like phenotype. Cells on the 

nanofiber substrates also exhibited higher resistance to chemotherapeutic induced cell death. The 

hyaluronic acid coating appeared to be optimized at 0.5% HA, where with the highest average and 
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maximum cell speeds. Based on these findings, hyaluronic acid-coated nanofibers represent a 

rational platform for studying GBM cell motility and invasion.  

Moving to 3D GBM tumor models for drug screening applications, chitosan–hyaluronic 

acid polyelectrolyte complex (PEC) scaffolds were fabricated with varying chitosan content. Each 

scaffold had a significantly different total density, porosity, and compressive modulus. All 

scaffolds architectures were amenable to cell culture exhibiting  90% total porosity and pores on 

the order of 100–200 µm in diameter. The compressive moduli of the scaffolds were in a range 

that encompasses native brain tissue to tumor tissue. When scaffolds were used for culture of U-

87 MG RFP cells, tumor spheroids formed in scaffolds with higher stiffness (4% and 8% CHA). 

The highest stiffness scaffold (8% CHA) exhibited increased drug resistance, and elevated 

expression of drug resistance, hypoxia, and invasion-related genes. These differences in cell 

morphology, drug resistance, and gene expression among the CHA scaffold conditions examined 

suggest an effect of matrix stiffness on GBM cells in vitro. CHA scaffolds represent a useful tool 

for in vitro modeling of the relationship between GBM cells and the surrounding tumor 

microenvironment.  Tunability of the scaffold stiffness allows for extended investigation of cancer 

cell behavior during tumorigenesis, providing a tool to target and study therapy effectiveness at 

different stages of cancer progression. 

Finally, we investigated a tissue engineering application of the 3D porous scaffolds. We 

used a pH-neutral synthesis process to fabricate a chitosan-based bilayer composite scaffold. Our 

layered TIPS approach to bilayer scaffold fabrication is advantageous over previously reported 

techniques due to the tunability of the elastic moduli of each layer as well as the integration of 

bioactive factors segregated to each specific region (HA in the cartilage region and HAp in the 

bone region). Here, we optimized each region of the bilayer scaffold with biomechanical and 
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bioactive cues to enhance proliferation of either chondrogenic or osteogenic cells.  After two-

weeks of co-culture in the bilayer scaffold, cell proliferation and infiltration of the scaffold 

interface was demonstrated in media devoid of soluble or differentiation growth factors. 

Additionally, collagen type II and osteocalcin expression were upregulated in bilayer scaffold co-

cultures relative to 2D TCPS culture of MG63. The promising initial results of this bilayer scaffold 

show potential for its application in osteochondral defect repair and extrapolation into other 

layered tissues. 
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