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This dissertation discusses the fundamentals, development, validation, and application of open 

microfluidic technologies as a research tool in biological studies. Open microfluidics is a rapidly evolving 

and expanding field, characterized by the study of fluid behavior in channels with dimensions < 1 mm 

and containing at least one interface that is open to the air (i.e., not enclosed). While still a relatively new 

field, advances in the mathematical theory describing the fluidics in open channels, the fabrication 

process and resolution, and the creation of application-driven platforms are supporting the use of open 

microfluidics in biological and chemical studies. The work presented in this dissertation can be broadly 

separated into two sections: the first, exploring the fundamental mechanics underlying fluid flow in open 

systems, such as U-shaped channels and rails, to build up general functionalities and toolboxes that 

include droplet manipulation and hydrogel patterning; and the second, demonstrating the creation and 

validation of analytical systems to study cell-cell signaling in vitro with customizable cell-targeting beads 

and a microscale mycobacterial infection model.  

Through the elucidation of the theory governing fluid behavior in our systems, we can describe the 

limitations of our open microfluidic systems and incorporate customizable functionalities for various 

experimental needs, ultimately improving the transferability of the systems to collaborators and other 
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researchers (Chapters 2 and 3). We couple this fundamental design approach with applications in cell-cell 

signaling, a vital biological phenomenon that plays important roles in immune response, homeostasis, 

organ development and function, and tissue repair. However, the microenvironments where these 

complex intercellular signaling processes occur are difficult to study and prevent researchers from 

deciphering the role of important cellular communication, illustrating a need for new technologies and 

approaches to better model and probe these systems (Chapter 4). To partially address this need, we 

present the development and validation of two novel approaches to study intercellular signaling that can 

be easily adapted and customized for use in different settings (Chapter 5 and 6). Ultimately, the 

techniques and technologies described here represent foundational analytical and modeling approaches 

and warrant further development to increase their potential impact.  
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Chapter 1. Introduction 

The content of this dissertation spans the topics of fluid behavior in microfluidics, technology 

development and implementation, analytical and modeling approaches in cell-signaling, and infectious 

disease mechanisms of pathogenesis and communication. This chapter serves as a broad introduction to 

these research areas in the context of this dissertation and is not meant to serve as an in-depth exploration 

or background of each field.  

1.1 Introduction to Microfluidics and Fundamentals 

The field of microfluidics, characterized by the analysis, manipulation, and characterization of 

fluids on length scales less than 1 mm, emerged as a highly promising research area in the early 2000s.1,2 

Microfluidics utilizes volumes much smaller than conventional methods (on the order of ≤ 10-6 liters) and 

enables precise control over experimental factors such as flow, mixing, environmental conditions, reagent 

consumption, and sample size1,2; these characteristics make it an attractive tool for applications in a wide 

range of fields including pharmaceuticals, chemical synthesis, environmental sampling, industrial 

processes, and biomedical research.3–7
 Platforms relying on microfluidic functionalities offer numerous 

advantages over comparable macroscale systems, such as low reagent and sample consumption, control 

over environmental conditions, small laboratory footprints, compatibility with high-throughput screening, 

and a fluidic regime governed by separate clearly defined physical principles.1,2,8 

Fluid behavior in microfluidic platforms is governed by a different set of physical parameters than 

macroscale systems because the effect of gravity on the fluid is minimized compared to the effect of 

interfacial and viscous forces (among others).8 Physical parameters of note to the work presented in this 

dissertation are the Laplace pressure, contact angle, and the dimensionless numbers Re (Reynold’s 

number) and Ca (Capillary number). The Laplace pressure can be defined as the pressure difference 

across a curved interface resulting from the surface tension of the interface, and the contact angle is the 
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angle at the triple point of the solid-gas, solid-liquid, and liquid-solid interface of a droplet on a surface 

(Figure 1). These physical parameters are valuable for describing the behavior of fluids within open-air 

channels and at the interfaces between different phases and substrates. The Reynold’s number (Equation 

1) defines the relationship between viscous forces and inertial forces within a system and the Capillary 

number (Equation 2) illustrates the importance of interfacial tension. The Re and Ca are described as: 

𝑅𝑒 =  
𝜌𝑈𝐿

𝜇
     (Eq. 1) 

𝐶𝑎 =  
𝜇𝑈

𝛾
        (Eq. 2) 

where ρ is the fluid density, U is the fluid velocity, L is the length scale of the system, μ is the viscosity of 

the fluid, and γ is the surface tension. Within microfluidic systems, fluids tend to fall under a low Re 

regime (< 1), indicating that viscous forces are dominant over inertial forces; this is evident in the 

presence of diffusive mixing as opposed to turbulent mixing in microfluidic channels. Depending on the 

system, Ca, which describes the contribution of interfacial forces over viscous forces, can vary, as users 

often design channels and platforms with different flow requirements (i.e., capillary driven or pump 

driven).  

 

Figure 1.1: Equilibrium contact angle (θeq) is the angle of the triple point between the balanced solid-

liquid (γsl), solid-gas (γsg), and liquid-gas (γlg) interfacial tensions of a droplet on a surface. Reproduced 

from Squires and Quake.8  

1.2 Open Microfluidics and Development of the Field 
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The topics described herein utilize a subset of microfluidics, known as open or capillary 

microfluidics, as a key component in their functionalities. Open microfluidics, broadly described as the 

study of fluid behavior in a microscale channel with at least one surface exposed to air, encompasses a 

wide range of microfluidic systems including paper microfluidics, thread-based microfluidics, suspended 

microfluidics, and open channel microfluidics.9 Within open microfluidic systems, capillary forces and 

interfacial tension forces govern much of the fluid behavior and system functionality. For example, flow 

within an open capillary system can be achieved through the use of spontaneous capillary flow (SCF), 

which occurs as a result of a negative Laplace pressure at the advancing fluid front and a relative zero 

Laplace pressure at the back. While not unique to only open microfluidic channels, it can be leveraged as 

a source of flow in place of mechanical or pneumatic pumps, and is mathematically described by the SCF 

equation10 (Equation 3): 

𝑃𝑓

𝑃𝑤
< cos (𝜃)     (Eq. 3)      

where Pf and Pw are the free and wetted perimeter, respectively, and θ is the contact angle of the fluid on 

the surface (Figure 1). Additional functionalities can be obtained within open microfluidic systems 

through the manipulation of surface characteristics to induce a hydrophilic or hydrophobic character or 

inclusion of microfabricated structures to generate pinning ridges that are permissive or restrictive of fluid 

flow.11,12 

Open microfluidic systems offer numerous user advantages such as pipette accessibility, ease of 

fabrication with biocompatible materials, and capillary-driven flow. Pipette accessibility enables 

straightforward user access to the system while capillary-driven flow removes the need for external flow 

generators (e.g., syringe pumps). Fabrication via 3D printing, computer numerical control (CNC) 

micromilling, and injection molding removes the need for highly specialized fabrication facilities (e.g., 

clean rooms) and bonding steps.13,14 Due to these advantages, the field of open microfluidics is constantly 

evolving and expanding, with applications in biological, chemical, physical, medical, and environmental 

research.10,13,15–17  
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1.3 Biological Relevance and Importance of Cell-Cell Signaling 

The exchange of cell-secreted chemical signals (e.g., growth factors, cytokines) between cells plays 

a vital role in the induction of cellular functions and systemic physiological processes including cellular 

differentiation, maintenance of homeostasis, and immune response.18 These signaling mechanisms include 

various signaling embodiments: paracrine signaling (secreted soluble factors from one cell are exchanged 

over short distances with neighboring cells); juxtacrine signaling (where physical cues derived from cell-

cell contact induce intracellular signaling mechanisms and functions); autocrine signaling (where soluble 

factors secreted from one cell are received by the same cell); and volatile signaling (where gas-phase 

volatile factors are secreted and received by different cellular populations).18 The careful coordination of 

these myriad signaling pathways enables higher-order organ function and host immunity, and deciphering 

these complex cellular communication networks provide valuable insight into which factors are driving 

important biological functions.  

The importance of elucidating key signaling pathways can be highlighted in many recent scientific 

advances, such as the development of checkpoint inhibitor therapies targeting the programmed cell death 

protein 1/ligand (PD-1/PD-L1) signaling axis19–21, the understanding of tumor necrosis factor (TNF) 

signaling and blockers in infectious diseases such as tuberculosis 22,23, and the harnessing of host immune 

components as potential treatments for autoimmune diseases.24,25 However, these signaling processes are 

rarely driven by a single factor, relying on the interplay between various signals originating from different 

cellular populations.26 In order to better understand the intricate signaling milieu, researchers are utilizing 

a wide range of techniques and platforms that enable precise manipulation and probing of signaling 

environments, ultimately allowing them to decipher the roles of many signals in important physiological 

processes and provide a foundation for advances in the biomedical research fields.   

1.4 Microfluidics as Tools for Studying Cell-Signaling Phenomena 

Adapting microfluidic platforms for biological studies offers several benefits over macroscale 

systems, such as biomimetic length scales, diffusive mixing (resulting from a low Re), precise control 
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over microenvironment conditions (e.g., flow, surface topography, gas gradients), and low reagent 

consumption1,6,7, enabling studies in the fields of genetics, tissue engineering, cell development, 

biomechanics, single-cell “omics”, and cell signaling. Through leveraging these advantages, researchers 

have developed systems that enabled micrometer-resolution of cell patterning for quorum signaling 

studies27, segregated coculture with discrete microscale culture chambers to probe paracrine signaling-

induced cancer drug resistance28, creation of clearly defined diffusion gradients for cell chemotaxis 

assays29,30, high-throughput screening of host pathogen interactions and drug resistance in infectious 

disease31,32, and recapitulation of higher order organ functions in vitro.33–35 It is important to note that 

applying microfluidic technologies to all biological systems is not always advantageous, as microfluidic 

platforms are often incompatible with large volume samples, require the establishment of new standards 

and controls, and utilize different techniques and instrumentation for fabrication and use.6 However, the 

development of microfluidic tools to probe complex biological systems has provided important insight 

across a wide range of applications and fields when successfully developed and implemented.  

Open microfluidic platforms have not been adopted as ubiquitously as conventional closed channel 

systems, however the number and type of tools available to study biological systems and cell-cell 

signaling are increasing. A push towards creating open microfluidic systems that integrate with existing 

biological materials (e.g., well plates, petri dishes) and the pipette accessibility to add, remove, or 

manipulate cells in culture eases the translation of these technologies into biological studies.36–38 

Additionally, creation of arrays of these open microfluidic platforms permits screening of multiple 

conditions in parallel while maintaining discrete culture systems.15,39,40 Among other applications, these 

beneficial characteristics of open microfluidic platforms have been implemented to create organotypic 

models of angiogenesis and endothelial-fibroblast signaling38
, to facilitate coculture of prostate cancer 

cells and adipocytes for lipogenesis studies37, to enable microbial metabolomic studies of the 

communication amongst both human and plant pathogens15, and to spatially and temporally manipulate 

conditioned immune cells to recapitulate cancer-immune cell signaling.40 For open microfluidic fields, the 

advancement of the underlying mathematical theory behind the functionality of these platforms, the 
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fabrication methods and resolution, and the creation of application-driven platforms will improve the 

transferability and adaptation of these technologies to biological and chemical studies and foster valuable 

insights into cell-signaling phenomena and other physiological processes.  

1.5 References 

1.  Sackmann EK, Fulton AL, Beebe DJ. The present and future role of microfluidics in biomedical research. 

Nature. 2014;507(7491):181-189. doi:10.1038/nature13118 

2.  Whitesides GM. The origins and the future of microfluidics. Nature. 2006;442(7101):368-373. 

doi:10.1038/nature05058 

3.  Weibel DB, Whitesides GM. Applications of microfluidics in chemical biology. Curr Opin Chem Biol. 

2006;10(6):584-591. doi:10.1016/j.cbpa.2006.10.016 

4.  Shang L, Cheng Y, Zhao Y. Emerging Droplet Microfluidics. Chem Rev. 2017;117(12):7964-8040. 
doi:10.1021/acs.chemrev.6b00848 

5.  Bai Y, Gao M, Wen L, et al. Applications of Microfluidics in Quantitative Biology. Biotechnol J. 

2018;13(5). doi:10.1002/biot.201700170 

6.  Duncombe TA, Tentori AM, Herr AE. Microfluidics: Reframing biological enquiry. Nat Rev Mol Cell Biol. 

2015;16(9):554-567. doi:10.1038/nrm4041 

7.  Sonnen KF, Merten CA. Microfluidics as an Emerging Precision Tool in Developmental Biology. Dev Cell. 

2019;48(3):293-311. doi:10.1016/j.devcel.2019.01.015 

8.  Squires T, Quake S. Microluidics: Fluid Physics at the nanoliter scale. Rev Mod Phys. 2005;77(977). 

https://journals.aps.org/rmp/pdf/10.1103/RevModPhys.77.977. 

9.  Berthier J, Brakke K, Berthier E. Open Microfluidics. Wiley; 2016. 

10.  Casavant BP, Berthier E, Theberge AB, et al. Suspended microfluidics. PNAS. 2013;110(25):10111-10116. 

doi:10.1073/pnas.1302566110 
11.  Berthier J, Loe-Mie F, Tran VM, et al. On the pinning of interfaces on micropillar edges. J Colloid Interface 

Sci. 2009;338(1):296-303. doi:10.1016/j.jcis.2009.06.007 

12.  Berthier J, Brakke K. The Physics of Microdroplets. Wiley; 2012. 

13.  Berry SB, Zhang T, Day JH, et al. Upgrading well plates using open microfluidic patterning. Lab Chip. 

2017;17(24):4253-4264. doi:10.1039/c7lc00878c 

14.  Lee UN, Su X, Guckenberger DJ, et al. Fundamentals of rapid injection molding for microfluidic cell-based 

assays. Lab Chip. 2018;18(3):496-504. doi:10.1039/c7lc01052d 

15.  Barkal LJ, Theberge AB, Guo C-J, et al. Microbial metabolomics in open microscale platforms. Nat 

Commun. 2016. doi:10.1038/ncomms10610 

16.  Lee UN, Berthier J, Yu J, Berthier E, Theberge AB. Stable biphasic interfaces for open microfluidic 

platforms. Biomed Microdevices. 2019;21(1). doi:10.1007/s10544-019-0367-z 
17.  Berthier E, Dostie AM, Lee UN, Berthier J, Theberge AB. Open Microfluidic Capillary Systems. Anal 

Chem. 2019;91(14):8739-8750. doi:10.1021/acs.analchem.9b01429 

18.  Cooper G. Signaling Molecules and Their Receptors. In: The Cell: A Molecular Approach. 2nd ed. 

Sunderland, SInauer Associates; 2000. 

19.  Smith DC, Mcdermott DF, Powderly JD, et al. Safety, Activity, and Immune Correlates of Anti-PD-1 

antibody in cancer. N Engl J Med. 2012;366(26):2443-2454. 

20.  Brahmer JR, Tykodi SS, Chow LQM, et al. Safety and activity of anti-PD-L1 antibody in patients with 

advanced cancer. N Engl J Med. 2012;366(26):2455-2465. doi:10.1056/NEJMoa1200694 

21.  Akinleye A, Rasool Z. Immune checkpoint inhibitors of PD-L1 as cancer therapeutics. J Hematol Oncol. 

2019;12(1):1-13. doi:10.1186/s13045-019-0779-5 

22.  Harris J, Keane J. How tumour necrosis factor blockers interfere with tuberculosis immunity. Clin Exp 

Immunol. 2010;161(1):1-9. doi:10.1111/j.1365-2249.2010.04146.x 
23.  Domingo-Gonzalez R, Prince O, Cooper A, Khader SA. Cytokines and Chemokines in Mycobacterium 

tuberculosis Infection. Microbiol Spectr. 2016;4(5):1-37. doi:10.1128/microbiolspec.tbtb2-0018-2016 

24.  Romano M, Fanelli G, Albany CJ, Giganti G, Lombardi G. Past, present, and future of regulatory T cell 

therapy in transplantation and autoimmunity. Front Immunol. 2019;10(JAN). 



18 
 

doi:10.3389/fimmu.2019.00043 

25.  Ferreira LMR, Muller YD, Bluestone JA, Tang Q. Next-generation regulatory T cell therapy. Nat Rev Drug 

Discov. 2019;18(10):749-769. doi:10.1038/s41573-019-0041-4 

26.  Berry S, Haack A, Theberge A, Brighenti S, Svensson M. Host and pathogen communication in the 

respiratory tract: mechanisms and models of a complex signaling environment. Front Med. 

27.  Lee SH, Helnz AJ, Shln S, et al. Capillary based patterning of cellular communities in laterally open 
channels. Anal Chem. 2010;82(7):2900-2906. doi:10.1021/ac902903q 

28.  Patel D, Gao Y, Son K, et al. Microfluidic co-cultures with hydrogel-based ligand trap to study paracrine 

signals giving rise to cancer drug resistance. Lab Chip. 2015;15(24):4614-4624. doi:10.1039/c5lc00948k 

29.  Berthier E, Beebe DJ. Gradient generation platforms: New directions for an established microfluidic 

technology. Lab Chip. 2014;14(17):3241-3247. doi:10.1039/c4lc00448e 

30.  Berthier E, Surfus J, Verbsky J, Huttenlocher A, Beebe D. An arrayed high-content chemotaxis assay for 

patient diagnosis. Integr Biol. 2010;2(11-12):630-638. doi:10.1039/c0ib00030b 

31.  Tezera LB, Bielecka MK, Chancellor A, et al. Dissection of the host-pathogen interaction in human 

tuberculosis using a bioengineered 3-dimensional model. Elife. 2017;6:1-19. doi:10.7554/eLife.21283 

32.  Bielecka MK, Tezera LB, Zmijan R, et al. A bioengineered three-dimensional cell culture platform 

integrated with microfluidics to address antimicrobial resistance in tuberculosis. MBio. 2017;8(1). 

doi:10.1128/mBio.02073-16 
33.  Zhang B, Korolj A, Lai BFL, Radisic M. Advances in organ-on-a-chip engineering. Nat Rev Mater. 

2018;3(8):257-278. doi:10.1038/s41578-018-0034-7 

34.  Bein A, Shin W, Jalili-Firoozinezhad S, et al. Microfluidic Organ-on-a-Chip Models of Human Intestine. 

Cmgh. 2018;5(4):659-668. doi:10.1016/j.jcmgh.2017.12.010 

35.  Benam K, Villenave R, Lucchesi C, et al. Small airway-on-a-chip enables analysis of human lung 

inflammation and drug responses in vitro. Nat Methods. 2016;13(2):151-157. doi:10.1038/Nmeth.3697 

36.  Álvarez-García YR, Ramos-Cruz KP, Agostini-Infanzón RJ, et al. Open multi-culture platform for simple 

and flexible study of multi-cell type interactions. Lab Chip. 2018;18(20):3184-3195. 

doi:10.1039/c8lc00560e 

37.  Day JH, Nicholson TM, Su X, et al. Injection molded open microfluidic well plate inserts for user-friendly 

coculture and microscopy. Lab Chip. 2019;20(1):107-119. doi:10.1039/c9lc00706g 
38.  Lee Y, Choi JW, Yu J, et al. Microfluidics within a well: An injection-molded plastic array 3D culture 

platform. Lab Chip. 2018;18(16):2433-2440. doi:10.1039/c8lc00336j 

39.  Humayun M, Chow CW, Young EWK. Microfluidic lung airway-on-a-chip with arrayable suspended gels 

for studying epithelial and smooth muscle cell interactions. Lab Chip. 2018;18(9):1298-1309. 

doi:10.1039/c7lc01357d 

40.  Yu J, Berthier E, Craig A, et al. Reconfigurable open microfluidics for studying the spatiotemporal 

dynamics of paracrine signalling. Nat Biomed Eng. 2019;3(10):830-841. doi:10.1038/s41551-019-0421-4 

 

 

 

 

 

 

 

 



19 
 

Chapter 2. Droplet Manipulation and Behavior in Open Microfluidic Channels 

Reproduced in part with permission from Berry, S.B.*; Lee, J.J.*; Berthier, J.; Berthier, E.; Theberge, 

A.B. “Droplet incubation and splitting in open microfluidic channels”. Anal. Methods, 2019, 11, 4528-

4536. 

*denotes co-authorship 

Abstract: 

 Droplet-based microfluidics enables compartmentalization and controlled manipulation of small 

volumes. Open microfluidics provides increased accessibility, adaptability, and ease of manufacturing 

compared to closed microfluidic platforms. Here, we begin to build a toolbox for the emerging field of 

open channel droplet-based microfluidics, combining the ease of use associated with open microfluidic 

platforms with the benefits of compartmentalization afforded by droplet-based microfluidics. We develop 

fundamental microfluidic features to control droplets flowing in an immiscible carrier fluid within open 

microfluidic systems. Our systems use capillary flow to move droplets and carrier fluid through open 

channels and are easily fabricated through 3D printing, micromilling, or injection molding; further, 

droplet generation can be accomplished by simply pipetting an aqueous droplet into an empty open 

channel. We demonstrate on-chip incubation of multiple droplets within an open channel and subsequent 

transport (using an immiscible carrier phase) for downstream experimentation. We also present a method 

for tunable droplet splitting in open channels driven by capillary flow. Additional future applications of 

our toolbox for droplet manipulation in open channels include cell culture and analysis, on-chip 

microscale reactions, and reagent delivery. 

2.1 Introduction 

Open microfluidic systems offer many advantages for conducting life science experimentation 

including pipette accessibility, simple fabrication techniques with biocompatible materials, independence 

from pumps and external flow generators, and customizability.1 Here, we describe a biphasic system 

driven by capillary forces that enables the control and manipulation of multiple droplets within an open 
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channel devoid of any electrical or pneumatic actuation systems, in a fully open, pipette-accessible 

platform. We demonstrate a new open channel system for prolonged static droplet incubation in channel 

followed by capillary-driven translation of discrete droplets for downstream analysis, as well as tunable 

droplet splitting in open channels. 

Droplet-based microfluidics advances the capabilities of traditional single-phase microfluidic 

platforms through compartmentalization of reaction components into discrete micro- to picoliter volumes, 

enabling decreased reagent consumption and use of valuable, low-volume samples that may otherwise be 

expensive or difficult to obtain.2,3 Translation of assays to droplet-based platforms allows users to 

precisely form, manipulate, and transport small volumes for use in cell-based assays, chemical synthesis, 

and biochemical analyses.2 Droplet-based systems for an extensive range of functions have been 

described3, and droplet manipulation methods such as incubation4,5, reagent addition6, and splitting7,8 have 

been developed. However, most current droplet-based microfluidic approaches rely on complex designs 

and multistep fabrication methods (e.g., photolithography, bonding) to create closed-channel platforms 

and often use external pumps and actuators to manipulate flow, allowing them to perform specialized 

functions but limiting their wide-spread adoption beyond engineering and physical science laboratories.3 

Recent work by Li et al.9 overcomes some of the fabrication challenges of traditional droplet systems by 

using an open paper-based device, but the flow still requires external syringe pumps. 

Systems utilizing open fluidic channels (e.g., channels devoid of a ceiling, devoid of a ceiling and 

floor, or devoid of lateral walls) and surface tension-driven flow have emerged as alternatives to closed 

channel, pump-driven microfluidic platforms due to their relative ease of design, fabrication, and use.1,10 

Open channel platforms do not require bonding and can be fabricated in a single step using 

micromilling11-13 or high-volume fabrication techniques such as injection molding.14,15 Open platforms 

provide improved accessibility (e.g., pipette, automated reagent delivery systems) to users to manipulate 

experimental conditions through direct addition or removal of reagents at any point on the platform.16  

Additionally, open channel systems can be driven by capillary flow in a manner similar to that of closed 

capillary systems. Capillary flow removes the need for external flow drivers and improves the robustness 
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and functionality of the platform, as the mechanism for flow is built into the device.10 Recently, an 

analytical model, numerical simulations, and experimental validation that described the behavioral modes 

of a single immiscible droplet placed in an open channel where a carrier flow occurs was published17; it 

was found that an immiscible droplet can behave in a number of fundamentally different ways (remain 

static in the channel, translate at the leading edge of the carrier fluid, or detach from the walls of the 

channel and flow with the carrier fluid).  

In prior work17, it also was demonstrated that multiple aqueous droplets can be created and 

transported by pipetting the aqueous phase into an oil carrier phase that is already flowing through the 

device based on capillary flow. In the present manuscript, we developed a new capability, which enables 

extended incubation of droplets within the channel in the absence of the carrier phase, followed by 

introduction of the carrier phase in the channel using spontaneous capillary flow, and subsequent 

movement of the droplets. In contrast to our prior work, the present manuscript enables longer residence 

times of the droplets within the channels since they can be incubated for multiple hours before the carrier 

phase is added. Pipetting multiple aqueous droplets directly into an empty channel, incubating them, and 

then translating the train of droplets using a capillary-driven immiscible phase presents further challenges, 

as conditions such as surface wetting, evaporation, droplet merging, and satellite droplet formation all 

must be accounted for.  

Here, we build a toolbox of droplet manipulation capabilities for open channel droplet-based 

microfluidics. We describe new open channel systems in which multiple discrete droplets can be placed 

into an open channel, incubated in situ, and then translated downstream either with droplet merging or 

without droplet merging, depending on the desired application. We also demonstrate an open microfluidic 

droplet splitting method to enable a parent droplet to be aliquoted into tailored smaller droplets (equal or 

unequal volumes) for multiplexed processing and readouts. Our open microfluidic systems rely on the 

surface interactions between the aqueous droplets, organic carrier phase, and channel surface which can 

be altered to fit various experimental needs; additionally, reliance on capillary-driven flow in an open 

channel removes the need for flow-generation devices and enables direct user access to the system at any 
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time point. These platform functionalities (i.e., merging/splitting, incubation, user access) can help 

streamline large and cumbersome screening experiments that rely on manual pipetting, mixing, and 

splitting for sample generation, where manual processing can negatively contribute to assay time, sample 

loss, and costs associated with instrument usage. In future applications, these functionalities can be 

adapted and applied to array generation, sample preparation, and multiplexing.   

2.2 Capillary-driven flow of droplets in open channels 

While the dynamics and behavior of single phase capillary flow within an open system have been 

well characterized18-21, the interaction and behavior of multiple phases within an open channel has been 

less extensively studied. Previously, in an open two-phase system driven by spontaneous capillary flow 

(SCF), it was found that a single aqueous droplet within an open channel demonstrates different 

behavioral modes (e.g., translation, displacement, remaining stationary) largely governed by the 

interfacial tension between the droplet and the carrier phase, the contact angle of the droplet and carrier 

phase on the channel surface, and the velocity of the carrier phase.17 In the present manuscript, we use 

two of these behavioral modes (Figure A1) to create open channel manipulation modules driven by 

capillary flow: “shift mode”, in which an aqueous droplet wets all sides of the open channel and is 

translated downstream by the carrier phase (Figure A1i-ii), and “raft mode”, in which an aqueous droplet 

completely detaches from the channel and is displaced downstream by the carrier phase (Figure A1iii-

iv).17 Shift mode occurs when an aqueous droplet in the channel precedes the advancing front of the 

carrier fluid, and the carrier fluid does not pass in front of the droplet; alternatively, raft mode occurs 

when the carrier fluid surrounds the droplet and simultaneously flows in front of and behind the droplet. 

Notably, in the case of both behavioral modes, the carrier fluid governs the overall dynamics of the 

system, as the pipetted droplets are entrained by the carrier fluid and transported downstream. 

Within our open-channel platforms, we designed channel dimensions to fall within the flow regime 

governed by SCF1,10 to ensure capillary-driven flow, and incorporated a rounded channel geometry to 

negate flow along a wedge (i.e., Concus-Finn flow)22(Figure 2.1). Further, we fabricated our platform 
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with poly (methyl methacrylate) (PMMA) to provide the desired wettability between droplets, the carrier 

phase, and the channel surface; specifically, with contact angles of 78° between PMMA and the aqueous 

droplet, ≈ 12.5° between PMMA and the organic carrier phase, and 146.14° ± 0.9° between the PMMA 

and the aqueous droplet when submerged in the organic carrier phase (pentanol). Additionally, we did not 

use any surfactants in our platform. To prevent evaporation of droplets from within the channels during 

prolonged incubation times (i.e., hours), we enclosed our open channel platform within a humidified 

Omnitray™ (rectangular petri dish) surrounded by sacrificial water (1.5 mL in ≈ 50 μL droplets). Our 

open channel system offers advantages to closed systems as we can add droplets directly to the channel 

with a pipette and initiate flow of the carrier phase through simple pipetting into the inlet reservoir 

(Figure 2.1). 

 

Figure 2.1: General platform design and modes of operation for translating aqueous droplets via 

capillary flow of an organic carrier phase. A) Schematic representation of open channel platform 

illustrating addition of organic carrier fluid (blue) with aqueous droplets (yellow) present in the 
channel; B) image of open channel platform; C) cross sectional schematic of channel (w = 0.90 mm 

and h = 1.0 mm).  

 

2.3 Droplet incubation and transport 

Inputting fluids into a typical microfluidic channel commonly requires dedicated ports and 

connectors. Addition of droplets into an open microfluidic channel, on the other hand, can be performed 

directly and at any location in the channel. Delivering small droplets (0.5-2.0 µL) with a pipette is a 

common approach available to most laboratories; alternatively, smaller droplets can be inputted through 

other approaches such as Acoustic Droplet Ejection methods.23,24 While depositing droplets on a surface 

is straightforward, removal or transfer of small droplets from a surface at subsequent time points is 
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challenging; for example, pipetting is unreliable and tedious, as part of the droplet often remains behind 

on the surface. Digital microfluidics, also referred to as Electrowetting on Dielectric (EWOD), provides a 

method to move small droplets, but requires the use of electrical components.25-27 There is a need for 

simple systems in which droplets can be pipetted onto an unmodified surface, incubated in situ for a 

desired period, and then passively manipulated or transferred.  

Previously, addition of droplets to an organic carrier phase as the carrier fluid was flowing 

downstream, enabling droplet transport but limiting the incubation time of the pipetted droplets to the 

time required to reach the outlet.17 Here, we present a different and adaptable platform where we pipette 

multiple discrete droplets into an open channel (in the absence of the organic carrier phase), incubate the 

droplets for a desired time, and then passively transport the droplets to a different location on chip via 

capillary-driven flow of an organic carrier phase (Figure 2.2). When multiple droplets are placed in series 

within an empty single open channel, translation of the droplets in shift mode leads to coalescence, as 

they merge with each subsequent droplet in the channel (Figure 2.2A). This functionality can be 

beneficial for analyses requiring pooling of multiple samples (e.g., discovery assays). For applications 

where droplet coalescence is not desired, we designed a separate flow path that we refer to as a ‘bypass 

channel’. The bypass channel enables the immiscible carrier fluid to separate each discrete droplet 

(thereby preventing coalescence) and transport the droplets downstream via raft mode (Figure 2.2B-C). 

When the carrier phase reaches the bypass, which is positioned upstream of the droplet, part of the flow of 

the carrier fluid diverts through the bypass, while the remainder of the carrier phase continues in the main 

channel; the diverted flow fills the space between each droplet, while the nondiverted flow continues to 

drive the droplets through the main channel (Figure 2.2B-C). Initially, we observed droplet disruption 

(e.g., droplet breakup and/or flow through the bypass) and an increased flow rate through the bypass, 

which resulted in stagnation of the carrier phase flow in the bends of the main channel and prevented 

droplets from reaching the outlet (Figure 2.2B). To mitigate this droplet disruption, we designed the 

bypass channels with a step (Figure 2.2C-D) to increase the hydrodynamic resistance (and therefore 
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decrease the flux) through the bypass and maintain a sufficient flow rate in the main channel, ensuring 

that the droplets reached the outlet without breaking apart.  

 

Figure 2.2: Open channel droplet incubation and transport. Droplets (alternating yellow and green for 

visualization) are incubated in an open channel without (A) or with (B-C) bypass channels (red 

circles); i-v) carrier fluid (blue) is pipetted in the inlet and flows down the channel via capillary flow, 
translating the droplets down the channel to the outlet reservoir. Bypass channels (B-C) prevent 

coalescence of preincubated droplets by inserting immiscible carrier fluid between aqueous droplets 

as they flow downstream. C) Incorporation of stepped bypass improves flow in the main channel and 

prevents formation of satellite droplets and droplet stagnation. D) Schematic of stepped bypass 
showing an isometric and cross-sectional view of the step in the bypass. Scale bar: 2 mm. 

Timestamps correspond to the addition of the carrier fluid (0.0 s) and not total droplet incubation 

time. 

It is important to have a generalizable set of rules for designing bypass channels, to enable 

extension of our method to channels of different dimensions and geometries. We generated an analytical 

model that describes the ratio of fluid fluxes through the main channel relative to the bypass with respect 
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to the fluidic resistance associated with each flow path. Deriving a model from a generalized Lucas-

Washburn-Rideal law for open channels18 (Appendix A), we found the relationship between the fluidic 

resistances and flux to be: 

∆𝑃 =  𝑃1 − 𝑃2 ≈  𝑅̃1𝑄1 ≈  𝑅̃2𝑄2                   (1) 

where P is the pressure drop across our bypass system (P1 and P2 refer to the pressure drops at the nodes 

before and after the bypass, respectively), R1 and R2 are the resistances in the main channel and bypass 

channel, respectively, and Q1 and Q2 are the flux through the main channel and the bypass channel, 

respectively (Appendix A). The fluidic resistance of the capillary-driven flow in our system can be 

described by Equation 2: 

𝜇
𝑝

𝜆𝑆2 𝐿 = 𝑅     (2) 

where S is the cross-sectional area, L is the channel length, μ is the liquid viscosity, p is the total 

perimeter, and 𝜆 is the friction length.28 The resistance in our system inversely correlates to the cross-

sectional area and the flux of fluid through the channel (Appendix A). Solving for the ratio of the fluxes 

between the main channel and the bypass channel and then inserting the physical dimensions of our 

system into Equation 2 (as detailed in Appendix A) yielded a flux ratio of Q2/Q1 = 3.18 wherein the flux 

through the bypass channel (Q2) is greater than the flux through the main channel (Q1). However, through 

incorporation of a step, we are able to increase the resistance through the bypass channel and ensure less 

diversion of flow from the main channel, altering the flux ratio to Q2/Q1 = 2.68. This relation 

demonstrates that the resistance through the bypass can be manipulated by altering the geometry of the 

step (i.e., larger step, increased resistance and decreased flux), enabling adaptation for different 

geometries and channel lengths. With different manufacturing techniques, even greater ratios can be 

designed. Further, while the flux is still greater in the bypass than the main channel, the decrease in the 

flux through the bypass afforded by the step enabled sufficient flow in the main channel to drive droplets 

towards the outlet and prevent stagnation of the carrier fluid in the channel curves (Figure 2.2C). The 
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derived model provides a framework for adapting the bypass system with different geometries and acts as 

a useful tool for quantification of flow and hydrodynamic resistance in open channels, as well as for 

guiding optimization of droplet flow in open channel systems.  

The ability to transport small volumes with SCF lays the foundation for future open-channel 

platforms that integrate processes such as cell culture or biochemical reactions with small-volume 

readouts such as mass spectrometry and immunoassays. Overall, the bypass system is designed to 

incubate and manipulate droplets without extensive user interaction or difficult pipetting steps. Ease of 

use is demonstrated through a simple two-step process (droplet addition followed by carrier fluid 

addition) without the need for adjusting flow rates and flow directions for droplet manipulation. Due to 

the fabrication and droplet addition methods used, this technique is currently limited to low-throughput 

applications and droplet volumes compatible with micropipettes (≥ 0.2 μL). Additionally, droplet number 

is determined by the device footprint and friction forces between the carrier phase and the channel 

(resulting in decreased flow rate with an increased channel length) which restrict us from significantly 

extending the channel length; however, the bypass platform can be expanded to include more droplets 

through the creation of arrays of different geometries.  

To demonstrate the expansion of this platform to incorporate more droplets, we fabricated an array 

of 8 devices with aligned inlet reservoirs, channels, and outlet reservoirs that enables sample loading, 

manipulation, and removal with a multichannel pipette. We present a potential workflow for this platform 

by conducting a model colorimetric assay29 that consists of the combination of potassium thiocyanate 

(KSCN) and ferric nitrate (Fe(NO3)3) to form the colored complex Fe(SCN-)x
(3-x) + (Figure 2.3). We 

pipetted 64 droplets (1 μL in volume) containing KSCN, Fe(NO3)3, or H2O (negative control) into the 

channel and allowed the droplets to incubate for 30 min. at room temperature. Following incubation, we 

added a second 1 μL droplet containing KSCN, Fe(NO3)3, or H2O to the first droplet and then initiated 

flow with undyed carrier fluid, coalescing the droplets within a single device and collecting them at each 

outlet reservoir. Once flow ceased, the droplets were removed using a multichannel pipette and 

transferred to a 96 well plate, where the absorbance of each combination was measured (Figure 2.3). Due 
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to the formation of the Fe(SCN-)x
(3-x) + complex and the movement of the droplet in shift mode, some 

droplet residue was observed in the channel after the addition of the carrier fluid. The ability to pipette 

droplets into a channel, incubate them for a desired period of time, and then supplement those droplets or 

manipulate them with flow through an open channel highlights the benefits of this open platform for 

assays where access to reagents or samples at specific time points with minimal user interaction is 

important. Further, compatibility of this platform with multichannel pipettes enables handling of larger 

volumes of liquid and simple integration with established laboratory materials (i.e., well plates) and 

readouts (i.e., plate reader). Oftentimes, researchers want to be able to screen multiple conditions in an 

assay but then pool the samples together prior to analysis30-32; we envision that this platform can fulfill 

this need in a simple and easily implemented manner.  

 

Figure 2.3: Workflow schematic and results for model colorimetric assay. A) Using a multichannel 

pipette, eight 1 μL droplets of KSCN (first and second channel), Fe(NO3)3 (third through sixth 
channel) or H2O (seventh and eighth channel) are added to their respective open channel in each 

device of the array and allowed to incubate for 30 minutes at room temperature. B) After incubation, 

1 μL droplets of KSCN, Fe(NO3)3, or H2O are added to the incubating droplets with the following 

combinations: KSCN + KSCN, Fe(NO3)3 + Fe(NO3)3, KSCN + Fe(NO3)3, and H2O + H2O (negative 
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control). C) Colorless carrier fluid was then added to the inlet to coalesce and flow all the droplets to 

the outlet. D) Droplets are removed from the outlet reservoir using a multichannel pipette and 
transferred to a 96 well plate. E) The absorbance of the droplets is measured at 450 nm and a color 

change is observed in the droplet containing KSCN + Fe(NO3)3, indicating the presence of the 

colored compound Fe(SCN-)x
(3-x) +.  

 
2.4 Controlled and adjustable droplet splitting 

Building upon the droplet handling capabilities described for incubation and transport of multiple 

droplets, we demonstrate the ability to controllably split droplets within an open channel. Droplet splitting 

is an important feature that can extend the use of valuable or small volume samples by generating 

identical replicates and creating arrays for multiplexing. Using traditional droplet splitting geometries 

previously developed for closed-channel droplet-based microfluidics7,8, we designed T junctions to split 

incoming droplets, where a droplet entering the junction fills each branch of the junction until it is slowed 

down by an expansion in the geometry of the channel (Figure 2.4A)33,34; once the junction is filled, the 

droplet splits relative to the length of each branch (Figure 2.4B). By tuning the lengths of the left and 

right branches of the T junction, we can generate symmetric or asymmetric droplets (Figure 2.4B-C), 

enabling users to generate variable volume aliquots from an original sample simply by changing the 

device dimensions. Further, the splitting of symmetric and asymmetric droplets was reproducible between 

devices within an array (Figure 2.4D). Some variability was observed between multiple arrays due to 

manual micromilling artifacts, but inter-array variability can be alleviated through fabrication with more 

consistent methods such as injection molding and advanced automated milling.11,14 Currently, the 

platform is capable of splitting a single droplet in shift mode; devices can also be reused following 

washing and drying with reproducible results (Figure A5).   
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Figure 2.4: Controlled and adjustable droplet splitting in open channels with SCF. A) Schematic of T 

junction showing branches (L1 and L2) within the junction; B-C) i-ii) a droplet in the channel above a 

T junction with symmetric (B) or asymmetric (C) branch lengths is translated toward the junction via 

SCF; iii) the droplet fills both branches in the junction and slows upon reaching the channel 
expansion after the junction due to temporary pinning; iv) the droplet splits into two discrete droplets 

dependent upon the branch length; D) quantification of daughter droplet sizes after splitting in T 

junctions with symmetric (i) or asymmetric (ii) branch ratios (data points represent a single droplet 
split in three different devices within an array of devices, mean and standard deviation are indicated). 

For images and measurement of droplets at the end of the channel, please refer to Figure A4. Scale 

bar: 2 mm.  

To demonstrate the workflow for a potential application of the open channel droplet splitting 

platform, we present a model experimental system for on-chip reagent delivery and reactions. We pipetted 

aqueous droplets tinted with yellow dye (to model primary reagents) upstream of a T junction and 

aqueous droplets tinted with green dye (to model secondary reagents) downstream of the T junction. We 

then loaded the inlet reservoir with carrier fluid to initiate flow. The carrier fluid flow drove the yellow 

droplet through the T junction, wherein the droplet split and its components were delivered to multiple 

samples (green droplets) downstream of the junction (Figure 2.5). The ability to preload the platform with 

reaction reagents allows users to generate multiplexed arrays for subsequent passive reagent delivery with 
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minimal user handling; additionally, altering the channel distance and geometry after mixing can be used 

to adjust the incubation time of the reaction.8  

 

Figure 2.5: Workflow for droplet splitting and merging with downstream droplets to model reagent 
delivery. A yellow droplet (representing a primary reagent) was pipetted above the T junction while 

green droplets (representing secondary reagents) were added after the junction. A-B) Carrier fluid 

translates the yellow droplet via SCF into the junction; C) the droplet splits equally and is delivered 
(D) to the secondary reagents in the channel; E) the droplet and reagent mix as the droplet flows 

down the channel. Scale bar: 2 mm.   

 

2.5 Conclusion 

In this work, we develop essential features for immiscible droplet manipulation in capillary-driven 

open systems. Open channels offer several advantages over closed channels including pipette 

accessibility, manufacturability, customizability, and ease of use. Using these features, we created a 

generalized open channel platform for addition, incubation, and translation of multiple droplets and an 

open channel platform for droplet splitting and delivery. These platforms build upon prior work 

describing the fundamental behavior of single droplets in open biphasic systems by providing previously 

unavailable user functionalities (e.g., incubation of multiple droplets within a channel, droplet splitting) 

and creating foundational systems that can be customized and adapted for a range of experimental needs. 

Traditional closed-channel droplet microfluidics provides high throughput capabilities that can 

accommodate >107 samples with droplet volumes reaching 10-15 L and can integrate with large-capacity 

screening instrumentation (LC/MS, high speed microscopy, etc.), greatly increasing the abilities of 

researchers to perform high throughput experimentation.3 Open-channel droplet microfluidics aims to 

address a different scale and set of experimental applications for researchers performing smaller screening 

studies (tens or hundreds of samples) with higher volumes (μL-nL) that do not require the extensive 

infrastructure nor cost associated with high throughput droplet microfluidics; further, we anticipate that 
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our platform offers increased user accessibility, tractability, streamlining, and ease of use that allows for 

easy integration with existing experimental protocols and sample generation tools (e.g., pipettes, liquid 

handling robot). Future work with these platforms will include increasing the capacity of the bypass 

system for larger droplet arrays, expanding the droplet splitting capabilities to accommodate a wider 

range of splitting ratios, and studying the dynamics of mixing in open channels. Further, in future 

investigations our platforms could be extended to smaller scales with the use of high resolution 

fabrication techniques and lower-volume liquid handlers or dispensers. In the future, we envision 

adaptation of these foundational platforms will enable users to expand and customize their current 

experimental toolbox for studies relating to drug screening, microscale reactions, and the “-omics” fields 

(e.g., metabolomics, proteomics).    

2.6 Materials and Methods 

Materials  

Droplets were created with deionized (DI) water (Type II, Harleco; Fisher Scientific, Hampton, 

NH) tinted with either yellow or green dye (Spice Supreme; Gel Spice Company, Bayonne, NJ) at a 

concentration of 10% or 1% (v/v), respectively. The carrier fluids were: toluene (Fisher Scientific, Figure 

2.1) or 1-pentanol (Acros Organics, Thermo Fisher Scientific, Waltham, MA, Figures 2.1, 2.2, 2.3, 2.4, 

and 2.5). All carrier fluids solvents were tinted with Solvent Green 3 (Sigma-Aldrich, St. Louis, MO) at a 

concentration of 0.50 mg/mL.  

Device fabrication 

Devices were designed with Solidworks 2017 (Solidworks, Waltham, MA) and converted to .TAP 

files with SprutCam 10 (SprutCam, Naberezhnye Chelny, Russia). The devices were milled on 

poly(methyl methacrylate) (PMMA) sheets of 3.175 mm thickness (McMaster-Carr, Santa Fe Springs, 

CA) using a Tormach PCNC 770 mill (Tormach, Waunakee, WI). All device channels were milled with 

ball endmills (Performance Micro Tool, Janesville, WI) with a cutter diameter of 1/32” (TR-2-0313-BN) 

or 1/64” (TR-2-0150-BN) to create round-bottom channels. After milling, the devices were rinsed with DI 
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water, sonicated in 70% (v/v) ethanol, and rinsed again with DI water. The devices were then dried with 

compressed air prior to use.   

Device design and testing 

The main device dimensions are a channel width of 0.90 mm and a channel depth of 1.0 mm, with 

smaller channels included for carrier fluid bypass (0.5 mm wide, 1.0 mm length, 0.2 mm step height) 

(Figure 2.2D) and splitting (1.0 mm branch length, 0.45 mm channel width); the detailed dimensions of 

the devices and features are included in Appendix A (Figure A2). Aqueous droplets with a volume of 1.0 

μL (Figures 2.1 and 2.2) or 3.0 μL (Figures 2.3 and 2.4) were generated in the channel with a pipette. 

Carrier fluids with a volume of 240 μL were dispensed in the inlet reservoir of the channel. Droplets were 

imaged and analyzed with ImageJ (National Institutes of Health, MD) for quantification (Figure 2.3 and 

A3). To prevent evaporation, devices were placed inside of a humidified Nunc™ Omnitray™ (Thermo 

Fisher, Frederick, MD) surrounded by 1.5 mL of sacrificial water droplets (≈ 50 μL/droplet), and the 

Omnitray was then placed inside a secondary humidified bioassay dish (#240835, Thermo Fisher) 

containing 100 mL of sacrificial water for extended incubations.  

For the arrayed colorimetric analysis system, 1 μL droplets containing 0.1 N potassium thiocyanate 

(KSCN) (Fisher Scientific), 0.067 M ferric nitrate (Fe(NO3)3) (Fisher Scientific), or DI water were added 

to the open channel device (Figure 2.3) and allowed to incubate at room temperature for 30 minutes. 

Following incubation, a second 1 μL droplet containing KSCN, Fe(NO3)3, or H2O was added directly to 

the incubating droplet for a final volume of 2 μL. 150 μL of undyed 1-pentanol was then added to the 

inlet reservoir to initiate flow. Once the coalesced droplets reached the outlet reservoir, they were 

removed using a multichannel pipette (16 μL) and added to a 96 well plate; each sample was diluted with 

DI water up to 50 μL to ensure accurate absorbance measurements. The absorbance of the plate was then 

measured at 450 nm using a Multiskan Spectrum UV/visible Microplate Reader (Thermo Labsystems, 

Waltham, MA). The experiment was repeated three times using three independent arrays of devices; each 

array contained two replicate devices per condition. Plotted points represent the average of the two 
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replicate devices. All images were analyzed using ImageJ and visualized using Prism (GraphPad 

Software, San Diego, CA). 

Imaging  

Images and videos were acquired using a MU1403B High Speed Microscope Camera mounted on 

an Amscope SM-3TZ-80S stereoscope (Amscope, Irvine, CA) unless otherwise noted. For Figure 2.1B, 

2.4C and 2.5, images and videos were obtained with a Nikon-D5300 ultra-high resolution SLR camera 

(Tokyo, Japan).  

 

2.7 References 

1. Berthier, J.; Brakke, K.A.; Berthier, E. Open Microfluidics. Wiley, 2016. 

2. Teh, S.Y.;Lin, R.; Hung, L.H.; Lee, A.P. Droplet microfluidics. Lab Chip, 2008, 8, 198-220. 

3. Shang, L.; Cheng, Y.; Zhao, Y. Emerging Droplet Microfluidics. Chem. Rev., 2017, 117, 7964-8040.  

4. Frenz, L.; Blank, K.; Brouzes, E.; Griffiths, A.D. Reliable microfluidic on-chip incubation of droplets in 

delay-lines. Lab Chip, 2009, 9, 10, 1344-1348. 

5. Boukellal, H.;Selimovic, S.; Jia, Y.; Cristobal, G.; Fraden, S. Simple, robust storage of drops and fluids in a 
microfluidic device. Lab Chip, 2009, 9, 331-338.  

6. Abate, A.R.; Hung, T.; Mary, P.; Agresti, J.J.; Weitz, D.A. High-throughput injection with microfluidics 

using picoinjectors. PNAS, 2010, 107, 45, 19163-19166. 

7. Link, D.R.; Anna, S.L.; Weitz, D.A; Stone, H.A. Geometrically mediated breakup of drops in microfluidic 

device. Phys. Rev. Lett., 2004, 92, 054503.  

8. Song, H.; Chen, D.L.; Ismagilov, R.F. Reactions in droplets in microfluidic channels. Angew. Chem. Int. Ed. 

Engl., 2006, 45, 44, 7336-7356. 

9. Li, C.; Boban, M.; Tuteja, A. Open-channel, water-in-oil emulsification in paper-based microfluidic devices. 

Lab Chip, 2017, 1436. 

10. Casavant, B.P.; Berthier, E.; Theberge, A.B.; Berthier, J.; Montanez-Sauri, S.I.; Bischel, L.L.; et al. 

Suspended Microfluidics. PNAS, 2016, 110, 10111–10116. 

11. Guckenberger, D.J.; de Groot, T.E.; Wan, A.M.D.; Beebe, D.J.; Young, E.W.K. Micromilling: A method for 
ultra-rapid prototyping of plastic microfluidic devices. Lab Chip, 2015, 15, 11, 2364-2378. 

12. de Groot, T.E.; Veserat, K.S.; Berthier, E.; Beebe, D.J.; Theberge, A.B. Surface-tension drive open 

microfluidic platform for hanging droplet culture. Lab Chip, 2016, 16, 334. 

13. Barkal, L.J.; Theberge, A.B.; Guo, C.J.; Spraker, J.; Rappert, L.; Berthier, J.; et al. Microbial metabolomics 

in open microscale platforms. Nature Communications, 2016, 7, 10610. 

14. Lee, U.N.; Su, X.; Guckenberger, D.J., Dostie, A.M.; Zhang, T.; Berthier, E.; et al. Fundamentals of rapid 

injection molding for microfluidic cell-based assays. Lab Chip, 2018, 18, 496-504.  

15. Lee, Y.; Choi, J.W.; Yu, J.; Park, D.; Ha, J.; Son, K.; et al. Microfluidics within a well: an injection-molded 

plastic array 3D culture platform. Lab Chip, 2018, 18, 2433-2440. 

16. Huemmer, D.; Bachler, S.; Kohler, M.; Blank, L.M.; Zenobi, R.; Dittrich, P.S.; Microfluidic platform for 

multimodal analysis of enzyme secretion in nanoliter droplet arrays. Anal. Chem., 2019, 91, 3, 2066-2073. 
17. Lee, J.J.; Berthier, J.; Brakke, K.A.; Dostie, A.M.; Theberge, A.B.; Berthier, E. Droplet behavior in Open 

Biphasic Microfluidics. Langmuir, 2018, 34, 18, 5358-5366.  

18. Berthier, J.; Gosselin, D.; Berthier, E. A generalization of the Lucas-Washburn-Rideal law to composite 

microchannels of arbitrary cross section. Microfluid. Nanofluid., 2015, 19, 3, 497-507. 

19. Chen, Y.F.; Tseng, F.G.; Chein, S.Y.C.; Chen, M.H.; Yu, R.J.; Chieng, C.C. Surface tension driven flow for 

open microchannels with different turning angles. Microfluid Nanofluid, 2008, 5, 193-203. 



35 
 

20. Lade Jr., R.K.; Jochem, K.S.; Macosko, C.W.; Francis, L.F. Capillary Coatings: Flow and Drying Dynamics 

in Open Microchannels. Langmuir, 2018, 34, 7624-7639. 

21. Yang, D.; Krasowska, M.; Priest, C.; Popescu, M.N.; Ralston, J. Dynamics of capillary-driven flow in open 

microchannels. J. Phys. Chem. C., 2011, 115, 18761-18769.  

22. Concus, P.; Finn, R. On the behavior of a capillary surface in a wedge. PNAS, 1969, 2, 63, 292–299. 

23. Hadimioglu, B.; Stearns, R.; Ellson, R. Moving Liquids with Sound: The Physics of Acoustic Droplet 
Ejection for Robust Laboratory Automation in Life Sciences. Journal of Laboratory Automation, 2016, 21, 

1, 4-18. 

24. Demirci, U. Acoustic Picoliter Droplets for Emerging Applications in Semiconductor Industry and 

Biotechnology. Journal of Microelectromechanical Systems, 2006, 15, 4, 957-966. 

25. Choi, K.; Ng, A.H.C.; Fobel, R.; Wheeler, A.R. Digital Microfluidics. Annu. Rev. Anal. Chem., 2012, 5, 

413-440.  

26. Ng, A.H.C.; Li, B.B.; Chamberlain, M.D.; Wheeler, A.R. Digital Microfluidic Cell Culture. Annu. Rev. 

Biomed. Eng., 2015, 17, 91-112.   

27. Jones, T.B. On the relationship of dielectrophoresis and electrowetting. Langmuir, 2002, 18, 11, 4437-4443. 

28. Lee, J.J.; Karampelas, I.H.; Brakke, K.A.; Theberge, A.B.; Berthier, E.; Berthier, J. Capillary flow in open 

microgrooves: bifurcations and networks. Langmuir. 2019, 35, 32, 10667-10675. 

29. Fidalgo, L.M.; Abell, C.; Huck, W.T.S. Surface-induced droplet fusión in microfluidic devices. Lab Chip, 
2007, 7, 984-986. 

30. Yang, Y.H.; Song, E.; Lee, B.R.; Kim, E.J.; Park, S.H.; Kim, Y.G.; et al. Rapid functional screening of 

Streptomyces coelicolor regulators by use of a pH indicator and application to the MarR-like regulator 

AbsC.  Appl. Environ. Microbiol., 2010, 76, 11, 3645-3656. 

31. Onaka, H.; Mori, Y.; Igarashi, Y.; Furumai, T. Mycolic acid-containing bacteria induce natural-product 

biosynthesis in Streptomyces species. Appl. Environ. Microbiol., 2011, 77, 2 400-406. 

32. Adnani, N.; Vazquez-Rivera, E.; Adibhatla, S.N.; Ellis, G.A.; Braun, D.R.; Bugni, T.S. Investigation of 

interspecies interactions with marine micromonosporaceae using an improved co-culture approach. Mar. 

Drugs, 2015, 13, 6082-6098. 

33. Mehrabian, H.; Gao, P.; J.J. Feng, J.J. Wicking flow through microchannels. Physics of Fluids, 2011, 23, 

122108.  
34. Berthier, J; Brakke, K.A.; Gosselin, D.; Navarro, F.; Belgacem, N.; Chaussy, D.; Berthier, E. On the halt of 

spontaneous capillary flows in diverging open channels. Med. Eng. Phys. 2017, 75-80.  

 

 

 

 

 

 

 

 



36 
 

Chapter 3. Open-Microfluidic Patterning of Surfaces for Segregated Coculture of 

Cells 

Reproduced in part with permission from Berry, S.B.*; Zhang, T.*; Day, J.H.; Su, X.; Wilson, I.Z.; 

Berthier, E.; Theberge, A.B. “Upgrading well plates using open microfluidic patterning”. Lab Chip, 2017, 

17, 4253-4264.  

*denotes co-authorship 

Abstract: 

Cellular communication between multiple cell types is a ubiquitous process that is responsible for 

vital physiological responses observed in vivo (e.g., immune response, organ function). Many in vitro 

coculture strategies have been developed, both in traditional culture and microscale systems, and have 

shown the potential to recreate some of the physiological behaviors of organs or groups of cells. A 

fundamental limitation of current systems is the difficulty of reconciling the additional engineering 

requirements for creating soluble factor signaling systems (e.g., segregated cell culture) with the use of 

well-characterized materials and platforms that have demonstrated successful results and biocompatibility 

in assays. We present a new open microfluidic platform, the Monorail Device, that is placed in any 

existing well plate or Petri dish and enables patterning of segregated coculture regions, thereby allowing 

the direct upgrade of monoculture experiments into multiculture assays. Our platform patterns 

biocompatible hydrogel walls via microfluidic spontaneous capillary flow (SCF) along a rail insert set 

inside commercially available cultureware, creating customized pipette-accessible cell culture chambers 

that require fewer cells than standard macroscale culture. Importantly, the device allows the use of native 

surfaces without additional modification or treatments, while creating permeable dividers for the diffusion 

of soluble factors. Additionally, the ease of patterning afforded by our platform makes reconfiguration of 

the culture region as simple as changing the rail insert. We demonstrate the ability of the device to pattern 

flows on a variety of cell culture surfaces and create hydrogel walls in complex and precise shapes. We 

characterize the physical parameters that enable a reproducible SCF-driven flow and highlight specialized 
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design features that increase the ease of use of the device and control of the open microfluidic flow. 

Further, we present the performance of our platform according to useful coculture criteria, including 

permeability and integrity of our hydrogel walls and surface-sensitive cell culture. Lastly, we show the 

potential of this type of platform to create modular multikingdom culture systems that can be used to 

study soluble factor signaling between mammalian cells, bacteria, and fungi, as well as the potential for 

adaptation of this technology by researchers across multiple fields.   

3.1 Introduction 

Modeling soluble factor signaling between human cell types and across cells, bacteria, and fungi is 

essential for studying organ function and disease mechanisms. A powerful approach in modeling this type 

of signaling utilizes systems that physically separate cell types yet permit soluble small molecules and 

proteins to diffuse and perform their signaling mechanism. This can typically be accomplished using 

engineered systems such as Transwell inserts or innovative microfluidic platforms. Both approaches have 

been enabling for soluble factor signaling and coculture studies, but are fundamentally limited in that they 

require specifically engineered systems, limiting their versatility and transferability – two important 

aspects we build upon. For established assays to be compatible with engineered microsystems, the assays 

must be adapted to match technological requirements that differ between established cultureware and 

engineered microsystems (e.g., accessibility, workflow for changing media, device material, cell culture 

surface treatments). In contrast, we aimed to create a segregated culture device to study heterotypic 

cellular communication that can simply be inserted into existing culture systems (e.g., well plates) to 

enable facile augmentation of an established monoculture assay without significant alterations of 

experimental protocols. We propose a method to perform segregated multiculture and signaling studies 

through the creation of a hydrogel-wall network patterned using open microfluidics in a well plate-

compatible insert. 

Cell cocultures have been used to recapitulate specific aspects of in vivo cellular signaling 

phenomena, providing insight into complex physiological systems (e.g., organs, immune response).1 
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Specifically, segregated coculture, in which cell types are physically separated but are still able to 

communicate via diffusion of signaling molecules, can capture dynamic, reciprocal signaling between cell 

types2,3 and isolate the effects of soluble factors from the effects of heterotypic contact that include 

juxtacrine signaling pathways and cell stimulation.4,5 Segregated coculture methods are widely available 

as commercial Transwell inserts which are easy to use and integrate with standard culture plates6,7, but are 

limited by fixed culture configurations, the inability to tune the size of the culture regions, the number of 

cultures in communication, the use of alternative surface materials (e.g., PC, PET, PTFE), poorly defined 

diffusion gradients that rapidly decay,8,9 and the inability to culture multiple cell types on a single surface.  

Alternatively, researchers have turned to custom engineered microfluidic systems for segregated 

coculture, as these systems can provide precise control over cell culture environments, require fewer cells, 

and can be tailored to mimic physiological conditions.10-20 These engineering approaches have generated 

effective and creative segregated coculture platforms, using techniques such as hydrogel patterning and 

laminar flow patterning for precise cell seeding and microchannel systems for the isolation of soluble 

factor effects in complex cocultures.5, 21-26 For example, Hui et al.27 created a reconfigurable, 

interdigitated coculture system that permitted precise temporal and spatial manipulation of coculture. In 

addition, Lee et al.28 fabricated a micromolded polydimethylsiloxane (PDMS) device that utilized flow 

along a rail to pattern gels and selectively seed cells and microbes. Similarly, Patel et al. and others 

created hydrogel-based barriers that selectively manipulate the chemical and temporal signaling, as well 

as movement, of cell types in coculture.29-32 Further, Carney et al.26 utilized a dual-chambered polystyrene 

(PS) microfluidic device that allowed transport of signaling molecules through diffusion channels 

connecting the segregated chambers. These examples represent impressive endeavors to create simple 

engineering solutions for difficulties associated with segregated coculture, yet they remain limited. Many 

of these approaches3,5, 13-17,19,22-24,28-32 use PDMS, which has been shown to absorb small molecules,33,34 

while others use enclosed culture chambers,24,26,28 which are only accessible from the inlet/outlet ports, 

and have not demonstrated compatibility of their platforms with unmodified commercially available 

tissue-culture surfaces.26,28 These customized microsystems are a valuable alternative to commonly used 
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methods and provide important insight into physiological interactions that cannot be easily examined in 

traditional cultureware. However, despite the remarkable push towards simplifying complex cocultures 

with these engineered systems, integration of custom microsystems with established cultureware remains 

difficult. Commercially available well plates and tissue culture treated (TCT) surfaces are easy to handle 

and use, have been validated through decades of experimentation, and are familiar to biological 

laboratories.35 Further, production of cell culture-treated surfaces is a technically challenging and labor 

intensive process that has been optimized by industry through decades of effort. Therefore, there exists a 

need for an easy-to-use tool that provides investigators with the flexibility to upgrade their model with 

multiple cell types while maintaining optimized experimental materials and methods.   

We developed a segregated coculture technology, called the Monorail Device, that integrates with 

established cell culture methods and enables the partitioning of cell-culture surfaces in commercially 

available well plates by flowing biocompatible hydrogel solutions to create hydrogel walls. Importantly, 

the Monorail Device upgrades simple monoculture assays by adding any number of additional cell-culture 

wells in controlled configurations on the same plane. Our method builds upon previous work in open 

microfluidics by incorporating spontaneous capillary flow (SCF) along an open microfluidic channel 

comprised of a plastic ‘rail’ insert (channel ceiling), the well plate (channel floor), and two open air 

interfaces (channel sides).28,36,37 This type of flow allows the easy patterning of hydrogel solution and its 

polymerization, thereby creating permeable cell culture regions. Additionally, the incorporation of SCF as 

the mechanism of flow eliminates the need for external pumping systems during the hydrogel wall 

fabrication process. Our platforms are insertable into individual wells, similar to Transwells inserts, and 

easy to use, as gels and cells can be applied in open wells by simple pipetting. The accessibility to cell 

culture areas is a key design consideration of the platform; the open chambers and channels demarcated 

by the hydrogel walls do not have a ceiling and as such are pipette accessible from the top. Thus, cell 

seeding, media changing, reagent addition, and the removal of media for endpoint analysis (e.g., enzyme-

linked immunosorbent assay (ELISA), liquid chromatography-mass spectrometry (LC-MS)) can all be 

achieved by pipetting directly into the culture regions from the top, just as in a traditional well plate. 
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Additionally, the use of open microfluidics (i.e., simple ‘rail’ insert) enables straightforward rapid 

prototyping via 3D printing38,39 for platform design and injection molding (Figure B6) for scale-up and 

reproducible use in biology research environments. We demonstrate the application of our Monorail 

Device by patterning hydrogel walls onto multiple different surfaces and characterizing the integrity, 

permeability, flow, and dimensions of the wall. We detail specific design features that improve function 

within the device and increase the versatility of our design. Importantly, our device can be easily 

integrated into biological laboratories to fulfill a range of experimental needs, including multikingdom 

coculture, small molecule diffusion, and surface-sensitive cell culture. 

3.2 Spontaneous capillary flow along a rail 

We created a hydrogel-wall patterning platform that easily integrates into existing cultureware and 

utilizes SCF along a rail as the principal mechanism of function (Figure 3.1). Operation of our Monorail 

Device is simple and fast, as wall fabrication via SCF requires minimal user interaction through a two-

step process: placing the device in a well or on a cell culture surface (Figure 3.1a), similar to a Transwell, 

and pipetting of the hydrogel solution into the loading zone (Figure 3.1b and c). In this work, we 

optimized our platform for use with Matrigel, and we have also used our platform with fibrin and collagen 

I. Flow within our platform is described by an open microfluidic rail system, in which liquid flows in a 

channel with no side-walls. The cross-section of the open channel thus defines a wetted perimeter (Pw), 

comprising of all the solid surfaces, and a free perimeter (Pf), comprising of all the open interfaces. SCF 

along a rail has been previously modeled28,36,37; additionally, to describe the specific conditions of flow in 

our device embodiment, we performed a balance-of-pressure analysis between the inlet surface-tension-

based Laplace pressure and the Laplace pressure in the advancing fluid under the rail, which led to the 

development of an analytical model of the conditions for flow based on the aspect ratio of the open 

channel (Figure B1, Figure 3.2b).  

Our model states that flow within our platform is dependent upon the height (h) and width (w) of 

the rail (Figure 3.1d); these two physical parameters can be utilized as guidelines for customizing our 
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open microfluidic system, in which the Laplace pressure affects the performance of a system with 

different aspect ratios or shapes (Figure 3.1e). Using experimentally measured values for the contact 

angles of Matrigel on the rail surface (θ = 22.3° ± 1.6°) and a TCT PS surface (θ = 38.4° ± 1.1°), we 

derived a relationship between h and w which determines the limit between “flow” and “no flow” 

(illustrated by the boundary between the red and green shaded regions in Figure 3.2b). To validate our 

model, we characterized conditions for flow in our system using devices of different heights and widths 

on the TCT PS surface. We use a simple single rail device and a qualitative binary system to differentiate 

between “flow” and “no flow” conditions: “flow” is defined as complete reproducible flow of Matrigel 

via SCF along the entire length of the rail, whereas “no flow” is defined as no initiation of flow along the 

rail after reservoir filling or incomplete flow along the rail (Figure 3.2a). According to our model, the 

region below the boundary (shaded green) represents favorable flow conditions, and the region above the 

boundary (shaded red) represents conditions for which “no flow” was predicted (Figure 3.2b). Indeed, 

when we plotted the experimental data of the flow and no-flow observations for devices with a range of 

heights and widths, we found that the model predicted the conditions for flow well (only one 

experimental point showed a deviation) and presented an experimental trend, as expected, in which larger 

widths and smaller heights promoted flow within our platform (Figure 3.2b). We expect this trend to hold 

for dimensions below those presented in this work, as we were limited by the fabrication capabilities of 

the 3D printing technology used in this paper (see Methods). However, open microfluidics has been 

demonstrated and the laws governing open fluid flow have been validated at scales smaller than those 

employed here,28,36 supporting that our method could be extended to smaller length scales achieved with 

alternative fabrication procedures.43   
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Figure 3.1: Overview of device operation and cross section showing SCF in a rail system. a) Insertion 

of the Monorail Device into a 24 well plate for hydrogel-wall patterning; image shows the device in a 

standard 24 well plate. b) Hydrogel solution is loaded into the inlet, filling the device; the cross section 
demonstrates a hydrogel-filled device with two separate cell types seeded in the inner and outer culture 

chambers. c) Schematics (i) and images (ii) of selected time points corresponding to device filling, as 

imaged through the bottom of a 24 well plate. d) Cross section of rail system with SCF. SCF is 
governed by the physical parameters height (h) and width (w), as well as the contact angles (θ1 and θ2 , 

not shown) between the gel and the rail and the gel and the bottom surface. e) The patterning method is 

versatile and can be used to create chambers of diverse geometries. Scale bars = 2 mm.  
 

Cell-culture platforms are highly tuned towards specific cell types, often matching cell-surface 

requirements with functionalizing treatments to favorably alter cell adhesion on the culture surface. In 

order to assess the ability of our platform to adapt to any cultureware surface, we characterized flow on 

the surface of commonly used cell culture materials (e.g., glass, PS) with different contact angles. We 

tested the ability of our platform to pattern hydrogel walls on surfaces with a range of contact angles 

(17.9° – 49.9°) and observed successful hydrogel solution flow on each surface (Figure 3.2c). These 

results agree with behavior predicted from our model, in which a device with a height of 0.25 mm and a 

width of 1 mm would be expected to facilitate SCF on the surfaces tested. The ability of our platform to 

successfully pattern hydrogel walls on a range of common surfaces illustrates the versatility of our 

platform. The manipulation of the height, width, and contact angles of the platform can allow our method 

to be used with a wide range of surfaces.   
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Figure 3.2: Characterization of flow along rails. a) Representative images showing i) “flow” and ii) “no 
flow” of Matrigel along rail (n = 3 devices). Scale bar = 2 mm. b) Phase diagram of theoretical (shaded 

region) and experimental observations (plotted points) of “flow” and “no flow.” Theoretical predictions 

were according to our model (see Appendix B), wherein the green region represents the region in which 
flow is expected to occur, and the red region represents the region in which flow is not expected to 

occur. Experimental results (plotted as red or green points for “no flow” and “flow,” respectively) were 

obtained by varying the height between the rail and well plate or width of the rail in our device 
(representative of n = 3 devices). All devices were used on tissue culture treated (TCT) polystyrene well 

plates. Theoretical values were calculated based on contact angles collected on a TCT Omnitray and the 

3D printer resin. c) Successful flow conditions on surfaces with varied contact angles. All trials were 

conducted with the same device design (w = 1 mm, h = 0.25 mm), and images are representative of n = 
3 devices. The results show that SCF along the rail occurs on all surfaces tested, as predicted by our 

model. In image i), the ring of Matrigel along the periphery of the well is due to a gap created from 

adhering a glass slide to a PS well plate to create a glass-bottomed well. In image iv), the ring of 
Matrigel along the periphery of the well is due to Concus-Finn flow (i.e., flow along a wedge).36,44 

Scale bars = 2 mm. 
 

3.3 Design optimization of open microfluidic patterning platform 

The ability to precisely control fluid flow in open channels dictates the shape, size, and ease of use 

of our platform. To achieve greater control over the fluids and more reproducible filling of the device via 

SCF, we added features to control the capillary forces along the pathway of flow. These features ensure 

that the hydrogel solution flows along the rail and accurately patterns the surface; additionally, these 

regions increase tolerance to pipetting speed and pipette placement by the user. To ensure reproducible 

initiation of flow, we incorporated a controlled inlet (Figure 3.3a, (ii)) that confines the hydrogel solution 

beneath the rail as it flows from the inlet to the end of device; without the controlled inlet, we observed 
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uncontrolled wetting by the inputted fluid in culture chambers and around the device (Figure 3.3a, (3)). 

Additionally, the controlled inlet contains a height gradient that directs the hydrogel solution towards the 

middle of the inlet (Figure B2), thereby enabling the user to load the hydrogel solution by placing a 

pipette anywhere in the loading zone. In conjunction with the controlled inlet, we incorporated a region of 

high capillary favorability (i.e., a capillary sink) at the end of the flow path to ensure controlled flow 

within the device (Figure 3.3b, (ii)); without the capillary sink, we observed flooding into the culture 

chambers (Figure 3.3b, (3)). The capillary sink promotes controlled flow because of an increased 

favorability of the hydrogel solution to wet a feature with a larger width (resulting from a lower h:w ratio, 

as h is kept constant from the rail to the sink); therefore, inputted hydrogel solution preferentially flows to 

the capillary sink instead of into the culture chambers. 

As the channels are open, there is the potential for the fluid to wick vertically up along the sides of 

the rails, a phenomenon also known as capillary rise (Figure 3.3c, (3)). Indeed, we observed capillary rise 

within our platform, which led to an increased width at the base of the wall and flooding into the culture 

chambers while in the process of device filling. At the conclusion of device filling, we observed recession 

of the hydrogel solution back towards the rail, leaving a faint residue on the surface where the gel had 

originally flooded into the culture chamber. To halt the capillary rise of the hydrogel solution, we 

improved the pinning ability of the rail by increasing the acuteness of the angles on the sides of the rail, 

creating a trapezoidal cross section (Figure 3.3c, (ii)). It is important to note that the width at the base of 

the wall is greater than the width of the rail even with the trapezoidal cross-section, as the bottom surface 

is not bound laterally (Figure 3.3c, (3)); however, the width at the base is consistent, with the extent of 

flooding remaining < 260 μm into the chamber, and therefore can be accounted for when designing 

platform dimensions (Figure B3, B5). Lastly, another source of error is Concus-Finn filaments (i.e., 

filaments of fluid in a wedge defined by two surfaces intersecting)36,44 that may occur when rails change 

direction, split, or merge. The Concus-Finn filaments can be prevented by rounding all the concave angles 

of the device. By removing wedge-shaped regions conducive to Concus-Finn flow, flow within our device 

more closely resembled a solid fluid front (i.e., without additional fluid filaments). When combined with 
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the controlled inlet and the capillary sink, these flow-controlling features represent necessary design 

aspects for the successful execution of SCF in our platform and across different designs.  

 

Figure 3.3: Integrated design features for improving control of hydrogel flows. Schematics and images 

depicting functional design features of our platform include a) a controlled inlet, b) a capillary sink, and 

c) a trapezoidal rail cross section. For each feature, a 3D schematic (1) and image (2) illustrates the 
presence or absence of the design feature in the device. For each design, a device containing the design 

feature and a device without the feature were loaded with hydrogel solution and allowed to flow to 

completion (3); devices without the functional design feature experienced flooding of the hydrogel 
solution into the culture chamber (a,b) or capillary rise (c, red circles). Devices for a) and b) were used 

on TCT PS with Matrigel that was dyed red for visualization. Images are representative of n = 3 

devices. Scale bar = 2 mm (2), = 1 mm (3). For c), rails for cross sectional images were printed larger 

for imaging purposes (Scale bar = 1 mm); actual-sized rail images are in Appendix B (Figure B4). 
Confocal images of AlexaFluor-488-dyed Matrigel flow were obtained on glass 24 well plates to 

minimize autofluorescence. Scale bar = 100 μm.  

 

3.4 Application of hydrogel patterning for cell culture systems 

The intrinsic characteristics of hydrogels provide several advantages when used for wall 

fabrication; hydrogels are permeable, thereby enabling diffusion of soluble factors through the wall, yet 

are able to maintain a defined shape that can act as a physical barrier for objects like cells. These 

characteristics support the use of hydrogels as a barrier for segregated coculture systems, as they permit 

soluble factor signaling while prohibiting physical contact between cell types.32 To demonstrate the 

segregation and containment of cells by the hydrogel walls, we selectively stained and seeded benign 
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prostate stromal cells (BHPrS1) and umbilical arterial smooth muscle cells (HUASMC) into separate 

chambers within a device, separated by the hydrogel wall (Figure 3.4a). After cell incubation and 

adhesion, we imaged the device and observed no mixing of the cell populations, clearly demonstrating the 

physical compartmentalization of each cell type. Importantly, this platform can be used with reduced cell 

numbers (≈2000 cells/chamber), illustrating utility for experiments involving rare or limited cell types 

(e.g., patient cells).  

We then quantified the diffusion of a model small molecule (AlexaFluor-488) through the hydrogel 

wall to model soluble factor signaling. We generated a diffusion profile by measuring the concentration of 

AlexaFluor-488 as it diffused through the hydrogel wall from the sourcing chamber to the receiving 

chamber (Figure 3.4b).  The concentration of AlexaFluor-488 followed the model predicted by the quasi-

static Fick law indicating a linear diffusion gradient of AlexaFluor-488 across the hydrogel wall. The 

diffusion profile demonstrates predictable and controllable signaling across the hydrogel wall. Diffusion 

time is dependent upon the size of the molecule, the thickness and permeability of the wall, and the 

distance between the source and the receiver. Therefore, for applications where different diffusion rates 

are required, the dimensions of the wall and culture chambers and the concentration/type of hydrogel can 

be adjusted. Importantly, these results support the use of this platform as a method to study intercellular 

communication while maintaining physical separation of cell types.   
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Figure 3.4: Integrity and permeability of patterned hydrogel walls. A) Integrity of the hydrogel walls is 

demonstrated by the segregation and containment of cells on either side of the patterned hydrogel wall: 
i) HUASMC cells stained with CellTracker Red were selectively seeded into the inner culture chamber 

of the device; ii) BHPrS cells stained with CellTracker Green were selectively seeded into the outer 

culture chambers of the device. After cell adhesion (overnight incubation), the cells were imaged at the 

border of the two culture chambers demonstrating the integrity of the hydrogel wall (image is 
representative of n = 3 devices). Scale bar = 200 μm. B) Permeability of the hydrogel wall was 

demonstrated via diffusion through the wall. AlexaFluor-488 solution was loaded into the sourcing 

chamber, and PBS was loaded into a receiving chamber at time = 0 h. The solution in the receiving 
chambers was collected at t = 1 h, 3 h, 5 h, 17.5 h, and 29 h, and the fluorescence intensity of each 

sample was measured. Data are expressed as mean ± standard error of the mean (n = 3 devices).  
 

The versatility of our Monorail Device extends into applications involving specialized cultureware 

and sensitive cell types; as a tunable insert, our platform can be incorporated into any “off the shelf” well 

plate, including those with pretreated and coated surfaces. As a proof of concept, we demonstrate the 

compatibility of our patterning platform with the human prostate cancer cell line, LNCaP, that is sensitive 

to culture surface chemistry and that grows better on plates with surface chemistry tuned for improved 

adherence.45 Prior work has shown that LNCaP cells exhibit better adherence and spreading on Corning’s 

commercially available PureCoatTM Carboxyl PS (C-PS) than traditional TCT PS.46 First, we tested and 

observed successful rail-based hydrogel patterning with our platform on Corning’s specialized C-PS well 

plates. After validation of the compatibility of our platform with the C-PS well plates, we thawed LNCaP 

cells and directly seeded the cells on TCT PS and C-PS in the absence or presence of hydrogel walls 

patterned by our platform. As expected based on prior studies,46 we observed morphological differences 

between LNCaP cells cultured on TCT and C-PS, with LNCaP cells cultured on C-PS displaying more 

spread out, adherent morphology than the LNCaP cells cultured on TCT PS, which showed 

predominantly rounded morphologies (Figure 3.5). The effect was independent of the presence of our 

platform.  In these experiments, we used PS rails fabricated using CNC milling rather than the 3D printed 

rails used in prior figures because we observed that the 3D printer resin affected LNCaP morphology. We 

believe this is due to leaching of compounds from the 3D printer resin into the cell culture media; 

previous work has shown that some printer resins are detrimental to certain cell types.47 A key advantage 

of our open microfluidic design is that it is injection moldable (Figure B6); in the future, inserts can be 
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injection molded in established cell culture materials (e.g., PS). In summary, these results support the use 

of our device as a compatible culture platform for sensitive cell types and illustrate its use on custom 

commercially available culture surfaces beyond traditional TCT plastics.  

 

Figure 3.5: Rail-based hydrogel wall patterning technique is compatible with surface-modified 
commercial well plates designed for sensitive cell types. Consistent with prior studies,46 LNCaP cells 

cultured on PureCoatTM Carboxyl well plates exhibited more spread out morphology compared to cells 

cultured on traditional TCT well plates; this effect was observed when LNCaP cells were cultured in 
well plates without ((a) and (b)) and with ((c) and (d)) hydrogel wall patterning. Rail devices used in 

this experiment were micromilled from PS. All images are representative of n = 3 replicates; images 

were taken between the middle of the culture chamber and the well wall ((c) and (d)) or at a 

corresponding location off center in the well plate ((a) and (b)). Scale bars = 200 μm, inset scale bars = 
20 μm. 

 

To further demonstrate the versatility of our Monorail Device in cell culture applications, we 

created a modular system that can be used to study multikingdom soluble factor signaling (e.g., signaling 

between bacteria, fungi, and human cells). Coculture of cell types from different kingdoms can be used to 

decipher complex physiological microenvironments (e.g., human microbiome) and to better understand 

transkingdom relationships.48-52 Key challenges of establishing multikingdom cocultures include 

differential media and culture conditions for each cell type, and the tendency of microbial cultures to 

overgrow human cultures. These challenges, along with the complexity of existing engineered 

multikingdom coculture platforms, have made it difficult for multikingdom coculture to expand into most 

microbiology and cell biology laboratories, with much of the current work accomplished within 
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specialized engineered platforms,53 further illustrating the need for simple and easily-adapted systems that 

researchers can use to approach these complex environments. Therefore, building upon previously 

demonstrated reconfigurable systems27,54,55 and Transwell technology, we present a modular 

multikingdom coculture platform in which removable coculture “pegs” can be inserted into an existing 

hydrogel-wall patterned region (Figure 3.6a). Modularity of the individual culture compartments (i.e., peg 

and hydrogel-patterned well plate) allows users to separately culture each kingdom in its optimized 

conditions before combining the compartments to initiate soluble factor signaling. Additionally, the 

ability to load and remove multiple pegs simultaneously allows users to build combinatorial coculture 

systems (Figure 3.6b). To demonstrate the physical device workflow, we combined a model yeast 

organism (S. cerevisiae) with model adherent and non-adherent human cells (BHPrS1 and Jurkat E6.1 

cells, respectively). We cultured the S. cerevisiae atop agar-filled pegs while the BHPrS1 and Jurkat E6.1 

cells were cultured in their own media in hydrogel-defined culture chambers. After overnight incubation, 

the three separate cultures were combined by insertion of the S. cerevisiae-containing peg into the 

hydrogel-patterned ring containing human cells (Figure 3.6c.). Further, we recapitulated a separate 

multikingdom coculture system of two human pathogenic microbes, A. fumigatus (fungus) and P. 

aeruginosa (bacterium), demonstrating an additional use of our rail-based hydrogel patterning platform 

and characterizing the ability of our platform to permit soluble factor signaling in a multikingdom 

coculture. Prior work has demonstrated that coculture of these two organisms in soluble factor contact 

results in reduced growth of A. fumigatus due to secretion of inhibitory factors by P. aeruginosa.25,56-58 

Therefore, we examined A. fumigatus growth in our modular Monorail Device while in coculture with P. 

aeruginosa. Briefly, A. fumigatus was seeded into the inner chamber of a hydrogel-patterned well plate, in 

which the outer chambers were filled with media, and P. aeruginosa was then seeded into LB-agarose-

filled pegs and inserted into a peg-holder directly above the A. fumigatus. As expected, we observed 

growth of A. fumigatus over four days in monoculture and decreased A. fumigatus growth when A. 

fumigatus was cocultured with P. aeruginosa (Figure 3.6d). The inhibition of A. fumigatus growth by P. 

aeruginosa demonstrates cellular communication between two different kingdoms, supporting the use of 
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our modular Monorail Device as a platform to study soluble factor signaling in multikingdom cultures. In 

future work, to study signaling mechanisms between human cells and microbial pathogens, human cell 

types such as lung endothelial or epithelial cells could be incorporated into separate culture chambers 

within the modular Monorail Device. The modularity of our proof of concept platform, in addition to the 

customizability of our rail-based system, demonstrates the potential of our platform as a simple yet 

versatile tool for studying multikingdom communication. 

 

 

Figure 3.6: Multikingdom coculture in a modular rail-based hydrogel patterning platform. a) An 
insertable multikingdom coculture platform containing two hydrogel-patterned culture compartments 

on the well plate surface and four modular “pegs” for temporal or spatial manipulation of multiple cell 

types. b) Different cell types can be easily added or removed in different permutations to create 
combinatorial multikingdom cultures; i) Monorail Device with one peg, representing one cell type, 

while the other ports remain empty; ii-iv) a second, third, and fourth peg can be added as desired. Scale 

bar = 2 mm. c) A model yeast strain (S. cerevisiae) was cultured on agar-filled pegs (iii) and model 
human adherent and non-adherent cells (BHPrS1 and Jurkat E6.1, respectively) were cultured 

separately in a hydrogel-patterned 24 well plate ((iv) and (v)). Jurkat E6.1 cells were seeded into the 

inner culture chamber of the device, and BHPrS1 cells were seeded into the outer culture chamber. The 

pegs were then inserted into the device, placing the yeast proximal to the BHPrS1 and Jurkat E6.1 cells. 
Images are representative of n = 3 devices. The device used for this experiment contained 4 yeast-filled 

pegs. Scale bar = 2 mm ((i-ii)), 200 μm ((iii - v)). d) Coculture of A. fumigatus with P. aeruginosa 
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inhibits growth of A. fumigatus. Brightfield microscopy images of A. fumigatus in monoculture and 

coculture (with P. aeruginosa) on Day 1 ((i) and (iii)). Fluorescent images of Calcofluor white stained 
A. fumigatus in monoculture and coculture on Day 4 ((ii) and (iv)). Quantification of Calcofluor white 

fluorescent signal from A. fumigatus in mono- and coculture conveys decreased A. fumigatus growth in 

coculture (v). Images are representative of n = 3 devices, scale bars = 100 μm. Data is the average of 

two pegs images per device across three devices plus standard error of the mean (SEM) (error bars).  ** 
indicates significantly different values according to a two-tailed unpaired Student’s t-test (p ≤ 0.01).  

 

3.5 Conclusion 

In this work, we present the creation of a new hydrogel-wall patterning platform, the Monorail 

Device, that utilizes SCF along a rail to pattern hydrogel walls on commercially available cultureware. 

The pipette-accessible cell culture chambers, compatibility with a range of cultureware materials, and the 

potential to reconfigure design geometries facilitate easy integration of our technology into biological 

laboratories and with established detection methods (e.g., microscopy, ELISA, LC-MS). The ease of use 

of our device is on par with that of Transwells inserts, and the potential scalability of our technology to 

existing manufacturing techniques such as injection molding (Figure B6) can lower fabrication costs, as 

our technology relies on SCF instead of specialized fabrication methods to create a cell-segregating 

membrane. We envision use of this device as a tool to probe underlying mechanisms of cellular 

communication and multikingdom soluble factor signaling. The platform that we present can further be 

used for applications that require good control over the cellular micro-environment (e.g. cell migration) as 

well as applications that require a higher level of complexity, such as host-microbe interactions. The 

patterned regions can sustain 2D and 3D cell culture, in which cell-laden hydrogels could be loaded into 

the culture chambers or used to pattern walls. The use of customizable hydrogels can also enable the 

selective filtering of specific biomolecules in order to tailor the communication between the cells in 

culture.32 We acknowledge the need for further optimization with regards to specific assay requirements, 

such as extended culture times, incorporating specific cell types depending on the application, and 

maintaining gel adherence and integrity (or degradability) over time as desired for a given application. 

Our optimization in the present paper centered on the physical hydrogel patterning capabilities of our 

platform to create open coculture chambers and we outline foundational technological features that will 
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allow personalized optimization and development of our platform. Ultimately, we aim to create a platform 

that can be easily translated across fields and adapted by researchers for their own research questions.     

3.6 Materials and Methods 

Devices 

Devices were fabricated using a Form 2 SLA 3D printer (Formlabs, Somerville, MA) or a 770 

Series 3 PCNC Mill (Tormach, Waunakee, WI). 3D-printed devices were designed with AutoCAD 

(Autodesk, San Rafael, CA) and converted to .form files with PreForm 2.11.0 (Formlabs) prior to being 

printed with Clear V2 (Figure 3.1, 3.2, 3.3a, 3.3b, and 3.6a-c), Black V2 (Figure 3.3c, and 3.4), or High 

Temp (Figure 3.6d) printer resin (Formlabs). After printing, devices were sonicated in isopropanol (IPA) 

for 15 min, rinsed with IPA, and UV-cured (Quans 20W UV Lamp) for 10-30 min. Milled devices (used 

in Figure 3.5) were designed with Solidworks 2016 x64 (Solidworks, Waltham, MA) and converted to 

.TAP files with Sprutcam (Sprutcam, Naberezhnye Chelny, Russia). Devices were milled from 4 mm 

thick polystyrene (PS) sheets (Goodfellow USA, Coraopolis, PA), rinsed with deionized water, 

and sonicated for 10 min in 70% ethanol. All devices and surfaces were plasma treated for 5 min at 0.25 

mbar and 70 W in a Zepto LC PC Plasma Treater (Diener Electronic GmbH, Ebhausen, Germany) using 

ambient air.  

Characterization of SCF 

Devices of different height and width dimensions (Table B1), as well as those with integrated 

design features, were designed as shown in Figures 3.2 and 3.3 with n = 3 replicate devices. After 

fabrication, devices were inserted into the bottom of a 24 well plate, and an optimized volume of Matrigel 

(20-35 μL, exact volumes provided in Table B1) was loaded into the device via the loading region. All 24 

well plates were purchased from the following: polystyrene well plates (Nest Scientific, #702011, 

Rahway, NJ), tissue-culture-treated (TCT) well plates (Corning Inc., #353047, Corning, NY), glass-

bottomed well plates (MatTek Corp., #P24G -1.0-13-F, Ashland, MA), PureCoatTM Carboxyl well plates 

(Corning Inc., #354775, Corning, NY). For imaging purposes, Matrigel (8.0 - 9.1 mg/mL, Corning Inc., 
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Corning, NY) was mixed 5:1 with red food dye (McCormick, Hunt Valley, MD) to give a final 

concentration of 6.5 - 6.7 mg/mL Matrigel. We observed no difference in performance between the 

Matrigel concentrations used. The process of loading, filling, and halting of flow was recorded and 

imaged using an AmScope MU1403B High Speed Microscope Camera on a SM-3TZ-80S Stereoscope 

(AmScope, Irvine, CA) set up beneath the well plate for bottom-up imaging. Device width and height 

dimensions were measured using image measurement tools (ImageJ), and a C112JE Digitmatic Indicator 

(Mitutoyo, Aurora, IL), respectively. For contact angle measurements, Matrigel was placed on glass (#12-

542B, Fisher Scientific, Pittsburgh, PA), PS, plasma-treated PS, or TCT PS and the resulting contact 

angle was measured using a Kruss DSA25 (Kruss GmbH, Hamburg, Germany). The contact angles were 

measured and analyzed through ADVANCE Software using an elliptical droplet shape with an automatic 

baseline and set volume of 2 μL (Kruss GmbH, Hamburg, Germany). All PS contact angle measurements 

were done on PS Nunc™ OmniTrays™ (Thermofisher, Frederick, MD) since contact angle 

measurements required imaging from the side, which was not feasible with PS well plates. Flow 

experiments on glass were conducted on fabricated well plates in which the PS bottom was replaced with 

glass microscope slides (#16004-422, VWR International LLC, Radnor, PA). Where indicated in Figure 

3.2, surfaces were plasma treated according to the same protocol as described in the previous section.  

Confocal imaging of patterned hydrogel wall 

Fluorescent Matrigel was prepared by mixing 1 μL of 1 μg/mL AlexaFluor-488 solution (Thermo 

Fisher, Cat# A33077) with 400 μL of 8.0 mg/mL Matrigel. Devices with and without a trapezoidal rail 

pinning feature were fabricated via the 3D printing protocol described above. The devices were inserted 

into the bottom of glass-bottomed well plates and loaded with 35 μL of the AlexaFluor-488-dyed 

Matrigel. After conclusion of flow, the Matrigel wall in devices with and without a trapezoidal rail 

pinning feature was imaged with a Leica TCS SP5 II Laser Scanning Confocal Microscope. All z-stack 

images were obtained at an emission wavelength range of 505 nm to 550 nm with an Argon 488 nm laser 

and a section thickness of 6.229 μm. All the .tif files were processed with Fiji (Version 10, ImageJ) using 

the following operations: “Transform > Stack-Orthogonal Views”.  
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Cell culture 

Benign human prostate stromal cells (BHPrS1)40 were cultured in RPMI-1640 medium (containing 

2 mM L-glutamine) with 5% fetal bovine serum (FBS, HycloneTM), penicillin (100 units/mL), and 

streptomycin (100 μg/mL).  Human umbilical artery smooth muscle cells (HUASMC) (Cell Applications, 

Cell Applications Inc., San Diego, CA) were cultured in Human Smooth Muscle Cell Growth Medium 

(#311-500, Cell Applications) and passaged using Subculture Reagent Kit (#090K, Cell Applications). 

Human prostate adenocarcinoma cells (LNCaP clone FGC, ATCC, Manassas, VA)41 were cultured in 

RPMI-1640 medium with 10% FBS, penicillin (100 units/mL), and streptomycin (100 μg/mL). Human T 

lymphocyte cells (Jurkat E6.1) (Sigma-Aldrich, St. Louis, MO) were cultured in RPMI-1640 medium 

with 10% FBS. All mammalian cells were maintained in a 37oC incubator with 5% carbon dioxide. S. 

cervesiae (gift from Dr. Jesse Zalatan and Dr. Alshakim Nelson, University of Washington) were grown 

on YPD Agar (Sigma-Aldrich) stored at 4oC. A. fumigatus (AF293) and P. aeruginosa (PA14) (gifts from 

Dr. Nancy Keller, University of Wisconsin) were grown on glucose minimal media (GMM)42 with low-

gelling temperature agarose (Sigma-Aldrich) and Luria broth (LB) (BD Biosciences, Franklin Lakes, NJ) 

with low-gelling temperature agarose, respectively, and stored at 4oC. Cells were used at the following 

passage number: BHPrS1 P8-9, HUASMC P14, LNCaP P59, Jurkat E6.1 P12.  

For the initiation and maintenance of cultures in our devices, specialized protocols were developed 

as described in each section below. To prevent evaporation of media in all of our device cultures, the 

spaces between wells were filled with 1:1 deionized water/phosphate buffered saline (PBS), and the well 

plates were stored within a humidified bioassay dish (#240835, Thermo Fisher) with saturated (1:1 

water/PBS) Kimwipes. All optimized hydrogel loading volumes are in Table B1 in Appendix B.  

Determination of the permeability of the hydrogel wall 

The devices (Figure 3.4b) were inserted into the bottom of a TCT PS 24 well plate. Each device 

was loaded with 85 μL of 9.1 mg/mL Matrigel, and the plate was incubated for at least 3 min at 37oC after 

conclusion of flow. Fluorescent dye solution was prepared by mixing AlexaFluor-488 with PBS (final 

concentration of 237.2 μM). 120 μL of the dye solution was loaded into the sourcing chamber, 120 μL of 
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PBS was loaded into the receiving chamber (t = 0 h), and the plate was incubated at 37oC. 100 μL of 

solution in the receiving chamber was collected separately at t = 1 h, 3 h, 5 h, 17.5 h, and 29 h. Samples 

were diluted by a factor of 50 (t = 1 h, 3 h, 5 h) or 100 (t = 17.5 h, 29 h) with PBS prior to analysis. The 

fluorescence of each sample was measured using a Multiskan Spectrum UV/Visible Microplate Reader 

(Thermo Labsystems, Waltham, MA) (n=3 devices per time point).  

Validation of the hydrogel wall integrity for compartmentalized cell culture   

The coculture device (Figure 3.4a) was inserted into the bottom of a TCT PS 24 well plate, loaded 

with 35 μL of 8.0 mg/mL Matrigel, and incubated for at least 3 min at 37oC after conclusion of flow. 

BHPrS1 cells and HUASMC were stained with green and red CellTracker Dye at a concentration of 4.55 

μg/mL and 6.25 μg/mL for 45 min (ThermoFischer), respectively, and selectively seeded into the outer 

and inner chambers of the device, respectively. Cells were suspended in culture media at a concentration 

of 2.3x105 cells/mL. 14 μL (outer chamber) or 7 μL (inner chamber) of the cell suspension were seeded 

into each culture chamber to achieve a seeding density of 400 cells/mm2. After overnight adhesion, 

fluorescent images of the cells along the wall were obtained using a Zeiss Axiovert 200 with a 4x 

objective and Axiocam 503 mono camera (Carl Zeiss AG, Oberkochen, Germany) (n=3 devices). All the 

images were processed with Fiji using the following operations: “Subtract Background > Adjust-

Brightness/Contrast > Color-Merge Channels > Adjusted-Color Balance”.  

Comparison of LNCaP morphology on different well plate surfaces  

The device (Figure 3.5) was placed into the bottom of a TCT PS or a Corning PureCoatTM Carboxyl 

PS (C-PS) 24 well plate. 40 μL of 9.1 mg/mL Matrigel was loaded into the device and incubated for at 

least 3 min at 37oC after conclusion of flow. LNCaP cells were thawed from liquid nitrogen storage and 

seeded directly onto a pre-wetted TCT PS 24 well plate or a C-PS 24 well plate in the presence or absence 

of the device. Cells were suspended in culture media at a concentration of 2.4x105 cells/mL. In the 

absence of the device, 320 μL of the cell suspension were seeded into a well containing 200 μL of media 

to achieve a seeding density of 400 cells/mm2 and a final volume of 520 μL. In the presence of the device, 

120 μL of cell suspension were seeded into a well containing 75 μL of media to achieve a seeding density 
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of 400 cells/mm2 and a final volume of 195 μL. The cells were incubated overnight at 37oC and 5% CO2, 

and then imaged with phase contrast using a Zeiss Primovert Microscope ((Carl Zeiss AG, Oberkochen, 

Germany) and an AmScope MU1403B High Speed Microscope Camera (AmScope, Irvine, CA) (n=3 

devices).   

Validation of the modular rail-based hydrogel patterning platform 

The device (Figure 3.6) was inserted into the bottom of a TCT PS 24 well plate, loaded with 50 μL 

of 8.0 mg/mL Matrigel, and incubated for at least 3 min at 37oC after conclusion of flow. For Figure 3.6c, 

BHPrS1 cells were suspended in culture media at a concentration of 2.3x105 cells/mL, and 240 μL of the 

cell suspension were seeded into each outer culture chamber to achieve a seeding density of 400 

cells/mm2. Jurkat E6.1 cells were suspended in culture media at a concentration of 4.0x105 cells/mL and 

100 μL of the suspension was seeded into the inner culture chamber. The insertable pegs were loaded 

with 2% BD BactoTM Agar solution (Fisher Scientific) and allowed to gel at room temperature. A S. 

cervesiae colony was scraped (≈ 1 mm) with a sterile toothpick from Petri dish culture and streaked onto 

the center of an agar-filled peg. After overnight incubation at 30 oC, the yeast-containing peg was loaded 

into the top of the hydrogel-patterning device, which contained BHPrS1 and Jurkat E6.1 cells. The 

assembled platform, containing all three cell types, was imaged. The human cells were imaged with phase 

contrast using a Zeiss Primovert Microscope with a 20x objective and an AmScope MU1403B High 

Speed Microscope Camera (n=3 devices). The yeast was imaged with an Ultra-High-Resolution SLR 

camera (Nikon-D5300).  

For Figure 3.6d, 100 μL of A. fumigatus in liquid GMM were seeded into the bottom of the central 

chamber of the modular Monorail Device at a concentration of 1x105 spores/mL and 250 μL media added 

to the outer chambers. 3 μL of P. aeruginosa were seeded onto LB-agarose (5 μL) in a peg at a 

concentration of 1x108 bacteria/mL and the peg was inserted on top of the A. fumigatus culture and 

maintained at 37°C. Phase contrast images were taken after 24 hours using a Zeiss Primovert Microscope 

with a 10x objective and an AmScope MU1403B High Speed Microscope Camera (AmScope, Irvine, 

CA) (n=3 devices). Fluorescence images of A. fumigatus stained with Calcofluor white (1 mg/mL, 10 μL 
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+ 10 μL 10% KOH, Sigma-Aldrich) were taken after 4 days in coculture; for staining, a peg was 

removed, the Calcofluor white solution was added directly to the media in the A. fumigatus culture in the 

bottom of the well plate, incubated for 1 minute, and then imaged with a Zeiss Axiovert 200 with a 10x 

objective and Axiocam 503 mono camera. All fluorescence images were obtained in a single focal plane; 

as the A. fumigatus was not confined to a single plane by Day 4, the focal plane with the highest intensity 

of Calcofluor white staining was captured in each well. Two fluorescence images were captured for each 

well at different fields of view; when quantifying the Calcofluor white signal (Figure 3.6d, v), the 

integrated intensity of both replicate images was averaged. The plotted points represent the average of 

two images (collected for each of the three replicate wells), and the plotted standard error of the mean 

(SEM) is the SEM of the three replicate wells. Fluorescence images were quantified with Fiji following 

the protocol: “Subtract Background > Adjust Brightness/Contrast > Analyze > Measure > IntDen”. Prism 

(GraphPad Software) was used to conduct a two-tailed unpaired Student’s t-test (Figure 3.6d, v). 
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Chapter 4. Mechanisms and Models of Host-Pathogen Communication in 

Respiratory Microenvironments  

Reproduced in part with permission from Berry, S.B.; Haack, A.; Theberge, A.B.; Brighenti, S.; 

Svensson, M.; “Host and pathogen communication in the respiratory tract: mechanisms and models of a 

complex signaling microenvironment”. Front. Med. Submitted.   

The content in this chapter is a discussion of cell signaling mechanisms in the lung 

microenvironment in the context of chronic lung infections, as well as an overview of in vitro model 

platforms that have been used to study this complex biological system. Additionally, this chapter serves 

as an introduction into Chapters 5 and 6, which focus more on cellular communication and the 

development of tools to enable study of cellular signaling phenomena.  

Abstract: 

Chronic lung diseases are a leading cause of morbidity and mortality across the globe, encompassing 

a diverse range of conditions from infections with pathogenic microorganisms (e.g. Mycobacterium 

tuberculosis, Aspergillus fumigatus) to underlying genetic disorders (e.g. cystic fibrosis (CF), chronic 

granulomatous disease (CGD)). The respiratory tract represents an active interface with the external 

environment having the primary function of resisting pathogen intrusion and maintaining homeostasis in 

response to the myriad of stimuli encountered within its microenvironment. To perform these vital functions 

and prevent lung disorders, a chemical and biological cross-talk occurs in the complex milieu of the lung 

that mediates and regulates the numerous cellular processes contributing to lung health. In this review, we 

will focus on the role of pathogen-host and host-host cross-talk in chronic lung infections, and discuss how 

different cell types and signaling pathways contribute to chronicity of infection(s) and prevent effective 

immune clearance of pathogens. In the lung microenvironment, pathogens have developed the capacity to 

evade mucosal immunity using different mechanisms or virulence factors, leading to colonization and 

infection of the host; such mechanisms include the release of soluble and volatile factors, as well as contact 

dependent (juxtracrine) interactions. We explore the diverse modes of communication between the host and 
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pathogen in the lung tissue milieu in the context of chronic lung infections, as well as tissue-level signaling 

mechanisms. Lastly, we review current methods and approaches used to model and study these host-

pathogen interactions in vitro, and the role of these technological platforms in advancing our knowledge 

about chronic lung diseases.  

4.1 Introduction 

Disruption of pulmonary function and development of chronic lung disease (CLD) contributes to a 

substantial global burden of disease, as CLDs are ranked among the top causes of mortality and morbidity 

in the world, with over 400 million people estimated to be afflicted 1. CLDs can result from numerous 

factors either in isolation or in combination, including exposure to environmental pollutants and toxins, 

infection by pathogenic microbes, and genetic predisposition, leading to various manifestations of lung 

disease. 1 While there are often multiple factors influencing the development of a CLD, infection by 

pathogenic microbes can drive the development of some of the most serious and lethal conditions ranging 

from acute lower respiratory tract infections (LRTI) to chronic pulmonary infections (CPI) (e.g., cystic 

fibrosis (CF) exacerbations, tuberculosis (TB)). The severity and progression of lung infections are 

frequently determined by factors such as the pathogen-specific mechanism of infection, patient 

physiology (e.g., immune and vaccination status, age, transplants, etc.), and microenvironment 

composition 2–6; however, there is still uncertainty as to how these factors drive infections toward an acute 

or chronic state.  

Chronic pulmonary infections can manifest in a myriad of forms, resulting from persistence of a 

microbial population after initial medical treatment, external exacerbations of underlying medical 

conditions or latent infections, or even from shifts in internal microenvironmental cues 6,7. Despite these 

varying causes, CPIs are commonly characterized by pathogen persistence and immune evasion as the 

pathogen adapts to, or manipulates, its microenvironmental niche in the lung 6. This initial survival is 

complemented by persistence through initial medical treatments, leading to repeated symptomatic 

episodes or long-term (months to years) illness. While there is no single causative factor that leads to 
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chronicity over an acute response, current research has focused on identifying components of the lung 

microenvironment that can contribute to the development of a CPI, such as the composition of the lung 

microbiome and host-pathogen interactions 2,8. Indeed, a new view of how communication in the lung 

microenvironment drives infection and homeostasis reveals how previously overlooked or unknown 

interactions drive immunity, pathogen evasion, and host health. Our understanding of host-microbiome 

interactions in the lung, a region long thought to be sterile and devoid of commensal organisms, is only 

starting to develop and reveal potentially important ramifications for human health. This subject, while 

briefly covered in this review, is more deeply discussed elsewhere 2,9–11.  

Host-host, host-pathogen, and pathogen-pathogen communication in the lung play a vital role in 

mediating homeostasis, coordinating immune response and tissue repair, and propagating infection. The 

ability to translate the chemical and biological communication in the lung microenvironment enables us to 

better comprehend the vital conversations that drive the disease state in chronic infections; however, 

translating these conversations from intrinsic signals to actionable disease mechanisms by the host is 

complex, as pathogens have evolved numerous mechanisms to evade host defense systems and confound 

host communication. Further, this communication, which includes the release of signaling factors (e.g., 

soluble factor or volatile signaling) and physical interactions (e.g., juxtacrine signaling), acts in a 

cumulative manner to simultaneously promote many different aspects of the infection ranging from 

epithelial adhesion and invasion by Burkholderia pseudomallei to secretion of Aspergillus fumigatus 

growth-promoting volatiles by Pseudomonas aeruginosa 12,13. Understanding how the complex signaling 

pathways in the lung microenvironment are shifted and manipulated in response to specific stimuli can 

elucidate key insight into the pathogenic mechanisms of numerous pathogens, and provide information 

that can lead to novel diagnostics and treatments.  

In this review, we focus on the microenvironment of lung infections and how chemical and 

biological signaling events unfold during chronic lung infections, including recurrent, persistent, and 

latent infections with Mycobacterium tuberculosis, Aspergillus fumigatus, Pseudomonas aeruginosa, 

Streptococcus pneumoniae, Staphylococcus aureus, Cryptococcus neoformans, and Burkholderia 
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pseudomallei. These host-pathogen interactions use similar modes of cellular signaling and 

communication in the lung that involves soluble factor paracrine signaling (e.g., cytokines), juxtacrine 

signaling (e.g., pattern recognition receptors (PRR)), and volatile signaling (e.g., volatile organic 

compounds (VOC)). Additionally, we will discuss host and pathogen signaling within the tissue to create 

a more comprehensive view of the signaling network that contributes to disease progression. To support 

future studies of these systems, we describe recent innovative technologies and platforms that are used to 

probe these signaling events and model the lung environment in vitro. For information regarding the role 

of viruses and signaling in pulmonary viral infections, we refer readers to these detailed reviews 14–16.  

4.2 Infections and molecular cross-talk 

The lung microenvironment is a heterogenous interface consisting of innate immune cells (e.g., 

alveolar macrophages, neutrophils, monocytes, dendritic cells, etc.), mucous-producing and ciliated 

epithelial cells, rare immune populations (e.g., mucosal-associated invariant T cells (MAIT cells)17,18, 

innate lymphoid cells (ILCs)19–21), commensal and pathogenic microbes, and underlying tissue and 

vascular networks that are all in constant reciprocal communication (Figure 4.1). This tissue organization, 

which supports multiple cell populations with vastly different environmental requirements, must parse 

through the signaling milieu of soluble, volatile, and physical cues to identify the biological and chemical 

stimuli needed for proper respiratory function and effective immune defense. However, upon pathogen 

challenge, the lung microenvironment faces new obstacles in converting these stimuli into a coherent 

immune response, as oftentimes pulmonary pathogens use multiple modes of communication (e.g., 

physical, soluble) simultaneously to evade immunity and propagate infection; for example, S. 

pneumoniae-derived neuraminidase (NanA) cleaves mucins on the epithelial surface to enable pathogen 

attachment on host glycoconjugates, while subsequently secreting pore-forming toxin pneumolysin to 

disrupt the epithelium 3,22,23. Inability of the host to respond to these pathogen challenges leads to an 

impaired microenvironment where slight deviations from signaling equilibria can promote a chronic 

condition 24,25, highlighting the importance of understanding the signaling landscape in CPIs.  
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Figure 4.1: The lung microenvironment is home to a complex signaling network that interprets 

factors from various sources simultaneously. Signaling phenomena includes the exchange of soluble, 

volatile, and physical signals between cells of the host immune system, microbes, and host tissue 
components at varying spatiotemporal concentrations. Translating this complex quagmire of signals 

requires a broad perspective to see the role of each type of communication in the context of host-

pathogen, pathogen-pathogen, and host-host signaling.   
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4.2.1 Soluble factor paracrine signaling 

Virulence Factors - Toxins 

Pathogenic microbes employ a wide range of soluble virulence factor signaling mechanisms to 

combat the host immune response and persist in vivo, the most notable of which includes the use of host-

targeting toxins. These toxins function in the early stages of infection to directly cause damage to the host 

microenvironment and create a favorable niche for the pathogen to survive. For example, S. pneumoniae 

makes use of a potent pore-forming toxin, pneumolysin (PLY), that binds to membrane-bound cholesterol 

and perforates the host cell, causing cell death through multiple mechanisms including destruction of 

DNA and cell cycle arrest 26. Pneumolysin acts to induce the complement pathway, as well as to induce a 

proinflammatory cytokine response, which can lead to widespread tissue damage; this highly 

inflammatory environment, coupled with the cytolytic effect of pneumolysin, can degrade the barrier 

function of the host epithelium and lead to pathogen uptake through platelet-activating factor receptor 

(PAFr)-mediated endocytosis, which traffics the pathogen across the epithelium into the underlying 

tissue, allowing S. pneumonia dissemination 3,27–29. Another prominent pathogen-derived toxin is the pore-

forming compound α-hemolysin (α-toxin) utilized by S. aureus during the course of pulmonary infection. 

A-toxin acts via binding to its specific cell receptor, ADAM10, wherein it oligomerizes to form the 

cytolytic pore and induce host cell lysis 30. The degradation of epithelial barrier integrity enables S. 

aureus, in a manner similar to S. pneumoniae, to invade into the underlying tissue, or to reside within the 

epithelial layer itself, where internalized bacteria can survive within a quasi-protective niche 31,32. This 

intracellular residence permits the pathogen to enter into a dormant state protected from the host immune 

response and antibiotic therapy, contributing to its chronicity and enabling recurrent S. aureus infection 32. 

The effect of S. aureus-derived α-toxin can be amplified during coinfection as well. Polymicrobial 

infections with fungal pathogen C. albicans activates the agr quorum sensing system in S. aureus, which 

leads to enhanced α-toxin secretion and decreased host survival, demonstrating how coinfection not only 

adds complexity to the lung microenvironment, but also promotes increased virulence 33. Further, invasive 
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fungal species, such as A. fumigatus and C. neoformans, are armed with a variety of toxins that impede or 

interfere with intracellular functions required to mount an effective immune response. A. fumigatus, one 

of the most successful opportunistic fungal pathogens, has a wide array of immunosuppressive secondary 

metabolites and toxins at its disposal including trypacidin, endocrocin, and gliotoxin 34–38. These toxins 

confer protection to A. fumigatus against numerous components of the host immune system. Trypacidin, 

found to localize to fungal conidia, induces high levels of nitric oxide (NO) and hydrogen peroxide 

(H2O2) production in bronchial epithelial cells, leading to severe oxidative stress and cell necrosis 34. 

Similarly, endocrocin, another spore-derived fungal toxin, inhibits neutrophil migration and displays 

significant virulence in a Drosophila model of infection 35. The most widely characterized A. fumigatus 

toxin, gliotoxin, has been found to inhibit multiple antimicrobial functions (e.g., superoxide defense) in a 

wide range of leukocytes, in addition to inducing apoptosis and inhibiting NFκB signaling, providing A. 

fumigatus with a broad repertoire to defend itself against a range of host immune responses 39–42; for a 

detailed review of gliotoxin’s extensive immunomodulatory effects, refer to 43. The culmination of the 

effects from this library of toxins enables A. fumigatus to survive continual immune assault and create an 

environment favorable for colonization and proliferation. Although mostly associated with the initiation 

of an acute infection, pathogen-derived toxins promote the establishment of a chronic infection by 

disturbing host immunity and initiating pathogen-protective functions. 

Virulence Factors – Immune Modulators 

In addition to toxins, there are other virulence factors used to evade host immune responses and 

confound the cross-talk required for effective pathogen clearance; these factors are a series of distinct 

compounds ranging from surface-expressed cell wall components to quorum sensing (QS) molecules used 

for intermicrobial communication. In vivo, these virulence factors play many roles, including inducing the 

innate immune response while also offering protection for the pathogen. During infection with M. 

tuberculosis, the pathogen utilizes alternative strategies to manipulate immune cells in the local tissue 

environment, such as expression of the type VII secretion system, ESX-1 44. This secretion system 

transports potent early secreted antigen target 6 kDa (ESAT-6) and culture filtrate protein (CFP-10) that 
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are essential for phagolysosomal escape into the cytosol and induction of host cell necrosis 44–47. This will 

trigger a pro-inflammatory reaction and secretion of MMP9 by epithelial cells and M. tuberculosis-

infected macrophages, leading to the recruitment of uninfected macrophages and other immune cells to 

contain the infection in a granuloma 48,49. While a granuloma containing T cells is considered protective, 

early granuloma formation may be exploited by pathogenic mycobacteria to seed the infection into 

uninfected cells and thus disseminate the infection 50–52
. The extent of virulence, and the capability of the 

mycobacteria to evade the host immune response, has been directly linked to the presence and function of 

ESAT-6 and other RD1/ESX-1 derived virulence factors, as avirulent strains lack this secretion system 53–

55. The exact mechanism of action of ESAT-6 is still somewhat unclear, yet it has been recently found that 

the ESX-1 secretion system does not completely depend on ESAT-6 for membrane lysis and that its 

function is contact dependent, despite ESAT-6 being able to disrupt lysosome membranes at an acidic pH 

45,56. Another important virulence factor of M. tuberculosis is the cell wall component, mannosylated 

lipoarabinomannan (Man-Lam), that has a central role in inhibition of phagosomal maturation inside 

infected macrophages 57–59. Secreted Man-Lam can bind to different receptors expressed by human 

macrophages including mannose receptor, complement receptors, and DC-SIGN, and can manipulate the 

induction of proinflammatory responses to reduce local activation of immune cell subsets in lung tissue. 

Recently, QS molecules have been identified as another group of potential virulence factors capable 

of programming pathogen populations to evade immune responses, as well as to inhibit or manipulate the 

host immune response directly 60
. This is widely observed in the case of P. aeruginosa, where quorum 

sensing molecule N-3-oxo-dodecanoyl-L-homoeserine lactone (3O-C12-HSL), which regulates the LasR 

QS circuit and numerous virulence factors, acts as a virulence factor itself that inhibits the production of 

proinflammatory cytokines (e.g., TNF, IL-12) and the proliferation and differentiation of T cells 60,61. 

Additionally, 3O-C12-HSL does not only target human cells, in which 3O-C12-HSL often interacts with 

the intracellular activation protein IQGAP1 60, but also commensal organisms. In a mixed coculture with 

opportunistic fungal pathogen C. albicans, 3O-C12-HSL was found to inhibit filamentation of the fungi, 

indicating that P. aeruginosa can use its QS molecules to influence the host as well as other microbes in 
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its surrounding microenvironment 62. This dual functionality of QS molecules is observed with other P. 

aeruginosa-derived factors, such as Pseudomonas quinolone signal (PQS), which dysregulates host 

immunity through manipulation of cytokine production and reduction of antibacterial activity of host 

immune cells 63,64. The ability of a pulmonary pathogen to utilize QS molecules for more than one 

function (i.e., to self-regulate and evade immunity) supports their persistence against constant immune 

challenge while maintaining the ability to proliferate and survive. Other virulence factors take on a more 

traditional or singular role in establishing a pathway for infection. C. neoformans, a fungal species often 

associated with meningitis in immunocompromised patients, is capable of establishing a chronic lung 

infection in immunocompetent patients through the secretion of host-targeting enzymes (e.g., 

phospholipases, proteases) that degrade host immune components (e.g., phagocytic compartment 

membranes, lung surfactant)65–69. These secreted virulence factors drive the ability of C. neoformans to 

survive and protect itself from initial immune responses until it adapts to the host environment and takes 

on phenotypic forms to support its persistence in a dormant state 67,70,71. The secretion or release of 

virulence factors across a wide range of pathogens mediates various anti-immune behaviors which 

ultimately enable the pathogen to persist in the microenvironment and develop into a CPI. Further, the 

presence of QS molecules adds to the complex milieu already present in the lung microenvironment, and 

demonstrates that understanding the signaling phenomena in this location requires a broad perspective 

encompassing not only host-pathogen communication, but also signaling amongst bacterial and/or fungal 

kingdoms as well.   

Cytokines 

Pathogen-derived soluble factors contribute partially to the cross-talk events in the lung 

microenvironment, as host-derived signals are also present, often in response to or to defend from 

pathogen-derived factors. Host-derived signals vary extensively in function and form, ranging from 

eicosanoids to interleukins. Specifically, cytokines are a principle form of secreted soluble factor used to 

trigger the immune system and induce diverse effector functions upon pathogen challenge. However, it is 

necessary that the secretion and local concentrations of these factors are carefully regulated, as impaired 
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cytokine signaling leads to pathogen survival, persistence, and the development of chronicity, while 

excess cytokine-mediated inflammation can promote pathological tissue destruction in the lung. M. 

tuberculosis-infected macrophages secrete multiple inflammatory cytokines, including TNF, IL-1β, and 

IL-6, which induce an early proinflammatory response that promotes immune cell activation and 

migration and results in generation of a granuloma. Activated T cells producing IFNγ initiate 

antimicrobial responses, such as the induction of NO, to promote mycobacterial clearance. However, 

disruption of IFNγ signaling due to a shortage of activated effector T cells or an increase in regulatory T 

cells can lead to pathogen persistence within infected macrophages and increased bacterial burden in the 

lung 72–75. Indeed, the immune activating factors IFNγ and TNF are crucial for inducing intracellular 

antimicrobial functions such as autophagy and phagolysosomal fusion 76, making inhibition of these 

factors an attractive immune evasion target for pathogens.  

Contrary to the role of IFNγ in M. tuberculosis infection, there is evidence suggesting that the 

immune activating effects of IFNγ can in fact lead to an increase in virulence by P. aeruginosa, wherein 

IFNγ binds to P. aeruginosa surface receptor OprF to induce downstream PA-I expression via its QS 

signaling network 77. This unintended response to a host cytokine illustrates that cytokine signaling can 

have dual, context-dependent outcomes. In addition to intercepting host signaling molecules, pathogens 

can also manipulate the expression and secretion of host factors to alter the signaling environment in their 

favor. The C. neoformans-derived virulence factor glucuronoxylomannan (GXM) increases secretion of 

immunomodulatory factors IL-10 and IL-4 while downregulating pro-inflammatory compounds TNF and 

IFNγ in stimulated CD4+ T cells, driving a permissive immune response that supports increased yeast cell 

growth 78. Overall, IL-4 and IFNγ play opposite roles in macrophage polarization and function, as varying 

ratios of IL-4 and IFNγ induce a range of macrophage phenotypes – ranging from classically activated to 

alternatively activated and intermediate – that simultaneously contribute to antimicrobial and acquiescent 

outcomes 79. Similarly, macrophages infected with M. tuberculosis secrete increased levels of VEGF 

while granuloma-associated macrophages have an increased expression ANG-2; the increased levels of 

VEGF and ANG-2 correlate with increased vascularization and vessel permeability around the site of 
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infection, respectively, which is subsequently used for pathogen dissemination and host manipulation 80,81. 

Chronic pulmonary pathogens can not only usurp the balance of pro- and anti-inflammatory cytokines 

found in the signaling microenvironment to alter the type of immune response, but also influence the 

surrounding tissue infrastructure to its own benefit 82.   

Chemokines 

The manipulation of host signaling by pulmonary pathogens also extends to chemokine signaling, 

which is a vital process for the recruitment of immune cells to the site of infection. Early in the course of 

pulmonary infections, neutrophils play a vital role in counteracting invading pathogens by inducing a 

proinflammatory response. Their pro-inflammatory role, which can also have negative host effects, is an 

attractive target for pathogen manipulation and evasion. S. aureus utilizes multiple mechanisms to impede 

the recruitment of neutrophils to the site of infection by using secreted staphopain (i.e., cysteine 

proteases) that inactivates CXCR2 on neutrophils and blocks the attractant effects of infection-associated 

chemoattractants 83; additionally, S. aureus utilizes exoprotein SSL5 to scavenge chemokines and bind to 

chemokine surface receptors, effectively blocking the ability of neutrophils to respond to receptor-bound 

chemokines 84. Further, SSL5 is found to act on neutrophils through its capacity as a MMP-inhibitor, 

blocking potentiation of neutrophil chemokine IL-8 (CXCL8) and preventing neutrophil migration 

through collagen 85. The modulation of neutrophil recruitment is not limited to S. aureus-derived soluble 

factors, as S. pneumoniae-derived virulence factor PepO is found to contrastingly increase secretion of 

chemoattractants CXCL8 and IP-10 (CXCL10) from bronchial cell line BEAS-2B, suggesting that this 

factor may increase recruitment of neutrophils to the site of infection 86. T cell chemokine CXCL10 has 

also been associated with Cryptococcus infections; during murine infection with C. gattii, a close 

pathogenic relative to C. neoformans, an impaired TH1 migration in the lung is correlated with decreased 

Ip10 expression and poor DC maturation when compared to C. neoformans infection, leading to an 

attenuated effector T cell response and increased pulmonary infection 87. Maintenance of intact cytokine 

and chemokine signaling during an active infection is integral to defeat invading pulmonary pathogens, as 
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disturbed cytokine signaling leads to improper immune cell function and delayed antimicrobial response 

resulting in increased bacterial expansion and persistence 74. 

Antimicrobial Molecules 

Beyond paracrine cytokine and chemokine signaling, which is often seen as occurring between host 

cells, the role of host-secreted factors directed towards pathogens is also an essential functionality in 

clearing pathogens and preventing chronicity. Host cells utilize an array of armaments to directly kill 

pathogens, such as reactive oxygen and nitrogen species (ROS, RNS respectively), cytotoxic molecules 

(e.g., granzymes, lysozymes, perforins) or antimicrobial peptides (e.g., human cathelicidin, LL-37, 

defensins, granulysin), and antimicrobial small molecules (e.g., extracellular vesicles (EVs), miRNA). 

ROS play a vital role in the clearance of pathogenic microbes, but must also be tightly controlled to 

minimize the risk of host-tissue damage via extensive oxidation. High local concentrations of ROS or 

RNS can also suppress immune cell functions at the site of infection. The tight regulation of this defense 

is evident in the ability of neutrophils to induce different types of ROS signaling based on the size of the 

microbe it encounters, triggering intracellular ROS against ingested small yeast cells, while secreting 

extracellular ROS against the larger hyphal form of fungi 88. In contrast, pathogens can activate this 

defense in their favor through toxin secretion, such as P. aeruginosa-derived pyocyanin, which triggers 

neutrophil apoptosis through inducing ROS and disrupting mitochondrial membrane potential 89. 

However, ROS-mediated pathogen clearance is not limited to neutrophils, as plasmacytoid DCs are also 

found to utilize ROS to inhibit the growth of C. neoformans in vitro, although they remain less effective 

at fungal killing than conventional DCs 90.  

In B. pseudomallei infection, bacteremic patients were found to have increased levels of pro-

apoptotic compounds granzyme A and B 91; further, stimulating patient-derived monocyte-derived DCs 

with B. pseudomallei antigens LolC and Hsp60 led to downstream activation of CD8+ T cells and 

increased granzyme B secretion 92. The increased secretion of granzyme B likely plays a role in patient 

survival, as NK-cells from deceased patients are characterized by significantly lower levels of granzyme 

B expression 93. Similarly, control of intracellular M. tuberculosis has been shown to involve CD8+ 
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cytotoxic T cells using the pore-forming protein perforin to enable the entrance of granulysin into infected 

cells and the subsequent killing of mycobacterium through osmotic lysis 94. Accordingly, a reduced 

expression of perforin and granulysin in M. tuberculosis infected tissues have been show to correlate with 

disease progression 95,96. 

More recently, work has focused on identifying the antimicrobial effects of other components found 

in the extracellular communication milieu, such as extracellular vesicles (EVs). For example, in 

interactions between A. fumigatus and host immunity, both host and pathogen secrete bioactive EVs that 

target its respective counterpart and generate proinflammatory and antimicrobial responses 97,98. Important 

components of these EVs, such as miRNA, are also involved in mediating intra- and intercellular immune 

mechanisms and responses 99,100, and are implicated as potential biomarkers of infections such as 

tuberculosis 101. These mechanisms represent some of the most important methods of antimicrobial 

defense by host immune cells, yet pathogens are still capable of usurping this defensive signaling and 

surviving the acute immune response, enabling development of CPIs.   

An additional mode of communication that is starting to come to light as an important factor in 

multiple infection models is the metabolic cross-talk that occurs between pathogens, commensal 

organisms, and the hosts. Indeed, many pulmonary pathogens such as A. fumigatus and P. aeruginosa are 

known to secrete siderophores that chelate iron from the host for their own use 60,102,103. Additionally, 

nitrogen and sulfur availability is thought to significantly contribute to pathogen survival, where 

availability of nutrients such as tryptophan and asparagine can modulate pathogen behavior and 

metabolism, as well as influence host immunity. We refer readers to these excellent recent reviews on the 

role of metabolic cross-talk in infections 104,105.  

4.2.2 Physical contact juxtacrine signaling 

Contact dependent signaling, or juxtacrine signaling, complements soluble factor signaling and is a 

crucial component of the intercellular signaling microenvironment, as one of the first modes of 

communication used to detect pathogens in the lung. Innate immune cells, such as macrophages and 
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dendritic cells, rely on the expression of germline-encoded receptors (e.g., pathogen recognition receptor 

(PRR)) to sample and detect pathogen-specific molecules (e.g., pathogen associated molecular patterns 

(PAMPs)). Surface bound receptors toll-like receptor (TLR) and c-type lectin receptor (CLR) detect 

conserved pathogenic molecules such as lipopolysaccharide (LPS) on the surface of gram-negative 

bacteria P. aeruginosa and B. pseudomallei, and β-glucans on fungi such as A. fumigatus, respectively 106–

108.  

Pathogen Recognition Receptors and Associated Molecular Patterns 

The TLR-signaling axis is present in a wide range of infections, including TB, where innate 

immune cells expressing TLR2 are able to detect multiple M. tuberculosis surface components 109, such as 

LpqH 110, LprG 111, and LprA 112, which impede intracellular signaling pathways and interfere with MHC 

II antigen processing and presentation. TLR4 detection of intracellular M. tuberculosis modulates 

intracellular signaling pathways governing the immune response in an antigen-dependent manner. 

Detection of cell wall components PIM and Man-LAM result in robust anti-inflammatory responses 

characterized by decreased secretion of TNF and IL-12p40 and increased secretion of IL-37, respectively 

113,114, while HSP70-cofactor GrpE activates DCs and leads to their subsequent preferential induction of 

proinflammatory Th1 cells via TLR4 recognition 115. In conjunction with TLR pathogen sampling, CLR 

detection mechanisms also complement the innate immune system’s ability to detect a wide range of 

pathogens. CLRs, such as Dectin-1 and DC-SIGN, are crucial to the detection of fungal cell surface 

markers. Both Dectin-1 and DC-SIGN have been implicated in the recognition, binding, and phagocytosis 

of A. fumigatus 116,117, as single nucleotide polymorphisms in genes coding for Dectin-1 and DC-SIGN 

were associated with a greater risk of invasive pulmonary aspergillosis 118. Further, the absence of dectin-

1 ligand β-1,3-glucan on the surface of A. fumigatus leads to a more efficient complement-mediated 

antifungal immune response driven by DCs; this is found to be due to improved complement binding in 

the absence of β-1,3-glucan, and that galactomannan binding via DC-SIGN drives a proinflammatory 

cytokine response 119. However, A. fumigatus leverages other cell wall components to drive virulence, 

such as DHN melanin, which is able to block LC3-associated phagocytosis and subsequent fungal killing 
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through impediment of NADPH oxidase from entering the phagosome 120. Host immunity is able to 

combat the virulence factor DHN melanin through binding via the melanin-sensing C-type lectin receptor 

(MelLec) found on endothelial cells and myeloid cells, the mutation of which is found to increase 

susceptibility of stem-cell transplant patients to aspergillosis and to decrease proinflammatory cytokine 

secretion in macrophages 121. The interactions between these PRRs and PAMPs strongly activate immune 

cells and initiate intra- and intercellular signaling to recruit other immune cells and clear the pathogen; 

however, this interaction is also vulnerable to manipulation by pathogens through suppression of PRRs or 

masking of PAMPs to avoid detection 102. Similar to A. fumigatus, C. neoformans utilizes L-DOPA 

melanin as a defense against oxidative stress from phagocytic immune cells 122–124, yet it relies mostly on 

its complex capsule to evade detection by host PRRs. C. neoformans contains a heterogenous multi-

layered polysaccharide capsule that can block immune detection of fungal PAMPs, such as β-1,3-glucan, 

while preventing the adherence of complement proteins or antibodies to the surface 125. To further protect 

itself, C. neoformans can alter the physical characteristics of the capsule to adapt to environmental cues 

126,127, and capsule component glucuronoxylomannan (GXM) can induce L-selectin shedding and 

decreased TNFR expression on neutrophils, likely impeding their ability to bind to cell surfaces at the site 

of infection 128. The diverse functions performed by the C. neoformans capsule ultimately contributes to 

its ability to survive the innate immune response and persist towards a chronic latent infection that can 

later reactivate or disseminate. Interactions between host-PRRs and their pathogen counterparts provides 

a strong line of defense against active and chronic infections, yet is not exempt from the effects of 

pathogen virulence factors, nor the creative immune evasion mechanisms employed by these pathogens to 

ensure persistence.  

Epithelial-Pathogen Interactions 

Pulmonary epithelial cells play multiple roles in maintaining lung immunity, ranging from a 

mucous-coated ciliated physical barrier between the body and the external world to expressing TLRs and 

initiating immune responses via proinflammatory cytokine secretion 129,130. For a pathogen, epithelial cells 

often represent the first challenge that must be overcome in order to successfully establish an infection, 
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thereby requiring passage through or destruction of epithelial cells. After entrance into the airway, 

pathogens must surmount the outer layer of the epithelium – containing mucous, surfactant, and 

scavenging immune cells – as this region is a hostile environment for the establishment of colonies or 

infections. Therefore, microbes have developed an array of physical methods to pass through the mucous 

layers and bind to the surface epithelium to prevent their clearance. The pathogen B. pseudomallei 

express genes boaA and boaB, which code for proteins comparable to the Y. enterocolitis adhesin YadA; 

these adhesin proteins have been found to significantly increase the adhesion of E. coli expressing boaA 

and boaB to alveolar and bronchial cell lines, and have been implicated in intracellular survival of the 

pathogen 131. Further, this adhesive capability of B. pseudomallei can be complemented by the adaptation 

of a biofilm phenotype, which was found to promote greater adhesion and subsequent invasion and 

infection by the bacteria 132. Indeed, the ability of B. pseudomallei to adhere to the airway epithelium is 

directly correlated with its virulence and ability to induce cellular damage 133, as well as to the expression 

of genes regulating QS and virulence pathways 134,135, underscoring the importance of pathogen adhesion 

for initiating a successful infection. Similarly, C. neoformans utilizes secreted phospholipase B to 

improve its ability to adhere to pulmonary epithelial cells, likely through interactions between surfactant 

protein D (SP-D) and polysaccharides on the surface of the C. neoformans capsule 66; additionally, 

capsule components GXM and MP84 are known to facilitate the binding of different C. neoformans 

strains to airway epithelial cells 136, enabling C. neoformans to initiate infection at this primary immune 

barrier 137. SP-D binding is also found to play a role in the immune response against A. fumigatus, 

wherein SP-D binds specifically to melanin on the fungal conidia and associates with galactomannan and 

galactosaminogalactan on the fungal cell wall; further, SP-D bound conidia were phagocytosed more 

readily than un-opsonized conidia, and induced a greater transcription of proinflammatory cytokines 138. 

While the lung epithelium can deploy some defense mechanisms against adherent pulmonary pathogens, 

once adhered, these pulmonary pathogens can invade into or through the epithelium to establish a 

protective niche for growth and persistence. Discovery of mechanisms or treatments to decrease this 
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adherence and enable clearance from the lung epithelium prior to pathogen entry can have a significant 

impact on disease outcome.  

Intracellular Cross-talk 

However, for many pathogens, passage through the epithelial barrier is unknowingly assisted by 

phagocytic immune cells. Physical detection of pathogens by PRRs can initiate an endocytic process 

wherein a membrane receptor (and the pathogen attached to it) is internalized into a self-contained 

vacuole within the cell. This vacuole typically acts in a host-protective manner, as the host uses numerous 

mechanisms to clear the vacuole contents such as vacuole acidification or fusion with vacuoles containing 

antimicrobial peptides (e.g., human cathelicidin, LL-37), antimicrobial molecules (e.g., RNS, ROS), or 

lytic proteins (e.g., cathepsins, phospholipases)139. For example, during the course of infection with M. 

tuberculosis, activated macrophages release a collection of reactive nitrogen and oxygen species 

generated via NOX2 into the phagosome to induce oxidative stress and destruction of microbial 

membranes and intracellular components 139. Induction of autophagy and xenophagy pathways in M. 

tuberculosis-infected macrophages provides an alternative mechanism of defense against the intracellular 

pathogen, and modulation of these pathways has been the target of host-directed-therapies 140. This 

intracellular communication between the host cell and pathogen enables a strong form of self-defense for 

the cell, as well as a method to clear an acute infection and potentially avoid chronicity. Yet, for many 

pathogens, including M. tuberculosis, the ability to escape the phagocytic vacuole is the key to survival 

and persistence and an important mechanism for immune evasion 141–144. 

Though not commonly perceived as an intracellular pathogen, S. aureus utilizes several methods to 

persist within a protective intracellular niche, ranging from secreting factors to block the acidification of 

the phagosome in leukocytes to disrupting phagosomal membranes for escape into the cytosol in 

epithelial cells 145,146. Indeed, S. aureus utilizes its presence inside PMNs to usurp PMN expression of 

“danger” signals and to manipulate the phenotype of innate immune cells when in coculture, ultimately 

altering the ability of macrophages to clear S. aureus – infected PMNs and enabling intracellular 

persistence of the bacteria 147,148. S. aureus can evade and manipulate PMN cell (i.e., neutrophil) function 
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and antimicrobial effects in different ways, which is reviewed in depth here 147. S. aureus also utilizes the 

intracellular space of nonprofessional phagocytes, such as epithelial cells, as a protective niche to hide 

from host immune cells and to diverge into a heterogenous population of replicating invasive or non-

replicating persistent phenotypes depending on its intracellular environment, host cell metabolism, and 

bacterial colony variance 32,149. 

Once an intracellular pathogen manages to escape from the phagosome, they must rely on 

additional mechanisms for movement through the cell itself. An important component of this intracellular 

mobility is actin-based motility, which is utilized by a wide range of pathogens including B. pseudomallei 

and C. neoformans to manipulate the host cell cytoskeleton for their own movement and eventual 

dissemination through cell-cell spreading 150,151. Intracellular B. pseudomallei that have escaped the 

phagosome utilize bacterial proteins BimA and BimC to polymerize and remodel actin at its poles, 

enabling the pathogen to move through the cell to the outer membrane, from which it can protrude out of 

the cell and infect proximal cells 150–152. C. neoformans similarly uses cell to cell spreading to infect 

neighboring cells while evading immune surveillance mechanisms, relying on an actin-dependent method 

for phagosomal escape and extrusion; however, the host cell utilizes actin flashes, or rapid 

repolymerizations, to temporarily prevent C. neoformans escape from the phagosome 153,154. The 

importance of actin in the pathogenesis of C. neoformans is also demonstrated by the dependence of 

macrophages on actin for the uptake and internalization of the extracellular yeast cells, which is 

significantly decreased in the presence of actin depolymerizing agents 155. Further understanding of how 

both host cells and pathogens utilize intracellular communication to their own advantage can provide 

important insight into disrupting the establishment of chronic infections. 

4.2.3 Volatile signaling 

Whereas there exists a substantial amount of information regarding soluble factor signaling and 

juxtacrine signaling mechanisms, much less is known regarding volatile signaling. Principally regarded as 

a potential diagnostic for identifying bacterial species in vivo 156–158, volatile chemicals secreted by 
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microbial species perform multiple functions as both symbiotic and antagonistic factors in complex 

signaling environments 159–162; indeed, microbial volatile organic compounds (mVOCs) have been 

described to play an important role in both intra- and inter-kingdom interactions 162. Additionally, these 

factors can originate from various microbes and kingdoms, and vary based on the microbial makeup of 

colonies, as well as the morphological form of microbe (i.e., spore vs. filamentous). Secreted mVOCs 

have been correlated with pathogen identity and even disease severity 163,164, yet how these mVOCs 

influence pathogen behavior and host response is still widely unknown. We review mVOCs that target 

other commensal microbes and VOCs that target host cells, as well as any downstream effects that result 

from this volatile cross-talk. However, volatile signaling between pathogens and the host lung is a vastly 

understudied area that represents a potentially significant wealth of information regarding host-pathogen 

interactions and as such requires further studies.  

Pathogen-Targeted Volatile Signaling 

Commensal microbes secrete volatile factors to promote synergetic interactions within an 

environment, wherein one microbe may secrete a VOC that is then sequestered and metabolized by 

another or promote the growth of a neighboring microbe 159,162. In the widely studied coculture system of 

P. aeruginosa and A. fumigatus, it has been found that volatile signaling between these two organisms 

results in stimulation of A. fumigatus growth from P. aeruginosa-derived dimethyl sulfide 12
; this result is 

contrary to what is observed when these two pathogens are in physical contact, where P. aeruginosa 

secretes toxins that inhibit the growth of A. fumigatus 165,166. These interactions illustrate that the chemical 

communication between two organisms cannot be solely examined in one context, and that growth 

conditions and the spatial distribution of microbes can yield different pathogen outcomes. This is further 

evident from the impact of oxygen availability on the A. fumigatus “volatilome”, which generates 

discernable volatile metabolite profiles dependent on the hypoxic state in the surrounding environment 

167. The secretion of specific volatiles can also promote the survival and antibiotic resistance of pathogens, 

often to the benefit of the rest of the infectious colony. H2S is released by a wide range of pulmonary 

pathogens, such as Bacillus anthracis, P. aeruginosa, and S. aureus, and inhibition of H2S was found to 
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increase the susceptibility of the bacteria to antibiotics 168. The cytoprotective role of H2S is believed to 

result from its ability to control oxidative stress around the bacteria and prevent oxidation and DNA 

damage 168; this protection not only helps the bacteria resist antibiotic treatment, but also host-based 

oxidative stress (i.e., ROS). Antibiotic resistance can also be modulated by biogenic ammonia, which has 

been shown to improve resistance to tetracycline in S. aureus and P. aeruginosa, illustrating the impact of 

the volatile signaling landscape in the ability of a lung pathogen to survive and persist in a chronic 

infection 169. This beneficial effect on growth and resistance is important for infections where there are 

multiple distal sites of pathogen colonies, as communication between these locations is not limited by the 

soluble diffusion- or contact-based signaling required for paracrine and juxtacrine signaling, making it 

more difficult for the host to intercept or impede these signals. However, much is still unknown regarding 

the detrimental and antagonistic effects of pathogen-derived volatiles on other pathogens in the lungs, as 

much of the research has focused on either the positive effects of microbial volatile signaling for pathogen 

survival, or the use of these volatile signals as diagnostics for bacterial colonization and infection 

156,157,169.  

Host-Targeted Volatile Signaling 

The effects of volatile communication between microbes and their host counterparts is even less 

studied due to difficulties associated with subjecting host cells to volatile chemicals in a biomimetic 

manner; complex in vitro models can partially solve this difficulty, as cells are not cultured in a traditional 

submerged manner 170,171. Pathogen-derived volatile signals received by host cells can vary extensively 

from QS molecules to mVOCs; these factors can then in turn manipulate the behavior of host barriers to 

infection. One well characterized volatile compound that performs a range of pathogen functions is 2-

amino acetophenone (2-AA), a QS-regulated compound secreted by P. aeruginosa and B. thailandensis (a 

close nonpathogenic relative of B. pseudomallei) that has been linked to a persistent chronic phenotype in 

P. aeruginosa 172. Pretreatment with 2-AA in a murine burn infection model and in ex vivo murine 

macrophages led to a decrease in proinflammatory cytokine secretion while modulating innate immune 

signaling pathways, ultimately leading to an increase in subject survival without efficiently clearing P. 
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aeruginosa in vivo 173. Additionally, 2-AA impacts mitochondrial function in muscles through disruption 

of oxidative homeostasis, leading to induction of ROS-mediated oxidative stress and apoptosis signaling, 

which is believed to further aid in the establishment of an environment conducive to chronic infection 

174,175. While diffusion of these factors into the host tissue has detrimental effects, the influence of 

pathogen-derived volatiles on the host epithelial and immune cells is much lesser known. Some 

cytotoxicity studies have been conducted demonstrating the harmful effects of volatiles such as 1-decanol 

and 1-octen-3-ol, but these studies used submerged cell cultures exposed to media containing the VOC 

and lacking an air-exposure component, or subjected bacterial cells to the compounds for umu and Ames 

testing 176,177. Overall, there is a substantial and immediate need for research in this field that relates the 

effect of pulmonary pathogen-derived volatiles to human host immunology and disease outcome, as much 

of the fundamental characterization of this space is still missing 178.  

4.3 Tissue-level communication in the context of pulmonary infection 

It is important to look at the development of chronic infection from a tissue level perspective — 

considering how cross-talk between the pathogen, immune system, and surrounding microenvironment 

can contribute to the process of lung injury, remodeling, and the transition from acute infection to chronic 

pulmonary infection. Similar to immune interactions, tissue level reorganization in response to a pathogen 

includes a complex milieu of signaling and communication between the multiple components of the 

tissue; understanding this accompanying signaling environment requires consideration of all the cell types 

involved (i.e., epithelial, mesenchymal, vascular, etc.) and changes in the complex tissue architecture (i.e., 

ECM, vascularization, airway constriction, etc.). 

While pathogens can modify the tissue microenvironment to create a favorable niche, underlying 

diseases or conditions can also disrupt tissue architecture or function; these specific tissue level changes 

create a favorable environment for colonization by specific pathogens and predispose individuals to 

chronic pulmonary infections. These conditions can include genetic causes, such as cystic fibrosis (CF), 

or pathologic reasons, such as chronic obstructive pulmonary disease (COPD). In addition to physical 
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tissue disruption that disposes individuals to chronic infections, such as impaired mucociliary clearance, 

cellular signaling mechanisms including host-host and host-pathogen signaling are often disrupted in 

these cases which can further exacerbate the host defenses at the tissue level. 

4.3.1 Signaling in tissue components 

There are many cell types in the tissue microenvironment that participate in cellular communication 

in the context of infection; this milieu of cellular conversations amongst many cell types and tissue 

components are in concert with immune cell-pathogen signaling and/or evasion of immune cells by a 

pathogen. The epithelial layer, for example, is of particular importance as it serves as an immune barrier 

to pathogen invasion into the tissue 130,179–181, leading pathogens to evolve various strategies to disrupt this 

barrier 3,29,31,32. However, recent research has revealed that the airway epithelium has an expanded and 

active role in the tissue microenvironment with respect to its contribution during infections 29,130,179–182. 

For example, epithelial cells exhibit innate immune functions, including the secretion of antimicrobial 

peptides (AMPs) 183–186, and cytokines 182,187,188 to induce the appropriate immune response, as well as 

chemokine and growth factor secretion to assist in tissue remodeling and repair during an infection. 

Epithelial secreted antimicrobial peptides (AMPs) include classes such as defensins 183,185,186, cathelicidins 

184,186, lysozymes 189,190, lactoferrins 189–191, and secretory leukocyte proteinase inhibitor 192,193. For 

example, the primary defensin secreted by epithelial cells, human β-defensin-1 (hBD-1), is constitutively 

secreted, but other β-family defensins are secreted by epithelial cells in response to signaling events; these 

events include direct contact signaling of the epithelium with pathogen components that activate the TLRs 

or NF-κB signaling pathways or soluble factors signaling such as the presence of pro-inflammatory 

cytokines 130,179,183.  

The epithelium is also in communication with other cell types in the tissue, such as mesenchymal 

cells in the underlying airway connective tissue, which are subsequently communicating with the 

epithelium and tissue-resident immune cells. This signaling pathway is critical for tissue repair and the 

remodeling processes that occur in response to the pathogenic assault to tissue integrity. Lung fibroblasts, 
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for example, which are classically thought to have the primary function of maintaining the ECM, also are 

involved in coordination of inflammation and tissue repair response 194–196 through the secretion of a 

variety of cytokines 195–197, chemokines 196, and other signaling molecules 194,196. For example, it has been 

found that bacterial components such as LPS can induce fibroblasts to produce chemokines (e.g. CXCL2, 

CCL2) to attract other immune cells to the site of infection in the connective tissue 196. Further, fibroblasts 

have also been shown to secrete the cytokine IL-8, the overexpression of which has been implicated in 

cystic fibrosis 196–198. These secretions, along with physical cross-talk interactions between fibroblasts and 

leukocytes (e.g., CD40–CD40 ligand binding) and stimulatory molecules (e.g., CD80/CD86 mediated 

binding) can contribute to chronic inflammation in the tissue 194,199,200. 

4.3.2 Tissue disruption by underlying disease 

Chronic infections in patients with underlying diseases represents a significant burden of disease 

and mortality and understanding how normal communication and defense is disrupted in these cases can 

help lead to a better understanding of the mechanisms involved, as well as improved treatment and 

prevention. Here we discuss two examples, CF and COPD, where disruptions in cellular signaling 

contribute to the propensity for chronic infections.  

Cystic Fibrosis 

The cause of death in the majority of patients with cystic fibrosis (CF) is respiratory failure, often 

accompanied by chronic bacterial infection and associated airway inflammation 201,202. Cystic fibrosis is 

characterized by a mutation in the cystic fibrosis transmembrane conductance regulator (CTFR) gene 

201,203. This mutation disrupts the function of a key ion transport protein, which functionally leads to 

disrupted mucous production and movement. This mucous stasis can lead to impaired mucosal immunity 

179,198,201. Ultimately, this increase in mucous impedes microbial clearance and allows the creation of 

favorable microenvironments for the proliferation and dissemination of microbial colonies179,198,201. 

There is a great interest in the bacterial microbiome of cystic fibrosis patients, as it has been found 

to differ significantly from non-CF individuals 201,204. As cellular communication in the microbiome is 



83 
 

thought to be important in host response and the prevention of infections, it is hypothesized that this 

difference in the commensal microbiome of CF patients can contribute to different infection profiles (i.e., 

specific populations or identities of pathogens). However, the CF microbiome and its effect on immunity 

is still not completely understood 179,201,204. The identity of the bacterial infections that are typically found 

in CF are better characterized. In early childhood, individuals with CF are often infected with S. aureus 

and Hemophilis influenzae; this differs from the infections seen most commonly in adulthood, which are 

typically caused by P. aeruginosa 201,204. In addition to the distinct microbiome and infection profiles, 

perturbations in intracellular and extracellular signaling in the cells of cystic fibrosis individuals has been 

elucidated 187,188,198. These perturbations, which include several intracellular signaling pathways, such as 

NF-κB, and low molecular weight GTPases, lead to abnormal production of secretory cytokines, 

particularly those dependent on NF-κB (e.g. IL-1, TNF, IL-6, and IL-8), coupled with decreased response 

to certain extracellular such as IFN𝛾 and TGF𝛽 198. A more detailed description of the signaling 

abnormalities in cystic fibrosis individuals can be found here 198. 

COPD 

Patients suffering from COPD have pathologically compromised tissue architecture, which can lead 

to or be exacerbated by a chronic infection. COPD is described as airflow obstruction caused by 

emphysema and chronic bronchitis 205. Chronic bacterial infection is associated with COPD. In many 

cases, infections are a principal cause of an exacerbation of COPD, or acute worsening of symptoms 

206,207. Exposure to cigarette smoke is a major risk factor for the development of COPD, and the 

mechanism by which infection can occur is largely driven by cellular damage from chronic smoke 

exposure in the lower airways 208,209. This cellular damage, particularly of the airway epithelial cells, leads 

to dysregulated mucociliary clearance and impaired secretion of antimicrobial peptides, amongst other 

critical functions of host defense 179,210. Moreover, the pathogen driven disruption of cellular signaling, in 

addition to detrimental microbial toxins and virulence factors, can further damage the burdened lung 

architecture, feeding into the cycle of tissue damage and impaired immune responses 179,206,209,210. Like 

CF, there is a unique pathogen signature commonly associated with pulmonary infection in COPD. 
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Patients with underlying COPD tend to have chronic infections where the colonizing bacteria is H. 

influenzae, S. pneumoniae, or Moraxella catarrhalis 206,208–210. 

4.4 Modeling pulmonary infections and cellular cross-talk 

The role of cross-talk in pulmonary infections is beginning to be more understood as new analytical 

methods enable the examination of the cellular secretome 211–213 and novel in vitro lung tissue models 

facilitate scrutiny of the role of complex microenvironment conditions on lung pathology 160,171,214–216. 

Recapitulating lung tissue in vitro is challenging due to the complexity of the organ. Notable important 

features include an air liquid interface at the epithelium, an extracellular matrix that facilitates both 

mechanical stretch of breathing while providing support, a complex system of vasculature throughout 

allowing for gas exchange, and the presence of a myriad of immune components (Figure 4.1). The airway 

itself varies in shape and size as the respiratory tree progresses from the bronchi to bronchioles to the 

alveoli, reflecting a change in function from a conducting region to a gas exchange region 214,216,217. 

Owing to these regional differences in functionality, the cell phenotypes and histology also change 

depending on the location on the respiratory tree. For example, the small airways are lined with 

pseudostratified columnar ciliated epithelium with interspersed mucin secreting goblet cells; these 

features are functionally equipped to generate and move mucus, an important immune defense against 

extracellular microbes 179,218,219. The small airway histology looks very different from the simple 

squamous epithelium found in the alveoli, which are functionally equipped for diffusion of gases between 

the alveoli and the surrounding capillary network 217,220. Immune cells are also interspersed at all levels of 

the respiratory tree 221. Importantly, the lung is not a sterile environment, containing its own unique 

microbiome that contributes to the complexity and extensive exchange of cellular signals within the lung 

microenvironment and surrounding tissue structure 2,204,222. 

A significant challenge in the development of in vitro lung models is finding a balance between a 

simple and robust system suited for high throughput examination and a system that more closely 

recapitulates the full complexity of the human lung microenvironment. Perhaps the greatest power of in 
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vitro systems is that they can be engineered along this spectrum, tailored to a particular level of 

complexity to answer a specific biological question. This configurability of an in vitro system, including 

choice of cell types (e.g., epithelial, endothelial, stromal, immune cells, etc.), cell source (e.g., 

immortalized human cells or primary human cells), ECM components (e.g., collagen, matrigel, laminin 

etc.), and two- or three-dimensional placement of these components relative to each other, grants the 

researcher unprecedented control over the microenvironment and the ability to manipulate the in vitro 

system more easily than within an animal model 15,214,223. 

In addition to the increased biological engineering control over the microenvironment offered by in 

vitro models, the ability to use human-derived cells is another beneficial feature. Studies utilizing animal 

models have helped to develop much of our understanding of lung pathologies. However, there are well 

known limitations to animal models in fully elucidating the complex microenvironment and cross-talk 

between pathogens and the human tissue microenvironment. Physiological differences between the 

animal immune system and human immune system, as well as differences in susceptibility to and 

development of disease present a problem for studying cross-talk in chronic infections. For example, mice 

do not become infected with M. tuberculosis in the same way as humans, as they form structurally 

different granulomas and do not commonly develop necrotizing lesions 224. While other animal models 

offer closer homology to humans for the study of CPIs, such as non-human primates or humanized mice 

225–230, these are more expensive and logistically demanding to use. 

Innovative organotypic and tissue engineered models have incorporated key biological functions 

(e.g., cell differentiation 231,232, tight junction formation 231, physical components (e.g., extracellular 

matrix (ECM), air and liquid flow 170,233,234, mechanical stimuli 170,210,233–236, and placement of pathogens 

with respect to lung tissue components to mimic in vivo interactions, (i.e., diffusion based signaling 170,233 

and volatile signaling 160)), all of which allow researchers to hone in on specific aspects of the lung 

physiology and manipulate conditions to better understand the underlying signaling mechanisms 

governing the pathology of infection. Here we describe the current landscape of in vitro lung models, with 

a focus on utilizing these models as a tool for studying the microenvironmental cross-talk in CPIs. Many 
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of these models have already elucidated key insights into CPIs, such as the dependence of early M. 

tuberculosis granuloma formation on ESAT-6 and the disruption of this granuloma formation with 

inhibition of tissue matrix metalloproteinases (MMPs)49,237. However, there are many models that were 

not explicitly designed for modeling infection that have the potential to be adapted for studying cross-talk 

in infection. Further, many of these models can be kept in culture for extended periods of time (±4-8 

weeks)232–234,238,239, which may enable some investigation into long term host-pathogen interactions 

similar to that found in chronic infections. While we do not discuss in vitro organoid models here, we 

refer readers to these sources for lung organoid models 240–243. 

4.4.1 Conventional macroscale platforms 

Transwell inserts: a simple, robust coculture model 

Advances in culturing techniques have led to an expansion beyond a submerged simple monolayer 

culture of lung epithelial cells, which fails to replicate lung tissue-level biological functionality 244–246. For 

example, there is much interest and limited successes in developing culturing conditions for inducing 

differentiation of easy to obtain cell lines into various other cellular phenotypes that are found in the 

airway, such as ciliated pseudostratified epithelial cells and mucin producing goblet cells 231,232. 

Establishment of an air liquid interface (ALI) can differentiate a small-airway epithelial cell from a 

cobblestone monolayer culture into a mucociliary phenotype complete with ciliated pseudostratified 

columnar epithelium 231,232 and mucin-producing goblet cells 232,238,247. Using other epithelial cell lines, an 

ALI can help create alveolar epithelial models, characterized by a simple squamous epithelium. The ALI 

of these cell types can recapitulate alveolar function as measured by the increased surfactant secretion 

from type II - like alveolar epithelia 170,248. Notably, ALI models better mimic the native environment of 

the lung epithelium and promote the recapitulation of the physical complexity of the lung. Widespread 

use of cell culture insert technologies, such as Transwell inserts, have allowed for multiple monoculture 

and coculture experiments utilizing an ALI to differentiate epithelial cells into a biomimetic small airway 

model 231,232,249. The Transwell insert, produced by Corning Life Sciences, utilizes a simple and robust 
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design that integrates into standard laboratory equipment. The insert consists of a permeable membrane 

that sits above the bottom of a standard tissue culture well. The membrane pore size can be chosen from 

0.4 μm to 8.0 μm, with the larger pore sizes often used for cell migration assays, and the smaller pore 

sizes (typically 0.4 μm) used for coculture, soluble factor signaling, and creating ALI cultures. The inserts 

can also be used to establish an ALI in lung epithelial models 231,232,249 by culturing epithelial cells on the 

permeable membrane and removing the appropriate amount of media such that the cells are exposed to air 

on the apical (top) side, while still receiving nutrients through the permeable membrane on the basolateral 

(bottom) side. For coculture, cells can be cultured on top of the permeable membrane, and a different cell 

type can be cultured in the well plate floor or even on the underside of the membrane, allowing the two 

cell types to communicate via soluble factor signaling through the porous membrane 250,251. This 

functionality is particularly useful for studying cross-talk in infections. Finally, neutrophil extravasation 

can be modelled using a Transwell system due to the porosity of the membrane 250. 

Due to the ease of use and efficacy of the Transwell cell inserts for establishing an ALI and a 

mucocilliary differentiated population, Transwell insert models have been utilized in a number of studies 

specifically for studying signaling involved in lung infections, with varying levels of complexity in the 

model. The simplest of which is utilizing a single cell type (e.g., epithelial cells) cultured on the 

Transwell insert membrane to first establish an ALI and a differentiated airway epithelium. The cells are 

then exposed to a pathogen of interest either by incorporating pathogen conditioned media into the bottom 

chamber 249 or by placing a pathogen (e.g., bacterium or fungus) on the apical side of the airway 

epithelium 252,253. An example of both these approaches can be seen in a study done by Halldorsson et al 

in 2010. This study took advantage of the ability to induce tight junction formation using an ALI 

produced by a Transwell insert to study the effect of azithromycin treatment for maintaining tight junction 

integrity during a challenge with live P. aeruginosa and bacterial culture conditioned media. Tight 

junction integrity was measured by trans-epithelial electrical resistance (TEER), a widely-utilized metric 

of tight junction formation. Increasing in complexity, the two-chamber system provided by the Transwell 

insert also lends itself to coculture with an additional cell type in the bottom chamber, such as endothelial 
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or PMC cells in a simple setup 250,251. This feature enables investigations into the soluble factor signaling 

between different cell types. 

Building upon these relatively simplistic Transwell insert systems, advanced models have also been 

developed that incorporate a three-dimensional culture into a Transwell insert-based platform. These 

models often include other tissue features such as an ECM/stromal component 171,254 and/or immune 

components 171. For example, Bhowmick et al. created a 3D chitosan-collagen scaffold polymerized on 

top of a Transwell insert membrane before culturing human small airway epithelial cells on top of this 

scaffold and airlifting (exposing to air) the model. When compared to a non-3D scaffold control, they 

found differences in protein expression in uninfected and H1N1 and H3N3 flu virus-infected epithelial 

cells 254. These results suggest that the addition of ECM components makes a difference in cellular 

functions. Additionally, Nguyen Hoang et al. developed a Transwell insert model that incorporates both a 

stromal component and an immune component within the model 171. In this model, fibroblasts were 

suspended in type 1 collagen forming a 3D stromal layer on top of the Transwell insert membrane. 

Dendritic cells are then cultured on top of this stromal layer prior to epithelial cell culture and airlifting 

171. It was found that the capacity of DC to produce chemokines is regulated by the 3D organotypic 

model, and that soluble components secreted in their lung tissue model induced CCL18 in DC, a function 

absent in other culture conditions, including conditioned media, suggesting that control over the 3D 

microenvironment is critical for immune system function – an important consideration when designing 

models for studying host-pathogen interactions.  

Transwell insert models are versatile and easily integrated into standard cell culture equipment, 

supporting their widespread use and adaptation. However, on the spectrum of complexity for in vitro 

models, they are relatively limited in recapitulating the lung tissue microenvironment and function. For 

example, the membrane separating the compartments is made of a polymeric material and does not fully 

recapitulate the extracellular matrix environment seen in the lamina propria of lung tissue 238. Therefore, 

any desired control over 2D or 3D placement of ECM hydrogels or cell types is challenging in Transwell 

inserts, which are designed for a monolayer or single layer of 3D gel in each compartment. Further, while 
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96 well Transwell inserts are available, cell insert models tend to require relatively numerous amounts of 

cells and reagents. This can limit these models to easy-to-obtain cell types, which may not be as 

biologically relevant as valuable cells, such as primary cells from patients with lung disease. Therefore, 

meso- or microscale models may be better suited than traditional well plate scale culture for applications 

requiring the use of rare or valuable cell types. Lastly, the diffusion profile of factors between the apical 

chamber and the basal chamber is poorly characterized, making it difficult to use Transwells for studies 

where diffusion of signaling factors needs to be tightly controlled 255,256. 

4.4.2 Microfluidic and microfabricated in vitro models 

Microfluidic and microfabrication techniques have become a useful tool for adding additional 

control and complexity to in vitro models. Microfluidic systems, which typically contain a channel or 

network of channels with at least one dimension on the micrometer scale, permit more complex control of 

fluid and airflow, allowing for dynamic culturing conditions 170,233,238,257. Other systems create dynamic 

culture conditions by adding modular functionalities and components (i.e., different cell types, 

microorganisms, etc.) at different experimental timepoints 160,258. Moreover, the ability to shape hydrogels 

or create microscale compartments offers spatial control of different cell types that have varying levels of 

communication with each other from diffusion-based signaling to volatile signaling 160,170,233,238. Finally, 

microfabrication techniques enable microscale culture dimensions and volumes, thus requiring the use of 

fewer cells than a traditional macroscale (e.g., well plate) approach 216,223,259,260. 

The microfabricated in vitro lung model (the “lung-on-a-chip”) developed by Huh et al. in 2010 has 

been an influential model over the past decade. A schematic of a “lung-on-a-chip” type model and other 

models discussed can be found in Table C1. The model features a thin microfabricated porous membrane 

separating a top and bottom chamber. Alveolar-like epithelial cells are seeded on top of the porous 

membrane in the top chamber, where an air-liquid interface is created. Endothelial cells are seeded on the 

basal side of the membrane on the basal side of the membrane in the bottom channel where blood or 

media is flowed. Because it is a closed system, airflow can be controlled both on the apical ALI and flow 



90 
 

rate of blood or media can be controlled in the bottom chamber. To add an additional functionality to the 

model, the design includes two side chambers on either side of the central channels, which can be put 

under cyclic vacuum or pressure, thus stretching the membrane that contains the cells in the inner 

channel. By modulating the pressure on the side chambers, the researchers can induce cyclical mechanical 

strain, similar to the mechanical stretching that alveolar tissue undergoes during breathing 170. This model 

is versatile and has found widespread use for studying different pathologies such COPD 233, pulmonary 

edema 261, and cigarette-induced lung damage 234, and has also been adapted to model the small airway 

where pseudostratified epithelium and mucin producing cells are observed after ALI exposure 233,234. The 

alveolar model has notably been used as an infection model similarly to how the Transwell insert models 

are used, where bacteria (or potentially other pathogens) are introduced to the apical compartment and the 

effect of this direct contact is measured in the epithelium and endothelium below 170. Conditioned media 

or other relevant factors can also be introduced into the bottom compartment as method for soluble factor 

signaling. 

Other models have also been developed with the goal of modeling cyclical mechanical stretching to 

mimic breathing in vitro, such as Stucki et al., who developed a lung model that has actuation 

functionality. Much like Huh et al., this model cultures alveolar epithelial cells on a thin porous 

membrane where the bottom side of the membrane is lined with endothelial cells. The actuation is 

brought by another flexible membrane at the bottom of the media chamber on top of a void channel. 

When negative pressure is applied in the void channel, the flexible membrane at the bottom of the media 

channel pulls down, thus pulling down on the flexible membrane containing the epithelial cells. This is 

similar to how the diaphragm decreases the pressure in the air cavity as breathing occurs in vivo. While 

the concept and materials (i.e., a porous membrane) are similar to the Huh et al “lung-on-a-chip”, this 

model differs slightly in geometry of where the actuation occurs, pulling down on the membrane rather 

than from the side. Further, the upper chamber is open, as it does not have a ceiling, removing the ability 

to control the apical airflow, but providing pipette access to the culture by users. In fact, human primary 

pulmonary alveolar cells collected from patients who underwent partial lung resection were utilized in 
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this model, illustrating its applicability for valuable cell populations 210. This model has also been used for 

applications such as wound healing 235 and has been modified to include microelectronics for impedance 

measurements 236. Similar to the Huh et al. model, this model can be used for study of cross-talk such as 

direct or soluble factor signaling, as pathogens can be directly introduced on the apical side or 

conditioned media can be introduced to the bottom compartment. 

These alveolar models focus on the interaction between epithelial and endothelial cells, as these are 

the most dominant cell type in that region of the lung. Other small airway microfluidic models, including 

the 'small-airway on a chip' pioneered by Benam et al. in 2016, also looks at the interaction between 

endothelial and epithelial cells 233. However, at the level of the small airway, such as the bronchioles, 

smooth muscle cells are also a relevant component, as the bronchioles will constrict or relax to increase 

the diameter of the airway, thus regulating airflow to different parts of the lung. Humayun et al. 

developed a microfabricated small airway model that incorporates smooth muscle cells and epithelial 

cells. The model looks similar to the small-airway on a chip from Benem et al. in that it contains a top 

chamber where the epithelial cells are grown, separated by a thin membrane with a bottom chamber that 

contains a second cell type (in this case smooth muscle cells). However, this model differs in several key 

ways. For one, the cell type in the bottom chamber is smooth muscle cells and not endothelial, which 

enables the researcher to model diseases such as asthma or pulmonary hypertension where SMC are 

important in disease pathogenesis. Secondly the 'membrane' separating the two chambers is a suspended 

ECM hydrogel, more specifically a mixture of matrigel and collagen. This more closely represents the 

ECM environment than Transwell inserts or the other in vitro models previously discussed that rely on a 

bioinert polymer such as polydimethylsiloxane (PDMS). Further, this model does not include the 

mechanical functionality of the other in vitro models, as it is not a closed microfluidic system. Notably, 

the open microfluidic system is beneficial in other ways, as it offers simple fabrication and pipette 

accessibility. Since this model represents the functionality of the small airway for bronchoconstriction, it 

is perhaps better suited for studies of diseases where bronchoconstriction is relevant, such as asthma and 



92 
 

COPD. However, it can be used as an interesting model to investigate the cross-talk involvement of 

smooth muscle cells in infections.  

Apart from models that incorporate mechanical components to stimulate breathing in vitro, Barkal 

et al. developed a platform specifically designed for probing multikingdom cell signaling in the lung 

microenvironment 160; this model not only allows for investigating direct and soluble factor cross-talk via 

placing pathogens in direct contact with the host lung tissue model, but also incorporates functionality for 

investigating volatile signaling. Moreover, this model incorporates a wide range of cellular components, 

including a three-dimensional collagen-based ECM with suspended fibroblast cells, where channels for 

the epithelium and endothelium are cast through, with one larger epithelium channel in the middle and 

two smaller endothelium channels on either side parallel to the epithelial channel. Similar to the Humayun 

et al. model, the compartments are not separated by an inert plastic or polymer, such as PDMS, but rather 

a more biologically relevant hydrogel with the addition of suspended fibroblasts. Further, the air liquid 

interface is uniquely created in a three-dimensional tubular channel, more similar to in vivo bronchial 

structure 160. Additionally, the endothelium lined channels are cast cylindrically in the same manner as the 

epithelial lined channels. The authors are able to uniquely model a microenvironmental infection by 

introducing A. fumigatus (causative agent of invasive pulmonary aspergillosis) directly into the apical 

lung endothelial channel and allowing it to grow out into the surrounding ECM. They measure cytokine 

concentrations in the media in the side endothelial channels in response to this "infection". The authors 

further took advantage of the side endothelial channels and ECM by introducing blood immune 

components to the endothelial channels. Specifically, neutrophils were introduced via capillary flow into 

the side channels of the A. fumigatus infected model and migration into the ECM as a result of infection 

was measured. Finally, the authors designed an insert that clicks into the lung in vitro model chip that can 

culture two separate fungi or bacteria next to the model, enabling examination of multikingdom volatile 

signaling by culturing A. fumigatus and P. aeruginosa in this side insert. Cytokine levels again were 

measured from the endothelial side channels and shown to differ based on what combination of pathogens 

were included in the multi-kingdom culture. Notably this model offers multiple functionalities for 
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studying pathogens that can contribute to chronic infections and cross-talk amongst these different cell 

types and kingdoms within a co-infection scenario. Ultimately, this platform, in addition to those 

described above, can enable researchers to probe very specific aspects of the lung microenvironment for a 

wide range of conditions and infections in a controlled and versatile manner.   

4.5 Conclusion 

Deciphering the complex signaling phenomena of the lung microenvironment, in the context of 

CPIs, remains a significant challenge due to the myriad of factors contributing to this signaling milieu. 

The communication amongst host and pathogen cells through secreted factors, physical contact, and even 

volatile factors, can drive acute and chronic infections as pathogens evade immunity, but it can also 

control and impede progression of disease through coordinated immune defenses. Further, accounting for 

the tissue-level signaling in the lung responsible for maintaining pulmonary function and mediating 

damage from infection, the exchange of signals in this microenvironment becomes extremely convoluted, 

requiring innovative and creative studies to develop an understanding of this space. The recent advances 

in in vitro modeling can help facilitate these studies, as these platforms are continually increasing in 

complexity and adaptability, enabling researchers to utilize these models in conjunction with in vivo 

studies and answer specific research queries. Further, the large gap in our understanding surrounding 

volatile signaling in the lung represents a significant opportunity for fundamental and applied research 

studies, which can be further facilitated through the use of these novel in vitro platforms. Ultimately, we 

aimed to highlight similar signaling mechanisms in diverse pulmonary infections to elucidate novel 

connections and similarities between diseases, as well as to paint a picture of the complexity of this 

signaling environment during infection.  
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Chapter 5. Cell-Targeting Beads to Probe the Cellular Signaling Microenvironment 

Reproduced in part with permission from van Neel, T.L.*; Berry, S.B.*; Berthier, E.; Theberge, A.B. 

“Localized cell-surface sampling of secreted factors using cell-targeting beads”. In preparation. 

*denotes co-authorship 

Abstract: 

Intercellular communication through the secretion of soluble factors plays a vital role in a wide 

range of biological processes (e.g., homeostasis, immune response), yet identification and quantification 

of many of these factors can be challenging due to their degradation or sequestration in cell culture media 

prior to analysis. Here, we present a customizable bead-based system capable of simultaneously binding 

to live cells (through antibody-mediated cell-tethering) and capturing cell-secreted molecules. Our 

functionalized beads capture secreted molecules (e.g., hepatocyte growth factor secreted by fibroblasts) 

that are diminished when sampled via traditional supernatant analysis techniques (p < 0.05), effectively 

rescuing reduced signal in the presence of neutralizing components in the cell culture media. Our system 

enables capture and analysis of molecules integral to chemical communication that would otherwise be 

markedly decreased prior to analysis.  

5.1 Introduction 

Chemical signaling events involving cell-secreted soluble factors (e.g., growth factors, cytokines) 

play a vital role in the induction of cellular functions and larger systematic biological processes including 

immune response, maintenance of homeostasis, and cellular differentiation.1 However, detecting these 

molecules to decipher this complex signaling landscape is often hindered through the degradation, 

sequestration, or neutralization of important signaling molecules by extracellular factors such as enzymes 

or receptors.2,3 The elimination of these short-lived soluble factors from a cellular microenvironment is an 

important component of chemical signaling processes, yet their absence leads to an incomplete snapshot 

of the signaling microenvironment, as these transient factors cannot be easily analyzed. Identification and 

quantification of these key short-lived factors in the context of their localized signaling milieu can 
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provide important insight into the signaling mechanisms that mediate biological processes within 

complex in vivo and in vitro systems.4,5   

Various analytical and quantification methods, such as mass spectrometry and enzyme-linked 

immunosorbent assays (ELISA), have been developed that examine cell culture supernatants (i.e., 

conditioned media) or biological fluids (e.g., serum, urine) to provide important information on the 

makeup of cellular secretion profiles.6  However, these methods often rely on sampling processes wherein 

important effector molecules may be degraded, sequestered, or converted on time scales faster than those 

required for sample preparation and analysis, resulting in diminished signal; further, these readouts are 

typically used as end-point analyses that lack the temporal resolution provided by in situ methods and 

analyses.7 More targeted approaches that integrate sample collection and readout, such as 

compartmentalized microfluidic cell culture platforms for in situ bead-based assays8,9, small-volume cell-

encapsulation and -sensor systems10-13, and enzyme-linked immunosorbent spot (ELISpot) assays14,15, 

address the limitations posed by traditional techniques and enable precise in situ analysis of culture 

systems at flexible timepoints throughout the experiment. These integrated culture and analysis platforms 

allow users to probe specific phenomena using systems with excellent spatial and temporal detection 

resolution, and we sought to add to these analytical capabilities through the creation of a transferable and 

easily-deployed system compatible with virtually all culture systems, removing the need for specialized 

platforms or devices.   

Bead-based technologies have been widely used for both the analysis of soluble factors within 

biological samples (e.g., bead-based ELISA) and to selectively capture and analyze cells from a mixed 

culture (e.g., magnetic bead-based cell isolation)16-18; however, to our knowledge, these two 

functionalities have yet to be combined to examine the production of transient soluble factors and the 

origin of those factors (Figure 5.1). Here, we introduce a customized bead-based approach to enable 

capture of short lived or unavailable compounds from within existing cell culture systems that can then be 

coupled with downstream analytical methods such as immunoassays (Figure 5.1). Our platform consists 

of a dual-functionalized (DF) magnetic bead with two distinct antibodies, enabling simultaneous cell-
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binding and signal capture (Figure 5.1 Bii). Through cell tethering, our DF beads can target a specific cell 

type via cell-specific surface markers, as well as capture cell-secreted signals before they enter the bulk 

solution, where they may be sequestered or degraded. Here, we demonstrate that our DF beads capture a 

cell-secreted signal (hepatocyte growth factor, HGF) localized near the cell surface from live fibroblast 

cultures in the presence of a neutralization factor; in contrast HGF levels are markedly diminished when 

collected through traditional supernatant analysis. We envision these dual-functionalized beads being 

employed in a wide range of mono- and multi-cultures, enabling researchers to easily “listen” to cellular 

communication between different cell populations in situ without needing to modify their culture 

protocols or setup.  

5.2 Development and validation of in situ 

sampling bead system 

To probe the myriad of diverse 

environments where intercellular signaling 

occurs, an adaptable platform capable of being 

deployed across a wide range of signaling 

landscapes is required. Herein, we present a 

dual-functionalized (DF) bead system that binds 

to cells within a live in vitro cell culture system 

to analyze a secreted factor of interest in the 

presence and absence of a factor that may 

degrade or neutralize, or sequester the factor of 

interest. As a proof-of-concept model, we 

selected neonatal normal human dermal 

fibroblasts (NHDFn) expressing surface marker 

CD90 (Figure D1) and secreting hepatocyte growth factor (HGF) as our cellular and molecular target, 

Figure 5.1: Bead-based approaches to quantifying 

cell-secreted factors. (A) Cells secrete soluble 

factors for communication, with the highest 

concentration immediately after secretion being 

near the cell surface. (Bi) Traditional methods 

transfer the cell culture supernatant to another well 

plate and use beads for bulk solution analyte 

sampling while (Bii) our new approach utilizes cell-

targeting beads in situ for analyte sampling. 
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respectively. HGF is a vital factor in multiple biological processes, including organ development, liver 

repair, and cancer progression, underscoring the importance of fibroblast-driven chemical communication 

in a range of biological settings.19 We designed and created dual-functionalized MagPlex beads 

covalently bound with antibodies against CD90 (anti-CD90) and HGF (anti-HGF) to target the cell 

surface marker and secreted factor, respectively (Figure D2).20 To validate that the DF beads can 

successfully capture HGF at biologically relevant concentrations while simultaneously binding to the cell 

surface, we conducted two independent cell-binding and analyte capture assays (Figure 5.2, D3-5).  

First, we performed a standard sandwich immunoassay using our DF beads (anti-CD90 and anti-

HGF) and commercially available mono-functionalized (MF, anti-HGF only) beads with spiked HGF to 

compare HGF detection capabilities using the DF beads and MF beads when used according to traditional 

protocols (i.e., supernatant analysis). Both DF and MF beads successfully captured spiked HGF at a range 

of concentrations, enabling fitting to a five-parameter logistic (5PL) calibration curve as recommended by 

the manufacturer20 and supporting the use of the DF beads as a tool for capturing and measuring secreted 

factors from cells (Figure S5). We observed different limits of detection (LODs) between the two beads 

consistent with the different bead functionalization: DF beads, 104.25 pg/mL; MF beads, 34.87 pg/mL 

(Figure D5). We also observed that DF beads had a 17-36% lower total fluorescent signal than the MF 

beads (Figure D5). This is expected, as the number of available binding sites on the surface of the DF 

beads is less than on the MF beads due to the presence of anti-CD90 antibodies, thereby decreasing the 

total number of fluorescent detection antibodies that will bind to HGF on the surface of the DF bead.     

Second, we performed a cell-binding assay wherein we incubated DF beads with CD90-expressing 

NHDFn cells (Figure 5.2) and quantified their ability to remain bound to the cell surface after multiple 

wash steps (Figure D3). Beads were added directly to a 96-well plate culture of NHDFn cells and 

incubated for 2 hours; after incubation, the culture was rinsed three times to remove unbound or 

nonspecifically-bound beads. The remaining beads were then imaged and counted to quantify the ability 

of the DF beads to bind CD90
+
 cells (i.e., NHDFn) (Figure 5.2, D3-D4). After washing, 74% of the beads 

were retained, suggesting successful CD90-mediated cell binding (Figure 5.2 and D3). Further 
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optimization of the bead functionalities (i.e., analyte capture and cell binding) can be accomplished by 

adjusting the ratio of antibodies on the surface, as well as through modulation of the specific biological 

system of interest to increase expression of cell-binding markers or secretion of soluble factors.        

 
Figure 5.2: Dual-functionalized (DF) beads (functionalized with anti-CD90 and anti-HGF) target CD90

+
 

cells (NHDFn). (A and B) Representative images of CD90
+
 cells stained with CellTracker Green (green) 

and CD90
-
 cells stained with CellTracker Blue (blue); cells were seeded at a density of 2.6x104 cells/mL, 

cultured for 3 days, and incubated with DF beads (pink) for 2 h. Images of wells were taken after washing 

to determine successful bead-binding to the cell surface receptor CD90. (A) CD90
+
 cells show an increased 

bead retention compared to (B) CD90
-
 cells. (C) An average of 74% of DF beads were retained when 

incubated with CD90
+
 cells, significantly higher bead retention than for CD90- cells or no cells (empty 

well). Some nonspecific binding was observed for beads placed in an empty well (5% of beads retained). 

Bar graphs represent mean ± SD of n=3 independent experiments. Brown-Forsynthe and Welch ANOVA 

tests were used followed by Dunnett’s T3 test. * p < 0.05. 

 

5.3 Application of dual-functionalized beads for resuscitation of sequestered signals 

To demonstrate one utility of our DF bead system, we created a model NHDFn culture system 

where we test the ability of the beads to capture HGF signal before the signal is diminished in the bulk 

solution through neutralization with free anti-HGF antibodies; we hypothesized that this resuscitation of 

HGF signal would be achieved through binding of the DF beads to the cell surface so that the beads can 

capture HGF as it is being secreted from the cell. To test this hypothesis, we cultured NHDFn cells with 

our DF beads and free anti-HGF antibodies so that secreted HGF could bind to either the beads (and be 

detected) or the free anti-HGF (and be neutralized); after a 2-hour incubation, the supernatant was 

collected and the culture was washed to remove any unbound beads or remaining free anti-HGF (Figure 

5.3). The cells were then lysed to release the beads, which were subsequently washed and analyzed using 
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standard Luminex assay protocols.20 In parallel, we analyzed the HGF signal captured by MF beads 

according to the manufacturer’s protocol (i.e., traditional cell culture supernatant sampling) (Figure 5.3). 

Following traditional cell culture supernatant sampling protocols, we observed a significant decrease (p < 

0.05) in HGF quantification as a result of the presence of free anti-HGF in the cell culture media in 

comparison to controls without free anti-HGF (Figure 5.3 Bi), suggesting that a sequestering factor (such 

as free anti-HGF) is able to reduce the secreted HGF available for quantification in bulk media. In 

contrast, under identical culture conditions, our dual-functionalized beads deployed on the cell surface 

restored HGF signal to levels comparable to those found in the absence of free anti-HGF (Figure 5.3 Bii), 

suggesting that the DF beads are able to capture signal prior to its reduction in the bulk supernatant.  

As a control, to verify that the proximity of the DF to the cell promotes improved HGF capture, and 

to eliminate any artifacts associated with cell-bead-binding and the lysis step employed in our localized 

cell-surface method, we cultured NHDFn cells in close proximity to (10 μm) and at a distance (1.3 mm) 

from the beads in the presence and absence of free anti-HGF using a Transwell insert setup (Figure D6 A 

and B). We found that the beads captured increased levels of HGF (both in the presence and absence of 

free anti-HGF) when in close proximity to the cells when compared to at a distance. This finding supports 

that the increased signal capture capabilities of our localized cell-surface sampling method are due to the 

proximal location of the DF beads on the cell surface (Figure 5.3, D6 C). While it is likely that MF beads 

would provide a similar signal if allowed to settle nonspecifically on the cell surface, the ability of the 

dual-functionalized beads to specifically bind to cell types of interest enables beads to target the desired 

cell and ensure the cellular origin of the secreted signal (Figure D4). Further, to validate that the observed 

HGF signal in our localized cell-surface sampling method (Figure 5.3 Bii) was not simply intracellular 

HGF released during the lysis steps and that the lysis buffer did not interfere with or disrupt HGF-bead 

binding, we sought to separately quantify HGF concentrations in samples containing lysis buffer. 

Utilizing the DF beads, we quantified the concentration of HGF present in the cell lysate (cells had been 

rinsed to remove extracellular HGF prior to lysis) and observed significantly less HGF signal in cell 

lysate when compared to the signals captured from localized cell-surface sampling (Figure D7), indicating 
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that the majority of the HGF captured using our localized cell-surface sampling method is secreted from 

the cell. Further, in future work, we will develop gentler methods to remove the bead from the cell surface 

without lysing the cell. In summary, our DF beads can selectively bind to the surface of a cell and capture 

signal directly secreted from the cell before the secreted factor is sequestered and lost in bulk solution. 

 
Figure 5.3: Localized cell-surface sampling recovers HGF signal in the presence of a neutralizing factor. 
Schematics showing workflow of (Ai) traditional supernatant sampling and (Aii) localized cell-surface 

sampling of a cell-secreted factor. Mono-functionalized (MF) beads (functionalized with anti-HGF ) were 

used for supernatant sampling while dual-functionalized (DF) beads (functionalized with anti-HGF and 
anti-CD90) were used for in situ sampling. (Ai) MF beads are added to supernatant samples collected from 

cell cultures after 2 h incubation. (Aii) DF beads are added to directly to cultures for a 2 h sampling period. 
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(Bi) Supernatant analysis shows a decrease in recovered HGF when cells are incubated with free anti-HGF 

whereas (Bii) localized cell-surface sampling with DF beads shows no change in recovered HGF since 
beads capture HGF before neutralization by free anti-HGF. Experiments were performed in the absence (-

) or presence (+) of free anti-HGF and are represented as circles or squares, respectively; each point 

represents an averaged technical replicate (supernatant) or culture replicate (in situ). († HGF recovered 

using DF beads is captured at the surface of the cell, rather than the bulk, leading to increased overall HGF 
capture. Traditional immunoassay calculations use bulk solution sampling; here, we are sampling a smaller 

volume on the cell surface. Thus, the absolute values in (Bii) should not be directly compared to the absolute 

values in (Bi), but rather the trend between the two conditions.) Unpaired Student’s t-test. * p = 0.016; ns 

p = 0.428. 

5.4 Conclusion 

In this work, we present a new bead-based system that enables in situ capture of a secreted 

molecule (HGF) in the presence of a known neutralization factor (anti-HGF); through targeted cell-

tethering of DF beads, we can capture secreted HGF as it is released from the cell, rescuing signal that is 

lost in traditional supernatant analysis due to HGF binding to free anti-HGF in the bulk solution (Figure 

5.3). MagPlex beads were chosen to enable future development and multiplexing of different analytes and 

cell types, as they are commercially available and compatible with a wide range of antibodies, allowing 

easy adaptation of this technology without the need for specialized fabrication or experimental 

protocols.20 Further development of this platform will focus on selective bead detachment methods and 

optimizing antibody ratios to improve binding capabilities and permit continuation of cultures after bead 

detachment. Future application of this technology includes deploying this method in complex biological 

system containing multiple cell types (e.g., mixed cocultures of mammalian cells, multikingdom culture 

containing microbial and mammalian cells, and ex vivo tissue slices) to demonstrate our method’s 

potential to selectively target a specific cell type in a complex environment containing multiple cell types.   

5.5 Materials and Methods 

Reagents and materials 

Luminex kits (Product # HAGP1MAP-12K) containing wash buffer, assay buffer, secondary 

detection antibody, mono-functionalized beads, recombinant human hepatocyte growth factor (HGF), and 

streptavidin-R-phycoerythrin conjugate (SAPE) were purchased from EMD Millipore (Burlington, MA) 
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and used for anti-HGF/HGF Assay experiments (details below). Clear tissue culture treated (TCT) 96-, 

24-, and 12-well plates (Corning #3596, #3526, and #3515, respectively) and black TCT 96-well plates 

(Corning #3603) were purchased from Corning (Corning, NY). Falcon Transwell 24-well plate inserts 

(Corning #353104) were purchased from Fisher Scientific (Hampton, NH). Antibody coupling kits 

(Product #40-50016) were purchased from Luminex Corporation (Austin, TX). 

Cell Culture  

Normal Human Dermal Fibroblast neo-natal cells (NHDFn) (ATCC, Manassas, VA) were cultured, 

passaged, and seeded in fibroblast basal medium supplemented with a low-serum growth kit (ATCC, 

#PCS-201-030 and #PCS-201-041) (fibroblast media). 24 hours after seeding cells in well plates or 

Transwell inserts, media was replaced with Endothelial Cell Growth Medium-2 BulletKit (EGM-2) 

(Lonza, Basel, Switzerland) supplemented with 10% heat-inactivated (HI) fetal bovine serum (FBS); 

media was changed daily. NHDFn passage numbers ranged from 6-8 for experiments. Human Umbilical 

Vein Endothelial cells (HUVEC) (Lonza, Basel, Switzerland, #C2517A) were cultured, passaged, and 

seeded in EGM-2 media. HUVEC passage numbers ranged from 3-5 for experiments.  

CD90 Expression by Normal Human Dermal Fibroblast neo-natal Cells (NHDFn) 

Expression of CD90 by NHDFn cells was validated through standard immunocytochemistry 

techniques. NHDFn cells were fixed for 10 minutes with 4% paraformaldehyde, permeabilized with 0.2% 

Triton X-100, and then blocked with 3% bovine serum albumin (BSA). After blocking, primary anti-

CD90 monoclonal antibody (clone AF-9, Abcam, #ab23894) (1:50 dilution) was added and incubated 

overnight at 4°C; goat anti-mouse secondary polyclonal antibody conjugated with Alexa-488 (1:200 

dilution) (Jackson ImmunoResearch Laboratories Inc., #115-545-166) was then allowed to incubate for 1 

hour at room temperature. After washing, DAPI (ThermoFisher, #D1306) (1:200 dilution) was incubated 

for 5 minutes at RT before washing and imaging (Figure D1). HUVECs were simultaneously cultured as 

described above to serve as a negative control. HUVECs were stained with CellTracker Blue 

(ThermoFisher, #C2110) for 1 hour before seeding according to the manufacturer’s protocols. Fixing and 

staining protocols outlined above were followed before imaging (Figure D1).  
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Bead Functionalization  

MagPlex microspheres (region 34) were purchased from Luminex Corp. and functionalized with 

anti-human hepatocyte growth factor (anti-HGF) monoclonal antibody [(clone 24516) (R&D Systems, 

Inc., Minneapolis, MN)] and anti-human cluster of differentiation 90 (anti-CD90) monoclonal antibody 

(clone AF-9) (Abcam, Cambridge, MA) according to the manufacturer’s instructions (Luminex antibody 

coupling kit, #40-50016).20 Briefly, carboxylated microspheres were first activated with 1-ethyl-3-[3-

dimethylaminopropyl] carbodiimide hydrochloride (EDC) and sulfo-N-hydroxysulfosuccinimide (Sulfo-

NHS). Once activated, anti-CD90 and anti-HGF antibodies were added at a 1:1 concentration-based ratio 

to covalently bind to the surface of the activated microspheres. Once coupled, microspheres were rinsed 

and stored in phosphate buffered saline (PBS) containing 1% bovine serum albumin (BSA) at 4°C until 

use. Care was taken to protect the microspheres from light to prevent photobleaching during coupling. 

Microspheres were used as per the manufacturer’s instructions and within 6 months of coupling. To 

validate successful coupling of the antibodies with the microspheres, we performed a secondary antibody 

labeling and subsequent analysis.20 Briefly, phycoerythrin-conjugated rat anti-mouse IgG (clone M1-

14D12) (ThermoFisher Scientific) was added to the microspheres at a range of concentrations (0.0625 

μg/mL to 4 μg/mL), incubated, and analyzed to generate a calibration curve as per the manufacturer’s 

instructions (Figure D2).  

Bead-Cell Binding Validation  

To validate the bead-cell binding, NHDFn cells were seeded in a well plate at a density of 2.6x104 

cells/mL and cultured for 3 days in fibroblast media. As a negative control, HUVECs were passaged, 

incubated with CellTracker Blue for 1 hour at RT, washed with 1X PBS, and seeded at a density of 

2.6x104 cells/mL; cells were cultured for 3 days in EGM-2 media. Dual-functionalized (DF) beads 

(coupled with both anti-CD90 and anti-HGF antibodies) at a concentration of 50 beads/μL were added to 

the cultures on Day 3, post-seeding. An additional negative control was used in which different dual-

functionalized beads [(coupled with both anti-CD64 (cluster of differentiation 64) and anti-MMP12 

(matrix metallopeptidase 12) antibodies) (Abcam, #ab119843 and #ab52897, respectively)] were added to 
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separate wells containing NHDFn cultured in the same manner as stated above. Plates were shaken at 100 

rpm for 1 minute then placed on a plate magnet (Stemcell Technologies, #18102) for 1 minute; this was 

repeated twice more for a total of three rounds followed by a 2-hour incubation. After incubation, wells 

were washed with media 3 times. Wells were imaged before adding beads, before washing wells, and 

after washing wells (Figure D3). To demonstrate cell-targeting ability, a device (Monorail2) was used to 

pattern NHDFn and HUVECs in separate regions of the well plate.21 Full device operation and protocol is 

provided in Day et al.21 Briefly, a Monorail2 device was placed into a 24-well plate and a 1.5 wt% low 

gelling temperature agarose pre-gel solution (Sigma-Aldrich, #39346-81-1) was flowed to create a 

hydrogel wall; gel was cooled at RT until solidified. 1X PBS was loaded into wells for 24 hours before 

use in experiments. Prior to seeding, NHDFn were incubated with CellTracker green dye for 1 hour at RT 

and HUVECs were incubated with CellTracker blue dye for 1 hour at RT (following dilution instructions 

provided) and washed with 1X PBS. Both cell types were seeded at a density of 2.6x104 cells/mL and 

cultured for 3 days in EGM-2 media. On Day 3 post-seeding, Monorail2 devices were removed and dual-

functionalized beads (coupled with both anti-CD90 and anti-HGF antibodies) at a concentration of 50 

beads/μL were added to the cultures. Experimental workflow outlined above (shaking, washing, 

incubation, and imaging steps) were followed (Figure D4). 

Bead-Analyte Binding Validation  

A model capture sandwich immunoassay was performed using both dual-functionalized beads (anti-

CD90 and anti-HGF antibodies) and commercial mono-functionalized kit beads (Product # HAGP1MAP-

12K) (anti-HGF antibody only) according to manufacturer’s instruction. Briefly, diluted beads (50 

beads/μL) were incubated with recombinant human HGF protein [(clone #24516) (R&D Systems, 

Minneapolis, MN)] at concentrations ranging from 0 to 20,000 pg/mL (standard curve range according to 

each commercial kit). After incubation, beads were washed and detection antibody (biotinylated anti-

human HGF polyclonal antibody, #BAF294, R&D Systems) was added to label the captured HGF. After 

binding of the detection antibody, streptavidin-R-phycoerythrin conjugate (SAPE) (ThermoFisher, 
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#S866) was added and the corresponding fluorescence of the beads was analyzed. A five-parameter 

logistic fit (5PL) was used to fit calibration curves based on kit protocols. Calibration curves from each 

experiment, for both mono- and dual-functionalized beads, are shown in Figure S5. Curves were used to 

determine HGF concentration for each independent experiment. Limit of detection (LOD) was calculated 

using the standard definition of three times the background signal for each curve.  

Anti-HGF/HGF Assay  

Media preparation: Two different media were used, one control and one treated. The control media 

consisted of EGM-2 supplemented with 10% HI-FBS and 1X PBS in place of antibody (control media). 

The treated media consisted of EGM-2 supplemented with 10% HI-FBS and anti-HGF [(clone 24516) 

(R&D Systems, Inc., Minneapolis, MN)] in 1X PBS for a final concentration of 10 ng/mL anti-HGF 

(treated media). Media were made fresh on the day of the experiment. 

96 well plate assay: (Localized cell-surface sampling) NHDFn cells were cultured as described 

above; experiments were performed +/- anti-HGF. On Day 3 post seeding, cells were washed once with 

media; 75 μL control or treated media and 50 μL of diluted dual-functionalized (anti-HGF and anti-

CD90) beads (100 beads/μL) were added and incubated with cells for 2 hours. To distribute added beads 

within a well, the plate was shaken at 100 rpm for 1 minute, then placed on a plate magnet for 1 minute; 

this was done for a total of 3 rounds in the beginning of the incubation period. After 2 hours, well 

contents were washed twice with 125 μL control media to remove any beads not bound to the cell 

surfaces; 50 μL of lysis buffer (10 mM Tris-HCl, 1 mM EDTA, 1% Triton X-100, 0.1% SDS, 140 mM 

NaCl) was then added and incubated for 15 minutes to detach beads from the cell surface. A mini cell 

scraper (ABI Scientific Inc., catalog #MCS-200) was used 5 minutes into the 15-minute lysis step to 

break up cellular debris during the lysing period. The plate was then placed on a magnet, and beads were 

washed with control media 3 times before being resuspended in 50 μL control media, collected, and 

added to assay plate; this resuspension was used as sample with no additional beads added. (Traditional 

bulk supernatant sampling) Supernatant samples, +/- anti-HGF, were also collected in parallel from 
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separate wells to be analyzed with mono-functionalized beads. The assay was continued using the 

Luminex kit and procedure.20 Briefly, mono-functionalized (anti-HGF only) beads are added to 

supernatant samples and controls to incubate for 16-20 hours on an orbital shaker at 4˚C for HGF analyte 

capture; while dual-functionalized beads (anti-HGF and anti-CD90) undergo the same process, it is 

important to note that analyte capture is completed prior to addition onto the assay plate for the dual-

functionalized beads. Beads are washed with wash buffer and secondary detection antibodies are added 

for a 1-hour room temperature incubation. SAPE is then added for an additional 30 minutes. Additional 

wash steps remove any unbound antibodies and SAPE before beads are resuspended in 1% BSA for 

analysis. 

24 well plate Transwell assays: Inverted Transwell inserts were placed into a 12-well plate after 

which a 50 μL fibroblast cell suspension (2.6x104 cells/mL) was placed on top of the Transwell inverted 

insert (in the pore membrane area); cells were incubated for 2 hours to allow cell adherence before 

Transwell inserts were flipped and placed correctly into a 24-well plate with 500 μL control media in the 

basal side (Figure D6A). Additionally, in other wells, cells were also cultured on the bottom of a 24-well 

plate at the same density (Figure D6B). Cells were cultured as described above for the remainder of the 

experiment. On Day 3 post seeding, 50 μL diluted beads (100 beads/μL) and 50 μL +/- anti-HGF media 

were added to the apical side of the Transwell inserts while 500 μL +/- anti-HGF media was added to the 

basal side for a 2-hour incubation. Beads were collected from the apical side of the Transwell inserts and 

washed twice before being resuspended in 100 μL control media and added to assay plate; this 

resuspension was used as sample with no additional beads added. The assay was continued as previously 

described above using the Luminex kit and procedure. The data are presented in Figure D6. 

Instrumentation  

Analysis for all bead-based assays (MF and DF beads) were performed on a FLEXMAP 3D System 

(Luminex Corp.) in the Immune Monitoring Lab (Fred Hutchinson Cancer Research Center, Seattle, 

WA). The microspheres were analyzed with the following settings: 50 beads, 50 events/bead, 75 μL, bead 
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region 45 (commercial kit mono-functionalized beads) or 34 (dual-functionalized beads), 5000 – 30000 

gate, 60 second time out. Fluorescent images of the cells and beads were obtained using a Zeiss Axiovert 

200 and an Axiocam 503 mono camera (Carl Zeiss AG, Oberkochen, Germany). Data and statistical 

analyses were completed using Prism (Graphpad, San Diego, CA) software and FIJI image software 

(ImageJ, NIH). 
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Chapter 6. An Open-Microfluidic Platform for Immune-Microenvironment 

Signaling During Infection  

Reproduced in part with permission from Berry, S.B.; Gower, M.S.; Su, X.; Seshadri, C.; Theberge, A.B. 

“A modular microscale granuloma model for immune-microenvironment signaling studies in vitro”. 

Front. Bioeng. Biotech. Submitted.  

Abstract: 

Tuberculosis (TB) is one of the most potent infectious diseases in the world, causing more deaths 

than any other single infectious agent. TB infection is caused by inhalation of Mycobacterium 

tuberculosis (Mtb) and subsequent phagocytosis and migration into the lung tissue by innate immune 

cells (e.g., alveolar macrophages, neutrophils, dendritic cells), resulting in the formation of a fused mass 

of immune cells known as the granuloma. Considered the pathological hallmark of TB, the granuloma is a 

complex microenvironment that is crucial for pathogen containment as well as pathogen survival. 

Disruption of the delicate granuloma microenvironment via numerous stimuli, such as variations in 

cytokine secretions, nutrient availability, and the makeup of immune cell population, can lead to an active 

infection.  Herein, we present a novel in vitro model to examine the soluble factor signaling between a 

mycobacterial infection and its surrounding environment. Adapting a newly developed suspended 

microfluidic platform, known as Stacks, we established a modular microscale infection model containing 

human immune cells and a model mycobacterial strain that can easily integrate with different 

microenvironmental cues through simple spatial and temporal “stacking” of each module of the platform. 

We validate the establishment of suspended microscale (4 μL) infection cultures that secrete increased 

levels of proinflammatory factors IL-6, VEGF, and TNFα upon infection and form 3D aggregates 

(granuloma model) encapsulating the mycobacteria. As a proof of concept to demonstrate the capability 

of our platform to examine soluble factor signaling, we cocultured an in vitro angiogenesis model with 

the granuloma model and quantified morphology changes in endothelial structures as a result of culture 

conditions (P < 0.05 when comparing infected vs. uninfected coculture systems). We envision our 
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modular in vitro granuloma model can be further expanded and adapted for studies focusing on the 

complex interplay between granulomatous structures and their surrounding microenvironment, as well as 

a complementary tool to augment in vivo signaling and mechanistic studies.  

6.1 Introduction 

Tuberculosis (TB) is one of the most potent infectious diseases in the world, causing more deaths 

than any other single infectious agent.1 TB infection is caused by inhalation of Mycobacterium 

tuberculosis (Mtb) and subsequent phagocytosis and migration into underlying lung tissue and the lymph 

system by responding immune cells (e.g., alveolar macrophages, dendritic cells).2,3 Due to the inability of 

these innate immune cells to clear Mtb, persistent Mtb induce an adaptive immune response, leading to 

the formulation of a fused mass of immune cells around Mtb known as a granuloma.2 Within the 

granuloma, Mtb typically enter a latent phase characterized by a non-proliferative phenotype and lipid 

uptake4–6, leading to a latent infection that is effectively contained.1 However, disruption of the delicate 

equilibrium between proinflammatory factors (e.g., tumor necrosis factor-α (TNFα), interferon-γ (IFNγ)), 

microenvironment conditions (e.g., hypoxia, pH), and immune cell populations (e.g., macrophages, T 

cells) can lead to reactivation of latent Mtb and deterioration of the granuloma, initiating an active TB 

infection and dissemination of infectious mycobacteria.4,7  

Deciphering the impact of microenvironment variations around the granuloma remains a significant 

challenge, and researchers often rely on in vivo animal models or biological samples (e.g., blood, tissue 

biopsy), considered the gold standard for studying TB, to reconstruct this complex environment. These 

methods have laid the foundation for understanding the pathogenesis and immunology behind TB, yet 

many existing in vivo models do not accurately recapitulate Mtb infection as seen in humans (although 

recent advances in mouse models and the established zebrafish/M. marinum model are closing this gap)8–

13. Additionally, despite recreating the complexity of an in vivo environment, spatial manipulation and 

probing of the granuloma microenvironment through introduction or removal of immune and tissue 

components is difficult in most animal models.12,14,15 Further, human-derived biological samples provide 
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detailed cellular information regarding the granuloma, the immune response, and disease status 16–19, but 

are inherently limited as they only reflect a singular point in time, rather than the dynamic interactions 

that occur during the early stages of infection or disease progression. 

Alternatively, researchers have utilized in vitro models to examine specific processes and immune 

phenomena associated with TB infection and granuloma formation, augmenting the valuable information 

elucidated from in vivo models.5,6,20–22 These models, which often rely on infection of patient-derived 

peripheral blood mononuclear cells (PBMCs) with mycobacterial strains, have successfully mimicked 

granuloma formation and behavior through soluble factor signaling between immune cells 20,23,24, Mtb 

reactivation21, and PBMC differentiation.5 However, many of these in vitro models consist of granulomas 

grown inside of well plates5,20,21,23,24, limiting the ability of the researchers to easily manipulate the 

microenvironment of the granulomas and increase the complexity of their granuloma models through 

multiculture and introduction of key components of the microenvironment on demand. Recently, more 

complex, biomimetic models have been developed that have successfully recapitulated important 

biological phenomena25,26 and examined novel therapeutic approaches to combat TB infection 27,28, while 

simultaneously demonstrating innovative and tractable platforms. However, these models face limitations 

in studies where users wish to subject granulomas to various microenvironmental cues over time, or in 

enabling the addition of tissue components after the model is established.    

Building upon the foundation created by previous in vitro models, we present the creation of a 

novel microscale in vitro granuloma model that can be adapted to study the soluble factor signaling 

between granulomas and their surrounding microenvironment immediately following infection. Using a 

recently developed modular microfluidic coculture platform, known as “Stacks”29, we demonstrate a 

multi-layered coculture that can be spatially and temporally manipulated to mimic different 

microenvironments and timepoints. The Stacks platform utilizes suspended cultures, wherein a droplet is 

contained in a well consisting of walls but lacking a ceiling or floor 30–32, thereby enabling users to 

vertically stack layers containing different cell types and place them in signaling contact.29 The modular 

component of the Stacks, as well as of other microfluidic platforms, offers a notable advantage as users 
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can optimize model conditions individually and connect each component to create different complex 

systems.29,33 As a proof of concept, we use a model mycobacterial strain known to induce granuloma 

formation in vitro23,34, Mycobacterium bovis Bacillus Calmette-Guerin (BCG), with human blood-derived 

immune cells and validate its ability to form an in vitro granuloma model on the microscale (4 µL culture 

volume) in a layer of the Stacks platform. Further, to demonstrate the ability of our stackable microscale 

infection model to signal with its surrounding microenvironment, we miniaturize an existing in vitro 

angiogenesis model (containing primary human endothelial cells) within a separate stackable layer.29,35,36 

Here, we validate the development of our microscale in vitro granuloma model and demonstrate the 

capability of the system to support soluble factor signaling between the granuloma model and a separate 

stackable endothelial culture. We envision our modular in vitro granuloma model can be further 

developed to include additional layers of immune cells, tissue models, and pathogens for studies 

examining the complex interplay between granulomatous structures and their surrounding environment, 

as well as a complementary tool to augment in vivo signaling and mechanistic studies.   

6.2 Design and establishment of microscale granuloma model  

Microscale Granuloma Model Design and Overview 

We present a modular in vitro platform that we adapted to enable the ability to add, modify, and 

manipulate the granuloma microenvironment for studying the effects of cellular signaling on granuloma 

formation and development. To create this in vitro model, we adapted a previously described open 

microfluidic platform (“Stacks”29) (Figure 6.1) that relies on key fluidic principles, namely capillary 

pinning, to enable vertical stacking and removal of discrete cell culture wells without leakage or 

horizontal flow between stacked layers. The pinning of fluids within this platform is vital to contain 

cultures within the open wells and allows for the connection and separation of the wells without bonding 

or disruption of the cultures, respectively. Additionally, the Stacks platform provides numerous 

advantages such as pipette accessibility (due to its open culture wells), bio- and imaging compatibility 

(due to its fabrication from polystyrene or polypropylene), and microscale culture wells. Further, the 



125 
 

Stacks device relies on surface tension and capillary forces for functionality, removing the need for 

external pumps commonly associated with microfluidic chips (i.e., syringe pumps) and allowing it to fit 

within common cell culture materials (e.g., OmniTray™, petri dish) and incubators. For our in vitro 

model, we created two independent layers that can be clicked together to initiate paracrine signaling or 

separated for independent analysis, thereby allowing us to temporally introduce different signaling 

microenvironments to our in vitro granuloma model (Figure 6.1).29 The first layer, herein called the 

granuloma layer, consists of an infection model of monocyte-derived macrophages (MDMs) and a model 

mycobacterium strain, Mycobacterium bovis Bacillus Calmette-Guérin (BCG), suspended in a 3D 

extracellular matrix (ECM) plug to mimic some aspects of in vivo granuloma behavior (e.g., pathogen 

encapsulation, soluble factor secretion, aggregate formation) previously observed in other in vitro 

granuloma models.20,21,24 The second layer, herein called the endothelial layer, consists of an in vitro 

angiogenesis model in which endothelial cells are cultured on a hydrogel plug. By placing the primary 

human endothelial cells on a separate Stacks layer, our model can be used to examine the induction of 

angiogenic processes around the granuloma layer and how those angiogenic processes are affected by the 

soluble factor signaling profile of the granuloma layer. It is important to note that in our platform, the 

granuloma layer is not vascularized directly, as is observed in vivo37, and that in our system, our 

endothelial layer is more akin to modeling the surrounding vasculature that is manipulated during early 

TB infection (Figure 6.1).38  

Previous in vitro granuloma models successfully recapitulated important components of 

granulomatous infections including leukocyte recruitment and signaling, establishment of dormancy and 

resuscitation, and genetic diversity at scales ranging from 12 well plates to 96 well plates.20,21,24 Our 

model adds to these existing techniques through miniaturization and introduction of modularity to enable 

examination of the signaling phenomena between a mycobacterial infection and its surrounding 

microenvironment. We reduce the volume of our cultures (4 μL/well) more than 10-fold from previous 

examples (50-500 μL/well) to decrease cell and reagent usage in our model; further, we mix BCG and 

MDMs together in a 3D extracellular matrix (ECM), without pre-infecting the MDMs, to establish the 
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infection in our granuloma layer after a minimum of 24 hours (Figure 6.1).  However, due to the scale of 

the model (4 μL/well), the media buffering capacity, nutrient availability, waste accumulation, and 

multiplicity of infection (MOI) all needed to be optimized to permit successful formation of the 

granuloma layer (Appendix E2). This is consistent with prior investigations on the effects of 

miniaturization on mammalian cultures.39 Similarly, we adapted and miniaturized the established in vitro 

angiogenesis assay35,36 that is seeded into a separate Stacks layer and subsequently clicked together with 

the granuloma layer to initiate soluble factor signaling between the two layers (Figure 6.1, 6.4, Appendix 

E3).  
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Figure 6.1: Suspended open microfluidic platform enables creation of a modular in vitro granuloma 
model.  A) Schematic workflow showing cross sections of establishing the granuloma and endothelial 

layers and stacking of layers to initiate coculture paracrine signaling. B) The “Stacks” platform29 

contains an array of 24 individual suspended wells to facilitate the exchange of signals through the 
top and bottom of the well to neighboring layers and can be easily combined and removed. The inset 

illustrates the open suspended wells (2 mm diameter) and pinning ridges required to prevent leakage 

within the platform. 

 
6.3 Validation of model within an open microfluidic platform 

To validate the successful establishment of a microscale in vitro granuloma model within our 

platform, we used three separate previously reported readouts: 1) aggregate formation, 2) encapsulation of 

the mycobacterium within host immune cells, and 3) soluble factor analysis.20,21,24,27 After initiating 
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infection by mixing MDMs and BCG into the ECM (collagen I) and seeding it into the wells, we 

consistently observed aggregate formation in the granuloma layer containing BCG when wells were fixed 

and imaged on Day 4 post infection (p.i.) (Figure 6.2). Using mCherry-expressing BCG, we were able to 

observe aggregation of CellTracker Green-stained MDMs around the BCG in infection wells, whereas 

little to no aggregate formation was observed in the uninfected control wells (Figure 6.2); the 3D structure 

of the aggregates containing MDMs and BCG was confirmed through confocal imaging of the granuloma 

layers on Day 4 p.i. (Figure 6.2). We observed complete encapsulation of BCG within the multi-cellular 

aggregate, oftentimes noting the presence of multiple spatially distinct BCG within one aggregate and 

little to no extracellular BCG (Figure 6.2). An advantage of mixing the BCG and MDMs without direct 

pre-infection of the MDMs is that MDMs must sample and migrate through the 3D collagen matrix in 

order to initiate the infection and respond to other infected MDMs, a process which is further supported 

by the microscale culture wells and an optimized MOI of 0.05.  

 

Figure 6.2: Aggregation of M. bovis BCG and MDMs in 3D collagen plugs within a layer of the 

Stacks microscale culture system. A) CellTracker Green-stained MDMs remain dispersed in a 3D 

collagen plug in the absence of coincubation with BCG. B) MDMs encapsulate mCherry-expressing 
BCG in the granuloma layer and form large multicellular aggregates that surround the BCG-infected 

MDMs and contain the mycobacterium within the aggregate. Confocal microscopy shows the 

structure of the aggregated MDMs with BCG and illustrates containment of the BCG within the 
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aggregate of MDMs in the suspended 3D collagen plug. Representative images obtained on Day 4 p.i. 

MOI: 0.05. Scale bar: 100 μm. Bottom image depicts x-z plane (66.5 μm thickness) and right image 

depicts y-z plane (66.5 μm thickness). 

To illustrate the capability of our model to be used for soluble factor signaling studies, we analyzed 

the secretion profile of three granuloma-associated proinflammatory factors: interleukin-6 (IL-6), tumor 

necrosis factor α (TNFα), and vascular endothelial growth factor (VEGF) (Figure 6.3).38,40–42 In 

accordance with previous models and studies20,38,40–42 we observed significantly greater secretion of IL-6 

(P = 0.005) and VEGF (P = 0.039) in our infected granuloma layers (+BCG) when compared to our 

control layers containing uninfected MDMs in monoculture (-BCG); further, we observed a 5-17-fold 

increase in TNFα secretion in 3 out of 4 independent experiments under the same conditions and a strong 

overall trend towards greater TNFα secretion (Figure 6.3). We also observed decreasing secretion of IL-6, 

TNFα, and VEGF over 5 days, with the greatest concentrations observed for IL-6 and TNFα on Day 1 and 

for VEGF on Day 2 (Figure 6.3). These results indicate that there is a large burst of proinflammatory 

factors immediately following infection, that then decreases and stabilizes over time as we begin to 

observe aggregate formation in the granuloma layers. Additionally, while we observe the anticipated 

increases in the secretion of these factors, we would expect a more robust response if more virulent strains 

than BCG were used, as increased secretion of factors has been observed with infection by more virulent 

mycobacterial strains.38,43 Thus, these results support the use of our microscale granuloma model for 

studies of soluble factor signaling involving the granuloma layer, and its broader use for mycobacterial 

infection cytokine studies.44  
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Figure 6.3: Soluble factor analysis of granuloma layer supernatants illustrates proinflammatory 
profile of infection model. Infection with BCG causes significant increases in secretion of (A) IL-6 

and (C) VEGF in the Stacks platform, and shows an increasing trend in (B) TNFα secretion Day 1 p.i. 

Secretion of IL-6, TNFα, and VEGF decreases over time in infected granuloma layers following 

infection, corresponding with the formation of aggregates starting around Day 3 p.i. For Day 1-5 p.i., 
media was replaced daily and supernatant collected from each day was analyzed. Each point 

represents pooled supernatant samples from 24 technical replicates from n=4 independent 

experiments (each of the four independent experiments is plotted as a separate point in the plots on 

the right for the Day 1 data). Error bars on left plot: SEM. *P < 0.05; **P < 0.01; Ratio paired t-test. 
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6.4 Modulation of cellular morphology through coculture signaling 

As a proof of concept to demonstrate the use of our microscale granuloma model in the Stacks 

platform, we developed a coculture system containing an established angiogenesis model29,35,36,45,46 that 

can be used to probe granuloma-associated angiogenesis.37,38,47,48 Mycobacterium-mediated angiogenic 

processes and granuloma vascularization result from the secretion of proangiogenic factors by the 

infected immune cells that compose the granuloma and play a complex and evolving role during the 

course of infection.38,48–50 Extensive work has been conducted on understanding the role of angiogenesis 

in granuloma outcome, finding that inhibition of VEGF and other signaling pathways reduces 

pathogenicity and dissemination of infectious mycobacteria38,48,51 while normalizing surrounding 

vasculature, improving small molecule delivery, and decreasing hypoxia within the granuloma.37 

Similarly, we observed increased secretion of VEGF from infected cells within our microscale granuloma 

model (Figure 6.3C), and therefore sought to illustrate one potential use of our platform as a 

complimentary tool for studies examining this infection-mediated process.  

To establish this granuloma-vasculature model coculture system, we created a second Stacks layer 

containing a floor, enabling culture of human endothelial cells on a hydrogel plug (Matrigel) while 

retaining the ability to be placed in soluble factor signaling contact with the granuloma layer. We selected 

an in vitro model of angiogenesis that has been extensively used to screen angiogenic stimulants and 

inhibitors, wherein human endothelial cells cultured in well plates self-assemble into tubule-like networks 

and demonstrate cell sprouting and branching, and adapted it for our endothelial layer.35,36,46,52 In order to 

examine the influence of the soluble factor profile from the granuloma layer on the endothelial layer, we 

independently established the granuloma layer and the endothelial layer under their optimized culture 

conditions; the modularity of the Stacks platform enables both layers to be cultured in their optimal 

conditions (and in separate incubators) without risk of cross contamination prior to joining the layers. The 

granuloma layers were infected and incubated 24 hours prior to clicking with the endothelial layer, and 

the endothelial layers were seeded 2 hours prior to allow the cells to self-assemble into a tubule-like 
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network.36,46 Separate layers were then stacked together and connected by a bridge of shared media to 

allow passage of factors between the two layers. After 16 hours of signaling, we separated the layers and 

fixed, stained, and imaged the vasculature to analyze its morphology as a result of coculture with the 

granuloma layer (Figure 6.4). We found that after 16 hours of coculture, endothelial cells in contact with 

infected granuloma layers (+BCG) formed thinner, centralized structures with diffuse cell sprouts 

extending from the center, whereas endothelial cells in contact with uninfected control layers (-BCG) 

formed wider and larger structures that retained some interconnected networks (Figure 6.4). We 

quantified these morphological differences through measurement of their tubule index, a metric that 

measures the ratio of the endothelial structure perimeter to the endothelial structure area and can be used 

to discern between endothelial structure morphologies (e.g., tubule network, single tubule, 

islands/clusters)53, and found significant morphological differences between endothelial layers cocultured 

with infected granuloma layers (+BCG) when compared uninfected granuloma layers (-BCG) (Figure 

6.4). The morphological change is likely the result of the increased secretion of factors from BCG-

infected MDMs, such as VEGF (Figure 6.3C); however, it is possible that additional factors we did not 

quantify are also contributing to the differences in endothelial morphology. Ultimately, the induction of 

morphology changes in the endothelial layer as a result of coculture with different model granuloma 

layers illustrates the ability of the granuloma layer to signal with a neighboring layer representing 

microenvironmental components.  

As we chose to connect the layers at Day 1 p.i. to correlate with increased levels of VEGF and 

cytokine secretion (Figure 6.3), we expect our model and results would mimic an earlier time point in 

infection, when the mycobacteria-infected cells are still secreting proinflammatory factors to recruit other 

immune cells and the vasculature. Depending on user queries, these layers can also be stacked at more 

advanced time points to study the effect of a later soluble factor profile on the surrounding vasculature, 

illustrating a key advantage of the modularity of the Stacks system and the flexibility in timing to 

combine the layers. Further, the ability of the model granuloma layer to communicate with the 

vasculature and modulate the endothelial morphology demonstrates the usage of this platform for 
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signaling studies between our infected granuloma layers and microenvironment components. The ability 

to create two independent layers that are in soluble factor signaling contact enables users to isolate the 

effects of the soluble factors from the granuloma layer on its surrounding microenvironment without 

interference from juxtacrine signaling or physical interactions.  

 

Figure 6.4: Coculture of endothelial layer with granuloma layer impacts morphology of multicellular 

endothelial structures. Representative images of an endothelial layer cocultured with an uninfected (-

BCG) layer (A) or infected (+BCG) layer (B) for 16 hours, illustrating the difference in endothelial 
morphology as a result of coculture. C) The tubule index (perimeter/area ratio) was used to quantify 

the morphology of endothelial structures and shows a significant difference between coculture 

conditions, demonstrating the ability of the model granuloma layer to signal with the endothelial 
layer. Scale bar: 100 μm. Error bars: SEM. P < 0.05, unpaired t-test. Each point represents the 

average ratio of an independent experiment (n=4 independent experiments are plotted).  
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6.5 Conclusion 

Microenvironmental effects, such as soluble factor signaling, play a vital role in granuloma 

outcome, as the immune system attempts to contain and impede pathogenic mycobacterium from 

manipulating its environment in favor of its survival.7 For example, induction of angiogenic processes by 

Mtb in the microenvironment surrounding a granuloma have been linked to pro-pathogen outcomes47,48, 

while treatment with anti-angiogenic factors can be a potential treatment option to improve the effects of 

existing drug regiments.37 To further understand the signaling environment and timeline of these 

phenomena, we created a novel in vitro granuloma model that can be used to study soluble factor 

signaling between the granuloma and its surrounding microenvironment. As a proof of concept model, we 

created a two-layered modular microfluidic system containing a mycobacterial infection and an 

endothelial vasculature model that can be used to compliment in vivo granuloma and angiogenesis 

models.37,38,48,50 We demonstrate creation of a viable mycobacterial infection using human blood-derived 

immune cells and BCG within a 4 μL suspended collagen plug, and validate the secretion of 

proinflammatory cytokines associated with mycobacterial infection. Further, we provide a model 

coculture system that can be used to probe granuloma-associated angiogenic processes in vitro. The 

modularity and microscale size of our model enables users to add or remove additional cell types at 

various time points, and to utilize limited cell populations, such as patient cells or rare immune cells, and 

valuable reagents, such as antibodies or expensive drugs. Additionally, the design of the platform and 

fabrication method supports the creation of arrays to test various culture conditions/treatments and 

customizability to introduce additional functionality (e.g., flow), as well as easy integration with BSL3 

laboratory workflows as the device is disposable and fits inside common cell culture materials (e.g., petri 

dish, OmniTray™, etc.). Further development of our system includes the addition of adaptive immune 

cells (e.g., T cells) and introduction of parenchymal and stromal cells (e.g., epithelial cells, fibroblasts) to 

model signaling interactions in the pulmonary environment, as well as the use of virulent M. tuberculosis 

to induce more in vivo-like responses. Ultimately, we created a tractable and customizable mycobacterial 
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infection model that can be utilized by other researchers to examine the various signaling components of a 

complex tuberculosis infection.   

6.6 Materials and Methods 

Stacks Device Fabrication: 

Stacks devices29 were fabricated from either polypropylene (PP) (granuloma layer) or polystyrene 

(PS)(endothelial layer)(Figure E1). PP devices were injection molded (ProtoLabs, Maple Plain, MN, 

USA) and were flattened using a bench top manual heated press (#4386, Carver Inc., Wabash, IN) for 1 h 

at 110°C (protocol in Appendix E1). After flattening, devices were cleaned with isopropanol (IPA) 

sonication for 1 h to remove any fabrication residue or contaminants, and then rinsed twice with fresh IPA 

before drying with compressed air. Prior to use, devices were UV-sterilized for 30 min in a biosafety 

cabinet. PS devices containing a floor were designed using Fusion360 CAD software (Autodesk, San 

Rafael, CA, USA) and milled using a Datron Neo CNC mill (Datron Dynamics Inc., Livermore, CA, 

USA). PS devices and bottoms (floors, 53 mm x 53 mm) were milled from 1.2 mm thick PS sheets 

(Goodfellow Corp, Coraopolis, PA, USA). To attach the floor to the PS Stacks layer, floors were solvent 

bonded to the bottom of the Stacks layer using acetonitrile at 75°C for 10 min, followed by 15 min at 

75°C to allow excess acetonitrile to evaporate. Solvent-bonded devices were then sonicated in IPA for 80 

min and 70% ethanol for 15 min. Devices were then soaked in sterile deionized water for a minimum of 3 

hours, dried with compressed air, and UV-sterilized for 30 min prior to use. Device holders were designed 

on Solidworks CAD software (Solidworks Corp., Waltham, MA, USA), converted into G-code using 

SprutCAM CAM software (SprutCAM, Naberezhnye Chelny, Russia), and milled using a Tormach 

PCNC Micromill (Tormach Inc., Waunakee, WI). Device holders were fabricated from 4 mm thick PS 

and were sonicated in IPA for 1 h and UV-sterilized for 30 min prior to use.  

To prevent evaporation of microliter volumes of samples, culture platforms were placed in a Nunc 

OmnitrayTM (ThermoFisher) which was then placed in a bioassay dish (#240835, ThermoFisher) for 

secondary containment; both the Omnitray and bioassay dish were filled with sacrificial water droplets (1 
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mL and 5 mL, respectively) to create a humidified environment around the platform, and all cultures were 

then placed into a water-jacketed incubator.  

Cell Culture: 

Human peripheral blood mononuclear cells (PBMCs) were isolated from patient whole blood 

samples (Bloodworks NW, Seattle, WA, USA) using the Ficoll-Paque PLUS media density separation 

protocol (ThermoFisher, Waltham, MA, USA). Briefly, blood samples were diluted with PBS (Fisher 

Scientific) and layered atop the Ficoll-Paque. Tubes were then centrifuged for 20 min at 1900 RPM 

without brakes, and afterwards white blood cells at the plasma-Ficoll-Paque interface were collected and 

resuspended in PBS + 2% fetal bovine serum (FBS, ThermoFisher) + 1 mM ethylenediaminetetraacetic 

acid (EDTA, Gibco, ThermoFisher). Cells were then rinsed with subsequent centrifugation (10 min, 

500g) and resuspension until the supernatant was clear. Isolated PBMCs were then cryopreserved in 

solution containing 90% heat-inactivated FBS (HI-FBS) (ThermoFisher) and 10% dimethyl sulfoxide 

(DMSO) (Sigma-Aldrich, St. Louis, MO) and stored in liquid nitrogen until use. To differentiate the 

PBMCs into monocyte-derived macrophages (MDMs), PBMCs were thawed and resuspended in serum 

free RPMI 1640 media (Gibco, ThermoFisher); following resuspension, PBMCs were seeded into a 6 

well plate (#3516, Corning Inc., Corning, NY, USA) and allowed to incubate for 3 h at 37°C and 5% CO2 

for monocyte adhesion. After 3 h, suspended cells were removed, adherent cells were washed once with 

1X phosphate-buffered saline (PBS, Fisher Scientific), and then RPMI 1640 containing 10% HI-FBS, 2 

mM L-glutamine, 25 mM HEPES, and 50 ng/mL macrophage colony-stimulating factor (M-CSF) (R&D 

Systems, Minneapolis, MN, USA) was added to each well. Media was changed on Day 3 and Day 6 post-

seeding, and MDMs were used after Day 6.  

mCherry-expressing M. bovis Bacillus Calmette-Guérin (BCG) (graciously provided by the Urdahl 

Lab, Seattle Children’s Research Institute, WA, USA) was cultured in Middlebrook 7H9 broth 

(ThermoFisher) containing 10% Middlebrook ADC enrichment supplement (ThermoFisher), 0.003% 

Tween-80 (Fisher Scientific), and 50 μg/mL hygromycin B (Sigma-Aldrich). A lower Tween-80 

concentration had to be used to ensure that the surfactant did not interfere with the microfluidic media 
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pinning in the Stacks device (Appendix E2). BCG was cultured at 37°C and 170 RPM to an OD of 0.7-

1.0 for use, passed through a 27G needle to break up aggregates, and diluted to a working concentration 

for the experiment. BCG was used for all experiments as it can be used within a BSL2 facility, and we did 

not have access to virulent mycobacterium strains nor a BSL3 facility to perform these experiments. 

Human umbilical vein endothelial cells (HUVECs) (Lonza, Basel, Switzerland) were cultured in 

completed EGM-2 media and maintained at 37°C and 5% CO2 until 80-90% confluence. Passage 5-7 cells 

were used.        

3D Granuloma Assay: 

MDMs were differentiated for a minimum of 6 days prior to use, and BCG was grown to an OD of 

0.7-1.0 for use. MDMs were rinsed once with 1X PBS and detached with enzyme-free Cell Dissociation 

Buffer (#13151014, Life Technologies, ThermoFisher) at 37°C for 5 min and vigorous pipetting. 

Detached cells were neutralized with complete RPMI 1640 media, counted, and resuspended at a density 

of 4x107 cell/mL. BCG was vortexed for 30 seconds, vigorously mixed via pipetting, and then diluted into 

4 mL of complete RPMI 1640 media for a final concentration of 2x106 BCG/mL. An extracellular matrix 

(ECM) mix containing 80 μL 3 mg/mL type I bovine collagen (Advanced Biomatrix Inc., Carlsbad, CA, 

USA), 10 μL 10X HEPES buffer, 7 μL deionized H2O, 3 μL 0.5N NaOH, and 2.25 μL 1 mg/mL human 

fibronectin (Sigma-Aldrich) was mixed and stored on ice until use. To prepare the suspended cell-laden 

collagen plugs, 25 μL of MDMs (at 4x107 cells/mL) and 25 μL of BCG (at 2x106 BCG/mL) or 25 μL of 

complete RPMI 1640 was added to the ECM mix for a final volume of 152.25 μL and an MOI of 0.05. 

After mixing, 4 μL of the cell-laden ECM mix was added to each well in a PP device and allowed to gel 

at 37°C and 5% CO2 for 2 h. After gelation, 8 μL of RPMI 1640 containing 15% HI-FBS and 25 mM 

HEPES was added atop each well and returned to the incubator. Media was changed daily for the entirety 

of the experiments. For all monoculture infection experiments (Figures 6.2 and 6.3), MDMs were stained 

with CellTracker Green CMFDA dye (ThermoFisher) according to manufacturer’s protocols. Briefly, 

MDMs were rinsed with 1X PBS, and 10 μM CellTracker Green in serum-free media was added for 30 
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min at 37°C, washed once with 1X PBS, and then incubated with complete media for 10 min prior to 

further processing or use.  

2D Angiogenesis Assay: 

Prior to seeding, PS Stacks devices containing a floor were chilled for 5 min at -80°C and then kept 

on ice for Matrigel seeding. 3µL of Matrigel (8.6 mg/mL) was added to each well and devices rested on 

ice 30 min. The Matrigel was then polymerized for 30 min at 37°C. After polymerization, 3 µL of 

HUVECs were added atop the Matrigel for a final concentration of 1,650 cells per well (5.5x105 

cells/mL). Cells were allowed to adhere and self-assemble for 2 h at 37°C and 5% CO2. Media was then 

aspirated and replaced with 2 µL of EGM-2 + 10% FBS coculture media.  

To stack the layers, media was first removed from the model granuloma layers. Model granuloma 

layers were then placed atop the endothelial layers (containing 3 µL of media) and 7 µL of coculture 

media was placed atop each well of the stacked granuloma layers, to allow for feeding of both layers. 

Layers were separated by a thin layer of tape along the sides of the devices to ensure reproducible 

separation. Stacked devices were then placed in the incubator at 37°C and 5% CO2. After 16 h, devices 

were inverted and separated, fixed with 4% paraformaldehyde for 30 min at 25 °C, and stained as 

specified under Imaging.  

Imaging: 

To validate granuloma layer formation within our platform, MDMs were prestained with 

CellTracker Green CMFDA dye prior to infection and seeding into the Stacks. For imaging, the Stacks 

platform was placed on a 50 mm x 75 mm glass coverslip (#260462, Ted Pella Inc., Redding, CA, USA) 

and placed into an OmniTray™ with a 45 mm x 70 mm rectangle cut out of the bottom. Fluorescent 

images were obtained on a Zeiss Axiovert 200 coupled with an Axiocam 503 mono camera (Carl Zeiss 

AG, Oberkochen, Germany). For confocal imaging, all wells were fixed with 4% paraformaldehyde for 1 

h at 25°C and then covered with PBS; the same imaging protocol was then followed as above. 

Fluorescent confocal images were obtained on a Leica TCS SP5 II Laser Scanning Confocal Microscope 

(Leica Camera AG, Wetzlar, Germany), with a z-depth of 66.47 μm and step size of 1.01 μm. Images 
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obtained with the Zeiss Axiovert 200 were analyzed with Fiji (ImageJ), and images obtained with the 

Leica TCS SP5 II were analyzed with Leica LAS X software (Leica).    

For vasculature layer imaging, cells were permeabilized with 0.5% Triton-X 100 for 30 min and 

then stained with Phalloidin 488 (1:50) (Molecular Probe A12379) and Hoechst nuclear stain (1:1000) 

(Molecular Probe H1399) overnight. After overnight incubation, cells were rinsed thrice with 0.2% 

Triton-X 100 for 10 min each and then covered with PBS for imaging. Devices were placed on a 75 mm x 

50 mm glass coverslip (#260462, Ted Pella Inc., Redding, CA, USA) and placed in an Omnitray™ with a 

45 mm x 70 mm rectangle cut out of the bottom. Fluorescent images were obtained on a Zeiss Axiovert 

200 coupled with an Axiocam 503 mono camera (Carl Zeiss AG, Oberkochen, Germany).  Images 

obtained were analyzed with Fiji (ImageJ). 

Angiogenesis Morphological Analysis: 

To analyze differences in morphology in the endothelial layer we used default functions of Image J 

(Fiji) to quantify the tubule index (perimeter/area ratio)53. The image analysis procedure is described in 

the methods and SI of Theberge et al.53, a summary is included here. For quantification, the 8-bit image 

containing the phalloidin channel (488) was selected and a threshold (Huang Dark) was applied to get the 

outline of the endothelial culture and saved (Image 1). The “Fill Holes” function was applied and saved 

(Image 2), and then Image 2 was subtracted from Image 1 to generate an image containing the holes/gaps 

in the endothelial morphology (Image 3). The total area of the phalloidin stain was then calculated by 

subtracting the area of Image 3 (holes) from Image 2 (fill holes), and the perimeter of the stain was 

calculated by adding the perimeter of Image 2 and Image 3. The area and perimeter were measured using 

the function “Analyze Particles”, with the following parameters: size: 25-infinity (include pixel units), 

circularity: 0.00-1.00. The ImageJ macro for this process is included in the supplementary materials and is 

based off the macro used in Yu et al.29 

Exclusion criteria for experimental artifacts that interfered with the imaging technique was 

developed to exclude wells unable to be analyzed with this technique. For example, if a collagen plug 

from the model granuloma layer detached and fell into an endothelial layer well during separation of the 
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layers, the endothelial morphology was obscured by signal from the MDMs in the collagen plug and 

therefore unable to be accurately measured. All images were assigned a randomized code and individuals 

not involved in the project determined which images to exclude base on established criteria. Images were 

then analyzed according to the measurement protocol above. 

Cytokine Analysis: 

Cytokine analyses were performed with a custom Luminex ProcartaPlex multiplex assay for IL-6, 

TNFα, and VEGF (ThermoFisher). Supernatant samples were collected and pooled from a single device 

(n=24 wells, 8 μL/well) during daily media changes and stored at -80°C until use. Samples were collected 

from the same device over a five-day period, such that each sample contains cytokines secreted within 24 

h of collection (i.e., Day 2 p.i. cytokine levels indicate what was secreted between Day 1 and Day 2 p.i., 

etc.). For analysis, samples were thawed on ice and analyzed according to the manufacturer’s protocols 

for Luminex multiplex assays. Samples were analyzed on a Luminex 100/200 System instrument with 

xPONENT software (Fred Hutchinson Cancer Center Core Facility). All results were analyzed and 

visualized using Prism 7 software (GraphPad Software, San Diego, CA, USA).  
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Chapter 7. Conclusions and Outlook 

 Open microfluidics is a rapidly evolving field, as advances in the theory, fabrication methods, and 

applications are all supporting innovation in this field.1 The material presented in this dissertation 

contributes to the advancement of this field, and links open microfluidics with cell signaling, infectious 

disease, and biological and chemical analysis. This dissertation is broadly separated into two sections: the 

first, discussing the creation of platforms that leverage existing and new understanding of the 

fundamentals of open microfluidics to create novel systems; and the second, demonstrating the 

development and validation of analytical systems and models that can be used to probe cell-cell signaling 

phenomena with important biological implications. Overall, the work presented here lays a foundation for 

future studies that innovate on the described technologies and find novel applications in human 

physiology and disease.  

 Translation of important techniques from traditional closed channel microfluidics towards open 

platforms increases the accessibility, adaptability, customization, and ease of fabrication associated with 

those techniques. We begin to assemble a toolbox for open-channel droplet-based microfluidics, 

demonstrating the ability to incubate, translate, mix, split, and analyze droplets within a simple open 

channel. Additionally, through the derivation of a generalized model describing the fluid flow within our 

open channel, we provide a basis for further application of our droplet-based system that includes cell 

culture and on-chip chemical reactions. Further, we add to this open microfluidic toolbox through the 

development of a hydrogel patterning insert that can be used to create segregated cell culture chambers on 

commercially available cell culture substrates, allowing straightforward adaptation and integration with 

existing biological workflows. Importantly, the development of this technology has laid the foundation 

for new avenues of research within our research group and has been further developed and validated for 

various biological applications.2,3 These technologies contribute to the field of microfluidics and the 

subset of open microfluidics, demonstrating not only the creation of these new technologies, but also the 
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implementation, use, and transfer of these systems, which are important stages of development that are 

often not reached with new innovations.    

 Cell signaling drives physiological functionality across a wide range of biological environments 

and systems, underlying key processes such as immune response, tissue repair, regulation of homeostasis, 

and organ development. However, the microenvironments that encompass these complex signaling 

milieus are difficult to study and prevent researchers from connecting signals (or sets of signals) with 

their associated role in these processes. Introduction of new analytical methods and models offers new 

capabilities to probe these environments. We describe the creation of a novel bead-based system that 

facilitates localization of cell-secreted signals through the ability of the bead to tether to the cell surface 

and capture soluble factors as they are secreted. This analytical approach enables the resuscitation of 

signals that are lost in bulk analysis due to the presence neutralizing factors, and future work on this 

technology is focused on increasing its customizability and compatibility with different biological 

systems. In addition to the analytical bead-based technique, we adapted an open microfluidic platform to 

create a modular microscale infection model to study immune-microenvironment signaling during a 

mycobacterial infection. The creation of this in vitro model demonstrates an important contribution 

towards advancing microfluidic infection models due to its transferability and simplicity, while also 

illustrating the successful transfer of a previously described platform.4 Additionally, through the creation 

of an adaptable in vitro granuloma model, this work provides infectious disease researchers with a new 

tool for the study of mycobacterial infections and infection-induced signaling in general. Lastly, the 

techniques and technologies described here represent foundational analytical and modeling approaches 

and warrant further development to increase their potential impact. Therefore, the work described in this 

dissertation should serve as encouragement to not only develop new strategies that progress the field of 

open microfluidics and cell-cell signaling, but also to advance existing approaches to increase their 

relevance and applicability across a wide range of fields and uses.  
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Appendix A 

Reproduced in part with permission from Berry, S.B.*; Lee, J.J.*; Berthier, J.; Berthier, E.; Theberge, 

A.B. “Droplet incubation and splitting in open microfluidic channels”. Anal. Methods, 2019, 11, 4528-

4536. 

*denotes co-authorship 

A1: Droplet Behavior Modes in Open Channel Platform

 

Figure A1: A single static aqueous droplet (yellow) is pipetted into the channel and can display either 

shift mode ((i) and (ii)) or raft mode ((iii) and (iv)) as carrier fluid (blue) moves the aqueous droplet down 

channel.1 For shift mode, the carrier phase is 1-pentanol; for raft mode, the carrier phase is toluene. Scale 

bar: 2 mm. Schematics in (ii) and (iv) are reproduced from Lee et al.1  

Reference: 

1. Lee, J.J.; Berthier, J.; Brakke, K.A.; Dostie, A.M.; Theberge, A.B.; Berthier, E. Droplet behavior in Open 

Biphasic Microfluidics. Langmuir, 2018, 34, 18, 5358-5366.  
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A2: Detailed Device Schematics and Dimensions 

 

Figure A2i: Detailed device schematics illustrating device dimensions for the Coalescence Device 

(Figure 2.2A). Units in mm. 

 

Figure A2ii: Detailed device schematics illustrating device dimensions for the Bypass Device without a 

step (Figure 2.2B). Units in mm. 
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Figure A2iii: Detailed device schematics illustrating device dimensions for the Bypass Device with a step 

(Figure 2.2C). Units in mm. 

 

Figure A2iv: Detailed device schematics illustrating device dimensions for the symmetric splitting T 

junction device (Figure 2.4B). Units in mm. 
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Figure A2v: Detailed device schematics illustrating device dimensions for the asymmetric splitting T 

junction device (Figure 2.4C). Units in mm. 

 

 

 

 

 

 

 

 

 

Figure A2vi: Detailed device schematics illustrating device dimensions for the multichannel coalescence 

device (Figure 2.3). Units in mm. 
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A3: Derivation of Analytical Model for Resistance and Flux 

In this model, we considered an open channel system with a bifurcation and two nodes, where the flows 

partition at the first node (green dot) and join at the second (red dot). Between the two nodes are two 

different branches (blue and yellow outlines); Branch 1 is an extension of the main channel, and Branch 2 

is the bypass channel with a step in the middle (Figure A3i).  

 

Figure A3i: Labeled top view image of open channel system. 

Based on previous work1 on the creation of a generalized Lucas-Washburn law for varying shapes driven 

by capillary flow and application of the analogy of an electric circuit, we can write: 

∆𝑃 =  𝑃1 − 𝑃2 ≈  𝑅̃1𝑄1 ≈  𝑅̃2𝑄2        (1) 

𝜇
𝑝

𝜆𝑆2 𝐿 = 𝑅           (2) 

Where P1 and P2 are the pressures at node 1 and node 2, respectively, R is the resistance, L is the length, Q 

is the flux, S is the channel cross sectional area, μ is the liquid viscosity, p is the total perimeter, and 𝜆 is 

the friction length.2 

Solving equation 1 for Q: 

(
𝑅̃1

𝑅̃2
) = (

𝑄2

𝑄1
)           (3) 

From Equation 3, we have a relation that describes the flow rate in terms of the resistance and can be used 

to calculate the specific resistance for each channel with physical parameters from the system. However, 

Branch 2 has a heterogenous cross section due to the step; therefore, the resistances of each section of the 

bypass channel must be considered to find the total resistance through Branch 2: 

(
𝑅̃1

𝑅̃2
) = (

𝑅1̃

𝑅𝑖̃+𝑅𝑖𝑖̃+𝑅𝑖𝑖𝑖̃
) = (

𝑄2

𝑄1
)         (4a) 

And plugging in Equation 2: 

(
𝜇

𝑝1

𝜆1𝑆1
2𝐿1

𝜇
𝑝𝑖

𝜆𝑖𝑆𝑖
2𝐿𝑖+𝜇

𝑝𝑖𝑖

𝜆𝑖𝑖𝑆𝑖𝑖
2 𝐿𝑖𝑖+𝜇

𝑝𝑖𝑖𝑖

𝜆𝑖𝑖𝑖𝑆𝑖𝑖𝑖
2 𝐿𝑖𝑖𝑖

) = (
𝑄2

𝑄1
)                   (4b) 
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Figure A3ii: Isometric view of cross section of Branch 2 (Bypass) 

Where i, ii, and iii represent the separate sections within the bypass channel (Figure A3ii). Plugging in the 

physical parameters into Equation 4b provides the ratio of the fluxes between the bypass channel and the 

main channel. For our specific stepped bypass platform: 

𝑄2

𝑄1
= 2.68           (5a) 

And without a step in the bypass channel: 

𝑄2

𝑄1
= 3.18           (5b) 

These calculations demonstrate that incorporation of the step into the bypass decreases the flux through 

the bypass by increasing the resistance through the bypass channel. The decreased flux through the bypass 

(Branch 2) corresponds to an increased flux through the main channel (Branch 1), which drives the 

droplets completely through the curves in the channels and allows them to flow to the outlet. 

References: 

2. Berthier, J.; Gosselin, D.; Berthier, E. A generalization of the Lucas-Washburn Rideal law to 

composite microchannels of arbitrary cross section. Microfluid. Nanofluid., 2015, 19, 3, 497-507. 

3. Lee, J.J.; Karampelas, I.H.; Brakke, K.A.; Theberge, A.B.; Berthier, E.; Berthier, J. Capillary 

flow in open microgrooves: bifurcations and networks. Langmuir. 2019, 35, 32, 10667-10675.  
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A4: Workflow for Droplet Length Measurements  

To measure the length of the aqueous droplets in our channels, we designed and fabricated T junction 

platforms without outlet reservoirs. As with the devices with the outlet reservoir, we pipetted a 3 μL 

droplet upstream of the T junction and the added carrier fluid to the inlet reservoir. After initiation of 

spontaneous capillary flow (SCF) and splitting of the droplet, daughter droplets flowed to the end of the 

channel, where they stopped and were compressed as the device filled with carrier fluid. Once the device 

was completely filled and flow had completely ceased, the daughter droplets at the end of the channel 

were imaged. Images of droplets were then analyzed with ImageJ. Specifically, A-B) images were opened 

(symmetric droplet image) and scaled (Analyze, set scale); C) the “Segmented Line” tool was then 

selected and a vertical line was drawn from the top of each droplet to the bottom. D) The segmented line 

was measured (Analyze, measure) and droplet lengths were recorded. 

 

Figure A4: Workflow for droplet length measurement. A) The image to be measured is opened using 

ImageJ; B) to set the scale, we selected “Analyze, set scale” and changed the scale from pixels to μm; C) 

the Segmented Line tool is selected, and a line is draw from one end of the droplet to the other (interface 

of droplet and carrier phase and boundary of droplet and end of channel); D) zoomed-in image illustrating 

the line drawn on the droplet.  
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A5: Droplet splitting reproducibility within a single device 

To demonstrate the reproducibility of droplet splitting within a single device, we measured the droplet 

area and perimeter after splitting in one device. After flowing the droplet through the 1:1 T-junction (Fig. 

2.4B) and measuring droplet area and perimeter once it reached the outlet reservoir, the device was 

washed with 70% ethanol, rinsed with water, dried with compressed air, and then reused. Images were 

analyzed using ImageJ and the “circle” drawing tool to encapsulate the droplet prior to measurement and 

recording.  

 

 

 

 

 

 

 

 

 

Figure A5: Reproducibility of droplet splitting within one device. Daughter droplet area (A) and 

perimeter (B) were measured using ImageJ for one droplet split using the 1:1 T-junction device in n=3 

independent experiments. After splitting and droplet quantification, the same device was cleaned, dried, 

and used for the subsequent independent experiment. Mean and standard deviation are indicated for n=3 

droplets across n=3 independent experiments.  
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Appendix B 

Reproduced in part with permission from Berry, S.B.*; Zhang, T.*; Day, J.H.; Su, X.; Wilson, I.Z.; 

Berthier, E.; Theberge, A.B. “Upgrading well plates using open microfluidic patterning”. Lab Chip, 2017, 

17, 4253-4264.  

*denotes co-authorship 

Derivation of theoretical model for conditions for flow in our platform 

The pressure in the aqueous phase is generated by surface tension and can be evaluated using the 

Young-Laplace equation, where ΔP is the pressure difference across a curved air-liquid interface, 𝛾 is the 

interfacial tension, and R1 and R2 are the radii of curvature of the interface at a point on the interface in 

two orthogonal directions (e.g., horizontal and vertical).  

The Laplace pressure difference (ΔP) at every interface is zero when the interface is flat (R1 = R2 = 

∞). When the curvature of an interface is concave due to favorable wetting (i.e., contact angle < 90°), the 

Laplace pressure difference becomes negative. Inversely, when the curvature is convex, the Laplace 

pressure difference becomes positive. Laplace pressure is a well-defined phenomenon that can be 

controlled experimentally and used to predict conditions for flow in our system. 

Conditions for flow in an open channel have been derived in a general way by Berthier et al.1 and 

are known as the spontaneous capillary flow (SCF) equation (in the case of a channel that has the same 

contact angle on all faces) or as the generalized Cassie angle equation (for the more general case when 

there are any number of contact angles along the surface of the channel). The current analytical models, 

however, assume that the pressure at the inlet of the open channel is negligible. The models allow 

prediction of the theoretical ability for SCF to occur. In order to refine the conditions for flow in our 

system, we added a pressure balance analysis between the surface tension-based pressures at the inlet and 

at the advancing fluid front (assuming the front exists).  

The inlet of our system is a rectangular cross-section defined by the insert and the walls of the well 

plate. The liquid meniscus at the inlet is concave due to the wettability of the insert and well (contact 

angle < 90°) and the interface will take the shape of a cylinder (as the channel cross-section is long (8.6 

mm) and narrow (1 mm)). The radius of curvature along the long edge of the channel inlet is thus 

infinitely large, while the radius of curvature R3 along the smaller edge of the inlet is uniquely 

characterized by two different contact angles with the device insert and the well plate, respectively 

(Figure B1). The pressure of the fluid at the inlet is written as: 

 
Δ𝑃inlet = 𝛾 (

1

𝑅3
) 

 

(Eq. 1) 

The fluid front advancing under the plastic rail has a more complex geometry. The fluid front is 

described by a saddle point as the liquid is wetting the rail ceiling and well floor plastics (creating a 

concave fluid interface in the x-z plane) and is rounded from the top view as the channel does not have 

any side walls (the interface is convex in the x-y plane) (Figure B1). The pressure at the fluid front is 

described by Eq. 2, where R1 is chosen to be the radius of curvature in the x-z plane, and R2 is chosen as 

the radius of curvature in the x-y plane: 

 
Δ𝑃front = 𝛾 (

1

𝑅1
+

1

𝑅2
) 

 

(Eq. 2) 
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The condition for flow in our system requires the Laplace pressure of the inlet to be greater than the 

Laplace pressure at the fluid front in order to drive the fluid towards the area of lowest pressure: 

 
𝛾 (

1

𝑅3
) > 𝛾 (

1

𝑅1
+

1

𝑅2
) 

 

(Eq. 3) 

Therefore, the limit of flow will occur when the two pressures are equal: 

 
𝛾 (

1

𝑅3
) = 𝛾 (

1

𝑅1
+

1

𝑅2
) 

 

(Eq. 4) 

Or: 

 1

𝑅1
+

1

𝑅2
−

1

𝑅3
= 0 

 

(Eq. 5) 

The radii of curvature in our system are governed by the physical aspect ratio of the channel, which 

includes the width w of the rail and the gap gfront between the rail and the well plate (gfront = h), the gap 

ginlet between the insert and the well wall, and the contact angles of the fluid on the rail and the well plate 

surfaces.  

We derived an equation for the radius of curvature of the fluid in the advancing filament in the x-z 

plane in function of the contact angles of the fluid on the well plate (𝜃2), the contact angle of the fluid on 

the rail (𝜃1), and the height of the rail (h). Using the geometric relations illustrated in Figure B1, we 

obtain: 

 
𝑅1 = − (

ℎ

cos 𝜃1 + cos 𝜃2
) 

 

(Eq. 6) 

To assess the curvature of radius R2, we assume that the fluid is minimizing the surface energy, and 

thus assume that the interface is taking the shape of a large semi-circle of the same radius as the half-

width of the rail.   

We apply the same reasoning utilized to determine R1 in Eq. 6 in order to derive R3, as a function of ginlet, 

𝜃2, and 𝜃1.  Substitution of R1, R2, and R3 into Equation 5 yields: 

 1

−(
ℎ

cos 𝜃1 + cos 𝜃2
)

+
1
𝑤
2

−
1

−(
𝑔inlet

cos 𝜃1 + cos 𝜃2
)

= 0 

 

(Eq. 7) 

Where w is the width of the rail, h is the height of the rail, and ginlet is the space between the well and the 

device at the inlet in mm. Solving for h yields: 

 
ℎ =

cos 𝜃1 + cos 𝜃2

2
𝑤 +

cos 𝜃1 + cos 𝜃2
𝑔inlet

 

 

(Eq. 8) 

Equation 8 is graphed to give the boundary between the red and green shaded regions in Figure 3.2b, 

providing a model to predict when flow will occur in our system for devices based on the device 

dimensions.  
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Figure B1. Illustrations of radii of curvature for the calculation of Laplace pressure differences in our 

system. Perspectives demonstrate the radii of curvature (R), the contact angle between the liquid and the 
surface (θ), the height of the channel (h), the width of the channel (w), and the gap between the insert and 

the patterned surface (g).  

 
 

 

 
 

 

 

 
 

 

 
 

 

 

 
 

 
Figure B2. Heat map illustrating the height of the rail above the well plate surface. Regions of the device 

with a lower height to width ratio are more favorable for spontaneous capillary flow (SCF), and tuning the 

height as shown enables controlled and reproducible hydrogel flow. The height gradient along the loading 

zone directs flow towards the middle of the flow path while feet (shown in dark blue, h = 0 mm) keep the 
patterning region off the surface. 
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Figure B3. Extent of device patterning capabilities on TCT PS. A) Extent of flooding along a rail. 

Devices were filled with matrigel dyed with red food dye and imaged from beneath (n = 3 devices). Data 

presented in the table represent the average width of the wall ± SD for three different device aspect ratios. 
Height, in addition to width, influences the flooding of the chamber by the wall. B) Limit of culture 

chamber area due to flooding. Our platform enables fabrication of culture chambers down to a resolution 

of 0.25 mm width, below which we observed complete flooding of the culture chambers during the flow. 
At the conclusion of flow, the gel receded from the chamber leaving gel residue on the chamber floor. 

Images are representative of flow in n = 3 devices on TCT PS at different time points. Scale bar = 1 mm. 

C) Geometric patterning capabilities of our platforms. Scale bars = 1 mm. 
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Figure B4. Images represent the trapezoidal rail cross section. Cross sections presented here illustrate the 

rail without (i) and with (ii) a trapezoidal pinning feature at the scale used in each device. 3D-printed 
defects can be observed along the base of the rail, which were consistent throughout all devices. Scale bar 

= 1 mm. 

 
Figure B5. Schematic diagrams illustrating the dimensions of our platform. All dimensions are in mm.  
 

 

 
 

 

 

 

i) ii) 
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Figure B6. Schematic images of an injection-moldable version of the Monorail Device. The Monorail 
design was modified for manufacturing by injection molding through the addition or modification of 

features of importance to the injection molding process. These features include: mold ejection zones 

(yellow) that provide an increased surface area for ejection pin/device contact; a cavity (green) to 
maintain a homogenous device thickness and avoid device deformation during cooling and setting steps; 

and re-positioned pressure struts (red) to avoid overhang, allowing fabrication with a two-piece mold. 

Further, the entire piece is drafted to a 1o angle to aid in device removal from the mold.  
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Table B-1. Optimized matrigel loading volumes associated with each device aspect ratio and geometry 
 

Device 

Height 

(mm) Width (mm) 

Loading Volume 

(μL) 

Figure 3.2b 0.15 0.50 25 

 0.15 0.60 25 

 0.15 0.75 20 

 0.15 1.00 20 

 0.25 0.50 35 

 0.25 0.60 35 

 0.25 0.75 30 

 0.25 1.00 25 

 0.35 0.50 35 

 0.35 0.60 35 

 0.35 0.75 30 

 0.35 1.00 30 

Figure 3.2c 0.25 1.00 25 

Figure 3.3 0.20 1.00 25 

Figure 3.4a 0.20 1.00 - 2.00 35 

Figure 3.4b 0.20 1.00 85 

Figure 3.5 0.20 1.00 40 

Figure 3.6 0.20 1.00 50 

 

 

Reference: 

1. J. Berthier, K.A. Brakke, E. Berthier, “Open Microfluidics”. Wiley; 2016. 
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Appendix C 

Reproduced in part with permission from Berry, S.B.; Haack, A.; Theberge, A.B.; Brighenti, S.; 

Svensson, M.; “Host and pathogen communication in the respiratory tract: mechanisms and models of a 

complex signaling microenvironment”. Front. Med. Submitted.   

  

In Vitro Model 

Type 

Advantages/Disadvantages Specific Examples Applications for 

investigating cross-

talk in infections 

Transwell/cell 
culture inserts 

+ Simple and robust 

+ Compatible with standard 

cell culture equipment 
+ Standard air-liquid 

interface protocol 
+ No external equipment 

requirement (e.g. pumps 
or vacuum for controlled 
fluid or air flow) 

+ Compatible with 

established readouts (e.g. 
microscopy, RNA 
analysis) 

+ Access to cultures for 

direct manipulation 

− Limited customization 

− Mechanically static 
− Poorly quantified diffusion 

gradients 

Nguyen Hoang et al. 2012 
 

 
 

 Direct contact 
signaling 

 Soluble factor 
signaling  

 Co-culture with 
various cell types 
(e.g., DCs, stromal 

cells) 

 Air-liquid interface 

on 3D culture 

 Cell-permeable 
inserts can be used 

for 
neutrophil/immune 
cell migration 
modeling through 
epithelium 

Mechanically 
“breathing” 
microfluidic 
model 

+ Cyclic airflow and 

mechanical stretching 
possible 

+ Continuous nutrient/media 

flow  
+ Customizable 

+ ALI compatible 

+ Compatible with 

established readouts (e.g. 
microscopy, RNA 
analysis) 

+ Control over diffusion 

gradients 
− External equipment 

required (e.g. syringe 

pump for fluid flow 
control and vacuum pump 
for pressure control).  

− Microfabrication 

technology may be 
necessary for additional 
customization 

Huh et al. 2010, Benam et al. 2016  
“Lung-on-a-Chip” 

 
 

 Direct contact 

signaling 

 Soluble factor 

signaling  

 Investigations 

involving 
mechanical stretch 

 Investigations 

requiring controlled 
air or liquid flow 

 Coculture with 

multiple cell types 
(e.g., endothelium) 

 Porous membrane 

allows for 
neutrophil/immune 
cell migration 
modeling through 
epithelium 

 Control over 

airflow in ALI 
model 
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− Difficult to access cultures 

for direct manipulation 

Stucki et al. 2015 

 

 Direct contact 

signaling 

 Soluble factor 

signaling  

 Investigations 

involving 
mechanical stretch 

 Investigations 

requiring controlled 
air or liquid flow 

 Coculture with 

multiple cell types 
(e.g., endothelium) 

 Porous membrane 

allows for 
neutrophil/immune 
cell migration 
modeling through 
epithelium 

 Open well for 

easier access of 
culture for 

downstream 
analysis 

Hydrogel-based 
microfabricated 
models  

+ Customizable 

+ Complexity in tissue 

components and shape 
+ Multiple signaling modes 

(i.e., volatile, direct 
contact, soluble factor, 
etc.) 

+ ALI compatible 

+ Open systems enable 

access to cultures for 

direct manipulation 
− External equipment may 

be required if controlled 
fluid flow or airflow is 
desired 

− Microfabrication 

technology may be 
necessary for additional 
customization  

 

Barkal et al. 2017 
 

 

 Volatile signaling 

coculture 
experiments 

 Direct contact 

signaling 

 Soluble factor 

signaling  

 Investigations 

involving 
endothelial, 
mesenchyme and 
epithelial cells 

 Modular cell 

culture experiments 

 Co-infection 

experiments 

Humayun et al. 2019 

 

 Co-culture with 

epithelial and 
smooth muscle 
cells 

 Native ECM 

interactions (i.e. 
collagen/matrigel) 

 Continuous media 

flow 

 Air liquid interface 

 Soluble factor 

signaling  

 Direct contact 

signaling  
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Table C1: In vitro lung models to study communication in the pulmonary microenvironment. Models are 

broadly grouped into three separate classifications: Transwells/cell culture inserts, mechanically 

“breathing” microfluidic models, and hydrogel-based microfabricated models. Advantages and 

disadvantages of each is described, as well as representative examples of each type.  
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Appendix D 

Reproduced in part with permission from van Neel, T.L.*; Berry, S.B.*; Berthier, E.; Theberge, A.B. 
“Localized Cell-Surface Sampling of Secreted Factors Using Cell-Targeting Beads”. In preparation. 

*denotes co-authorship 

 

Figure D1: Validation of CD90 expression by NHDFn cells using immunocytochemistry. CD90 

expression (green) was confirmed in NHDFn (CD90+ cells) using standard immunocytochemistry 

techniques. HUVECs (CD90- cells) were used as a negative control and stained with CellTracker Blue 

(pseudocolored yellow). CD90 was not expressed by HUVECS. Scale bar is 50 µm. 

 

 

Figure D2: Validation of antibody functionalization on MagPlex bead surface. Antibodies (CD90 and 

HGF) were covalently coupled to the bead surface and then incubated with a range of fluorescent 

secondary antibody concentrations to demonstrate successful coupling of antibodies to bead surface (see 
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Materials and Methods for details). Data points are the average of duplicate measurements with error bars 

representing standard deviation. The graph on the right is an inset of the 0-0.5 μg/mL concentration range. 

 

 

Figure D3: Validation of dual-functionalized (DF) bead binding to the surface of targeted CD90+ cells 
(NHDFn). Representative images from n=4 independent experiments demonstrating DF bead [(anti-

CD90, anti-HGF) (pink)] tethering to NHDFn cells (green) after multiple washing steps. Bead retention 

was also quantified in three negative control conditions where bead retention after washing is not 
expected: anti-CD64, anti-MMP12 DF beads (red) with NHDFn; anti-CD90, anti-HGF DF beads with 

CD90- cells [(HUVECs) (blue)]; anti-CD90, anti-HGF DF beads in a well plate with no cells. All negative 
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conditions showed negligible bead retention on the cell/well plate surface. Images were processed 

individually for better DF bead visualization as described in the methods section. Images are 
representative of xxx fields of view across xxx independent experiments. Bead retention data is quantified 

in Figure 2C. Scale bar is 100 µm. 

 

Figure D4: Dual-functionalized (DF) beads (anti-CD90, anti-HGF) remain tethered to targeted CD90+ 

cells (NHDFn) in coculture with CD90- cells (HUVEC). DF beads (pink) were added to a patterned 

coculture of NHDFn (green) and HUVEC (blue) cells for a 2-hour incubation followed by multiple wash 

steps. Beads remain tethered to CD90+ cells (green), while being removed from CD90- cells (blue) after 

washing. Scale bar is 100 µm. 
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Figure D5: Calibration curves for mono- (MF) and dual-functionalized (DF) beads demonstrates ability 
of both beads to capture HGF. Per MagPlex manufacturer’s recommendation, a five-parameter logistic fit 

was used to fit calibration curves and demonstrate the HGF-bead binding ability for each independent 

experiment (A: Experiment 1; B: Experiment 2; C: Experiment 3; D: Experiment 4) in duplicate 
(duplicates are shown as two plotted circles or triangles). Decreased signal is observed for DF beads as 

the surface has roughly half the binding sites for HGF compared to MF beads. Highest concentration for 

DF beads in Experiment 3 (C) did not contain beads for analysis and was therefore excluded from the 

curve. Insets are of first four points of the calibration curves. All curves are plotted on a logarithmic scale 

for visualization.  
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Figure D6: Increased in situ HGF recovered concentration results from bead proximity to cells. 
Schematic showing steps for culturing cells (A) 10 µm from beads and (B) 1.3 mm from beads. These 

two distances were chosen to probe the effect of bead sampling distance on HGF capture. When beads 

were cultured 10 µm from cells there was (C) no statistical significance between the control (- free anti-
HGF) and treated (+free anti-HGF) groups. This same trend was observed when beads were tethered to 

the cell surface via CD90 (see Figure 3 in the manuscript). In contrast, beads cultured 1.3 mm from the 

cells resulted in signals below the assay limit of detection (LOD) in both conditions. Three independent 

experiments with three replicates were performed for each experiment. Error bars are SEM. Unpaired, 
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parametric t-test. († HGF recovered using DF beads was captured 10 µm away from cultured cells, rather 

than the bulk, leading to increased overall HGF capture.) 

 

Figure D7: Quantification of HGF in cell lysate from the cell lysis step to remove DF beads tethered on 
cell surface. To determine the contribution of intracellular HGF to total recovered HGF signal, we 

quantified the amount of HGF present during the 15-minute lysing period used in the localized cell-

surface sampling workflow by simultaneously adding DF beads and lysis buffer to cells. While signal is 
observed in the cell lysate, the HGF concentration is significantly less than the recovered HGF from 

either localized cell-surface sampling condition (control and treated). Each data point plotted represents 

one technical replicate, with typically 4 replicates per independent experiment. Error bars are SEM. Two 
replicates in the control condition from Experiment 3 were excluded due to absence of DF beads in well. 

(† HGF recovered using DF beads is captured at the surface of the cell, rather than the bulk, leading to 

increased overall HGF capture. Traditional immunoassay calculations use bulk solution sampling; here, 

we are sampling a small volume on or near the cell surface.) Unpaired, parametric t-test. *** p < 0.001, 

**** p < 0.0001. 
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Appendix E 

Reproduced in part with permission from Berry, S.B.; Gower, M.S.; Su, X.; Seshadri, C.; Theberge, A.B. 

“A modular microscale granuloma model for immune-microenvironment signaling studies in vitro”. 

Front. Bioeng. Biotech. Submitted.  

A. 3D Injection Molded Device for Model Granuloma Layer 

 

B. CNC-Milled Device for Endothelial Layer 

                          

          
 

 
Figure E1. Detailed Device Schematics and Dimensions. A) The injection molded layer used in Figures 

6.1-6.4 for the model granuloma. Dimensions and figure reproduced from Yu et al.1
, Supplemental Figure 

3. B) The endothelial layers containing a floor used in Figure 6.4 was milled using CNC bonding with a 

solvent-bonded floor. Dimensions labeled in millimeters. 
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Figure E2. Stacks devices placed inside of CNC-milled device holders. A-B) Layers can be placed 

directly into the holders to prevent contact between the open suspended culture wells and the floor, as 

well as to keep the devices in place during culture and aligned once vertically stacked.   
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E1: Polypropylene (PP) Device Flattening Protocol 

Protocol is for use with a Carver Bench Top Standard Heated Press (Model #4386). This protocol can be 

adapted for use with alternative heated presses with model-specific changes. 

1. Preheat platens to 110°C (this takes ≈ 20 min to heat up and stabilize, as the temperature 

fluctuates). 

2. Prepare a stack of devices (4-5 devices) and carefully align the stack to avoid deformation. 

3. Place Kapton® polyimide film (#2271K2, McMaster Carr) on the top and bottom platens and 
place the stack of devices between the films (to avoid direct contact between the devices and the 

platens).  

4. Turn on the pressure sensor.  
5. Pump the hot press handle until contact is just made and the devices are flattened. 

- The devices stacks should not be compressed at all (i.e., the pressure sensor should read "0 

psi" or fluctuate between “0-10” psi), but the devices should be in contact with the platens 
and flattened. 

6. Let the stacks flatten for 60 min at the above temperature and pressure. 

7. After 60 min, turn off the platen temperature and let the temperature drop down to ≈30°C.  

- Do not use coolant to lower the temperature as this causes the temperature to drop too rapidly 

and can cause deformation. This cooling process takes 1.5-2 h.  

8. Once the temperature has dropped below 30°C, turn on the coolant circulator and run the coolant 
for 5 min to completely cool the platens.   

9. Turn off the coolant, release the pressure, and remove the devices from the platens.  
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E2: Culture Optimization for Miniaturization of Mycobacterial Infection 
Condition Conventional Macroscale 

Protocol 

Optimized Microscale 

Protocol 

Reason for Optimization 

Fetal Bovine Serum Concentration2 10% 15% Adaptation for microculture leads to 
decreased volume of media per cell; 
increased [FBS] provides greater 
amount of serum to culture.  

Media Buffer Concentration2  Variable (0-25 mM HEPES) 25 mM HEPES Adaptation for microculture leads to 
decreased volume of media per cell; 
increased [HEPES] provides greater 
buffering capacity of media to 
counter waste accumulation. 

Culture Feeding Frequency2  Every 2nd or 3rd day Daily  Adaptation for microculture leads to 
decreased volume of media per cell; 

increased media changing frequency 
prevents nutrient depletion and waste 
buildup.  

Multiplicity of Infection (MOI) 0.13,4  0.05 Adaptation to microscale decreases 
the total volume of space in the 
culture well and increases probability 
of BCG-recognition by monocyte-

derived macrophages; decreased MOI 
results in reproducible and consistent 
aggregate formation in each well with 
sufficient uninfected MDMs 
remaining to aggregate around the 
infected cells. 

Tween-80 Concentration 0.05%  0.003% Adaptation for the Stacks platform 
requires a Tween-80 concentration 

below the critical micelle 
concentration to maintain capillary 
pinning and functionality of Stacks 
devices (see below).  

Device Material Polystyrene (PS) Polypropylene (PP) Adaptation for use with immune cell 
and mycobacterial media requires an 
increase in the contact angle to 

maintain capillary pinning of media 
for cultures. 

Optimization of the Tween-80 concentration for culture of M. bovis BCG was required for compatibility 

with the Stacks platform. Traditionally, mycobacteria are cultured in varying concentrations of surfactant 
(commonly Tween-80) to prevent clumping of mycobacteria during culture. However, the presence of 

surfactant within the Stacks platform interferes with the capillary pinning necessary for maintenance of 

cell cultures and stacking of multiple layers. This is due to the decrease in interfacial tension between the 
culture media and the device surface caused by the presence of surfactant, effectively decreasing the 

contact angle of the media on the surface. In order to alleviate the effects of surfactant on the capillary 

pinning, the concentration of surfactant must be well below the critical micelle concentration (CMC), 
which is 0.0013% w/v5, in the final media. Therefore, we cultured the BCG at a concentration of 0.003% 

w/v Tween-80, which yields a final concentration (after all dilutions and mixing) of 0.0000025% w/v 

Tween-80 in the collagen plug; this concentration was selected as it was the highest concentration of 

Tween-80 we could use without loss of capillary pinning on the surface. However, to decrease the 
aggregation of BCG within our model system, the BCG were vortexed, vigorously pipetted, passed 

through a 27G needle to disperse aggregates, and then allowed to settle for ≈ 1 min before aliquoting from 

the top of the culture for use. 
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E3: Culture Optimization of Endothelial Layer  

To miniaturize the in vitro angiogenesis model6-8 we adapted for this layer and to ensure 
functionality, we optimized certain components of the culture system within the Stacks platform. The first 

condition optimized was the seeding density; too high of a seeding density results in formation of a 

confluent monolayer or islands of cells on the surface of the Matrigel, whereas too low of a seeding 

density results in a dispersed culture that does not form endothelial connections. Therefore, the seeding 
density was calculated from previously established protocols using 48 well plates7 to obtain a similar ratio 

of cells to area in the Stacks well (1,650 cells/well of the Stacks layer). We observed that concentrations 

greater or less than 1,650 cells/well resulted in inconsistent tubule or network formation. 
Additionally, the volume of Matrigel within each well was optimized. The final volume of 3 μL 

was selected to allow complete and reproducible coating of the bottom of each well and to limit the effect 

of the meniscus on cell localization (i.e., cells aggregating towards the middle of the well/bottom of the 
meniscus) and cell visualization. Lower volumes of Matrigel (< 3 μL) resulted in uneven coating of the 

surface of the well floor, causing a non-uniform surface wherein cells adhered to both Matrigel and 

exposed polystyrene on the floor of the well, leading to altered morphology. Higher volumes of Matrigel 

(> 3 μL) caused an exaggerated meniscus effect, resulting in cell aggregation in the center of the well. In 
cases where the volume of the well was completely filled with Matrigel (> 3.6 μL), we observed cell 

growth both on the Matrigel and on the polystyrene pinning ridge surrounding the well, resulting in 

varying surface-dependent morphologies (i.e., cells displayed different morphologies on the polystyrene 
and the Matrigel). 
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