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All organisms must control the timing of DNA replication to maintain their genomic stability. 

In bacteria, this is achieved through tightly controlling the frequency of replication initiation. 

Though it is well established that DNA topology is important for replication initiation, it was unclear 

whether the enzymes that modulate supercoiling are important for regulating this process. The 

work presented in this dissertation identifies a novel role for the essential topoisomerase, DNA 

gyrase, as a negative regulator of the replication initiator, DnaA. We find that gyrase activity is 

required for proper binding of DnaA to oriC and controls replication initiation frequency in the 

model Gram-positive bacterium, Bacillus subtilis. Based on the conservation of both gyrase and 

DnaA across all bacteria, and the importance of DNA topology for all stages of DNA replication, 

it is unlikely that this regulatory mechanism is unique to B. subtilis, and likely reflects a general 

strategy widely utilized by prokaryotes.  
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Creating genetic variability within bacterial populations is important for adaptation and 

survival. Therefore, cells must balance the need for high fidelity DNA replication with the need for 

genetic variability. They promote fidelity by accurately copying their DNA and repairing damaged 

DNA. Cells can increase variability by inducing pathways that introduce mutations. In particular, 

genome architecture and transcription levels together dictate mutation rates as a result of 

collisions between DNA replication forks and RNA polymerase. In support of previous work, I 

found that transcription-coupled nucleotide excision repair facilitates the increased mutation rates 

of highly transcribed genes in B. subtilis. Furthermore, I found that this mutagenesis is dependent 

on the activity of DNA polymerase I and the translesion synthesis polymerases YqjH and YqjW. 

My work contributes to our understanding of transcription-associated mutagenesis. 
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CHAPTER 1. Introduction   

 

1.1 Overview of DNA replication in Bacillus subtilis 

 
Like most bacteria, Bacillus subtilis has a single, circular chromosome. DNA replication 

initiates from the origin of replication, oriC. The two replisomes assemble at oriC, each replicating 

one arm of the chromosome, until reaching the terminus, as illustrated in Fig. 1.1. Recent work 

from our lab supports a factory model of bi-directional DNA replication, in which the two 

replisomes stay intact upon assembling at the origin, with the chromosomal DNA pulled through 

each replisome (1). The B. subtilis chromosome is 4.2 mega base-pairs in length, and in vivo work 

indicates that chromosome duplication can be completed in 40 minutes (2). Based on this, it has 

been estimated that the replication machinery copies DNA at a rate of 1,000 base-pairs per 

second (2).  

 

 

Figure 1.1 Schematic of bi-directional DNA replication from a single, circular chromosome. The 

two replisomes (patterned circles) assemble at the origin, oriC (green). Arrows indicate bi-

directional replisome movement along the two arms of the chromosome. Replication ends at the 

terminus sequence, ter (red).   
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DNA polymerases synthesize DNA in the 5’ to 3’ direction. Due to the opposing polarity of 

the two template strands, the two newly synthesized DNA strands are replicated differently. DNA 

synthesis of the leading strand is continuous, whereas on the lagging strand, DNA is copied in 1-

2 kilobase-pair fragments, called Okazaki fragments (3, 4). There are a set of proteins that are 

required for replicating both daughter strands, as well as several additional proteins that are 

needed for lagging strand DNA synthesis. The details of this will be further explained below. Upon 

unwinding of the template DNA, and progression of leading and lagging strand synthesis, two Y-

shaped replication fork structures form. A simple depiction of this is shown in Figure 1.2 A.  

DNA replication is carried out by a set of proteins that operate together to form the 

replisome. The architecture of the B. subtilis replisome is illustrated in Figure 1.2 B, with the 

individual replisome components described in Table 1.1. The replication machinery includes the 

homohexameric helicase, DnaC, which translocates along the lagging strand, unwinding the 

double helix template ahead of the replication fork (5, 6). Following helicase activity, single-

stranded DNA binding proteins (Ssb) coat the DNA, preventing re-formation of the DNA helix and 

protecting against nucleolytic attacks of exposed single-stranded DNA (7).  

Leading strand DNA synthesis is performed by the main replicative polymerase, PolC. 

Discontinuous DNA synthesis on the lagging strand is completed in 1-2 kilo base-pair fragments, 

called Okazaki fragments. Each Okazaki fragment is started with the action of primase, which 

synthesizes an RNA primer that the replicative DNA polymerase DnaE can initiate from to copy 

the template DNA. Following dissociation of DnaE from the template DNA, the other replicative 

polymerase, PolC is required to complete Okazaki fragment synthesis, and the resulting gaps 

from the Okazaki fragments are sealed by ligase. DNA polymerases require association with the 

β-clamp to be processive. The clamp loader forms a complex with these proteins and the 

replicative helicase, facilitating the coupling of template unwinding and DNA synthesis. In addition, 

the type II topoisomerases, gyrase and topoisomerase IV, are required to relieve positive 

supercoiling generated in front of replication forks, and to decatenate sister chromosomes.  
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A    B 

          

Figure 1.2 A) Diagram of a partially replicated chromosome. Blue shading represents the 

replication forks, blue dots represent the replisomes. Newly synthesized DNA is depicted by the 

dotted lines, and the green arrows indicate the direction of replication fork movement. B) 

Architecture of the Bacillus subtilis replisome. The clamp loader (green) and clamp (red) interact 

with the replicative DNA polymerases DnaE (yellow) and PolC (orange). The DnaC helicase 

hexamer unwinds DNA ahead of the replisome. Lagging strand DNA synthesis requires 

additionally proteins, including Primase (dark red), and single-stranded DNA binding proteins 

(Ssb, in purple).   
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Replisome Component Protein Composition Function 

Initiator Protein DnaA (1) Initiate Replication 

DNA Polymerase III PolC (1) Leading-strand DNA synthesis 
Lagging-strand DNA synthesis 
Proofreading Exonuclease  
 

DnaE (1) Lagging-strand DNA synthesis 
 

b-Clamp DnaN (2) Processivity Clamp 

Clamp Loader 

 

DnaX (3) Close b-Clamp 

HolA (1) Open b-Clamp 

HolB (1) Structural Element 

Helicase DnaC (6) Unwinds Duplex DNA  

Primase DnaG (1) RNA Primer Synthesis at Okazaki 
Fragments  
 

Single-Strand Binding Protein SSB (4) Protects ssDNA 

Helicase Loader DnaB (4)  Helicase loading at oriC and at 
stalled replication forks during 
replication restart DnaD (4) 

DnaI (1) 

Ligase LigA (1)  Seals Okazaki Fragments  

Gyrase GyrA (2), GyrB (2) Relaxes positive supercoils  
Introduces negative supercoils 
 

Topoisomerase IV  ParC (2), ParE (2) Relaxes positive supercoils 
Separates linked sister 
chromosomes 
 

 
Table 1.1 Components of the replication machinery in Bacillus subtilis.  
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1.2 Initiation of DNA Replication in Bacillus subtilis 

 

 For cells to begin a new round of replication, the initiator protein, DnaA must first bind to 

specific 9-mer consensus sequences at the origin of replication, oriC (8–10). Upon cooperative 

binding to these sites, DnaA oligomerization results in bending of the origin sequence, which 

catalyzes unwinding of an AT-rich region, called the DNA unwinding element (DUE) (11). 

Following this step, the helicase loaders, DnaB, DnaD and DnaI are recruited to the DUE to 

facilitate loading of the helicase protein, DnaC (12). Subsequently, replisome proteins are 

assembled, and replication proceeds bi-directionally.  

  

Origin of Replication 
 

Replication initiates from a specific DNA sequence, called the origin of replication (oriC). 

The length, sequence and structure of oriC vary among bacterial species, however they share 

several key features, which include: DnaA binding sites and an AT-rich region required for melting 

of the DNA (13, 14). An illustration of the B. subtilis oriC structure is shown in Figure 1.3. 

In B. subtilis, oriC is bipartite – with two regions containing DnaA binding sites that are 

separated by the dnaA gene (15). This bipartite structure is essential for replication initiation in B. 

subtilis and is thought to facilitate looping of this region during initiation (11). Including the dnaA 

gene, oriC is roughly 2.2 kilobase pairs long and contains specific sequences that DnaA binds to 

called DnaA boxes. The 9 base-pair consensus sequence of these DnaA boxes is: 5’-

TTATNCACA-3’ (16). There are low and high affinity DnaA boxes. This is particularly important 

for the regulation of initiation in E. coli, where DnaA-ATP can bind to both types of boxes, whereas 

DnaA-ADP can only bind to the high affinity DnaA boxes (17). However, in B. subtilis, DnaA-ATP 

and DnaA-ADP display minimal differences in their binding efficiencies to these regions (with 

DnaA-ATP having a higher binding efficiency) (18). Nevertheless, the differences in these 
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sequences can be important for the ordered assembly of DnaA oligomers (10, 19, 20). Upon 

DnaA oligomerization, there is opening of the unstable AT-rich DnaA unwinding element (11, 13).  

 

 
Figure 1.3 Structure of oriC in Bacillus subtilis (21). The DnaA boxes are depicted by the green 

boxes, and the 16-mer AT-rich regions are depicted by the yellow boxes. The dnaA gene divides 

oriC into two regions.  

 

Structure and Function of DnaA 

 
The replication initiator protein, DnaA, is required for initiation of DNA replication in 

bacteria and is highly conserved in both Gram-positive and Gram-negative bacteria. Seminal work 

isolating and characterizing conditional lethal mutations for essential cellular functions in 

Escherichia coli led to the discovery of dnaA temperature sensitive (Ts) mutants (22).  The name 

of this gene, dnaA, originated from their finding that dnaA Ts mutants were the first mutants shown 

to be deficient in DNA replication (22, 23). DnaA is a 50 kilodalton AAA+ (ATPase associated with 

diverse cellular activities) type protein that has four domains (24, 25).  

The N-terminal DnaA Domain I is critical for interactions with DnaA regulators across 

bacterial species and allows for helicase loading (21). In B. subtilis this region facilitates 

interactions with SirA (26, 27). DnaA Domain II is poorly conserved across bacteria (28). It acts 

as a flexible linker between domains I and III, and may be important for the efficiency of replication 

initiation (29). Domain III contains Walker A and B motifs which allow for ATP binding and 

hydrolysis. This region is essential for DnaA-DnaA interactions that allow for DnaA oligomerization, 

as well as for binding to single-stranded DNA (21). In B. subtilis, Domain III is also important for 

oriN 
(360°)

oriC 
(0°)

dnaA dnaN
ΔoriC-S

ter (172°)

dnaA

ter (172°)

dnaA boxes dnaN

oriC 
(0°)

ter (172°)

oriC 
(0°)

oriN 
(360°)

yhaX (90°)

DUE

DnaA box

dnaA

16-mer AT-rich region

dnaNDUE

Bacillus subtilis oriC
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DnaA-YabA and DnaA-DnaD interactions that ensure proper timing of replication initiation during 

vegetative growth (30–32), and for interactions with Soj and SirA that ensure oriC segregation 

during sporulation (33). The C-terminal Domain IV of DnaA contains a double-stranded DNA 

binding domain that allows for recognition and binding to DnaA-boxes (34, 35). DnaA is able to 

bind to DNA through the helix-turn-helix motif of Domain IV that interacts with the major groove 

of double-stranded DNA (35).  

DnaA has a high affinity for ATP (Kd = 30 nM) and ADP (Kd = 100 nM) (36). In cells, it is 

predicted that newly synthesized DnaA is more often ATP-bound based on the relative 

concentrations of ATP and ADP. DnaA must be in its ATP-bound form to be “active” – to initiate 

replication initiation (36). When the DnaA-ATP pool is sufficient, DnaA association at both low 

and high affinity DnaA binding sites leads to DnaA oligomerization (20). This leads to melting of 

the DNA unwinding element (DUE) and bending of the origin region (13, 14). ATP hydrolysis 

thereby inactivates DnaA and prevents premature initiation events. Using its carboxy-terminal 

double-stranded DNA binding domain, ADP-bound DnaA can bind to high-affinity DnaA boxes. 

The multi-protein DnaA structures formed with ADP-DnaA are different than the ATP-DnaA 

oligomers and are unable to catalyze opening of the DUE. Furthermore, in E. coli, ADP-DnaA 

cannot bind to low-affinity DnaA boxes, as is needed for DnaA oligomerization at oriC (19).  

In addition to its role in replication initiation, DnaA is also a transcription factor (37). This 

has been demonstrated in B. subtilis, E. coli, and Caulobacter crescentus. Importantly, DnaA 

represses dnaA expression (38–41). DnaA expression levels are autoregulated by DnaA binding 

to specific DnaA-boxes near the dnaA promoter (42). This can have consequences for regulating 

DnaA levels and DnaA activity as an initiator protein. As a transcription factor, DnaA also controls 

the transcription of many other genes – and can act as both an activator and a repressor (39, 40, 

43). In B. subtilis, DnaA alters gene expression in response to replication stress – specifically 

following inhibition of replication initiation and replication elongation (37, 39). In addition, DnaA 
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indirectly controls the expression of hundreds of genes through controlling the expression of other 

transcriptional factors (37).  

 

 
Regulation of Replication Initiation 

 
Replication initiation is tightly regulated to ensure production of viable progeny. Many of 

the seminal studies on replication initiation and the mechanisms by which cells regulate this 

process were done in E. coli. Through this work, we have learned a great deal about the structure 

and function of DnaA, the features of oriC, and how cells regulate replication initiation (44). Much 

of what has been found in E. coli is similar in other bacteria. One common mechanism for 

regulation of replication initiation in E. coli and B. subtilis, for example, is through DnaA boxes 

outside of the origin of replication. Sequestration of DnaA at binding sites outside of oriC reduces 

the pool of available DnaA in cells, thus preventing pre-mature initiation events (45, 46). 

Additionally, autoregulation of dnaA is common in both organisms (41, 42, 47). DnaA binds to 

specific DnaA-boxes near the dnaA promoter (42), repressing dnaA expression (38–41). This is 

ultimately important for reducing DnaA pools in cells and controlling replication initiation frequency.  

Despite sharing many features, there are significant differences in the control of replication 

initiation between the Gram-negative bacterium, E. coli, and the Gram-positive bacterium, B. 

subtilis (48). One of these fundamental differences is found in the organization of DnaA boxes at 

the origin of replication. The oriC structure is bipartite in B. subtilis, with two DnaA box clusters 

flanking the dnaA gene. This is in contrast to the continuous oriC sequence in E. coli (21). While 

the bipartite structure of the B. subtilis oriC sequence is known to be required for proper replication 

initiation, and leads to looping of this region during initiation (11), it remains unclear why this 

bipartite structure is important. Similar bipartite structures exists in other organisms, like 

Helicobacter pylori (49, 50).  
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Interestingly, none of the DnaA regulators identified in B. subtilis have known homologues 

in E. coli. Furthermore, there is a fundamental difference in how replication is controlled among 

these two organisms that stems from the difference in nucleotide hydrolysis rates for DnaA-ATP, 

the active form of the initiator protein (48). The DnaA-ATP/ADP half-life is 10-fold higher in E. coli 

as compared to B. subtilis (36, 51). Therefore, in E. coli, regulation of replication initiation is largely 

through limiting DnaA-ATP levels in the cell. A primary mechanism for this (which has not been 

observed in B. subtilis) is through stimulating nucleotide hydrolysis of DnaA using a process called 

regulatory inactivation of DnaA (RIDA) that is dependent on interactions between the DnaA 

regulator Hda and DnaA (52). Additionally, this can be achieved through DnaA-ATP hydrolysis at 

the DnaA binding locus, datA (53). Furthermore, the stimulated rate of nucleotide exchange in E. 

coli (54) is roughly equivalent to the basal rate of DnaA-ATP hydrolysis in B. subtilis (51). 

Generally, in B. subtilis, DnaA regulation is achieved by controlling DnaA binding and 

oligomerization at the origin of replication (44, 55, 56). Also, there is an additional layer of 

regulation that B. subtilis uses to facilitate initiation control at the onset of sporulation (26, 57, 58). 

The specific proteins and their respective regulatory activities are explained further below. 

Generally, these sporulation-specific DnaA regulators perform the critical function of preventing 

new rounds of replication prior to sporulation. This regulatory activity ensures that there are only 

two chromosomes – one which will go to the mother cell, and the other which goes to the spore. 

B. subtilis DnaA regulators that modulate DnaA binding to oriC during vegetative growth and prior 

to sporulation are listed in Table 1.2 and explained in further detail in subsequent sections. 
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DnaA Regulator Type of Regulator Timing of initiation control 

YabA 
 

Negative Vegetative Growth 

DnaD 
 

Negative  Vegetative Growth  

SirA Negative Onset of Sporulation 

Monomeric Soj  Negative 
 

Onset of Sporulation  

Dimeric Soj  Positive Onset of Sporulation 
 
 

Table 1.2 Summary of Bacillus subtilis DnaA regulators.  
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YabA  

 
YabA is conserved in Gram-positive bacteria with low (G+C) content (59). It was first 

predicted to act as a regulator of replication initiation through a yeast two-hybrid screen performed 

in B. subtilis, showing that YabA interacts with the replisome proteins DnaA and DnaN (59). 

Following this screen, further work was performed, characterizing YabA as a negative regulator 

of replication initiation during vegetative growth. YabA interacts with domain III of DnaA, which is 

important for DNA binding, ATP hydrolysis and DnaA oligomerization. Through this interaction, 

YabA prevents cooperative DnaA binding at oriC, and controls replication initiation frequency 

during vegetative growth (31, 60). YabA associates with oriC and other DnaA binding regions – 

and this association is dependent on DnaA (60). An illustration of DnaA control by YabA is 

depicted in Figure 1.4.   

Another mechanism by which YabA has been proposed to regulate DnaA activity is 

through tethering DnaA to the replisome (61). YabA forms a complex with DnaA and the b-clamp 

protein, DnaN, sequestering DnaA away from the origin (61). DnaA accumulates at the origin of 

replication when the replisome is assembling or disassembling, and colocalizes with the replisome 

during the rest of the cell cycle (61). Based on these findings, it was proposed that DnaA 

sequestration through replisome association may be important for preventing premature 

replication initiation. However, following this work, the Grossman lab showed that when DnaN is 

over-expressed (~3.5 fold), DnaA enrichment at oriC increases, and YabA enrichment at oriC 

decreases in vivo (60). These results indicate that DnaN-YabA interactions inhibit initiation by 

sequestering YabA (rather than DnaA) from the origin (60).   
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Figure 1.4 Negative regulators of DnaA (YabA, DnaD and SirA) inhibit replication initiation by 

interacting with DnaA and preventing cooperative DnaA binding at oriC.  
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DnaD 

 
B. subtilis DnaD is required for loading of the replicative helicase, DnaC, at oriC during 

replication initiation, and at stalled replication forks during replication restart. In addition to its 

function as a helicase loader, DnaD also plays a role in regulation of replication initiation. 

Specifically, DnaD acts as a negative regulator of DnaA by interacting with domain III of DnaA  at 

oriC (62) and at other DnaA binding sites along the chromosome (63). The association of DnaD 

with these DnaA binding sites is dependent on DnaA (12, 63). Through its recruitment, DnaD 

inhibits cooperative DnaA binding to these regions (31, 51) and decreases the dissociation 

constant (Kd) of DnaA to DNA (51). An illustration showing how DnaD inhibits DnaA binding at 

oriC is displayed in Figure 1.4.  

 

SirA 

 
SirA is a sporulation-induced protein (57) that inhibits replication initiation (18, 20, 27) and 

facilitates proper chromosome segregation at the onset of sporulation (33). Under these 

conditions, SirA negatively regulates DnaA and inhibits replication initiation (18, 20, 27). 

Specifically, SirA binds to three residues on the surface of domain 1 of DnaA (26), a region 

required for DnaA dimerization. This interaction prevents cooperative DnaA binding to oriC (26). 

An overview of how SirA inhibits DnaA at the onset of sporulation is illustrated in Figure 1.4. In 

addition to its role in preventing replication initiation during sporulation, SirA works in the same 

pathway as Soj to facilitate oriC segregation at the start of sporulation (33, 58). SirA and Soj both 

interact with domain III of DnaA for oriC capture (33).  
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Soj 

 
Soj is both an activator and inhibitor of replication initiation. This is dependent on whether 

it is in its monomeric or dimeric form. As an ATP-bound dimer, Soj binds to DNA and acts as an 

activator of DnaA (64). Whereas, monomeric Soj is an inhibitor of DnaA (64) – it prevents DnaA 

oligomerization in vitro and in vivo (65). In this form, Soj binds to the AAA+ ATPase domain of 

DnaA and prevents DnaA helix assembly at oriC at the onset of sporulation (65). The two 

mechanisms by which Soj regulates DnaA are illustrated in Figure 1.5. Spo0A regulates Soj 

activity by influencing its conformation. Specifically, Spo0A inhibits Soj dimerization through 

catalyzing DnaA ATPase activity (64). An additional function of Soj is that it works in the same 

pathway as SirA to facilitate oriC segregation at the start of sporulation (33, 58).  

 

Figure 1.5 Overview of the regulation of replication initiation by monomeric and dimeric Soj in B. 

subtilis.  
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DnaA-ATP Hydrolysis  

 
 The levels of DnaA-ATP and DnaA-ADP are important for regulating replication initiation 

– as the ATP bound form is required for initiation to occur (36). In E. coli, there are various DnaA 

regulators that promote DnaA-ATP hydrolysis in order to deplete the DnaA-ATP pools and reduce 

the frequency of replication initiation (53, 66). However, in B. subtilis, where nucleotide exchange 

occurs rapidly without the aid of accessory proteins, analogous regulatory mechanisms have not 

been described. Furthermore, the basal rate of DnaA nucleotide exchange in B. subtilis is 

essentially the same as the stimulated rate of nucleotide exchange for DnaA in E. coli (51, 54). 

 

1.3 Elongation of DNA Replication in Bacillus subtilis 
 
 

Replication fidelity and mutagenesis 

 
Faithful transfer of genetic information to daughter cells is important for bacterial fitness. 

However, generating genetic diversity is essential for adaptation to new environments and for 

survival of bacterial species over time. Cells must balance these two contradictory requirements. 

They are able to achieve this equilibrium through their many redundant mechanisms that work 

together to reduce replication errors and repair spontaneous chromosomal mutations, and 

through tightly regulating processes that introduce mutations into the genome.   

In order to ensure faithful transfer of genetic information, bacteria use high fidelity DNA 

polymerases with proofreading functions, and employ back-up mechanisms that fix mistakes 

made during DNA replication (67). The overall error rate of bacterial DNA replication is very low 

(67–69). In E. coli it is estimated to be as low as 1 mistake per 1010 bases inserted (67). The 

greatest contribution to this low mutation rate is the highly accurate base selection of replicative 

polymerases, followed by their back-up proofreading functions which immediately correct most 

mistakes made during replication. In E. coli, it is estimated that high-fidelity polymerases make a 
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single error for every 104 – 106 bases inserted, and proofreading functions can fix as many as 

99.9% of the mistakes made during base selection, further reducing DNA replication error rates 

1,000 fold (69). Mismatch repair further reduces the errors made 100-fold, through operating 

behind the replication forks and fixing most of the mistakes not left unresolved by proofreading 

(70). Additionally, DNA repair proteins scan the chromosome, working independently of DNA 

replication to ensure that DNA damage from endogenous and exogenous sources are repaired 

before they lead to fixed chromosomal mutations that will be passed on to daughter cells. As 

described above, there are many redundant pathways cells use to ensure the faithful transfer of 

genetic material to daughter cells. Mutations do get passed on, however, and the genetic variation 

that results from these mutations is required for the fitness of bacterial populations over time. 

Furthermore, despite having low base-line rates of mutagenesis, under certain conditions, 

bacteria increase their mutation rates.   

A common way bacteria are able to adapt to stressful environmental conditions is through 

inducing mutagenic pathways (71–73). These error-prone mechanisms are highly regulated to 

prevent uncontrolled mutagenesis. Stress-induced mutagenesis is tightly controlled by several 

master regulators that are often redundant and can be activated during nutrient deprivation and 

antibiotic treatment, upon heat or cold shock, and when cells must respond to extensive DNA 

damage (71). Important, widely conserved bacterial stress-response regulators and pathways will 

be described below.   

In E. coli and many proteobacteria, the alternative sigma factor RpoS plays a key role in 

dealing with changes to various environmental conditions (74). RpoS is activated in response to 

nutrient starvation, growth-rate reduction, and changes in osmotic pressure, pH, and temperature 

(71). Upon activation, RpoS induces expression of various repair proteins and translesion 

synthesis (TLS) polymerases (75, 76). In order to survive in the presence of bulky DNA lesions, 

cells must employ specific TLS polymerases, which are unique in their ability to replicate past 
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these regions but are also highly mutagenic (76). These TLS polymerases will be re-visited in 

more detail below, in the section “Translesion Synthesis Polymerases.”  

A well-studied mechanism bacteria use to deal with DNA damage is the SOS response 

(77). Much of what we know about this process comes from more than 50 years of research in 

the model organism, E. coli (78). The SOS response is coordinated by the recombination protein, 

RecA, which induces expression of genes repressed by the transcriptional regulator, LexA (78). 

Upon RecA nucleoprotein filamentation, there is self-cleavage of the LexA repressor (79, 80), 

leading to induction of SOS-regulated genes (81), which are involved in DNA repair 

(recombination and nucleotide excision repair), as well as TLS polymerases that allow for 

mutagenic lesion bypass during DNA replication (82). Expression of these genes allows cells to 

tolerate extensive DNA damage. This response also leads to DNA-damage-induced mutagenesis.  

Alarmones are also important for introducing genetic variability under stress-conditions 

(71). An example of this found in many bacteria, is the second messenger, small nucleotide 

guanosine tetraphosphate, ppGpp (83, 84). This second messenger is produced under various 

kinds of nutrient starvation (85) as well as heat shock (86). Upon increased production of ppGpp, 

there are global changes in gene expression. Depending on the organism, these changes can be 

a result of its direct interactions with the b’ and w subunits of RNA polymerase (RNAP), or through 

changes in guanosine triphosphate concentrations (83). In addition to directly binding and 

modifying the activity of RNAP, ppGpp can bind to and alter various other proteins, including: 

cellular GTPases, proteins involved in nucleotide metabolism and lipid metabolism, metabolic 

proteins, and PLP-dependent basic aliphatic amino acid decarboxylases (87). Based on the range 

of intracellular ppGpp concentrations under normal growth conditions and upon induction of this 

signal, and the inhibition constants of ppGpp for these protein targets, it is thought that ppGpp 

mediated protein inhibition is likely transient and reversible (87).  

Another mechanism by which bacteria drive evolution is through genome organization. The 

majority of genes are encoded on the leading strand in bacteria (88). This orientation bias is 
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greater for highly transcribed and essential genes, ranging from 75% to 95% across different 

bacterial species (89–91). And even more striking: 100% of rRNA genes are co-oriented with 

replication (90, 92–94). Gene orientation has consequences on the severity of collisions between 

DNA replication and transcription – and this can determine base-line rates of mutagenesis (89). 

This will be further explained in the next two sections.   
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Replication-Transcription Conflicts 

 
There are many obstacles to replication fork progression. These include: bulky DNA 

lesions, DNA-binding proteins, DNA/RNA secondary structures, and transcription machinery. 

Replication and transcription are happening at the same time, on the same template. This is 

illustrated in Figure 1.6. Without either spatial or temporal separation for these two processes, 

collisions occur between replication and transcription machineries, which we refer to as 

“replication-transcription conflicts (95).”  

 

 

Figure 1.6 DNA replication and transcription occur at the same time, on the same DNA 

template.   

 

There are two types of replication-transcription conflicts. Co-directional conflicts occur 

when replication forks collide with transcription of genes encoded on the leading strand, whereas 

head-on conflicts occur when replication forks collide with transcription of genes encoded on the 

lagging strand. These two kinds of conflicts are illustrated in Figure 1.7. Both types of replication-

transcription conflicts result in replisome stalling and genomic instability (95–97). However, the 

two orientations lead to different consequences for cells. Co-directional conflicts cause replisome 
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stalling and replication restart (96). Head-on conflicts also lead to these outcomes; however, the 

consequences of head-on conflicts are much more severe (98), and include: more severe 

replisome stalling and disassembly (99), single-strand and double-strand DNA breaks (97), 

insertions and deletions (100), and increased mutagenesis  (89, 101, 102).    

 

 

 

Figure 1.7 Head-on and co-directional replication-transcription conflicts. Head-on conflicts occur 

when transcription is on the lagging strand. Co-directional conflicts result from transcription on 

the leading strand.   

Co-directional conflicts 

Head-on conflicts 
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Bacteria have many different conflict resolution factors, which they rely on to survive these 

events (103). Conflict resolution factors identified in E. coli include the small nucleotide guanosine 

tetraphosphate ppGpp, which prevents RNAP from blocking replication at DNA lesions (104), 

transcription factors like the Gre proteins and DksA which remove transcriptional barriers to DNA 

replication (104, 105), helicase proteins like DinG which can unwind r-loops in vitro (106), and the 

helicase Rho which works together with the Rho cofactors NusA and NusG as transcriptional 

terminators (107). In B. subtilis, known conflict resolution factors include the accessory helicase 

PcrA (108) and RNAse HIII (101). Additionally, bacterial genomes are organized such that for the 

majority of genes, transcription and replication are co-oriented, reducing the frequency of more 

detrimental head-on conflicts (88). This is illustrated in Figure 1.8.  
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Figure 1.8. Genome orientation bias across different bacterial species. The light purple 

represents the proportion of genes encoded on the leading strand, that are co-oriented with 

replication. The dark purple represents the proportion of genes encoded on the lagging strand, 

that are head-on to replication. While the genome orientation bias varies among the different 

bacteria presented, in all of these species there are more genes encoded on the leading strand.   

Top row: Mg: Mycoplasma genitalium G37 (80.8%); Sp: Streptococcus pneumoniae 

TIGR4 (80.3%); Sa: Staphylococcus aureus NCTC 8325 (76.8%); Ss: Streptococcus sanguinis 

SK36 (75.3%); Sa: Staphylococcus aureus N315 (74.8%); Bs: Bacillus subtilis 168 (73.8%); Ab: 

Acinitobacter baylyi ADP1 (60.7%). Middle row: Bt: Burkholderia thailandensis E264 (59.3%); Mt: 

Mycobacterium tuberculosis H37Rv (59.0%); St: Salmonella enterica serovar Typhimurium Ty2 

(58.6%); Sty: Salmonella enterica serovar Typhi Ty2 (58.1%); Btm: Bacteroides thetaiotaomicron 

VPI-5482 (58.0%); Hp: Helicobacter pylori 26695 (57.8%); St: Salmonella enterica serovar 

Typhimurium 14028S (57.3%). Bottom row: Pa: Pseudomonas aeruginosa PA01 (55.9%); So: 

Shewanella oneidensis MR-1 (55.7%); Hi: Haemophilus influenzae Rd KW20 (55.0%); Ec: 

Escherichia coli K-12 MG1655 (54.9%); Cc: Caulobacter crescentus NA1000 (54.7%); Pa: 

Pseudomonas aeruginosa UCBPP-PA14 (54.1%); Pg: Porphyromonas gingivalis ATCC 33277 

(51.4%). This figure is taken from Merrikh H. Trends Microbiol (2017) (88). 
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Accelerated Evolution of Highly Transcribed Genes 

 
Targeted mutagenesis of highly transcribed genes is an important mechanism by which 

bacteria selectively drive evolution (88, 89). Our lab has shown that mutation rates increase in a 

transcription-dependent manner by a factor of 2 to 4 fold (89, 109). There are various factors that 

contribute to genomic instability at highly transcribed genes. One example of this is the 

accumulation of RNA-DNA hybrids at these regions. These highly stable structures expose single-

stranded DNA that is more prone to DNA damage. Our lab has recently shown that in the absence 

of factors that remove these hybrids, cells have higher rates of mutagenesis at highly transcribed 

genes (101). Additionally, recent work by our lab as well as other groups has shown that 

transcription-coupled nucleotide excision repair (TC-NER) is mutagenic (109–112). The 

mechanism for this is still largely unknown however and requires further investigation.  

 

Transcription-Coupled Nucleotide Excision Repair 

 
Mfd is a highly conserved bacterial DNA repair protein that promotes mutagenesis through 

its involvement in transcription-coupled nucleotide excision repair (TC-NER). TC-NER is initiated 

when RNA polymerase (RNAP) encounters DNA lesions, which inhibit its progression (113–115). 

To repair these lesions and allow for continued transcription and replication past these sites, 

RNAP must first be removed. Mfd pushes stalled RNAP off of DNA in an ATP-dependent manner 

(113), allowing for recruitment of transcription-coupled DNA repair proteins UvrA and UvrB. Upon 

displacement of RNAP by Mfd, UvrA binds the lesion, UvrB recruits UvrC, and UvrC makes an 

incision at the lesion site. The helicase protein, UvrD, then removes the excised DNA, and the 

gap is filled and ligated. Recent work has shown that this DNA repair pathway is mutagenic (110–

112). Despite numerous reports that Mfd-mediated repair is mutagenic (110–112), why this repair 

pathway is error-prone is not well understood. It has been well-established through both in vitro 

and in vivo work that Pol I is involved in TC-NER (112, 116, 117). However, how gap filling by a 



 26 

high-fidelity polymerase, like Pol I, might promote mutagenesis is not clear. We have performed 

preliminary experiments that indicate Pol I may be introducing mutations during TC-NER through 

acting in concert with translesion synthesis polymerases.  

 

Translesion Synthesis Polymerases 

 Bacterial cells are constantly exposed to endogenous and exogenous sources of DNA 

damage. To counteract this, they have many DNA repair pathways. However, despite having 

systems in place to fix DNA damage, replication forks can encounter DNA lesions prior to their 

repair. The main replicative polymerases are unable to replicate past some of these regions. This 

leads to replisome stalling. In order to replicate past bulky lesions, cells employ the use of 

translesion synthesis (TLS) polymerases (118, 119). In all domains of life, Y-family polymerases 

are important for TLS activity (120). TLS polymerases are able to take over and replicate a short 

patch of DNA, past the lesion, switching places with the main replicative polymerases (121). A 

schematic showing this process, including: stalled replisomes at a lesion, polymerase switching, 

and TLS polymerase lesion bypass is shown in Figure 1.9.  

Translesion synthesis is often error-prone. This is in large part because TLS polymerases 

lack 3’ à 5’ exonuclease activity (proofreading functions) (122). They also misincorporate bases 

at a greater frequency than main replicative polymerases do. On undamaged DNA templates their 

misincorporation rate is between 103 - 105, which is roughly 10-fold higher (123). This is because 

1) the structure of the little finger domain and active site allows for mismatches to be made (124) 

and 2) they are often acting on damaged templates and bulky adducts (118). TLS polymerase 

activity is important for introducing genetic variability within bacterial populations, a process that 

is essential for maintaining evolutionary fitness (118). However, these polymerases are tightly 

controlled to prevent excess activity on non-damaged templates where they can also introduce 
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mutations. As previously described, TLS polymerases are induced under conditions of excess 

DNA damage and stress, by the SOS-response and the transcription factor RpoS.  

 Research on TLS polymerase activity in B. subtilis by our lab as well as other groups 

indicate that these polymerases are contributing to transcription-associated mutagenesis (109, 

125). Additionally, at least in B. subtilis, it appears that the increased mutation rates associated 

with TLS polymerases is dependent on DNA polymerase I activity (126). This will be further 

explained in Chapter 3.   
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Figure 1.9 Model for polymerase switching and trans-lesion synthesis past bulky lesions. The 

replicative polymerase (yellow) is unable to replicate past bulky lesions (depicted here by the red 

“H”) – leading to stalling of the replisome. Upon replisome stalling, the TLS polymerase (purple) 

is recruited to these sites and replaces the replicative polymerase via polymerase switching. TLS 

polymerases have large active sites that allow them to replicate past these regions and 

incorporate nucleotides opposite of the lesion. Unlike processive replicative polymerases, TLS 

polymerases are distributive and dissociate after replicating a short patch of DNA. This allows for 

a second polymerase switching event, where the replicative polymerase can re-associate with the 

b-clamp and continue replicating the DNA. This image was taken from Sale JE et al, Nature 

Reviews, 2012 (121).   
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1.4 Role of DNA topology in DNA replication 

 
DNA topology is critical for all stages of DNA replication – initiation, elongation, and 

termination. In order for DNA replication to initiate and proceed in vitro, the replication machinery 

requires a negatively supercoiled template (127–131). In addition, DNA replication induces 

changes in DNA topology both behind and in front of the replication machineries, which introduces 

impediments to DNA replication progression and termination. Chromosomal DNA becomes over-

twisted (positively supercoiled) ahead of the replication forks, causing torsional strain that must 

be resolved for DNA replication to proceed (132). There is also positive supercoiling generated in 

the already replicated region which must be resolved to prevent catenation of the chromosomal 

DNA and to allow for proper segregation of daughter chromosomes upon termination of DNA 

replication (132). Gyrase activity and transcription also promote under-twisting of DNA (negative 

supercoiling). Supercoiling generated ahead of and behind of the replisome and RNA polymerase 

are illustrated in Figure 1.10. Many of the topological problems that arise from these processes 

are resolved by winding solutions (133). This is achieved through the actions of enzymes called 

topoisomerases (132).  
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Figure 1.10 Supercoiling generated ahead of and behind of the replisome and RNA polymerase. 

This image was modified from Vos SM et al, Nature Reviews, 2011 (132). The top panel shows 

the supercoiling structures that form on either side of the replisome during DNA replication. 

Positive supercoiling is generated in front of and behind the replication machinery. Positive 

supercoiling behind the replisome must be resolved to prevent catenated DNA. The bottom panel 

shows how positive and negative supercoiling form ahead and behind of RNA polymerase during 

transcription. 
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1.5 Chromosomal DNA Supercoiling and Topoisomerases  

 
Chromosomal DNA presents many topological challenges to DNA replication. Double-

stranded DNA must be melted and separated to create an appropriate template for the replisome 

to assemble on and copy the DNA. Following this, replicative helicases are needed to unwind the 

DNA in front of replication forks, and this unwinding activity creates topological changes. The 

resulting positive supercoils and precatenated DNA structures must be resolved by 

topoisomerases in order for replication to proceed and for proper chromosome segregation during 

cell division (134, 135).   

 Bacteria use various enzymes called topoisomerases to maintain the proper topological 

status required for DNA replication (136). Topoisomerases alter DNA structures by transiently 

cleaving the phosphodiester backbone of DNA, passing DNA through the breaks formed, and re-

sealing the DNA. All DNA topoisomerases can be divided into one of the following two classes: 

type I and type II topoisomerases, based on whether they catalyze single-stranded or double-

stranded breaks, respectively (132). Topoisomerases each perform different cellular roles and 

preferentially act on different substrates. The details of how, what, and when topoisomerase I, 

gyrase, and topoisomerase IV act are described below. This is not a comprehensive review of all 

topoisomerases, but rather the topoisomerases that have been studied by us and other groups in 

the context of regulation of replication initiation in E. coli and B. subtilis.     

Topoisomerase I is a conserved type I topoisomerase which relaxes negative supercoiling 

(137). Topoisomerase I binds to single-stranded DNA near double-stranded DNA. This enzyme 

directly interacts with RNA polymerase (138) and relieves negative supercoiling generated behind 

RNA polymerase during transcription (139). This activity is critical for reducing RNA:DNA hybrids 

at regions of negative supercoiling (140). Topoisomerase I can also alleviate negative 

supercoiling generated by gyrase (how gyrase introduces negative supercoiling will be discussed 
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further below) (141). The first major indication that topoisomerase I may be important for reducing 

supercoiling in vivo was that in E. coli, topA (topoisomerase I) deletion mutants accumulate 

compensatory mutations in gyrA and gyrB, the genes that encode for DNA gyrase (142). When 

these compensatory mutations are introduced into wild-type cells, DNA gyrase activity is 

attenuated, resulting in the reduction in global supercoiling levels (143).  

 
 Bacteria have two essential type II topoisomerases – DNA gyrase and topoisomerase IV 

(144). These enzymes control DNA topology and are required for all stages of DNA replication 

(136). The way type II topoisomerases alter DNA topology is by forming double-stranded DNA 

breaks, passing duplex DNA through these breaks, and then re-sealing the breaks (144). This 

mechanism of action is illustrated in Figure 1.11. Despite their similar amino acid sequences, and 

seemingly redundant activities – DNA gyrase and topoisomerase IV play distinct roles – each 

displaying different activities in cells, with different affinities for the various DNA templates found 

in cells (144–146). Gyrase relaxes positively supercoiled DNA and actively introduces negative 

supercoils (147). These reactions are required for replication to initiate (127–131, 148) and to 

resolve excess positive supercoiling generated in front of replication forks during replication 

elongation (149, 150). Whereas topoisomerase IV can relax positive and negative supercoils 

(151). Topoisomerase IV has a preference for acting on positively supercoiled (152), and 

catenated DNA structures (134) – the latter of which is required for unlinking of daughter 

chromosomes upon termination of DNA replication (153).  
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Figure 1.11 Mechanism of action of type II topoisomerases. This image was modified from Vos 

SM et al, Nature Reviews, 2011 (132). Type II topoisomerases first bind to one duplex DNA 

segment (shown in green). Following this, they associate with a second duplex DNA segment 

(shown in purple).  ATP-binding stimulates a DNA cleavage reaction, where a double stranded 

break is made in the bound duplex DNA segment. The second DNA duplex that is associated with 

the complex can then pass through the opening made in the first DNA duplex. The broken DNA 

is religated and the DNA products are released from the complex.  
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CHAPTER 2.  

DNA gyrase activity regulates DnaA-dependent replication initiation in Bacillus subtilis 

 

Originally published as an article in Molecular Microbiology.  

Samadpour, A. N. and Merrikh, H. (2018), DNA gyrase activity regulates DnaA-dependent 

replication initiation in Bacillus subtilis. Molecular Microbiology. doi:10.1111/mmi.13920 

 

 

Summary 

 

In bacteria, initiation of DNA replication requires the DnaA protein. Regulation of DnaA 

association and activity at the origin of replication, oriC, is the predominant mechanism of 

replication initiation control. One key feature known to be generally important for replication is 

DNA topology. Although there have been some suggestions that topology may impact replication 

initiation, whether this mechanism regulates DnaA-mediated replication initiation is unclear. We 

found that the essential topoisomerase, DNA gyrase, is required for both proper binding of DnaA 

to oriC as well as control of initiation frequency in Bacillus subtilis. Furthermore, we found that the 

regulatory activity of gyrase in initiation is specific to DnaA and oriC. Cells initiating replication 

from a DnaA-independent origin, oriN, are largely resistant to gyrase inhibition by novobiocin, 

even at concentrations that compromise survival by up to four orders of magnitude in oriC cells. 

Furthermore, inhibition of gyrase does not impact initiation frequency in oriN cells. Additionally, 

deletion or overexpression of the DnaA regulator, YabA, significantly modulates sensitivity to 

gyrase inhibition, but only in oriC and not oriN cells. We propose that gyrase is a negative 

regulator of DnaA-dependent replication initiation from oriC, and that this regulatory mechanism 

is required for cell survival. 
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Figure 2.1. Model for control of DnaA-dependent replication initiation by DNA gyrase.  DNA 

gyrase controls replication initiation by inhibiting DnaA binding and activity at the origin of 

replication, oriC. Inhibition of gyrase increases replication initiation frequency and DnaA 

association with oriC, and is harmful to cell survival if replication initiates from oriC. We propose 

a model where modulation of DNA topology by gyrase regulates replication initiation at an early 

step during orisome assembly.  
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Introduction 

 

DNA replication is an essential process in all organisms. In bacteria, replication initiates 

from a single origin of replication, oriC, and proceeds bi-directionally until the replication forks 

reach the terminus, ter (154). Replication initiation from oriC depends on ordered binding of the 

replication initiation protein, DnaA, to specific 9-mer consensus sequences (8–10). 

Oligomerization and cooperative binding of DnaA leads to the melting of the origin at the DNA 

unwinding element (DUE), and subsequent replisome assembly. Regulation of replication is 

important for proper cell proliferation and generally occurs at the initiation step through modulation 

of DnaA binding and activity (44, 55, 56) 

The regulatory mechanisms for DnaA association and function with oriC in Bacillus subtilis 

and other Gram-positive bacteria are generally different than in Gram-negatives. For example, 

key regulators of initiation in B. subtilis include YabA and SirA, which are not found in 

Escherichia coli (26, 27, 30, 44). Additionally, the mechanism of DnaA regulation is different in B. 

subtilis compared with E. coli: YabA disrupts oligomerization and cooperative binding of DnaA to 

the origin and this type of regulatory mechanism has not been reported for the key E. coli initiation 

regulators such as Hda, SeqA or Dam (44). YabA has also been proposed to sequester DnaA at 

the replication forks (61).  

One critical factor in replication initiation and progression is DNA topology (56, 131, 155). 

Much of what is known regarding the role of supercoiling in bacterial replication comes from in 

vitro studies that use plasmid-based systems and proteins purified from E. coli (127–131, 148). 

These studies have established that a negatively supercoiled DNA template is required for 

replication initiation by DnaA from oriC in these reconstituted systems (127–131, 148). 

Furthermore, in vitro, supercoiling can enhance association of Helicobacter pylori and E. coli 

DnaA to certain consensus sites at oriC (49, 156), and Aquifex aeolicus ATP-DnaA 

oligomerization has been shown to induce positive DNA supercoils (157). In agreement with this, 
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transcription-induced negative supercoiling near oriC activates replication initiation in E. coli (158, 

159). However, although these studies suggest a role for topology in DnaA association and 

replisome assembly at the origin for these particular Gram-negative bacteria, whether changes in 

DNA superhelicity regulate replication timing or frequency in vivo or for Gram-positives is unclear. 

In vitro, the type II topoisomerase DNA gyrase has been utilized to obtain the necessary 

supercoiling status for replication reactions to initiate and progress (127–131, 148). Other 

processes affect DNA topology as well – including DNA replication and transcription (160). 

Without gyrase, which regulates DNA topology by introducing negative supercoils and relieving 

excess positive supercoils ahead of replication forks (147, 149), replication cannot proceed (144, 

161). Furthermore, in vitro studies suggest that negative supercoiling at the origin promotes 

replication initiation and increases DnaA binding (49, 156), although gyrase is not required for 

open complex formation or helicase loading (13). If these in vitro-based models are correct, then 

upon gyrase inhibition, the rate of replication initiation as well as DnaA binding to the origin should 

decrease in vivo. These predictions have not been thoroughly tested in living cells. Moreover, the 

few existing in vivo studies of gyrase contradict the predictions from in vitro work. For example, 

recent work from E. coli suggest that gyrase promotes ATP hydrolysis by DnaA, at the DnaA 

sequestration locus, datA, which negatively regulates initiation (53). This is in contrast to in vitro 

work, which suggests that gyrase promotes DnaA-dependent initiation. Therefore, though various 

studies have suggested that gyrase may influence replication initiation, the mechanism and 

potential role of gyrase as a regulator of DnaA binding or activity at oriC in vivo remain to be 

determined.  

We found that gyrase is an essential, negative regulator of replication initiation in vivo, in 

B. subtilis. Our data indicate that gyrase activity decreases DnaA association with oriC and inhibits 

replication initiation. The regulatory function of gyrase is specific to DnaA and oriC: replication 

initiation from an ectopic, DnaA-independent origin, oriN is unaffected by gyrase activity. 
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Furthermore, gyrase inhibition is significantly more detrimental to cell survival when replication 

initiates from oriC compared with oriN. Lastly, over-expression of the DnaA negative 

regulator YabA promotes survival of gyrase inhibition. These results suggest that the essentiality 

of gyrase stems at least partially from a regulatory activity in oriC and DnaA-dependent replication 

initiation. 

 

 

Results 

 

Inhibition of type II topoisomerases leads to over-initiation. 

To test if and how DNA topology impacts replication initiation in vivo, we measured the 

impact of novobiocin on initiation dynamics. Novobiocin is a useful tool for understanding the 

importance of DNA topology for essential processes, such as DNA replication and transcription 

(162–165). Gyrase is the primary target of novobiocin. Novobiocin competitively inhibits ATP 

binding to the GyrB subunit of DNA gyrase, thus inhibiting its enzymatic activity (165–167). The 

K(i) (inhibition constant) of novobiocin is over four orders of magnitude less than the K(m) 

(Michaelis constant)  for ATP (165). While novobiocin blocks ATP binding to the GyrB subunit of 

gyrase, there is no known structural similarity between ATP and GyrB (149).  

Following the characterization of novobiocin-mediated gyrase inhibition, topoisomerase IV 

was identified as a secondary target of novobiocin (151, 168). Gyrase subunits (GyrA and GyrB) 

share extensive sequence homology with topoisomerase IV subunits (ParC and ParE), 

respectively. As such, just as novobiocin inhibits GyrB-ATP binding, novobiocin inhibits 

topoisomerase IV by blocking the ATP binding site of ParE (151). Our understanding of these 

drug-enzyme interactions are based largely on studies performed in E. coli. However, novobiocin 
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demonstrates a high affinity for B. subtilis gyrase as well, suggesting that the preferential effect 

of novobiocin on B. subtilis gyrase is likely similar to that of E. coli (169). 

To assess the role of DNA topology on replication, we determined the marker frequency 

pattern along the genome for wild-type cells grown in the presence and absence of novobiocin 

using whole genome sequencing and quantitative PCR (Fig. 2.2 A and B). Using whole genome 

marker frequency analyses through next generation sequencing, we found that novobiocin 

increases DNA copy number near oriC two-fold, which gradually decreases to levels exhibited by 

the untreated control samples (Fig. 2.2 A and B), at around 36° and 340° along the chromosome 

(Fig. 2.2 A). Consistent with our marker frequency analysis, we also observed this reduction in 

copy-number at 45 and 315 (indicated as ‘−45’ in the figure) degrees by qPCR (Fig. 2.2 B). These 

data suggest that changes in DNA topology impact replication initiation in vivo. 
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Figure 2.2. Inhibition of type II topoisomerase activity by novobiocin increases oriC-

dependent replication initiation. A) Marker frequency analysis as measured by deep sequencing 

for oriC cells with no treatment and cells treated with 0.75 μg/mL novobiocin for 40 minutes. The x-

axis indicates chromosomal location, and the y-axis represents the abundance of reads relative to the 

total number of reads in the sequencing library. B) Marker frequency as measured by quantitative 
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PCR at 0, 45, 135, 225, and 315 degrees along the chromosome for exponential phase oriC cultures 

with no treatment and 0.75 μg/mL novobiocin treatment for 40 minutes. Data shown are averages for 

at least 9 biological replicates examined on 3 different days. C) oriN ∆oriC-S mutants initiate replication 

at oriN and have a deletion in the region between dnaA and dnaN, which includes the DNA unwinding 

element (DUE) and DnaA binding sites. D) Origin-to-terminus ratios of exponential-phase oriC cells 

increase upon novobiocin and MMC treatment. No effect was observed for oriN ∆oriC-S cells treated 

with novobiocin. Origin-to-terminus ratios for oriN ∆oriC-S cells increase with MMC treatment. Origin-

to-terminus ratios of exponential-phase cells grown were grown with no treatment, with 0.50, and 0.75 

μg/mL novobiocin, and with 1 μg/mL MMC. Data shown are averages from 6-12 biological replicates. 

Error bars represent standard error of the mean. Statistical significance was calculated using t-test 

(** p < 0.01). E) Marker frequency as measured by quantitative PCR at 0, 45, 135, 225, and 315 

degrees along the chromosome for exponential phase oriN ∆oriC-S cells with no treatment and 0.75 

μg/mL novobiocin treatment. Data shown are averages for at least 9 biological replicates. F) For oriC 

cells, but not oriN ∆oriC-S mutants, treatment with novobiocin increases DNA amplified from the origin, 

but does not change the amount of DNA amplified from the terminus. Presented here is the ratio of 

total DNA amplified from the origin and terminus for cultures treated with 0.50 and 0.75 μg/mL 

novobiocin divided by the amount of DNA amplified from the same regions for cultures without 

treatment. Absolute levels of DNA used are derived from Cq values from qPCR (raw data). Ratios of 

DNA amplified for oriC cells and oriN ∆oriC-S mutants are plotted. Data shown are averages from 6-

9 biological replicates. 

 

Over-initiation of novobiocin treated cells is specific to oriC. 

 
To determine if the impact of novobiocin on replication initiation is specific to cells that 

undergo DnaA-dependent initiation at oriC, we measured the effect of novobiocin on origin-to-

terminus ratios for oriC cells and oriN ΔoriC-S cells that undergo DnaA-independent and 
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unregulated replication initiation from a heterologous origin, oriN (170). oriN is the origin of 

replication used by pLS32, a plasmid present in Bacillus natto (a.k.a., hay or grass Bacillus) (171, 

172). Initiation from oriN depends on the initiator protein RepN, which is also expressed in the 

strains we used in our experiments (Fig. 2.2 C). Both oriN and repN are integrated at spoIIIJ on 

the chromosome (170). Importantly, the oriN strain lacks the DUE region found at oriC and thus 

its replication initiation depends on oriN and RepN activity (171, 173) (Fig. 2.2 C). 

We measured the ratio of origins to termini upon exposure of cells to increasing 

concentrations of novobiocin by amplification of oriC and ter using qPCR. Increased replication 

initiation generally leads to an increased ratio of origin to terminus DNA. For oriC cells, we found 

that novobiocin treatment increases origin-to-terminus ratios in a dose-dependent manner 

(Fig. 2.2 D) indicating that cells are over-initiating. In contrast, we did not observe any change in 

origin-to-terminus ratios in the presence of novobiocin for the oriN cells (Fig. 2.2 D). 

The oriC novobiocin phenotype remained the same under slow growth conditions, when cultures 

were grown in minimal glucose media (Fig. 2.3). Analysis of DNA copy number at several different 

locations along the genome of the oriN cells showed results consistent with this observation: 

novobiocin did not increase the DNA copy number at any of the loci analyzed around the 

chromosome (Fig. 2.2 E). 
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Figure 2.3. Inhibition of gyrase activity increases oriC-dependent replication initiation 

under slow growth conditions. Origin-to-terminus ratios for oriC cells grown in minimal glucose 

media with and without 0.75 μg/mL novobiocin are plotted. Data shown are averages from 3 

biological replicates. Error bars represent standard error of the mean. Statistical significance was 

calculated using t-test (**p<0.01).  

 

The changes in origin-to-terminus ratios we observed were due to changes in the copy 

number at oriC and not ter: (a) the genome-wide marker frequency analysis showed a specific 

increase in the copy number of origin-proximal DNA (rather than the terminus), and (b) the ratio 

of total oriC DNA, but not ter DNA, from the novobiocin treated cells compared with untreated 

cells was over 1 (Fig. 2.2 F). Furthermore, the increased ratio of origin-proximal DNA was only 
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detected in oriC and not oriN cells (Fig. 2.2 F). Together, these results indicate that 

topoisomerase inhibition by novobiocin impacts replication initiation specifically from oriC. 

 

The effect of novobiocin on replication initiation is not due to a general block in replication 

elongation. 

The consensus in the field is that topoisomerase inhibition primarily effects replication 

elongation. However, the oriC specificity of the phenotypes we observed following novobiocin 

treatment suggests that either gyrase or Topo IV is primarily impacting replication initiation. If 

inhibition of topoisomerases was primarily affecting replication elongation, then oriN cells would 

also display similar phenotypes to those observed in oriC cells given that the elongation 

complexes (and the chromosome) are the same in both strains. It is formally possible that 

topoisomerase inhibition does lead to changes in replication elongation and that these changes 

indirectly modulate initiation from oriC. In this scenario, either gyrase or Topo IV would not be 

primarily acting at the origin, and, other elongation inhibitors would also have an oriC-specific 

effect (there would be over-initiation from oriC but not oriN upon elongation block through any 

inhibitor of replication). 

To further clarify whether the oriC-specific effects of topoisomerase inhibition is due to a 

replication elongation block, we measured origin-to-terminus ratios for oriC and oriN cells in the 

presence and absence of the replication elongation inhibitor, Mitomycin C (MMC) (Fig. 2.2 D). We 

found that cells treated with MMC over-initiate, but this over-initiation phenotype is not specific 

to oriC (Fig. 2.2 D). In both oriC and oriN cells, origin-to-terminus ratios increased upon treatment 

with 1 μg ml−1 MMC: a concentration at which replication is inhibited (39). Although this effect was 

more pronounced for oriC cells, the increase in oriN cells was statistically significant 

(P value < 0.01). Together, these results are consistent with our observations that replication 
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elongation is largely unaltered in oriN cells upon topoisomerase inhibition. The results of 

the oriN and MMC experiments together strongly suggest that arrest of replication elongation is 

unlikely to be responsible for the over-initiation phenotypes we see in oriC cells upon inhibition of 

topoisomerases through novobiocin treatment. 

 

 

Figure 2.4. Inhibition of gyrase activity does not induce a RecA-dependent DNA damage 

response. A) Representative DAPI and RecA-GFP microscopy images from oriC cells grown with 

and without novobiocin. B) Quantification of the % of cells with RecA-GFP foci for oriC cells grown 

with and without novobiocin. At least 2,000 cells from 3 biological replicates were counted per 

condition. Error bars represent standard error of the mean.  

 

Additional experiments were performed to test if novobiocin-induced over-initiation could 

be leading to replication fork collapse. Microscopy using oriC+ recA-gfp cells grown in LB and in 

LB supplemented with novobiocin yielded no obvious cell morphology defects (i.e., filamentous 
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cells) (Fig. 2.4). The total number of RecA-GFP foci and the total number of cells (DAPI stained 

nucleoids) were quantified for these two conditions in order to calculate the percentage of cells 

with RecA foci. We observed no difference in the percentage of cells with RecA-GFP foci, which 

was roughly 10% under both conditions (Fig. 2.4). Together, these results provide evidence 

against novobiocin inducing a DNA damage response, which would be expected under conditions 

of replication fork collisions or collapse. 

 

The over-initiation phenotype of novobiocin treated cells is specifically due to gyrase inhibition. 

Novobiocin inhibits both Topo IV and gyrase, therefore it was unclear if the effects we 

observed were due to the activity of one or the other (or both) enzymes at the origin. To identify 

which topoisomerase was responsible for the observed effects of novobiocin inhibition, we plated 

wild-type B. subtilis cells on 4 μg ml−1 novobiocin, and isolated a novobiocin resistant mutant of 

gyrase that contained a single mutation in the gyrB gene, converting Arginine at the 138 position 

to Leucine. The R138L mutant carries an amino acid change in the ATP-binding domain of gyrase. 

This mutation is in the same domain and the amino acid change is analogous to previously 

identified novobiocin resistant gyrase mutants in other bacteria (168, 174). Mutations that lead to 

novobiocin resistance can sometimes arise in the parE gene, which codes for one of the two 

subunits of Topo IV (151, 168). We confirmed that there was no mutation in the parE gene in 

the gyrB (R138L) mutant by sequencing. 

We quantified the survival of wild-type and gyrB mutants with increasing concentrations 

of novobiocin. As expected, the novobiocin resistant mutant can grow on novobiocin, at 

concentrations which are lethal for wild-type cells. The gyrB mutant grew normally on LB 

supplemented with 0.45, 0.55, 0.65, 0.75 and 0.85 μg ml−1 novobiocin, whereas the wild-type 

strain displayed 1–3-logs (or more) of killing when grown on these concentrations (Fig. 2.5 A). 
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Figure 2.5. The over-initiation phenotype of oriC+ cells after topoisomerase inhibition is due 

to effects on gyrase.  A) Plating efficiency of wild-type cells and gyrB (R138L) mutants on increasing 

concentrations of novobiocin. Colony forming units per mL of exponentially growing cultures (OD600 

= 0.3) plated on LB or LB supplemented with 0.45, 0.55, 0.65, 0.75, and 0.85 μg/mL novobiocin. Data 

shown are averages from 12-24 biological replicates. Error bars represent standard error of the mean. 

B) Origin-to-terminus ratios of exponential-phase wild-type cells increases upon treatment with 0.75 

μg/mL novobiocin. No effect was observed for gyrB (R138L) mutants. Data shown are averages from 

6 biological replicates. Error bars represent standard error of the mean. 

 

We then measured origin-to-terminus ratios for wild-type and gyrB mutant cells, in the 

presence and absence of novobiocin (Fig. 2.5 B). As before, wild-type cells displayed a two-fold 

increase in origin-to-terminus ratios; however, the gyrase mutant did not show an increase in 

origin-to-terminus ratios (Fig. 2.5 B). This indicates that the impact of novobiocin on initiation 

frequency is through inhibition of gyrase, and is unlikely to be related to inhibition of Topo IV. 
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Gyrase inhibits DnaA association with oriC 

 
The effect of gyrase inhibition on replication initiation, but not elongation, led us to 

investigate its impact on DnaA association at oriC. oriN cells do not use DnaA to initiate 

replication, therefore, one explanation for how gyrase might modulate initiation in an oriC-specific 

manner is through modulation of DnaA binding or activity. To test this, we performed Chromatin 

Immunoprecipitations (ChIPs) of DnaA for oriC, oriN and gyrB (R138L) mutant cells. We 

measured DnaA association at two different loci within oriC: upstream of dnaA, (PdnaA), and at 

the DUE using anti-DnaA rabbit polyclonal antiserum. We normalized the signal for the various 

loci in oriC to a previously established control locus (26, 60, 63), yhaX, with and without 

novobiocin treatment (Fig. 2.6). 

 

 

 



 49 

 

Figure 2.6. Inhibition of gyrase activity increases DnaA association at oriC. DnaA enrichment 

was measured at the DUE and PdnaA by ChIP-qPCR (relative to a locus outside of the origin, yhaX). 

DnaA ChIPs were performed from WT, oriN ΔoriC-S, and gyrB (R138L) cells, grown in the 

presence or absence of 0.75 μg/mL novobiocin. Data shown are averages from at least 6 biological 

replicates. Error bars represent standard error of the mean.  
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In oriC cells, DnaA enrichment at PdnaA and DUE increased roughly two-fold upon 

treatment with novobiocin (Fig. 2.6). Interestingly, although the overall levels of DnaA found 

at oriC were higher in the oriN strain, novobiocin treatment did not lead to any further increase in 

DnaA enrichment at PdnaA in the oriN background (Fig. 2.6). DnaA association with the DUE 

region could not be measured, as the DUE is deleted in this strain background. DnaA ChIPs were 

also performed in the novobiocin resistant gyrB mutant. Novobiocin treatment did not change 

DnaA binding patterns at the two loci tested in this strain (Fig. 2.6). These results suggest that 

gyrase activity modulates DnaA association with oriC, which is consistent with the over-initiation 

phenotypes observed in oriC cells. 

 

 
 

Figure 2.7. Inhibition of gyrase activity does not change expression levels of known DnaA 

regulators: YabA, SirA, Spo0A or DnaA. RNA levels for yabA, sirA, spo0A, and dnaA 

(normalized to dnaK) for oriC+ cells. Data shown are averages from 6 biological replicates. 

Statistical significance was calculated using t-test (NS P>0.05).  
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Given the impact of gyrase inhibition on initiation frequency and DnaA association at oriC, 

we wanted to test if inhibition of gyrase activity indirectly impacted DnaA through its known 

regulators. For this, we measured expression levels of several known DnaA regulators with and 

without novobiocin. RNA levels were quantified for yabA, sirA, spo0A and dnaA, and normalized 

to dnaK for oriC+ cells grown in the presence and absence of novobiocin (Fig. 2.7). We did not 

detect any changes in expression profiles for these DnaA regulators after novobiocin treatment 

(Fig. 2.7). 

 

Initiation from oriN decreases sensitivity to gyrase inhibition. 

 
Genome-wide marker frequency, origin-to-terminus ratios, and DnaA ChIP analyses all 

showed that gyrase inhibition alters DnaA-dependent initiation from oriC, but not RepN-

dependent initiation from oriN. Given the importance of well-timed replication initiation and gyrase 

activity for DNA replication, we were curious if oriC cells are more susceptible to gyrase inhibition 

than cells initiating replication from oriN. To test this, we measured the survival efficiency 

of oriC and oriN cells upon exposure to novobiocin. Interestingly, we found that strains initiating 

from oriN are significantly less sensitive to gyrase inhibition, showing minimal survival defects 

when plated on concentrations of novobiocin that reduce survival of wild-type cells by up to 3-logs 

(Fig. 2.8 A). In order to ensure that secondary mutations are not responsible for the increase in 

novobiocin survival observed among the oriN strains, we sequenced the gyrB and parE genes, 

where mutations that lead to resistance usually arise in response to novobiocin treatment. No 

mutations were found in these genes in the oriN strains. 
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Figure 2.8. The survival defect observed upon topoisomerase inhibition is oriC-dependent. 

Plating efficiencies of oriC and oriN cells on increasing concentrations of novobiocin and MMC 

are presented. A) Colony forming units per mL on LB and LB supplemented with 0.45, 0.55, 0.65, 

0.75 and 0.85 μg ml−1 novobiocin were quantified. Data shown are averages from at least 10 

biological replicates. Error bars represent standard error of the mean. B) Colony forming units per 

mL on LB and LB supplemented with 20 and 30 ng ml−1 of mitomycin C (MMC) were quantified. 

Data shown are averages from four biological replicates. Error bars represent standard error of 

the mean. 

We confirmed that the decrease in colony forming units on LB supplemented with 

novobiocin is due to cell death, rather than growth inhibition. To do this, wild-type exponential 

phase cells were plated on novobiocin. After 24–48 hours of incubation at 30°C, colony forming 

units were quantified and replica plating was performed to transfer cells to LB plates, which were 

incubated overnight. Colonies did form in the same places as observed on the antibiotic plates, 

however, there was no increase in colony forming units on LB plates compared with LB 

supplemented with novobiocin (data not shown). 

To determine if the resistance of oriN cells to novobiocin is related to replication elongation, 

we performed plating efficiency experiments on MMC. We found that, as expected, oriC cells are 
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sensitive to MMC treatment (Fig. 2.8 B). Importantly, however, unlike what we observed with 

novobiocin, oriN cells did not show any resistance beyond that of oriC cells to MMC. In 

fact, oriN cells were 1–2 logs more sensitive to various concentrations of MMC, as compared 

with oriC cells (Fig. 2.8 B). In the context of our novobiocin experiments, these data again confirm 

that the oriC-specific growth defects observed upon gyrase inhibition are unlikely to be related to 

a block in replication elongation. 

 

YabA–DnaA interactions at oriC can counteract gyrase inhibition. 

 
YabA is a negative regulator of DnaA that lowers rates of replication initiation through 

disrupting oligomerization and cooperative binding of DnaA to oriC (31, 60) and tethering DnaA 

to the replisome (61). Deletion of yabA leads to over-initiation of replication, whereas over-

expression of yabA inhibits this process (175). If gyrase has an essential role in regulating DnaA-

dependent initiation dynamics, then known regulators of DnaA may be important for modulating 

the impact of gyrase inhibition on replication initiation and survival. To test this model, 

using yabA deletion and over-expression mutants, we investigated the impact of YabA on 

modulating novobiocin susceptibility. In addition, we wanted to determine whether, specifically, 

the interaction of YabA with DnaA is important for novobiocin susceptibility. For this, we 

constructed a strain that harbors a mutant of YabA (yabA-aim) containing a previously 

characterized single point mutation that disrupts interactions between YabA and DnaA (yabA-

N85D) (176). The mutant allele of yabA was placed under an IPTG-inducible promoter, in 

a yabA deletion background. Both yabA-aim expression and yabA over-expression were 

confirmed by measuring RNA levels (Fig. 2.9 A). 
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Figure 2.9. Regulation of initiation by YabA increases the ability of cells to survive DNA gyrase 

inhibition. A) RNA levels for yabA (normalized to dnaK) for wild-type cells, yabA over-expression 

(Pspank (hy) - yabA) with inducer (1 mM IPTG), and Pspank (hy) – yabA-aim with inducer (1 mM IPTG). Data 

shown are averages from 3 biological replicates. B) Colony forming units per mL of exponentially 

growing wild-type cells, ∆yabA, yabA-aim (YabA-DnaA interaction mutant), yabA over-expression 

mutant, oriN ∆oriC-S, and oriN ∆oriC-S ∆yabA (OD600 = 0.3) plated on LB and LB supplemented 

with 0.55 μg/mL novobiocin. Data shown are averages from at least 6 biological replicates. Statistical 

significance was calculated using t-test (* p < 0.05, ** p < 0.01). 

We found that in the absence of YabA, cells are significantly more sensitive to novobiocin. 

Survival of yabA deletion mutants was 2–3 logs lower than wild-type (Fig. 2.9 B). Conversely, 

YabA over-expression increased survival efficiency on novobiocin by 1–2 logs (Fig. 2.9 B). These 

data are consistent with the findings presented above, and suggest that sensitivity to gyrase 

inhibition is strongly influenced by changes in regulation of DnaA association and activity at oriC. 

We found that initiation mutants with deletions in yabA are highly sensitive to novobiocin 

(Fig. 2.9 B). To further confirm that this is due to the activity of these proteins at oriC, we 

constructed yabA deletions in the oriN background and quantified survival of these mutants on 

novobiocin. In contrast to cells initiating replication from oriC, we did not observe any increase in 

novobiocin sensitivity in yabA deletion mutants initiating replication from oriN (Fig. 2.9 B). The 
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plating efficiency for these mutants remained high, with no detectable decrease in survival, as is 

seen with cells that initiate replication from oriN (Fig. 2.9 B). 

Experiments using the yabA-aim mutants, where YabA–DnaA interactions are disrupted, 

provided results consistent with the overall hypothesis we have developed based on the data 

presented above. We grew yabA-aim mutants on increasing concentrations of novobiocin with 1 

mM IPTG (to induce expression of yabA-aim) and found that loss of YabA–DnaA interactions 

(yabA-aim) increases novobiocin sensitivity by up to 3 logs (Fig. 2.9 B). This suggests that it is 

specifically the interaction of YabA with DnaA that is important for modulation of novobiocin 

survival and not indirect effects found in strains lacking YabA. 

 

Discussion 

In vitro work has demonstrated the importance of gyrase and negative supercoiling for 

melting of the DUE (130, 177). Both our work and previous in vitro studies are in agreement that 

gyrase activity is important for replication initiation. However, our findings strongly suggest that 

gyrase is important for replication initiation at an earlier step than DUE melting in vivo. Our results 

point to a model where gyrase negatively regulates DnaA association with oriC, and decreases 

replication initiation frequency in B. subtilis. 

A previous study reported that novobiocin treatment actually decreases initiation in B. 

subtilis (178). Ogasawara and colleagues reported that only a limited region near the origin of 

replication is replicated in the presence of novobiocin (178). This result is not surprising as 

replication and transcription can both be completely inhibited at high concentrations of novobiocin 

(162, 163). However, based on the marker frequency patterns presented, had Ogasawara et al. 

measured origin-to-terminus ratios, they would have likely seen an increase in initiation frequency 

similar to what we found. Nevertheless, at lower concentrations of novobiocin such as those used 

in our study, the impact of gyrase on initiation is clearly detectable. 
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There are various ways in which gyrase might regulate DnaA-dependent replication 

initiation. One possibility is that inhibition of gyrase indirectly affects DnaA binding to the origin 

through changes in DNA topology at the DnaA consensus binding sites, which are adjacent to the 

transcriptionally active dnaA gene. The origin of replication must be negatively supercoiled for 

initiation to proceed. However, given that gyrase introduces negative supercoils into DNA, our 

data suggest that negative supercoiling beyond what is necessary for DUE melting is actually 

inhibitory to DnaA association and/or function at oriC. Another possible model for how topology 

might impact initiation dynamics is through indirect effects of superhelical torsion on replication 

elongation, which could be communicated to the origin specifically through DnaA regulation. The 

Grossman group previously reported that in elongation-arrested B. subtilis cells, DnaA 

association at the origin of replication and copy number of origin-proximal genes increases (39). 

This is consistent with our findings using MMC. However, in the context of gyrase inhibition, we 

find that elongation block alone cannot explain the observed effects on DnaA and oriC firing. Cells 

initiating replication from oriN continue replication elongation unaltered upon gyrase inhibition. 

Furthermore, unlike with novobiocin inhibition of gyrase, the effects of blocking replication 

elongation through MMC is not specific to oriC. These results argue against the model that gyrase 

inhibition targets DnaA-dependent initiation through arrest of replication elongation. 

Given the global role of gyrase on chromosome topology, we cannot rule out the possibility 

that supercoiling effects on DnaA are indirect. However, we did not detect changes in mRNA 

levels of several regulators of DnaA, including: YabA, SirA, Spo0A and DnaA upon gyrase 

inhibition. These results argue against an indirect effect, but do not rule it out. It is possible that 

the impact of gyrase inhibition on replication initiation is independent of both origin topology and 

DNA replication. For example, recent work by Magnan et al. showed that chromosome tethering 

at sites as far as 1 Megabase away from the origin of replication can alter global DNA topology 

and inhibit replication initiation (179). Furthermore, inhibition of gyrase may affect replication 

initiation indirectly. Further experimentation is required to dissect these models. 
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Interestingly, it appears that dis-regulation of replication initiation can be lethal for cells if 

the topological status of the chromosome is compromised. Our studies suggest that over-initiation 

becomes lethal if positive supercoiling is not resolved around the chromosome. In the case of 

other regulators such as YabA, over-initiation is not lethal, perhaps because gyrase is able to 

resolve topological problems that arise away from the origin, in front of converging replication 

forks. 

We propose a model where the topological status of the origin is used as a regulatory 

mechanism for DnaA binding at an early step prior to the melting of the origin. This model can 

explain previous observations from studies in E. coli, where changes in DNA supercoiling 

or transcriptional activity at promoters near oriC were shown to impact replication initiation 

dynamics (158, 159, 180). Transcriptional activation of gidA, which is adjacent to oriC in E. coli, 

can alter topology at the origin by introducing negative supercoiling within the region (158, 159). 

Furthermore, decreased supercoiling was shown to lead to asynchronous replication initiation 

(181, 182). Additionally, initiation phenotypes observed in the temperature sensitive alleles 

of dnaA could be suppressed by mutations in topA (Topoisomerase I) (183). All of these 

observations point to a possible regulatory role for topology in DnaA binding and activity during 

replication initiation. However, to our knowledge, a role for gyrase in DnaA association and 

initiation from oriC has not been demonstrated in vivo prior to our study. This role may or may not 

be direct, and the mechanism of DnaA regulation by gyrase should be further investigated.  

Additionally, this work establishes a role for topology in DnaA activity at the origin in B. 

subtilis. Since DnaA, gyrase and topological constraints are ubiquitously found across bacterial 

species, we anticipate that regulation of DnaA association or activity by gyrase at oriC is not 

specific to B. subtilis. Topology-mediated DnaA binding may, therefore, be one of the few 

common mechanisms that regulate replication initiation across both Gram-negative and Gram-

positive organisms. 
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CHAPTER 3. Investigation of the error-prone polymerases acting at TC-NER sites 
 

Introduction 

 
Faithful replication of bacterial chromosomes is essential for life. There are many 

obstacles to DNA replication, including DNA lesions, which cells must resolve to survive and 

ensure transfer of genetic material to progeny cells. Bacteria have conserved, redundant 

mechanisms for repairing DNA damage. While the fidelity of DNA replication and repair is 

important for maintaining the integrity of essential processes, the ability of cells to adapt to 

changing conditions depends on controlled introduction of mutations. As such, cells have highly 

targeted and regulated mechanisms for introducing mutations during DNA replication. These 

include the selective use of error-prone translesion synthesis (TLS) polymerases, which facilitate 

replication past bulky lesions (184). While DNA repair pathways generally reduce genomic 

instability, recent work has highlighted the role of transcription-coupled nucleotide excision repair 

(TC-NER), the repair process which removes template strand lesions that block RNA polymerase 

(RNAP), in promoting mutagenesis (110–112).  

Mutagenesis is essential to the survival and adaptation of bacterial populations to a variety 

of environmental conditions. Therefore, identifying the mechanisms by which bacteria acquire 

mutations is important.  While there have been extensive studies investigating which proteins are 

involved in TC-NER and what their specific roles in this pathway are (185), we still do not 

understand how TC-NER is mutagenic and which polymerase(s) drive this mutagenesis. Previous 

studies from other groups have implicated Pol I, the DNA polymerase responsible for replacing 

RNA primers at Okazaki fragments, in prokaryotic nucleotide excision repair (116, 117). These 

studies were based on in vitro experiments measuring repair-synthesis and excision activity in 

the presence of different combinations of purified proteins and polymerases (116, 117). Other 

polymerases, like the main replicative polymerase DNA Pol III, were also tested and their 

involvement was ruled out. However, these studies were done prior to the discovery of TLS 
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polymerases. We have preliminary data indicating that the two TLS polymerases in Bacillus 

subtilis, YqjH and YqjW, may act in this repair pathway. Due to the predicted role of Pol I in TC-

NER, the known interactions between Pol I and TLS polymerases, and the requirement of Pol I 

for TLS polymerase mediated mutagenesis (126), it is plausible that error-prone polymerases are 

recruited to TC-NER sites to fill in gaps through Pol I. Based on this, I hypothesized that TLS 

polymerases work together with DNA polymerase I to increase mutations at TC-NER sites through 

gap filling. To better understand which polymerases are introducing mutations at TC-NER sites – 

and whether specific polymerases are working together or independently of each other – I used 

a genetic approach, measuring mutation rates for TC-NER and polymerase mutants.  

 
 

Results 
 
 

TC-NER promotes mutagenesis in B. subtilis 
 
Mechanisms by which bacteria evolve are required for survival and fitness in the face of 

changing environments. TC-NER is a highly conserved DNA repair pathway that contributes to 

bacterial evolution through increasing point mutations at transcribed genes (109). This can have 

implications for bacterial adaptation and antibiotic resistance development. Our lab has shown 

that TC-NER promotes antibiotic resistance development against multiple classes of antibiotics 

in Bacillus subtilis, Salmonella enterica, Pseudomonas aeruginosa and Mycobacterium 

tuberculosis (Ragheb et al., unpublished). Additionally, deletions in TC-NER genes reduce 

spontaneous mutagenesis, as measured by mutations in the highly transcribed gene rpoB that 

confer resistance to rifampicin. Deletion of nucleotide excision repair proteins that recognize and 

process DNA lesions – UvrA, UvrB, and UvrC – result in 2-3-fold lower mutation rates, as 

compared to WT cells (Fig. 3.1). To determine if UvrABC increase mutations through 

transcription-coupled repair, I tested mutation rates in mfd deletion mutants in combination with 

deletions of various uvrABC genes. Mutation rates for the double deletion mutants are epistatic 
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with the single mfd mutant (Fig. 3.1). This is consistent with previous reports that mutation 

frequency is lower in TC-NER mutants (109–112). All together, these findings led us to ask why 

this repair pathway is mutagenic.  

 

 

Figure 3.1. TC-NER promotes spontaneous mutagenesis in Bacillus subtilis. Mutation rates 

represent mutations that confer rifampicin resistance. N= 55-114 biological replicates. Error-bars 

represent 95% confidence intervals.   
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TLS polymerases may act in the same pathway as TC-NER to promote mutagenesis 
 
 
Our lab has previously shown that TC-NER is required for transcription-dependent 

mutagenesis in B. subtilis (109). Through epistasis analysis, we found that the TLS-polymerase, 

YqjH, may act in this TC-NER pathway (109). The contribution of these factors to transcription-

dependent mutagenesis was observed by measuring reversion rates in three reporter strains, 

each containing an inactive biosynthesis gene with a premature stop codon or missense codon 

(hisC952, metB5, and leuC27), under conditions where these genes are transcribed at low or high 

levels (109). To test if these mechanisms increase mutagenesis at highly transcribed, 

endogenous genes, and facilitate antibiotic resistance development, I measured the contribution 

of TC-NER and TLS polymerases to rifampicin resistance development. In support of our previous 

results, I found that mutations at the highly transcribed gene, rpoB, are TC-NER and TLS 

polymerase-dependent (Fig. 3.2).  

 
 
Figure 3.2. TLS polymerases increase spontaneous mutagenesis. Epistasis analysis 

indicates that TLS polymerases may act in the same pathway as TC-NER. Mutation rates 

represent mutations that confer rifampicin resistance. N= 55-114 biological replicates. Error-bars 

represent 95% confidence intervals.   
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In the established model of TC-NER, Pol I is involved in repair-synthesis (116, 117). 

However, due to the high fidelity of Pol I (186), this model may be incomplete. Specifically, it fails 

to address why we observe an increase in mutations associated with TC-NER. It is plausible that 

Pol I and TLS polymerases would act together, as Pol I physically interacts with TLS polymerases, 

and is required for TLS polymerase-mediated mutagenesis in B. subtilis (126).  

There are several models that might explain why this repair pathway is mutagenic. 1) Pol 

I facilitates TLS polymerase-mediated gap filling at TC-NER sites. 2) Both Pol I and TLS 

polymerases perform gap filling at TC-NER sites. 3) Pol I and TLS polymerases perform repair 

synthesis independently of each other, with the activity of specific polymerases changing 

depending on protein levels, and variations in stoichiometry. These models are illustrated in 

Figure 3.3. While TC-NER has been well studied, it is still unclear why this pathway is error-prone.  

 

 



 63 

 

Figure 3.3. Models for TC-NER gap filling by Pol I and/or TLS polymerases. 1) Pol I recruits 

TLS polymerases to fill in gaps TC-NER sites. 2) Pol I and TLS polymerases work together to 

perform gap filling at TC-NER sites. 3) Pol I and TLS polymerases can each perform repair 

synthesis, and work independently of each other. 
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Pol I may act in the same pathway as TC-NER to promote mutagenesis 
 

In Bacillus subtilis, DNA polymerase I acts in error-prone translesion synthesis mediated by 

Y-family polymerases (126). To investigate the role of Pol I in gap filling at TC-NER sites, I 

measured the contribution of Pol I to TC-NER mediated rifampicin resistance development. In 

agreement with previous in vitro work, I found that mutations at the highly transcribed gene, rpoB, 

are Pol I and TC-NER dependent (Figure 3.4). Additionally, as predicted, epistasis analysis 

indicates that Pol I may act in the TC-NER pathway.    

 
 

 
 
Figure 3.4. Pol I and Mfd are epistatic. Epistasis analysis indicates that Pol I may act in the 

same pathway as TC-NER. Mutation rates represent mutations that confer rifampicin resistance. 

N= 60-130 biological replicates. Error-bars represent 95% confidence intervals.   
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Pol I and TLS polymerases may act in together to promote mutagenesis through TC-NER 

 
Whether Pol I and TLS polymerases act together or independently to fill in gaps at TC-NER 

sites is not clear. However, we know that B. subtilis Y-family polymerases YqjH and YqjW interact 

physically with Pol I (126), and that interactions between Pol I, YqjH and DnaN have also been 

observed by three-hybrid analysis (126). Interestingly, Pol I is required for YqjH-dependent 

spontaneous mutagenesis and for UV-induced YqjW-dependent mutagenesis (126). Given the 

role Pol I plays in Y-family polymerase-mediated mutagenesis, and the known protein-protein 

interactions, it is plausible that there may be a mechanism for polymerase switching at TC-NER 

sites.  

Epistasis analysis was used to determine if Pol I and TLS polymerases are working 

together or separately to perform gap filling at TC-NER sites. I measured the contribution of Pol 

I to TC-NER mediated rifampicin resistance development. In agreement with previous in vivo 

work in B. subtilis, using epistasis analysis, I found that mutations at the highly transcribed 

gene, rpoB, are through Pol I and the TLS polymerases (YqjH and YqjW) working together 

(Figure 3.5).  
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Figure 3.5. Pol I and TLS polymerases are epistatic. Epistasis analysis indicates that Pol I 

may act together with TLS polymerases, YqjH and YqjW. Mutation rates represent mutations 

that confer rifampicin resistance. N=20-130 biological replicates. Error-bars represent 95% 

confidence intervals.   

 
 
 
 
 

Discussion  
 
 

Together, my results indicate that Pol I may facilitate error-prone gap filling at TC-NER 

sites, and act in the same pathway as TLS polymerases. These results helped to narrow down 

the models we had for gap filling during TC-NER. Our current models for gap-filling are illustrated 

in Figure 3.6. We now have in vivo evidence suggesting that Pol I and TLS polymerases are 

working together in this mutagenic repair pathway. My in vivo work showing that Pol I is epistatic 

with TC-NER is in agreement with previous, in vitro studies (116, 117). Additionally, my results 

showing that these polymerases may be working together are consistent with previous findings in 

B. subtilis (126).   
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Figure 3.6. Models for cooperative TC-NER gap-filling by Pol I and TLS polymerases. 1) 

Pol I recruits TLS polymerases to fill in gaps TC-NER sites. 2) Pol I and TLS polymerases work 

together to perform gap filling at TC-NER sites.  

 

  

Further in vivo and in vitro work must be done to determine if and how Pol I and TLS 

polymerases are acting to perform gap filling at TC-NER sites. These models and various 

approaches to testing them are outlined below in the “Future Directions” section.  
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CHAPTER 4. Future Directions 
 

4.1 Role of DNA topology in regulating replication initiation 

 
How is gyrase inhibiting DnaA binding to oriC? 

 
Through my work, we have learned that gyrase activity inhibits DnaA binding to the origin 

of replication in vivo (187). However, how gyrase inhibits DnaA association at oriC is not yet 

understood. There are various models for how gyrase-mediated DnaA inhibition may work – 

several of these are discussed below.  

 
1) Gyrase introduces negative supercoiling at oriC  

It is possible that gyrase-dependent remodeling of oriC is required for proper DnaA 

oligomerization and replication initiation timing. However, testing for this variable in a controlled 

manner would be challenging. Creating an experimental condition where gyrase can only act at 

oriC and not genome-wide where it also acts does not seem possible with the tools we have now. 

Furthermore, this would likely lead to replication arrest which would further confuse our 

interpretation of the results. Instead, we can test if gyrase activity promotes negative supercoiling 

at the origin of replication in vivo by using conditions with and without novobiocin, isolating the 

oriC region, and determining its supercoiling status under the two conditions. A method for 

excising “chromatin circles” which include a region of interest (in our case oriC) from the 

chromosome and determining its supercoiling status has been described (188). If this model is 

correct, in the absence of novobiocin, when gyrase can act, we would expect to see more negative 

supercoiling at oriC. Additionally, with novobiocin treatment (when gyrase is inhibited), we would 

expect negative supercoiling to be reduced at this region. If gyrase is introducing negative 

supercoiling at this region in vivo, it would not prove that this change in supercoiling is necessarily 

important for regulation, however it would provide further support for a model in which gyrase 

activity regulates DnaA binding at oriC through modulating the topology of that region.   
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2) Gyrase introduces negative supercoiling globally, along the chromosome. 

As described above, it is difficult to tease apart the roles of gyrase at a specific site versus 

genome-wide. And furthermore, showing causation is difficult. However, if through the above 

experiment it appears that gyrase is not important for maintaining the supercoiling status of oriC, 

its role in relaxing positive supercoiling and introducing negative supercoiling along the 

chromosome may be a more important factor for controlling initiation timing. As replication forks 

proceed, changes in DNA topology and topoisomerase activity along the chromosome may be 

important for communicating the status of replication progression to the origin of replication. 

Furthermore, gyrase activity genome-wide may regulate DnaA activity at oriC.  

 

3) Gyrase association with oriC prevents cooperative DnaA oligomerization. 

Another, not mutually exclusive, mechanism for gyrase-mediated inhibition of DnaA 

oligomerization could be through formation of a physical barrier. Gyrase association with DnaA-

boxes and surrounding sites could prevent DnaA oligomerization at oriC. It is not clear whether 

gyrase binds to and modifies the topology of the origin of replication. However, based on its 

function in DNA remodeling in cells, and in vivo work showing a correlation between increased 

negative supercoiling and increased DNA gyrase binding near the origin in E. coli (189) it is not 

unlikely that gyrase would associate with this region. In order to test gyrase binding to oriC, 

Chromatin Immunoprecipitation (ChIP) experiments can be performed. It is possible that even if 

gyrase preferentially associates with this region, if this association is transient, the detection of 

gyrase at this region may be difficult. Averaging relative gyrase association with oriC from a 

population of cells that are each initiating replication at different times may weaken any potential 

signal for gyrase enrichment at oriC. As such, it would be useful to perform these experiments in 

synchronized cells, and to harvest cultures at multiple time points (including: prior to initiation 
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release, multiple time points following the initiation of replication, and at multiple other time points 

throughout the cell cycle).    

 

4) Gyrase interactions with DnaA prevent cooperative DnaA association at oriC.  

There are various DnaA regulators that control replication initiation in B. subtilis by 

interacting with and preventing DnaA from binding cooperatively to the origin of replication. Based 

on this, it is plausible that direct interactions between gyrase and DnaA could be inhibiting DnaA 

oligomerization at oriC. To our knowledge, such an interaction has not been described in the 

literature. Based on the well-studied role of gyrase in altering DNA topology, and the importance 

of DNA topology for DNA replication, it is more likely that changes in supercoiling are impacting 

DnaA association at oriC. However, further experiments would need to be performed to test this 

model. Co-immunoprecipitations and 2-hybrid analyses could be used to test for in vivo 

interactions between gyrase and DnaA.   

 

When is gyrase inhibiting DnaA binding to oriC? 

 The experiments where I observed clear initiation phenotypes with gyrase inhibition were 

performed in asynchronous populations of cells. I measured averages for the origin-to-terminus 

ratios, DnaA ChIPs, and survival assays, where within a given culture every cell is initiating 

replication at a different time. Due to this, I was unable to determine if gyrase inhibition is important 

for initiation control during the entire cell cycle or at a specific time interval. An open question that 

stems from my thesis work is: at what step during initiation does gyrase control initiation? 

 There are several ways to address this question. A simple way to test the impact of gyrase 

activity on initiation control at different time points during DNA replication would be to perform the 

above experiments with and without novobiocin, but in synchronized cells, with DnaA temperature 

sensitive (Ts) mutants. Shifting between permissive and non-permissive temperatures allows for 

initiation of replication to be synchronized within a population of Ts mutants. Another exciting 
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approach would be to visualize and quantify DnaA binding to oriC in the presence and absence 

of novobiocin, and at different time points (prior to replication initiation, during replication initiation, 

replication elongation, and replication termination). The Graumann lab has developed a series of 

strains where both DnaA and the origin of replication are fluorescently labeled (190). The origin 

is marked through fluorescently labeled LacI proteins that bind to lacO arrays inserted near oriC 

(190). These markers would be useful in temperature-sensitive initiation mutants that can be 

synchronized. Using these strains, with and without novobiocin treatment (where gyrase is active 

or inactive), we can perform microscopy to better understand if gyrase activity controls DnaA 

binding at oriC throughout the entire replication cycle or whether it is at a specific time.   

 

Does topoisomerase I activity regulate replication initiation?  

 
Based on the involvement of gyrase in regulating DnaA activity at oriC (187) and the opposing 

activities of gyrase and topoisomerase I (142), it is plausible that topoisomerase I may also serve 

as a regulator of replication initiation. We still do not understand the mechanism of how gyrase 

activity could alter DnaA-dependent initiation. However, if it is through introducing negative 

supercoiling, it is plausible that opposing topoisomerase I activity (relaxing negative supercoiling) 

may also be important for controlling replication initiation frequency – and fine tuning the timing 

of this process.    

There is in vivo work indicating that topoisomerase I may alter initiation of replication – 

however a thorough investigation of this has not yet been performed. Deletion of the gene 

encoding for topoisomerase I in E. coli increases negative supercoiling and suppresses the 

temperature sensitivity of dnaA46 replication initiation mutants (183). It would be interesting to 

further test if topoisomerase I is important for initiation timing by comparing initiation phenotypes 

for wild-type and deletion mutants, with origin-to-terminus ratios and DnaA ChIPs at oriC. My 
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prediction is that if topoisomerase I is important for initiation control, due to its role in opposing 

DNA gyrase activity, it would act as a positive regulator of DnaA.  

 

4.2 Mechanism of TC-NER mediated mutagenesis 

 
 Building on the work of a previous graduate student in our lab, Sam Million-Weaver, I 

continued to investigate the mechanism behind transcription and TC-NER mediated mutagenesis. 

My preliminary results rely heavily on genetic-based approaches and could be complemented 

well with more biochemical approaches. Therefore, there is much more work to be done to further 

test our models. In the sections below, I will go through the questions we are still trying to answer 

and various experiments that could help address them.      

 

Which DNA polymerases can perform error-prone gap filling at TC-NER sites? 

 
Previous, in vitro work was done with E. coli proteins to test the ability of various 

polymerases to perform TC-NER gap-filling (116, 117). From these studies, Pol I was shown to 

incorporate nucleotides on the TC-NER substrates and the other polymerases tested (DNA 

Polymerase III, T4 polymerase, and Klenow) were ruled out. In these experiments, however, TLS 

polymerases were not tested. Based on our preliminary mutation rate analyses showing that Pol 

I, TLS polymerases, and TC-NER are epistatic, it is worth further investigating TLS polymerase 

activity on TC-NER substrates.  

To measure if TLS polymerases increase repair synthesis at TC-NER sites, gap-filling can 

be quantified using an established in vitro method (197). To do this, cell-free extract (CFE) can 

be isolated from: WT cells (positive control), ΔuvrA mutants (negative control, no TC-NER), as 

well as single, double, and triple polymerase mutants (Pol I, YqjH, YqjW). CFE from these strains 

can be incubated with UV-treated and undamaged plasmid (pDR3274), which contains a single 

highly expressed gene, uvrC, in the presence and absence of rifampicin (to turn transcription of 
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uvrC off and on, respectively). As an indication of gap filling, incorporation of radiolabeled 

nucleotides at uvrC can be measured using autoradiography. Based on previous studies, we 

expect that deletion of Pol I should reduce gap filling. I predict that deletion of both TLS 

polymerases will also decrease gap filling, and that deletion of Pol I in addition to TLS 

polymerases will result in the same decrease in repair synthesis. As a control, TC-NER mediated 

gap filling should be abolished in the presence of rifampicin.   

 

Which DNA polymerases are enriched at TC-NER sites? 

 
Using a genetic approach, we have supporting evidence for Pol I and TLS polymerases 

acting in the same pathway as TC-NER. In support of our work in B. subtilis, in vitro work in 

mammalian cells shows that the TLS polymerase, Pol Kappa, fills in gaps at NER sites (196). 

However, we still lack direct evidence that these polymerases act at the repair-synthesis step of 

bacterial TC-NER. To further investigate the role of Pol I and TLS polymerases in TC-NER 

mediated mutagenesis, it would be useful to test if these polymerases are enriched at TC-NER 

sites. If these polymerases are filling in gaps at TC-NER sites, we would expect to observe 

enrichment of these polymerases at TC-NER sites in vivo.  

In vitro Chromatin Immunoprecipitation (ChIP) experiments can be used to measure 

enrichment of polymerases at a TC-NER site. To do this, B. subtilis cell free extract (CFE) must 

be isolated from strains with His-tagged YqjH, YqjW and Pol I in either the wild-type background 

or in strains lacking TC-NER (mfd deletion). CFE can then be incubated with an established 

transcription-repair substrate: UV-irradiated pDR3274, which contains a highly transcribed gene, 

uvrC (197). UV-treatment increases lesions that stall RNAP, increasing our ability to detect TC-

NER polymerases at uvrC. Experiments should be performed with UV-treated and untreated 

(control) plasmid, in the presence and absence of rifampicin, which will inhibit transcription of uvrC. 

Polymerase association at uvrC (+/- transcription, +/- UV treatment) can be measured by ChIP-
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sequencing. As a control, RNA polymerase (RNAP) enrichment at uvrC should be measured to 

confirm RNA polymerase stalling. I predict that both Pol I and TLS polymerases will be enriched 

at the uvrC gene, and that this will be both transcription and Mfd dependent. If enrichment of these 

polymerases is abolished in the absence of Mfd, this will more directly show that these 

polymerases are working downstream of transcription-coupled lesion recognition.  

An alternative, in vivo approach can also be used to test for polymerase activity during 

TC-NER. This can be done by tagging the TLS polymerases with fluorescent proteins and using 

single cell microscopy to quantify foci formation (TLS polymerase association on the 

chromosomal DNA) in wild-type cells that have TC-NER (which have Mfd and stalled RNA 

polymerases) and in TC-NER mutants that do not have Mfd. In wild-type cells we predict to see 

TLS polymerase activity (i.e. foci), however in mfd deletion mutants, and rpoB* mutants, where 

TC-NER cannot occur or is greatly reduced, we predict that TLS polymerase foci will be reduced. 

If there is a reduction in TLS polymerase activity (foci formation) under these conditions, this will 

provide further evidence to support our model that these TLS polymerases are acting through the 

TC-NER pathway.   

 

How are polymerases recruited to TC-NER sites? 

 
Lastly, an open question that we would like to address is how polymerases are recruited 

to TC-NER sites. Are polymerases able to directly associate with TC-NER intermediates? In vitro, 

we know that DNA polymerase I can fill the 12-13 nucleotide gaps. However, in vivo, there are 

many other factors to consider. For instance, there may be other proteins that are necessary for 

the efficient recruitment of polymerases to these sites. If so, this type of regulation could be 

through polymerase interactions with the b-clamp, single-stranded DNA binding proteins coating 

these exposed fragments to recruit polymerases. Or DNA polymerase I may directly bind these 

sites, and through its known interactions with TLS polymerases, recruit them for gap filling.  
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As described above, there are many possible models for how polymerase recruitment 

might occur in vivo. To test these, interaction mutants can be made and compared to wild-type 

and deletion strains to determine the impact of these interactions on: 1) the mutational signature 

of highly transcribed genes, 2) mutation rates of a highly transcribed genes, and 3) polymerase 

association at highly transcribed regions by in vitro and in vivo ChIPs.  

 

What is the mutational footprint of TC-NER? 

 
In order to supplement the genetic approach from my preliminary results, measuring 

mutation rates of TC-NER and polymerase mutants, it would be useful to know what kinds of 

mutations are introduced during TC-NER. By determining the mutational signature of highly 

transcribed (head-on and co-directional) genes, we can learn how transcription-dependent repair 

mechanisms are mutagenic. Furthermore, it can help us identify the polymerases responsible for 

transcription-dependent mutagenesis, which have well characterized mutational footprints. One 

way to test this using a non-biased, highly sensitive approach is to use maximum-depth 

sequencing (191). This error-corrected, high-throughput sequencing method is preferred over 

other sequencing techniques because of its ability to detect extremely rare mutations within a 

population, in the absence of selection.  

By identifying mutations enriched in WT cells that are absent in TC-NER and polymerase 

mutant backgrounds we can infer the mutational footprint of TC-NER (i.e. the types of mutations 

caused by this repair pathway) and identify which polymerases might be filling in gaps at TC-NER 

sites. Do the types of mutations enriched at highly transcribed genes align with the mutational 

signature of a specific error-prone polymerase? Furthermore, maximum depth sequencing can 

be used to address the following questions: 1) What is the mutational footprint of TC-NER? 2) Is 

the mutational footprint of TC-NER dependent on Pol I and/or TLS polymerases?  
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The mutational footprint of TLS polymerases is well-characterized. We also know that TLS 

polymerase-dependent mutagenesis in B. subtilis is dependent on Pol I. Based on these, if the 

polymerases are working together at TC-NER sites, I would expect the mutational signature of 

TC-NER to match the mutational signature of the TLS polymerases. Based on work on TLS 

polymerases in E. coli, these mutations would likely include a high frequency of -1 frameshifts, 

TàG, TàA, and GàT transversions, and TàC and AàG transitions (192–195).  
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CHAPTER 5. Materials and Methods 

 

Table 5.1 Strain List  

Strain  Relevant Genotype  Reference  

HM1 (JH642) trpC2, pheA1 (Wild Type) Perego et al., 1988 (198) 

HM 345 
 

trpC2, pheA1 yqjW::cat 
 

Million-Weaver et al., 2015 

HM 391 
 

trpC2, pheA1 yqjH::cat 
 

Million-Weaver et al., 2015 

HM2 (AIG109) trpC2, pheA1 yabA::cat Goranov et al., 2009 (199) 

HM3 (AIG80) trpC2, pheA1, amyE::[Pspank(hy)-yabA specR ] Goranov et al., 2009 (199) 

HM77 (MMB170) trp+ pheA1 122 spoIIIJ::[ oriN repN kan ] 
oriC-S 

Goranov et al., 2009 (199) 

HM78 (AIG185) trp+ pheA1 122 spoIIIJ::[ oriN repN kan ] 
oriC-S yabA::cat 

Goranov et al., 2009 (199) 

HM89 yabA::cat amyE::[ Pspank(hy)-yabA(N85D) 
specR ] 

Samadpour et al., 2018 
(187) 
  

HM313 (LAS40) recA-mgfp-mut2(A206K)-spec Simmons et al., 2007 (200) 

HM 2632 trpC2, pheA1 yqjW::cat  yqjH::Er Unpublished  

HM 2633 trpC2, pheA1 uvrA::Er Unpublished  

HM 2634 trpC2, pheA1 uvrB::Er Unpublished  

HM 2635 trpC2, pheA1 uvrC::Er Unpublished  

HM 2521 trpC2, pheA1 mfd::Er Unpublished  

HM 2472 trpC2, pheA1 Δmfd  uvrA::Er Unpublished  

HM 2473 trpC2, pheA1 Δmfd  uvrB::Er Unpublished  
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HM 2474 trpC2, pheA1 Δmfd  uvrC::Er Unpublished  

HM 2666 trpC2, pheA1 yqjW::cat  ΔyqjH uvrA::Er Unpublished  

HM 2667 trpC2, pheA1 yqjW::cat  ΔyqjH uvrB::Er Unpublished  

HM 2668 trpC2, pheA1 yqjW::cat  ΔyqjH uvrC::Er Unpublished  

HM 2669 trpC2, pheA1 yqjW::cat  ΔyqjH mfd::Er Unpublished  

HM3387 trpC2, pheA1, gyrB(R138L) Samadpour et al., 2018 
(187) 
 

HM 3533 trpC2, pheA1 polA::Er Unpublished  

HM 3548 trpC2, pheA1 yqjW::cat polA::Er Unpublished  

HM 3549 trpC2, pheA1 yqjH::cat polA::Er Unpublished  

HM 3550 trpC2, pheA1 Δmfd polA::Er Unpublished  

HM 3567 trpC2, pheA1 yqjW::cat  ΔyqjH polA::Er Unpublished  
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Table 5.2 Primer List  

Primer Sequence  

HM20 5` – CGAAAAGAGGATTGTCCTTTCTGTCTGTCATTC – 3`  

HM21 5` –GAATGACAGACAGAAAGGACAATCCTCTTTTCG – 3` 

HM192 5`- CCGTCTGACCCGATCTTTTA -3` 

HM193 5`-GTCATGCTGAATGTCGTGCT -3` 

HM457 5’ - ACCATTGCAAGCTCTCGTTT - 3’ 

HM458 5’- CCACACTTTGTGGATAAAGAGGA -3’ 

HM459 5’- GGGAAAGTGTGAATAACTTTTCG -3’ 

HM460 5’- GTAGGGCCTGTGGATTTGTG -3’ 

HM770 5` - TCTCCAGCTGTGATAAACGGTA – 3` 

HM771 5` - AAAACGGCATTGATTTGTCA – 3` 

HM1583 5` – GATCAATCGGGGAAAGTGTG – 3` 

HM1584 5` – GTAGGGCCTGTGGATTTGTG – 3` 

HM1585 5` – TCCATATCCTCGCTCCTACG – 3` 

HM1586 5` – ATTCTGCTGATGTGCAATGG – 3` 

HM2510 5` – GAATTCCTTCAGGCCATTGA – 3` 

HM2511 5` – GATTTCTGGCGAATTGGAAG – 3` 

HM2967 5`- GCAGCTGGGGGATTTGAAGC -3` 

HM2968 5`- GTCCAGCCGTTTGCGCAAATG -3` 
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HM2995 5`- GCCAATCACTATTTCGGCCGGG -3` 

HM2996 5`- GCTGCTTTTCAAGGCTTGTCC -3` 

HM3011 5` – GTCGAGATGGTGGCGATCG – 3` 

HM3012 5` –CGCGGCATGTCTCTGAGTAC – 3` 

HM3015 5` – GATACGGCATTACAGCATGC – 3` 

HM3016 5` – GCTTTTAATCAGAATGAGCTGTCC – 3` 

HM3017 5` – GTGCTCACTGAAGACGATCTTCCC – 3` 

HM3018 5` – CATCTTCTTGAAGGGTTCCGAC – 3` 

HM3021 5` – CGTTTGTAAGAGGGGCGCACC – 3` 

HM3022 5` –GGTGATTGCGTCATGATCCGTACC – 3` 

HM4654 5`- CCTGTGGAACCAAGCCCTTGCTC -3` 

HM4655 5`- GGCAAATTCATTGGGAGCCGTG -3` 

HM4855 5` – GCTGTCAAGTGGACATGTC – 3` 

HM4856 5` – GTATTCGCGGTGTGAAAACCTTG – 3` 

HM4849 5`- TAACGGACAGGAATGCCTGT -3` 

HM4850 5`ACGGCCTTTTTCGTGACATC -3` 

HM4853 5` – CCTTATCGTTCGGTATCGTC – 3` 

HM4854 5` – GCTTTGCAATGCGC TTG – 3` 
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Bacterial culture conditions. Cells were grown overnight at 378C on Luria–Bertani (LB) agar 

plates supplemented with 10 μg/ml chloramphenicol, 100 μg/ml spectinomycin, 5 μg/ml 

kanamycin or 500 μg/ml erythromycin and 12.5 μg/ml lincomycin, when appropriate. Cultures 

were started from single colonies and grown at 30°C or 37°C with aeration (260 rotations per 

minute), in LB broth, supplemented with 5 μg/ml chloramphenicol, 50 μg/ml spectinomycin, 2.5 

μg/ml kanamycin or 250 ng/ml erythromycin and 6.25 μg/ml lincomycin, when appropriate. 

Sporulating cells were prepared by growing cells in 2 ml LB media at 37°C with aeration (260 

rotations per minute). Mid-exponential phase cultures (OD 0.3–0.5) were pelleted, LB supernatant 

was removed, and cells were back diluted (to OD 0.05) into 10 ml of sporulation media, using a 

previously described recipe (201). Cells were grown for 18.5 hours, harvested in methanol (1:1 

ratio), and pelleted for genomic DNA extraction. 

 

Plating efficiencies. Cultures were started from single colonies and grown at 37°C with aeration 

(260 rotations per minute) in LB media. Cultures were grown to OD 0.3, and serial dilutions were 

plated on LB alone and LB supplemented with varying concentrations of novobiocin or MMC. 

Plates were incubated at 30°C. Total viable cells were quantified after 24–72 hours of incubation. 

Novobiocin concentrations used include: 0.45, 0.55, 0.65, 0.75 and 0.85 μg/ml. Mitomycin C 

concentrations used include: 20 and 30 ng/ml. 

 

Origin-to-Terminus Ratios and Marker Frequency Analysis. Cultures were started from single 

colonies and grown at 37°C with aeration (260 rotations per minute) in LB media. Cultures were 

grown to exponential phase (optical density 0.3-0.5), set back to OD 0.05 in LB media and grown 

at 30°C. Cultures were grown to OD 0.2, divided into 5mL cultures with no treatment, 0.50 μg/mL 

novobiocin, 0.75 μg/mL novobiocin, and 1 μg/mL Mitomycin C. After 40 minutes of growth at 30°C, 

cells were harvested in methanol (1:1 ratio) and pelleted. Genomic DNA was isolated by phenol-
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chloroform extractions. The copy number of the origin and terminus were quantified by 

quantitative PCR (qPCR). QPCR was done using SSoAdvanced SYBR Green master mix and 

CFX96 Touch Real-Time PCR system (Bio-Rad).  

  Primers used to amplify the origin and terminus were the same as previously described 

(202). Quantification of oriC was done using primers: HM1583 and HM1584. Quantification of the 

origin in strains that initiate replication at oriN was done using primers: HM2510 and HM2511. 

Quantification of the terminus region was done using primers: HM1585 and HM1586. Origin-to-

terminus ratios were determined by dividing the number of sequence reads (as indicated by the 

Cq values measured through qPCRs) from the origin by the number of sequence reads quantified 

at the terminus. Ratios were normalized to the origin-to-terminus ratio of sporulating B. subtilis 

cells, which were quantified using primers HM1583 and HM1584.  

 For marker frequency analysis, quantification of DNA at six additional chromosomal 

positions was measured: 22.5°, 45°, 135°, 225°, 315°, 337.5°. Primers HM4853 and HM4854 

amplify DNA at position 22.5°. HM3011 and HM3012 amplify DNA at position 45°. Primers 

HM3015 and HM3016 amplify DNA at position 135°. Primers HM3017 and HM3018 amplify DNA 

at position 225°. Primers HM3021 and HM3022 amplify DNA at position 315°. Primers HM4855 

and HM4856 amplify DNA at position 337.5°. Marker frequency ratios were determined by dividing 

the number of sequence reads quantified at each site (as indicated by the Cq values measured 

through qPCRs) by the number of sequence reads quantified at the terminus (using primers 

HM1585 and HM1586). These values were normalized to ratios measured for sporulating B. 

subtilis cells.  

 

Chromatin Immunoprecipitations. Cultures were started from single colonies and grown at 

37°C with aeration (260 rotations per minute) in LB media. Cultures were grown to exponential 

phase (optical density 0.3-0.5), set back to OD 0.05 in 25 mL LB media and grown at 30°C. After 
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reaching OD 0.2, cultures were grown for 40 more minutes at 30°C with no treatment or 0.75 

μg/mL novobiocin. Cultures were processed for ChIPs as described (108). ChIPs were performed 

using 2 μl anti-DnaA rabbit polyclonal antiserum (18). Quantitative PCR was done using 

SSoAdvanced SYBR green master mix and Bio-Rad CFX96 Touch Real-Time PCR system. 

DnaA association at the DNA unwinding element (DUE) was normalized to DnaA association at 

yhaX, a control locus that does not have increased DnaA association. Enrichment of the DUE 

was detected using primers HM459 and HM460.  Enrichment upstream of dnaA (referred to in 

the text as PdnaA) was done using primers HM457 and HM458.  Enrichment of yhaX was 

detected using primers HM192 and HM193. 

 

DNA Sequencing. Cultures were prepared as described under the “origin-to-terminus ratios” 

section. Whole genomic DNA was sonicated using a Covaris ultrasonicator and sequenced on an 

Illumina Next-Seq yielding approximately 15 million reads. Reads were mapped to the B. subtilis 

strain JH642 (GenBank: CP007800.1) genome using Bowtie 2 (203). The resulting sam file was 

processed using SAMtools, view, and sort functions. PCR and optical duplicates were then 

removed using Picard (204). The resulting .sam file was processed by SAMtools mpileup 

functions to produce wiggle plots. To account for differences in read depth between samples, the 

signal at each base position was normalized to total signal for the genome. The resulting total-

normalized wiggle files were then visualized in MochiView.  

 

Quantification of RNA Levels. RNA levels were quantified by growing cultures from single 

colonies at 37°C with aeration (260 rotations per minute) in LB media. Cultures were grown to 

exponential phase (optical density 0.3-0.5), set back to OD 0.05 in LB media (with and without 

1mM IPTG), and grown to OD=0.3. Cultures were mixed with ice-cold Methanol (1:1 ratio). Cells 

were pelleted and RNA was extracted using the Thermo Scientific GeneJET RNA Purification kit. 

DNase was added to 1μg RNA samples for 30 minutes at 37°C, and inactivated by adding 1μL 
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EDTA to the reaction and incubating at 65°C for 10 minutes. Reverse Transcriptase PCR was 

performed to make cDNA. Samples were diluted 1:5 and qPCR was performed using the 

housekeeping gene dnaK as a control locus. QPCR was done using SSoAdvanced SYBR Green 

master mix and CFX96 Touch Real-Time PCR system (Bio-Rad). Primers to amplify dnaK were 

HM770 and HM771. Primers to amplify yabA were HM2967 and HM2968. Primers to 

amplify sirA were HM2995 and HM2996. Primers to amplify spo0A were HM4849 and HM4850. 

Primers to amplify dnaA were HM4654 and HM4655. 

 

Replica Plating. Wild-type exponential phase cells were plated on novobiocin. After 24-48 hours 

of incubation at 30°C, colony forming units were quantified. Using sterile velvet cloths, cells were 

transferred to LB plates and incubated overnight. The number and location of colonies was 

recorded and compared to what was observed on the antibiotic plates. 

 

Microscopy. Cultures were started from single colonies and grown at 37°C with aeration (260 

rotations per minute) in LB media. Cultures were grown to exponential phase (optical density 0.3-

0.5), set back to OD 0.05 in LB media and grown at 30°C. Cultures were grown to OD 0.2, divided 

into 5 mL cultures with no treatment, 0.50 μg/mL novobiocin. Cells were then fixed with 4% 

formaldehyde (vol/vol), stained with DAPI (4-,6-diamidino-2-phenylindole), and transferred to 1% 

agarose pads for visualization by microscopy. Images were taken using a Leica inverted 

microscope with CCD camera fitted with a 60× oil objective. DAPI fluorescence was used to 

quantify total cells and GFP fluorescence was used to quantify total RecA-GFP foci. DAPI-stained 

nucleoids and RecA-GFP foci were counted using ImageJ. At least 2,000 cells from 3 biological 

replicates were counted per condition. 

 

Strain Construction. Bacillus subtilis strains are isogenic with the strain JH642, and contain 

the trpC2 and pheA1alleles, unless indicated otherwise. New strains were confirmed by PCR and 
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sequencing. HM89 was constructed using site-directed mutagenesis by a previously described 

method (205). Primers HM20 and HM21 were used to make the point mutation. This point 

mutation has been made and characterized by Noirot-Gros and colleagues (176). The gyrase 

mutant (HM3387) was isolated by plating a large saturated culture of wild type B. subtilis onto LB 

supplemented with 4 μg/mL novobiocin. The mutation in gyrB, R138L, was identified by 

amplification of gyrB by PCR, followed by sequencing. The parE gene was also amplified and 

sequenced. As expected, no mutations in this gene were found. 

 

Mutation Rates. Cultures were grown from single colonies at 37°C with aeration (260 rotations 

per minute) in 18-mm culture tubes containing 2mL LB media. Exponential phase cultures (OD = 

0.3) were diluted back to OD = 0.0005 into 10 parallel cultures containing 3mL LB broth, and plated 

following 4.5 hours of growth at 37°C with aeration (260 rotations per minute). 1.5 mL of each culture 

were plated on 50 μg/mL rifampicin to quantify the number of rpoB mutants that confer Rifampicin 

resistance and serially diluted and plated on LB to quantify total viable cells. Colonies were quantified 

after overnight incubation at 37°C (for rifampicin plates) and 30°C (for LB plates). Mutation rates were 

calculated using the Fluctuation Analysis Calculator (206), which utilizes the Ma-Sandri-Sarkar 

Maximum Likelihood method.  
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